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Preface

Tissue engineering is increasingly viewed as the future of medicine. As evidenced in both the scientific
and popular press, there exists considerable excitement surrounding the strategy of regenerative medicine.
In an effort to put the numerous advances in the field into a broad context, this book is devoted to the
dissemination of current thoughts on the development of engineered tissues. Three main topics are con-
sidered and form the basis for the three sections of the text: Fundamentals of Tissue Engineering, Enabling
Technologies, and Tissue Engineering Applications. Fundamentals of Tissue Engineering examines the
properties of stem cells, primary cells, growth factors, and extracellular matrix as well as their impact
on the development of tissue-engineered devices. Enabling Technologies focuses upon those strategies
typically incorporated into tissue-engineered devices or utilized in their development, including scaffolds,
nanocomposites, bioreactors, drug delivery systems, and gene therapy techniques. Tissue Engineering
Applications presents synthetic tissues and organs that are currently under development for regenerative
medicine applications. The contributing authors are a diverse group with backgrounds in academia, clin-
ical medicine, and industry. Furthermore, the text includes contributions from Europe, Asia, and North
America, helping to broaden the views on the development and application of tissue-engineered devices.

The text is largely derived from the Advances in Tissue Engineering Short Course, a pioneering forum on
regenerative medicine held at Rice University since 1993. The ATE Short Course has educated researchers,
students, clinicians, and engineers on both the fundamentals of tissue engineering and recent advances
in many of the most prominent tissue engineering laboratories around the world. For many of the
contributors, the chapter included in this text presents findings that have been recently discussed at the
Advances in Tissue Engineering Short Course.

The target audience for this text includes not only researchers, but also advanced students and industrial
investigators. The text should be a useful reference for courses devoted to tissue engineering fundamentals
and those laboratories developing tissue-engineered devices for regenerative medicine therapy.

John P. Fisher
University of Maryland

Antonios G. Mikos
Rice University
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1
Fundamentals of

Stem Cell
Tissue Engineering

Arnold I. Caplan
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1.1 Introduction

In adults, stem cells are fundamental cell units within every tissue that function as a renewal source of
highly specialized, terminally differentiated cells. The cell renewal serves to compensate for the normal
cell turnover (cell death) or serves to provide reparative cells for the repair of minor defects. The stem
cells can be thought of as the rejuvenation potential of the organism (high during the young or growth
phase). Unfortunately, this renewal capacity decreases with age; even amphibians that are able to perfectly
regenerate an entire limb lose this capacity with age [1]. Thus, one of the long-term goals of Tissue
Engineering is to learn how to control and regulate this natural regeneration potential, so that tissue
performance can be enhanced or massive defects can be repaired via an intrinsic regenerative pathway.

As a scientific discipline, Tissue Engineering is very young, and thus, is quite distant from its long-term
goal. To approach this goal, a series of sequential technological advancements must be made. Our earliest
achievements, material-assisted repair of various tissues, have been accomplished in a variety of preclinical
models and, in the case of skin, with clinical success in humans [2–5]. In all these cases, scaffolds, cells and
growth factors/cytokines, or a combination of these have been surgically implanted. Like the first crude
cardiac pacemakers, their initial successful implantation served as a catalyst for their improvement and
perfection, a process that is ongoing.

1-1
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FIGURE 1.1 The mesengenic process involves the replication of MSCs and their entrances along multistep lineage
pathways to produce differentiated cells that fabricate specific tissues such as bone, cartilage, and so on. We know most
about the lineages on the left and least about those on the right of the diagram.

It follows that if we are to learn how to manage the various intrinsic organ stem cells to reconstruct
or repair specific tissues, we must first obtain a deep understanding of these unique stem cells; we must
understand what makes these cells divide, differentiate, grow old, and expire. We must learn how to
position these stem cells in defects, how to coordinate the integration of blood vessels and nerves, and
how to integrate the host tissue with the neo-tissue. Lastly, as Tissue Engineers, we must recognize that
each individual has a genetically controlled variation, even between close family members, that will affect
the fine-tuning of every repair logic.

It would be impossible to review the fundamental characteristics of every stem cell/organ system in the
body in this chapter. Thus, I will focus on only one stem cell system, the mesenchymal stem cells (MSCs),
that has already proven to be a versatile source of reparative cells for Tissue Engineering applications.

1.2 Mesenchymal Stem Cells

I suggested long ago that bone marrow contained a stem cell capable of differentiating into a number of
mesenchymal tissues; I call this cell a mesenchymal stem cell (MSC) and the lineage sequences Mesen-
genesis, as pictured in Figure 1.1 [6–11]. This suggestion was based on my familiarity with embryonic
mesenchymal progenitors [12–14] and partially on the early studies of Freidenstein [15] and, in particu-
lar, of Owen. Indeed, it was Owen [16] who drew me into the adult MSC realm by her scholarly treatise.
In the late 1980s, Stephen Haynesworth and I [10,17,18] embarked in the task of isolating these rare
MSCs from human bone marrow; the key to our success was a selected batch of fetal bovine serum that
worked quite well with embryonic chick limb bud mesenchymal progenitor cells [19]. Subsequently, my
collaborators have shown that marrow-derived MSCs are capable of differentiating into cartilage [20,21],
bone [22,23], muscle [24,25], bone marrow stroma (hematopoietic support tissue) [26–28], fat [29],
tendon [30,31], and other connective tissues. Other laboratories have provided evidence that MSCs can
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differentiate into neural cells [32,33], cardiac myocytes [34,35], vascular support cells (pericytes, smooth
muscle cells) [36,37], and perhaps other tissues [38,39]. The multipotential of culture expanded MSCs
provides the stimulus to consider them as candidates for various Tissue Engineering strategies. Such
strategies, by necessity, require both scaffolds and various growth factors/cytokines to manage the pro-
liferation and differentiation of MSCs to form specific tissues in vivo. In some cases, the tissue defect,
itself, and its microenvironment provide instructional support; in other cases, pretreatment of the cells or
placing the cells within unique scaffolds provides the instructional cues [40]. The details of these experi-
ments provide the experimental basis for improving these early Tissue Engineering logics in preparation
for their clinical use.

1.3 Fundamental Principles

When in doubt of how to manage the multiple parameters of tissue repair/regeneration, Mother Nature
should be asked to reveal her secrets as a guide. Philosophically, we believe that many of the funda-
mental principles of Tissue Engineering involve the recapitulation of specific aspects of embryonic tissue
formation [41,42]. For example, the embryonic mesenchyme that will form the cartilage anlagen of long
bones has a high ratio of undifferentiated progenitor cells to extracellular matrix (ECM). This embryonic
mesenchymal ECM is composed of type I collagen, hyaluronan, fibronectin, and water. In experiments
with chick limb bud mesenchymal progenitor cells in culture, we showed that the molecular weight of
hyaluronan is instructive to these progenitor cells, in that high molecular weight chondro-inductive or
chondro-permissive [43,44]. Others have shown that high molecular weight hyaluronan is antiangiogenic.
Indeed, the exclusion of blood vessels is also chondrogenic. Thus, a scaffold of hyaluronan coated with type
I collagen or fibronectin to bind the MSCs would be expected to be chondrogenic; indeed, we have shown
it to be just that [45]. The scaffold must be quite porous to allow the newly differentiated chondrocytes to
fabricate their unique and voluminous ECM that controls the cushioning properties of the cartilaginous
tissue. By mimicking the cell density and ECM of embryonic progenitor mesenchyme, cartilaginous tissue
forms in large, full thickness defects in adult rabbit knees [41].

In the absence of hyaluronan, the key physical characteristic of prechondrocytes is their close proximity
to their neighbors and maintenance of the cells in a rounded shape [20,21]. One way to achieve this
condition is to place adult MSCs in a type I collagen lattice. The cells will bind to the lattice fibrils and
rapidly contract the lattice to bring the cells into a high density configuration [46]. In culture, in the
presence of TGF-β [20,21] or in vivo by the contracted network excluding blood vessels, the MSCs will
form cartilage tissue. Thus, mimicking the embryonic microenvironment both chemically and physically
can result in the specific differentiation of MSCs.

In contrast, the rules for bone formation are quite different from those governing cartilage formation
[13,47,48]. In this case, we again studied embryonic chick limb development and observed that vascu-
lature is the driver for bone formation. In the context of Tissue Engineering scaffolds, bone formation
requires rapid invasion of blood vessels into the pores of the scaffold. For example, porous calcium
phosphate ceramics coated with fibronectin to bind MSCs provide an inductive microenvironment for
bone formation in subcutaneous or orthotopic sites [52]; it may be that the calcium phosphate, itself,
is informational, but more likely it binds osteogenic growth factors that stimulate the MSCs. The MSCs
bind to the walls of the pores in the ceramic where they divide and, as vasculature invades from the host
tissue at the implantation site, the cells differentiate into sheets of osteoblasts and fabricate the lamellae
of bone [49]. The vasculature does not go to the walls of dead-ends of the ceramic and in this location,
the MSCs divide and pile-up on one another and form compact areas of cartilage. Thus, in the two dif-
ferent microenvironments (vascular and avascular), the MSCs form two very different tissues (bone and
cartilage). This bone/cartilage forming capacity has been quantified and has become our gold standard
for judging the quality of MSC preparations [19,50].

Again, for emphasis, mimicking Mother Nature, especially her very efficient embryological events, is,
for us, a fundamental rule of engineering tissue repair or regeneration in adults.
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1.3.1 In Vitro Assays for the Osteogenic and Chondrogenic Lineages

We have established an in vitro assay for the differentiation of human and animal MSCs into bone and
cartilage phenotypes [20–23]. For osteogenesis, the inclusion of dexamethasone (dex), ascorbate, and
eventually β-glycerophosphate (a phosphate donor) causes the MSCs to enter the osteogenic lineage,
upregulate alkaline phosphatase activity (two- to ten-fold), secrete various bone proteins, and eventually,
organize calcium apatite deposition within type I collagen fibrils comparable to that observed in in vivo
osteoid.

Likewise, we have established the in vitro conditions for causing MSCs to differentiate into chondrocytes
[21,22]. Simply, MSCs are pelleted to the bottom of 15-ml conical plastic tubes, and the medium is changed
to a chemically defined medium containing TGF-β at a concentration of 2–10 ng/ml. The pelleted cells
come off the bottom of the tube and form a sphere of cells that differentiate into chondrocytes that
fabricate type II collagen- and aggrecan-rich ECM. Both of these in vitro assays and the porous ceramic
assay in vivo have been tested by diluting the human or rat marrow-derived MSCs with dermal fibroblasts.
In these experiments, the human dermal fibroblasts were shown to not differentiate into bone or cartilage
phenotypes. The results of these assays are that MSC preparations can have 25–50% non-MSCs without
experiencing a major loss of osteo- or chondrogenic tissue formation [51]. In the context of Tissue
Engineering logics, these observations could mean that the implanted MSCs could be “contaminated” by
host-derived fibroblasts, but would still retain their capacity to regenerate osteochondral tissue.

1.4 MSCs and Hematopoietic Support

The marrow stroma is a highly specialized connective tissue that provides different microenvironmental
niches for the different lineage pathways of hematopoiesis. Each of the different lineage pathways of
hematopoiesis requires a different combination of cytokines and growth factors. The marrow stromacytes
not only fabricate these unique physical niches of connective tissue, but they secrete specific bioactive
molecules for the initiation and control of these lineage pathways. The MSC differentiation sequence
into these different hematopoietic lineage support phenotypes has yet to be described. However, just as
complex multicellular Dexter cultures are able to support in vitro hematopoiesis, so can homogeneous
populations of MSCs incubated in Dexter medium provide support for hematopoiesis. Because of these
very specific hematopoietic-support functions, the term “marrow stromal cells” should be reserved for
these highly differentiated marrow connective tissue cells that facilitate hematopoietic differentiation.

It is important to stress that the differentiation of MSCs into marrow stroma or osteoblasts involves
a time-dependent sequence of differentiation steps (the lineage) with each step involving the up- and
down-regulation of many genes. For example, we have compared the cytokine secretion into the medium
in 24 h by human MSCs cultured in growth medium, in osteogenic medium (dex, ascorbate), and in
stroma-generating medium (Dexter conditions or in the presence of IL-1α). The cytokine quantity is very
different for these three culture conditions [28]. Also of considerable importance was the realization that
the constitutive levels of these cytokines are different for each donor batch of cells under standard growth
or differentiation conditions. These measured differences emphasize the influence of the genotype on
the observed differentiation/lineage pathways and multigenic expression profiles of each MSC donor or
recipient or both.

1.4.1 Muscle, Tendon, and Fat

Both in vitro and in vivo, microenvironments control the differentiation and expressional profile of the
MSCs and their differentiated descendants. Without going into all of the details, MSCs have been shown
to differentiate into skeletal muscle, into Achilles or patella tendon tissue, and into adipocytes as reviewed
earlier in this chapter. The cell culture conditions or in vivo tissue sites were different for each of the
phenotypes observed. Importantly, the introduction of MSCs into specific tissue locations was followed
by using markers or molecular probes [53,54]. For example, normal rodent marrow-derived MSCs form
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dystrophin-positive skeletal muscle in the limbs of mdx mice that are dystrophin-negative [25]. Likewise,
reparative neo-tissue formed in rabbit tendon defects when autologous MSCs were introduced in suitable
scaffolds [30,31].

The isolation of MSCs from fat provides an intriguing question of the origin of these progenitor cells
[34,55]: Are these MSCs an intrinsic occupant of fat, are they associated with the blood vessels, or are
they dedifferentiated adipocytes? Both marrow- and fat-derived MSCs differentiate into adipocytes and
the other phenotypes of the Mesengenic Lineage (Figure 1.1). These observations raise the question of
phenotypic plasticity and whether differentiated cells dedifferentiate into a stem cell and then rediffer-
entiate into an alternate phenotype or whether the differentiated cells transdifferentiate directly into a
different mesenchymal phenotype (as pictured in Figure 1.2). The current data indicate that cells can
transdifferentiate along certain permissible routes without backing up to the stem cell status.

1.4.2 A New Fundamental Role for MSCs

Previously, all of the preclinical models used MSCs to provide the cells that fabricate the specialized,
differentiated tissues. I propose that MSCs could be used in a different clinical context: that MSCs could
provide a trophic influence to structure a reparative microenvironment. The precedent for cells secreting
cytokines/growth factors that have regulator effects is well established in regenerative biology. For example,
Singer long ago established the trophic effect of nerves on amphibian limb regeneration [56]. He showed
that a certain quantum of nerves in the limb stump is required for successful limb regeneration; the nerves
delivered neural trophic factors and the electrical or neural transmitter release was not associated with
this trophic effect as evidenced by switching the ratios of different nerves into the limb stump.

In this regard, the bone marrow stroma derived from MSCs provides very specific instructional niches
for various lineage pathways of hematopoiesis as discussed earlier. The question arises, “Can MSCs
structure reparative microenvironments without differentiating into specific differentiated cells or tissue?”
The answer appears to be “yes!” In the cases of cardiac infarct (ischemia) and stroke (brain ischemia),
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bone marrow-derived MSCs when injected into the ischemic zones do not massively differentiate into
cardiac myocytes or neural cells. Rather, the MSCs appear to establish a trophic influence that is antifibrotic
(antiscar tissue) and angiogenic [57–60]. The lack of the formation of extensive fibrotic, scar tissue and
the rapid revascularization of the affected tissue zones result in clinically improved tissues.

These new findings suggest to me a new Tissue Engineering paradigm: the site-specific delivery of
trophic cells (cells that secrete specific cytokines/growth factors) that structure reparative microenviron-
ments. Already well established is the concept of genetically engineering the insertion of a specific gene,
for example, transfection with a BMP-containing insert, to be synthesized by an implanted cell to stimulate
bone regeneration at that implantation site [61,62]. In this context, why not implant to a specific location a
normal cell that has a powerful trophic activity that will cause the implantation site to support restorative
therapy? Likewise, the trophic effect may not stimulate repair, but rather, it may inhibit a debilitating
effect, such as fibrosis, so that the slower, more natural host-mediated regenerative events can take place.
In some cases, as mentioned earlier, MSCs can provide such a trophic effect.

1.4.3 The Use of MSCs Today and Tomorrow

The current use of MSCs is facilitated by their capacity to be expanded in culture. The introduction of these
cells back in vivo is facilitated by site-specific scaffolds. In some cases, the MSCs can be jump-started down
a lineage pathway by exposing them in culture to a specific bioactive agent (dex for bone [23,49], TGF-β
for cartilage [20,21], etc.). In the long-term, there will be a way to mobilize the body’s own MSCs, direct
them to a site, expand them at the site, and signal them into a lineage pathway including modulation of the
phenotypic expression of the cells to produce the appropriate tissues for that repair site (articular cartilage
at the knee and auricular cartilage in the ear). There are at least two unknowns in this process. First, we
do not know what mobilizes MSCs from marrow or other depots, although there are data that suggest
such mobilization takes place following injury [34,35,63]. Second, we do not know how such mobilized
MSCs dock into specific tissues. Consistent with this lack of knowledge is our inability to obtain high
engraftment percentages for systemically administered, culture-expanded (marked) MSCs [64]. At best,
only 2 to 3% of systemically administered MSCs home back to bone marrow with most of the infused
cells lodging in the lung (probably a size issue) and liver (probably a fibronectin issue).

1.5 Cell Targeting

To systematically learn more about control of engraftment of systemically or locally introduced reparative
cells, we have developed protocols which facilitate the targeting of cells to specific molecular docking sites.
The approach is to insert specific targeting molecules into the cell membranes. The first approach involved
palmitoylating protein G and painting this “primer” coat on cells, since the hydrophobic fatty acid tail of
palmitic acid will quantitatively insert into the cell’s plasma membrane lipid bilayer core. This positions
the protein to orient out of the cell’s surface. Protein G binds strongly to the Fc-region of antibodies.
Thus, we can put different paints (antibodies) on the primer coat on the cell’s surface. Moreover, if we had
specific addressing or docking peptides, we could construct a fusion protein with such addresses in series
with the Fc-region of antibodies in a molecularly reconstructed fusion protein as pictured in Figure 1.3.

In a proof of this technology concept, Dennis et al. [65] have created a deep cartilage defect in the
condyle of rabbits. A library of antibodies exists against various epitopes in the ECM of deep articular
cartilage as opposed to the surface of the condylar cartilage. With these antibodies, cultured rabbit or
human chondrocytes were shown to home to the defect and subsequently fabricate cartilage ECM in an
organ culture test system. The painting moieties were shown to not affect the viability or replication of
the painted cells nor the differentiation capacity of painted MSCs. The long-term goal is the injection of
painted chondrogenic cells into the synovial space to direct their docking to cartilage defects and, then, to
facilitate the repair/regeneration of the cartilage.
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FIGURE 1.3 Cell targeting technology involves palmitic acid that is derivatized with Protein A or G (PRIMER). The
fatty acid hydrophobic tail quantitatively inserts into the lipid bilayer of the cell membrane. An antibody or fusion
protein with the Fc domain at one end is referred to as the Paint.

I could imagine using the painting technology to insert tissue-specific address or targeting molecules
to implanted scaffold docking sites as a basis for various systemically or locally supplied reparative cells,
for example, stem cells for a variety of tissues. The docking of these cells could improve tissue performance
or repair localized defects. Enhanced engraftment of stem cells, either by mobilizing intrinsic popula-
tions or by injecting extrinsically expanded cells, should provide useful Tissue Engineering strategies for
tomorrow. Clearly, a lot of work needs to be done before this long-term goal will be realized.
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2.1 Introduction

Tissue engineering is the exciting discipline of design and construction of spare parts for the human
body to restore function based on biology and biomedical engineering. The basis of tissue engineering
is the triad of signals for tissue induction, responding stem cells, and the scaffolding of extracellular
matrix. Among the many tissues in the human body bone has the highest power of regeneration and
therefore is a prototype model for tissue engineering based on morphogenesis. Morphogenesis is the
developmental cascade of pattern formation, body plan establishment, and culmination of the adult body
form. The cascade of bone morphogenesis in the embryo is recapitulated by demineralized bone matrix-
induced bone formation. The inductive signals for bone morphogenesis, the bone morphogenetic proteins
(BMPs) were isolated from demineralized bone matrix. BMPs and related cartilage-derived morphogenetic
proteins (CDMPs) initiate cartilage and bone formation. The promotion and maintenance of the initiated
skeleton is regulated by several growth factors. Tissue engineering is the symbiosis of signals (growth
factors and morphogens), stem cells, and scaffolds (extracellular matrix). The rules of architecture for
tissue engineering are a true imitation of principles of developmental biology and morphogenesis.

2.2 Tissue Engineering and Morphogenesis

An understanding of the molecular principles of development and morphogenesis, is a prerequisite for
tissue engineering. We define tissue engineering as the science of design and manufacture of new tissues
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for functional restoration of the impaired organs and replacement of lost parts due to disease, trauma,
and tumors [1]. Tissue engineering is based on principles of developmental biology and morphogenesis,
biomedical engineering, and biomechanics.

Morphogenesis is initiated by morphogens. The promotion and maintenance of morphogenesis is
achieved by a variety of growth factors. Generally, morphogens are first identified in fly and frog embryos
by genetic approaches, differential displays, and subtractive hybridization expression cloning. An alternate
biochemical approach of “grind and find” from adult mammalian bone led to the isolation of BMPs, the
premier signals for bone morphogenesis. We now discuss the identification, isolation, and molecular
cloning of BMPs from a natural biomaterial, the demineralized bone matrix.

2.3 The Bone Morphogenetic Proteins

Bone grafts have been used to aid the healing of recalcitrant fractures. Demineralized bone matrix induced
new bone formation. Bone induction by demineralized bone matrix is a sequential cascade [2–4]. The
key steps in this cascade are chemotaxis of progenitor cells, proliferation of progenitor cells, and finally
differentiation first into cartilage and then bone. The demineralized bone matrix is devoid of any living
cells and is a biomaterial that elicits new bone formation. The insoluble collagenous bone matrix binds
plasma fibronectin [3] and promotes the proliferation of cells. Proliferation was maximal on day 3,
chondroblast differentiation was evident on day 5, and chondrocytes were abundant on day 7. The cartilage
hypotrophied on day 9 with concominant vascular invasion and osteogenesis. On days 10 to 12 maximal
alkaline phosphatase activity, a marker of bone formation, was observed. Hematopoietic differentiation
was observed in the ossicle on day 21. The sequential bone development cascade is reminiscent of bone
morphogenesis in limb.

A systematic study of the biochemical basis of bone induction was initiated. A bioassay for bone
induction was established in vivo in rats. The insoluble demineralized bone matrix was extracted
in 4 M guanidine hydrochloride, a dissociative extractant. About 3% of the proteins were solubil-
ized and the rest was the insoluble residue. The extract and the residue alone were unable to induce
bone formation. However, reconstitution of the extract to residue yielded new bone morphogenesis.
Thus there is collaboration between soluble signals and the insoluble matrix scaffold to yield new
bone formation [5,6]. This key experiment predates the term tissue engineering and demonstrates
the collaboration of soluble signals and insoluble scaffolding as a critical concept in practical tissue
engineering. Collagen appear to be an optimal scaffold [7]. The bone induction is dependent on the
hormonal status including vitamin D [8,9]. Irradiation of the recipient blocked the cellular cascade of
osteogenesis [10].

This bioassay was a critical development in the quest for the purification of the bioactive bone morpho-
gens, the bone morphogenetic proteins [11–15]. There are nearly 15 members of BMPs in the human
genome (Table 2.1). BMPs are dimeric molecules with a single disulfide bond. The mature monomer con-
sists of seven canonical cysteines contributing to three interchain disulfides and one interchain disulfide
bond.

BMPs stimulate chondrogenesis in limb bud mesodermal cells [16]. BMP 2 stimulates osteoblast
maturation [17]. BMPs are chemotactic for human monocytes [18]. In addition to initiating chon-
drogenesis BMPs maintain proteoglycan biosynthesis in bovine articular cartilage explants [19,20].
Recombinant human growth/differentiation factors (GDF-5) stimulate chondrogenesis during limb
development [21].

BMPs interact with BMP receptors I and II on the cell surface/membrane [1,22]. BMP receptors are
serine/threonine kinases. The intracellular substrates for these kinases called Smads function as relays to
activate the transcriptional machinery [23]. The three functional classes are (1) receptor-regulated Smads,
namely, Smads 1, 5, and 8, (2) the common partner Smad — 4, and (3) the inhibitory Smads 6 and 7.
There are Smad-dependent and independent pathways for activation of BMP signaling including new
bone formation.
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TABLE 2.1 The BMP Family in Mammalsa

BMP subfamily Generic name BMP designation

BMP 2/4 BMP-2A BMP-2
BMP-2B BMP-4

BMP-3 Osteogenin BMP-3
Growth/differentiation factor-10 (GDF-10) BMP-3B

OP-1/ BMP-7 BMP-5 BMP-5
Vegetal related-1 (Vgr-1) BMP-6
Osteogenic protein-1 (OP-1) BMP-7
Osteogenic protein-1 (OP-2) BMP-8
Osteogenic protein-1 (OP-3) BMP-8B
Growth/differentiation factor-2 (GDF-2) BMP-9
BMP-10 BMP-10
Growth/differentiation factor-11 (GDF-11) BMP-11

GDF-5,6,7 Growth/differentiation factor-7 (GDF-7) or
cartilage-derived morphogenetic protein-3 (CDMP-3)

BMP-12

Growth/differentiation factor-6 (GDF-6) or
cartilage-derived morphogenetic protein-2 (CDMP-2)

BMP-13

Growth/differentiation factor-5 (GDF-5) or
cartilage-derived morphogenetic protein-1 (CDMP-1)

BMP-14

BMP-15 BMP-15

a BMP-1 is not a BMP family member with seven canonical cysteines. It is a procollagen-C proteinase
related to Drosophila Tolloid.

2.4 Growth Factors

Growth factors are proteins with profound influence on proliferation and growth of cells. Growth factors
stimulate the differentiation of progenitor/stem cells. The growth factors include many subgroups and
such as Insulin like growth factors (IGFs), fibroblast growth factors (FGFs), and platelet-derived growth
factors (PDGFs).

Insulin like growth factors are polypeptides related to Insulin. There are two members, IGF-I and
IGF-II. Liver is the predominant site of IGF-I synthesis, and is stimulated by pituitary growth hormone.
IGF biological activity is modulated by IGF-binding proteins (IGFBP). There are six different IGFBPs.
IGFs promote extracellular matrix biosynthesis by osteoblasts.

Fibroblast growth factors (FGFs) are proteins with multiple members. FGFs are mitogens for endothelial
cells. Along with Vascular Endothelial Growth Factors (VEGFs), FGFs are critical for bone formation. It
is well known that vascular invasion is a prerequisite for endochodral bone formation.

Platelet-derived growth factors come in three isoforms, namely, AA, AB, and BB. They are primarily
produced by platelets in blood. Various isoforms stimulate bone formation.

2.5 BMPs Bind to Extracellular Matrix

The critical role of extracellular matrix in morphogenesis of many tissues during development is well
known. The extracellular matrix is a supramolecular assembly of collagens, proteoglycans, and gly-
coproteins. The collagens are tissue specific and the proteoglycans include chondroitin sulfate, dermatan
sulfate, heparan sulfate/heparin, and keratan sufate. Recombinant BMP 4 and BMP 7 bind to heparan
sulfate/heparin, collagen IV of the basement membrane [24]. The binding of a soluble morphogen to insol-
uble extracellular matrix renders the morphogen to act locally and protects it from proteolytic degradation
and therefore extends its biological half-life. Thus, extracellular matrix scaffolding is an efficient delivery
system for tissue engineering. Growth factors such as FGFs bind to heparan sulfate. An emerging concept
for tissue engineering is the tethering of signals to scaffolds to restrict their diffusion.
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2.6 Clinical Applications

Recombinant BMP 2 has been approved by the Food and Drug administration for spine fusion and open
fractures of tibia due to orthopaedic trauma. There have been several clinical applications of BMPs in
orthopaedic surgery [25–29]. The developing experience of BMPs will be of immense utility to the nascent
field of tissue engineering, the science of design-based manufacture of spare parts for human skeleton
based on signals, stem cells, and scaffolding [1,30] in medicine and dentistry. A prototype paradigm
has validated the proof of principle for tissue engineering based on tissue transformation by BMPs and
scaffolding [31].

2.7 Challenges and Opportunities

Despite the exciting advances in clinical applications of BMPs there remain many challenges. Foremost
among them is the need for developing synthetic scaffolds to deliver recombinant BMPs for skeletal tissue
engineering. The development of synthetic scaffolds with an ability to respond to biomechanical influences
that are known to be critical for musculoskeletal structures will lead to a quantum improvement of current
tissue engineering approaches to bone, cartilage, and meniscus. The remaining challenges make the field
of morphogen-based tissue engineering an exciting frontier with unlimited opportunities.
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3.1 Introduction

A major goal of tissue engineering is to employ the principles of rational design to recreate appropriate
signals to cells that promote biological processes leading to production of new tissues or repair of damaged
ones. A key modulator of cell behavior is the ECM that provides individual cells with architectural
cues of time and space, modulates bioavailability of soluble growth and differentiation factors, and
organizes multicellular tissue development. This chapter will focus on key ECM components and their
functions, emphasizing relationships between natural matrices present in both hard and soft tissues and
cell function. The concept of “mining” the natural matrix for active motifs that are useful in tissue

3-1



mikos: “9026_c003” — 2007/4/16 — 21:46 — page 2 — #2

3-2 Tissue Engineering

engineering applications also is introduced. Finally, the utility of translating knowledge gained from
study of native ECM to controlled delivery of growth factors and deliberate modulation of cell and tissue
phenotype for engineering purposes is discussed.

3.2 ECM and Functional Integration of Implanted Materials

Cells sense and respond to a variety of signals that include those that are soluble such as growth factors,
differentiation factors, cytokines, and ion gradients. In addition, cell behavior and phenotype is governed
by responses to other types of signals that include mechanical forces, electrical stimuli, and various physical
cues. Immobilized protein matrices that generally are fixed in space also regulate cell function. The general
term that has come to denote the complex mixture of proteins on the outside of cells that governs their
behavior is ECM. Evolution has provided cells with surface receptors to ECM components that enable
them to recognize and decipher the signals that they encounter from the ECM and which influence cell
growth, division, and differentiation [1].

For descriptive purposes, cell adhesion is classified into categories of cell–substratum and cell–cell
attachment. Cell–cell interactions may occur between like cells (homotypic events) or between dissimilar
cells (heterotypic). Homotypic interactions stabilize epithelia, which typically lie upon a sheet of special-
ized ECM called the basement membrane, discussed in Section 3.2. Heterotypic interactions govern many
normal cellular phenomena including embryo–uterine implantation, immune surveillance, cell migration
during embryogenesis, and neurotransmission. They also characterize the pathological states of cancer
metastasis, rejection of transplanted tissues and organs, and inflammation [2,3]. In the context of tissue
engineering, both types of cellular interactions must be understood, and thus hopefully manipulated,
to ensure successful integration of transplanted materials.

There exists in tissues an exquisite balance between the anabolic process of ECM production and
the catabolic process of ECM turnover. Introduction of foreign materials inevitably disrupts this natural
homeostasis. A goal of tissue engineering is to successfully introduce replacement tissues that will, through
stimulation of anabolic processes, lead to ECM production and acceptance of engineered materials rather
than their immediate or eventual destruction via activation of catabolic pathways. To facilitate biointeg-
ration, both degradable and nondegradable foreign materials can be modified with native ECM or motifs
derived from proteins in the ECM. Achievement of this goal requires a thorough understanding of the
structural relationships among molecules in the ECM, their molecular interactions directing cell adhesion
events, their biosynthesis and turnover, and their natural functions.

3.3 Basement Membranes and Focal Adhesions

Basement membranes, also called basal lamina, are sheets of highly organized ECM that are associated
with the basal membrane of epithelial cells, around muscle cells, below endothelial cells in blood vessels,
supporting fat cells, and associated with Schwann cells surrounding peripheral nerve axons [4,5]. In
addition to physically separating the cell layers comprising epithelia and stroma, they provide a diversity
of functions including structural support, selective filtration, and serve as barriers to invasion. They
also establish cell polarity, influence cell metabolism, induce cell differentiation, direct cell migration, and
organize membrane receptors. Figure 3.1 depicts scanning and transmission (SEM and TEM, respectively)
electron micrographs of natural basement membranes illustrating their typical functions and structural
roles in separating cells in tissues. Note that cells contact the basement membrane on a single face that
establishes cell polarity and creates the basal surface of attaching cell. The basement membrane exists as
a complex meshwork comprised of the proteins collagen IV, laminin, proteoglycans including perlecan,
agrin, and collagens XV and XVIII, fibulin, BM-40 (SPARC), and nidogen/entactin [4]. The spatial
relationships among these molecules were examined using atomic force microscopy where thin, threadlike
strands of heparan sulfate attached to certain proteoglycans were seen to protrude from the core meshwork
and proposed to function as an “entropic brush” that could filter proteins by their constant thermal
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(a) (b)

(c)

FIGURE 3.1 (a) Transmission electron micrograph of a transverse section through a blood capillary consisting of a
single endothelial cell wrapped around to join upon itself to create a lumen. The endothelial cell is (as are all epithelia)
bordered by a basement membrane on its external aspect. The basement membrane is shared by pericapillary cells
called “pericytes” that are represented by the small bits of seemingly isolated cell material at the capillary periphery.
(b) High magnification TEM of the glomerular basement membrane separating the capillaries of the kidney glomerulus
and the “podocytes” on their surface. The capillary endothelium (on the right) contains apparent gaps which in three
dimensions represent “fenestrae” or “little windows” in the capillary wall. The podocyte “pedicles” on the left actually
are part of larger cell processes out of the plane of section. This panel highlights the function of the basement membrane
as part of a filtration barrier which sieves large molecules and those with cationic charges. (c) A SEM of the ciliated
respiratory epithelium of the trachea. Part of the epithelium has been denuded during preparation (bottom) to reveal
meshwork collagen IV fibers of the underlying basement membrane and connective tissue underneath it.

motion within the basement membrane [5]. Collagen IV and laminin within the basement membrane
form two overlapping polymeric networks [6,7] with which the other components interact in a highly
organized fashion. The basement membrane provides an anchor for cells, which adhere to it using specific
surface receptors called integrins [1]. Focal adhesions are the sites of cell–ECM attachment that were first
identified ultrastructurally as cell surface electron dense regions near sites of cell attachment to substrata
and then recognized as interfaces with the cytoskeleton [8]. Focal adhesions belong to the contractile
class of matrix contacts, distinct from protrusive contacts or those that provide mechanical support [9].
Figure 3.2 diagrams a cartoon of a focal adhesion consisting of both integrin and nonintegrin receptors
in the plasma membrane attached to ECM in the basement membrane. The processes of anchoring and
spreading of cells on substrata occur as multistep processes that involve, among other things, clustering
of surface receptors at sites of focal adhesions. Protein complexes link the cytoplasmic tails of surface
receptors to the cytoskeleton, facilitating cell adhesion and transmitting signals through the intracellular
network that ultimately signal to the nucleus to inform the cell that it has attached. This form of signaling
has come to be called “outside in” signaling and is a key component of engineering functional interfaces
between materials and living cells. It is important to note that cells seldom rely on one adhesion system



mikos: “9026_c003” — 2007/4/16 — 21:46 — page 4 — #4

3-4 Tissue Engineering

Integrin receptor

Nonintegrin receptor

Substratum/basement membrane
ECM

Plasma membrane

Linker proteins

Actin cytoskeleton

Surface
receptors

C
on

tin
uu

m

FIGURE 3.2 Focal adhesion schematic. The diagram illustrates the components of the focal adhesion attaching
an adherent cell to an ECM substratum. Note the continuum of functional connections between the ECM and
the cytoskeleton, bridged by both integrin and nonintegrin transmembrane receptors.

to support cell attachment, a concept thought to confer some degree of protection to cells against single
mutations that would completely abolish adhesion-competence. Nonetheless, mutations in key adhesion
molecules found in focal adhesions frequently have extreme and adverse consequences on tissue and
organ development [10]. Guided tissue regeneration with artificial two-dimensional matrices such as
GORE-TEX® (expanded polytetrafluoroethylene or ePTFE) that resemble basement membranes has been
widely used for treatment of periodontal and bone defects and relies upon the membrane for physical
separation of cell layers during healing [11].

3.4 Focal Adhesions as Signaling Complexes

Attachment of cells to substrata provides signals for spreading, migration, survival, and proliferation.
As mentioned above, cell surface receptors recognize ECM components in a manner that is both specific
and reversible. The initial attraction and attachment often involves nonintegrin adhesion events that
may be related solely to charge or hydrophobic interactions between surfaces [12,13]. Examples include
recognition of polyanionic polymers such as those presented by the heparan sulfate or chondroitin sulfate
glycosaminoglycans (GAGS) attached to surface proteoglycans. Depending on the nature of the molecules
involved, these adhesive events may or may not be dependent on the presence of divalent cations such
as Ca2+ [14–16]. In any case, these early events tend to rely on multiple, low affinity interactions similar
to the way that Velcro® functions as a two-sided hook and loop fastener. Once cells adhere, higher
affinity interactions such as those involving integrin receptors are stabilized during the spreading phase
of adhesion. A very interesting feature of integrin interactions with ECM proteins is that they display a
wide range of ligand affinities ranging from 10−6 to 10−9 l/M under different conditions [17]. It is this
quality that ensures reversibility of integrin-mediated cell adhesion and allows cells to both attach and
detach from biological substrata at sites of focal adhesions. In general, cells attach to differentiate and
carry out specialized cell functions such as secretion, absorption, or signal transmission. They detach
in order to migrate and proliferate. Interestingly, many epithelia undergo a form of programmed cell
death known as anoikis if forcibly detached from their substrata [18]. Elegant studies of migrating cells
have shown simultaneous formation of focal adhesions with substrata on the leading edge of the cell, and
dissolution of attachment sites on the trailing end [19].

Receptor clustering during adhesion triggers cascades of events involving protein phosphorylation and
dephosphorylation that carry intracellular signals through the cell from surface to nucleus, ultimately
leading to changes in gene transcription. Frequently, changes in cell shape mediated by the cytoskeleton
accompany and promote these signals. An emerging paradigm for signal transduction involves the forma-
tion of protein complexes or “signalosomes” held together by specific interactions of regulatory molecules
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with scaffolding proteins that, like the electron transport chain of the mitochondrion, reduce diffusion
and speed up signal transmission. The interested reader is referred to one of several recent reviews on this
exciting subject [20–22].

Once activated, feedback loops within cells act quickly to attenuate signals, preventing desensitization
to extracellular signals and in some cases preserving cell viability. For example, prolonged Ca2+ signals are
associated with activation of apoptotic pathways and cell death [23]. These loops also allow cells to return
to a responsive state in which they can respond to subsequent signals that they may encounter from the
ECM. Changes that occur within cells and that feed back to modulate the activity of surface receptors have
come to be called “inside out” signals and modulate activity of both integrin and nonintegrin receptors
in focal adhesions.

3.5 ECM and Skeletal Tissues

The ECM in cartilage is frequently described as part of a pericellular or “territorial” matrix that is both
avascular and noninnervated. Figure 3.3 depicts several views illustrating the architecture of cartilage at
the cellular level. Note that, unlike cells interacting with basement membranes, cells in mesenchyme are
surrounded on all sides by the territorial matrix. This is particularly evident in Figure 3.3c showing a single
chondrocyte in its lacunae. The chondrocyte has a very unique relationship with its microenvironment that
has been well described [24]. The cartilage matrix consists of type II collagen and various noncollagenous

(a)

(c)

(b)

FIGURE 3.3 (a) Section through hyaline cartilage of the trachea. Dark staining regions surrounding cells (chon-
drocytes) are pericellular or “territorial” matrix and represent most recently-deposited cartilage matrix. (b) SEM of
hyaline cartilage showing lacunae or “little lakes” in which chondrocytes reside. In this preparation some are occupied
by cells and others are empty because the cells have fallen out during cutting of the cartilage. The fibrous nature of the
matrix (due to the presence of type II collagen) is evident. (c) TEM of a chondrocyte within a lacuna. Collagen fibers
can be seen in the cartilage matrix surrounding the lacunae. These fibers are not seen in light microscopic preparations
such as those in panel a since they have the same refractive index as the collagen matrix material.
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ECM molecules that differ depending on the type and differentiated state of cartilage. In articular cartilage,
type II, IX, and XI collagens form a meshwork that provides form and tensile stiffness and strength [25].
Type VI collagen is present in the matrix surrounding the chondrocyte; aggrecan provides resilience to
compressive forces, and small proteoglycans such as fibromodulin help to stabilize the matrix. Other
noncollagenous proteins that are present include cartilage oligomeric matrix protein (COMP), perlecan,
anchorin II, and tenascin. It has been proposed that the presence of tenascin-C in the articular cartilage
matrix, a protein which is absent from growth plate cartilage, may help articular chondrocytes avoid
endochondral ossification [26]. The role of the cartilage ECM in tissue engineering was reviewed recently
[27]. In the growth plate, a progressive series of events occur to produce a cartilaginous matrix that
gives way to bone matrix [28–30]. Early stages are marked by high rates of cell proliferation and ECM
production. The final stage of development of growth plate cartilage is hypertrophy, marked by turnover
of matrix, mineralization, invasion of marrow vasculature, and chondrocyte apoptosis. Type X collagen
is the classical marker for hypertrophic cartilage ECM, and is absent from articular cartilage [31].

The ECM of bone is distinct from that of cartilage. Bone tissue (Figure 3.4a) is greater than 95%
type I collagen based and includes noncollagenous proteins such as the acidic calcium binding proteins
osteocalcin, bone sialoprotein, osteopontin, and osteonectin/SPARC. Of these, osteocalcin and bone sialo-
protein can be considered specific to bone. It has been proposed that compact lamellar bone and woven
trabecular bone have distinct matrix protein compositions and ratios [32]. The marrow compartment
(Figure 3.4b) can be considered as structurally distinct from proper bone, although it houses cellular
precursors for bone cells. As shown in Figure 3.4c,d, osteocytes, like chondrocytes, are surrounded by
and embedded in matrix, but in this case the matrix normally remains fully mineralized. The processes

(a)

(c) (d)

(b)

FIGURE 3.4 (a) Transverse cut through the metaphysis of a calf femur. The bone shaft is compact bone and spongy
bone with bony trabeculae lining the interior. (b) Cross-section through a decalcified preparation of a fetal femur.
Compact bone encloses the marrow cavity. (c) Preparation of compact bone. Concentric lamellae of Haversian systems
surround blood vessels. Interstitial lamellae represent older Haversian systems replaced during bone remodeling.
(d) High magnification image of a compact bone preparation. India ink fills lacunae in which embedded bone cells
(osteocytes) are normally found. Channels connecting lacunae are called “canaliculi.” These are occupied by cell
processes and provide a means whereby osteocytes communicate with one another.
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of bone remodeling that maintain structural integrity of bone and include a finely tuned balance between
osteoclastic bone resorption and osteoblastic bone formation have been reviewed recently [33]. ECM is
one of many influences on bone cell function that also include growth factors, physical stimuli, metabolic
demands, and structural responsibilities [34].

3.6 Sources of ECM for Tissue Engineering Applications

It is critical to choose an ECM that will support cell adhesion, and also ensure survival, growth,
and appropriate cell differentiation following adhesion. A number of alternatives exist for the tissue
engineer including commercial mixed matrices based upon the composition of basement membranes
(collagen IV, laminin, perlecan, nidogen/entactin). One example of such a commercial matrix is Mat-
rigel™ that is available in both growth factor replete and depleted forms. This matrix is extracted from
Engelbreth–Holm–Swam (EHS) mouse sarcoma and provides a material similar to the mammalian base-
ment membrane. Available from the global nonprofit ATCC (http://www.atcc.org/) is an ECM solution
also representing a solubilized basement membrane solution (30-2501) similar to Matrigel. This prepar-
ation contains tissue plasminogen activator as well as a number of growth factors including transforming
growth factor β, epidermal growth factor, insulin-like growth factor 1, fibroblast growth factor 2, and
platelet derived growth factor. Both these products form a gel at room temperature that will support
growth and differentiation of cells grown on (or in) it as a two- or three-dimensional matrix.

Serum also provides a variety of adhesion factors including fibronectin and vitronectin, along with a
rich selection of soluble, circulating growth factors. The response of cells to serum components is highly
variable, as is the composition of serum itself. Because of the uncertainty in knowing the exact composition
of serum for use in tissue engineering applications, batch testing of serum for long-term applications is
encouraged when its use is necessitated. Purified ECM molecules provide a more reliable and predictable
source for engineering applications. Smaller molecules can be expressed as recombinant proteins in either
bacteria, insect, or mammalian cells in bioreactors [35–37]. Each of these expression systems provides a
set of advantages and disadvantages that have been reviewed [38]. For ECM molecules of large size or
complexity (collagens, many proteoglycans, noncollagenous glycoproteins), problems can occur related
to size, microheterogeneity, yield, and scalability. For most of the molecules in this class, function requires
posttranslational modifications that can only be acquired when expressed by mammalian cells. In this
case, some luck has been achieved by expressing recombinant constructs in cell lines such as the HEK-293
cell line or even in tissue systems [37,39]. For very large matrix molecules, such as perlecan, that are too
large to be expressed as full length recombinant proteins, it has been possible to create smaller expression
constructs that retain functions of individual protein domains [37]. Of interest, there appears to be
considerable cell type diversity in the manner and extent of posttranslational modification affecting the
fine structure of the carbohydrate chains. For example, domain I of perlecan that contains consensus
sites for both heparan and chondroitin sulfate chain addition can be produced in both active and inactive
forms depending on the cells producing it [40].

An alternative to the use of recombinant ECM proteins is the use of synthetic peptides or proteolytic
fragments of native molecules that retain selected functional properties of their parent molecules. Many
ECM molecules contain a consensus sequence recognized by integrin receptors that consists of the triplet
peptide, arginine–glycine–aspartate (RGD) sequence. The context in which this peptide is presented by
the ECM molecule containing it determines the strength and the specificity of the interaction. Examples
of common ECM molecules containing the RGD sequence include fibronectin, osteopontin, laminin,
vitronectin, some collagens, and tenascin. Current effort is focused on identifying other active motifs
present within ECM molecules that are small enough to be prepared as synthetic proteins. One promising
example of this is the laminin-derived cell binding YIGSR sequence that has been proposed for derivat-
ization of scaffolds for breast and soft tissue reconstruction [41]. Another is the tetrapeptide sequence
REDV which simulates an active motif in the CS5 domain of fibronectin [42]. This subject is discussed
further in Section 3.7 devoted to mining of the ECM.
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3.7 Properties of ECM

Extracellular matrix in all tissues possesses certain properties that allow it to support tissue cohesion and
provide microstructure. The most salient of these properties is that of self-assembly [43]. Protein and
carbohydrate components of secreted ECM will self-associate in a highly ordered and predictable fashion
that is tissue and cell type specific. Associations are based upon the presence of highly conserved motifs
and independently folded domains whose structures are increasingly appreciated [44]. Interactions occur
based upon complementary secondary and tertiary structural features including charge properties, ion
and metal bridging, hydrophobic domains, redox interactions, and covalent bonding. The structures that
form may produce either two-dimensional networks such as the meshwork of the basement membrane,
or three-dimensional structures in space such as that of the territorial matrix. While most of the assembly
is thought to occur extracellularly, there is evidence that some degree of assembly may be initiated during
biosynthesis and take place within intracellular secretory vesicles creating a sort of “pre-fabricated” scaffold
to promote rapid assembly once secretion into the extracellular compartment occurs [45]. In the sea urchin
model system, it has been proposed that distinct intracellular vesicles form and are directionally released
during exocytosis; these have been termed “basal laminar vesicles” and “apical vesicles” [46].

3.8 Mining the ECM for Functional Motifs

In the new age of the fruition of the genome projects, it is exciting to consider the possibility that bioin-
formatic approaches can be used to identify structure–function relationships in natural ECM molecules
for use in translational biology including tissue engineering. This process, which has come to be termed
“data mining,” can identify motifs in larger molecules that can be used to manipulate behavior of cells
and tissues in vitro and in vivo. Motifs can be included in small synthetic peptides, recombinant domains
expressed in viral, bacterial, or mammalian expression systems, or rationally designed chemically syn-
thesized mimics. The latter, in particular, frame the enormous potential of rational drug design when
combined with computer modeling of protein interactions. The following sections will briefly describe
the properties of some individual ECM molecules which provide the raw material for mining the ECM for
functional motifs. In each case, the Swiss-Protein (http://au.expasy.org/sprot/) ID number for the human
protein is provided as a link to the electronic database for that protein. The complete domain structure of
each molecule may be accessed using Pfam (http://www.sanger.ac.uk/Software/Pfam/) and typing in the
accession number in Protein Search.

3.8.1 Collagen

Members of the collagen family are diverse; they make up some one-third of all the protein in the body
and model the framework of connective tissues [47,48]. Collagens form what can be thought of as “func-
tional aggregates” with noncollagenous molecules to form macrostructures including fibrils, basement
membranes, filaments, canals, and sheets. Fibril forming collagens are synthesized in precursor forms
that are sequentially processed during or following secretion into the ECM [45]. Collagens and proteins
with collagen-like domains now number at least 27 types with 42 distinct polypeptide chains; there are
20 additional proteins with collagen-like domains and 20 isoenzymes that modify collagen structure [49].
Examples of fibrillar collagens include type I collagen [collagen I α1 (PO2452), α2 (P08123)] found in con-
nective tissues, and type II collagen [collagen II α1 (PO2458)] found in cartilage. Each of these assembles
as a triple helix that once incorporated into rod-like fibrils can also assemble with other collagenous
and noncollagenous proteins [48]. Figure 3.5 shows several views of collagen type I fibrils. Figure 3.5c
depicts the structural relationship of a fibroblast and its ECM, including collagen fibrils seen in cross-
section. The dimensional comparison between the cell and the collagen is also evident in this photograph
(bar in the figure is 1 µm). The inset clearly shows the banding pattern characteristic of collagen type I
when viewed by transmission electron microscope (TEM). Fibril associated collagens with interrupted
triple helices (FACIT) collagens associate with surfaces of collagen fibrils in many tissues including skin,
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(a)

(c)

(b)

FIGURE 3.5 (a) Light micrograph of collagen fiber bundles in dense, irregular connective tissue such as the dermis
of the skin. Nuclei of fibroblasts (cells that secrete procollagen which is processed and assembled into collagen
extracellularly) can be seen closely associated with the fibers. (b) SEM of bands of type I collagen fiber bundles.
Individual fibers can be seen independent of the fiber bundles. (c) TEM of a fibroblast in close association with
bundles of collagen fibers sectioned transversely, obliquely and longitudinally. The inset shows individual collagen
fibers exhibiting the characteristic periodic banding pattern.

tendon, and cartilage. Meshwork or basement membrane collagens include basement membrane-localized
collagen IV [α1 (PO2462) and α2 (P08572)], hypertrophic cartilage-specific collagen X [α1 (Q03692)]
and endothelial collagen VIII [α1 (P27658)]. Collagen VII [α1 (Q99715)] is also a member of this family
and forms anchoring fibrils that connect skin and mucosa to underlying tissue.

3.8.2 Fibronectin

Fibronectin (PO2751) is a glycoprotein found in soluble form in plasma and in insoluble form in loose
connective tissue and basement membranes. Fibronectin binds cell surfaces as well as various other ECM
molecules including collagen, heparan sulfate proteoglycans, and fibrin. Fibronectins are involved in
diverse functions including cell migration, wound healing, cell proliferation, blood coagulation, and
maintenance of cell cytoskeleton. Fibronectin is a multidomain protein that contains three types of
domains (FN1, 2, 3) that are repeated multiple times depending on the isoform. Fibronectin was the first
noncollagenous component of the ECM that was thoroughly studied as a ligand for its integrin receptor,
now termed α5β1, but originally studied as the “fibronectin receptor” [50]. Fibronectin served as the
prototype for the development of the RGD-peptides now widely used in modification of biomaterials for
the purpose of tissue engineering [51,52].

3.8.3 Laminin

Laminin is a common ECM component found in basement membranes and used as a substratum for
cell migration by many cell types. It has a clear role in cell migration and tissue morphogenesis during
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embryonic development [4]. The classical laminin-1 is a cruciform shaped molecule composed of three
chains [α1 (P25391), β1 (PO7942), and γ1 (P11047)]. There are at least 15 heterotrimers that can form
using various α, β, and γ chains [see α2 (P24043), α3 (Q16787), α4 (Q16363), α5 (O15230), β2 (P55268),
and β3 (Q13751), γ2 (Q13753)]. Laminin self-assembles into polygonal lattices in vitro [53]. It is a favorite
ECM-based substrate for cells in the neural system [54].

3.8.4 Tenascin, Thrombospondin, and Osteonectin/SPARC/BM-40

Tenascin (P24821), thrombospondin-1 (P07996) and osteonectin/SPARC (P09486) are all modulators
of cell adhesion, migration, and growth. Expression changes in these molecules are associated with
neoplastic transformation and acquisition of migratory metastatic states such as those that occur during
wound healing [55–57]. This regulation may be attributable to the ability of these molecules to trigger
“de-adhesion,” a process that has been speculated to represent an intermediate adaptive condition that
facilitates expression of specific genes that are involved in repair and adaptation of cells and tissues [58].
In this regard, these molecules and motifs therein might be of particular importance in processes related
to tissue engineering, although this has not yet been exploited.

3.8.5 Proteoglycans and Glycosaminoglycans

Perlecan (P98160), glypican (1-P35052) and syndecan (1-P18827, 2-P34741, 3-O75056, 4-P31431) are
heparan sulfate proteoglycans (HSPGs) involved in diverse functions and essential to embryogenesis.
Both the core proteins and the HS side chains are thought to play important functional roles. HS chains
consist of a repeating disaccharide structure (glycosaminoglycan or GAG) that is regionally modified by
enzymes that produce epimerization, vary sulfation patterns, and alter chain length [59]. The GAG chains
create polycationic binding sites for attachment of proteins, primarily heparin-binding growth factors
(HBGFs). Perlecan is secreted entirely into the matrix [60], syndecan possesses a transmembrane domain
and remains as an integral component of the plasma membrane [61], and glypican is lipid-linked [62].

Chondroitin sulfate proteoglycans (CSPGs) such as the large cartilage matrix protein aggrecan (P16112)
have very large hydration spheres. Aggrecan is secreted into the pericellular matrix of cartilage where it
self-assembles into a superstructure that can have as many as 50 monomers bound to a central fila-
ment composed of hyaluronic acid [63]. This structure is often described as resembling a “bottle brush.”
Aggrecan provides the osmotic resistance that cartilage needs to resist large compressive loads; its destruc-
tion during aging and in pathologic states contributes to skeletal erosion. The enzymes responsible for
this destruction are matrix metalloproteinases (MMPs) called “aggrecanases” that are members of the
ADAMTS (A Disintegrin And Metalloproteinase with Thrombospondin Motifs) gene family [64].

3.8.6 Osteopontin

Osteopontin (P10451) is a secreted matrix molecule that regulates cell responses through several integrin
receptors and also is recognized by the CD44 receptor, through which it acts as a chemoattractant [65].
Osteopontin is thus a multifunctional molecule able to support both adhesion and migration, distinct
properties that may be dependent on the degree and sites of phosphorylation [66]. The cell attachment
site in osteopontin was mined and used to generate peptides for incorporation into peptide modified
hydrogels that recently were used for modifying the function of marrow stromal osteoblasts [52].

3.9 Summary of Functions of ECM Molecules

The properties of ECM molecules make them ideal for cell and tissue engineering. ECM-derived molecules
can be used to coat implants, modify surfaces, direct cell growth and differentiation, and engineer cell
phenotype and behavior. Their multifunctional nature makes them ideal for promotion of cell specific
adhesion via integrins and other surface receptors. Conversely, they can be used to release cells from
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adhesion (“counteradhesion”) and thus migrate, for example, to cover a scaffold. They serve as efficient co-
receptors for sequestration and delivery of growth factors, establishing morphogenic gradients recognized
by cellular receptors during development, wound healing, and tissue repair [67,68]. For each of these
functional roles, the context of the presentation of the ECM motif is critical in determination of outcome.
For example, RGD peptides when presented to integrin-bearing cells inhibit adhesion and may lead
to anoikis, but when immobilized these same motifs support adhesion, focal adhesion formation, and
activate survival and proliferation pathways. These properties, if well understood, allow the ECM to serve
as a rich source for mining and future development of novel tissue engineering applications.

3.10 Polymeric Materials and their Surface Modification

The rich biochemical and mechanical properties of the ECM have long been used as a model for
tissue engineering constructs for the production of tissues such as cartilage, bone, nerve, and skin,
as well as for the continued efforts toward the production of more complicated organs. Historic-
ally, the materials used for tissue engineering applications have relied primarily on readily available
polymeric materials, both naturally derived and chemically synthesized. Polymers for specific applica-
tions are chosen on the basis of their aggregate mechanical properties, ease of processing, degradation
profiles, and biochemical activity, with the latter becoming more prominent in the recent design of
tissue engineering materials that elicit a specific and desired biological response. Among the most
commonly utilized materials are natural ECM-based polymers such as collagen, fibrin glues, hyalur-
onic acid, and alginate. Although the biological activities and biocompatibility of these materials are
useful, the lack of control over desired mechanical, degradation, and processing properties has motiv-
ated the use of synthetic polymers such as poly(glycolic acid), poly(lactic acid), poly(glycolic-co-lactic
acid), poly(ethylene glycol) hydrogels, poly(N -isopropylacrylamide), poly(hydroxyethylmethacrylate),
poly(anhydrides), and poly(ortho-esters). There are many good reviews on these and other poly-
meric systems and their use in tissue engineering [69–73], and descriptions of these materials are not
included here.

Recent research effort in tissue engineering has focused on the incorporation of biologically active
motifs derived from ECM proteins into matrices to integrate essential molecular elements of the ECM
into the biomaterial and to promote a desired biological response. The choice of biologically active motifs
incorporated into engineered matrices depend upon the ultimate end use of the matrix, but rely heavily
on the coating of scaffolds with ECM-derived proteins, peptides, and glycosaminoglycans. Among the
most straightforward of strategies is the simple coating of polymeric scaffolds (fibers, meshes, sponges,
foams) with solutions of ECM protein(s) of interest based on adsorption via noncovalent interactions.
While this method has demonstrated improvements in cell adhesion, proliferation, and secretion of ECM
for a variety of cell types, it requires the adsorption of a high density of protein, since the protein can
denature on the surface or adsorb in a suboptimal orientation, which significantly reduces affinity for
given cell types. Alternatively, ECM proteins can be modified and then immobilized onto surfaces. In one
recent example, fibronectin modified with Pluronic™ F108 could be easily attached to both poly(styrene)
surfaces and poly(propylene) filaments with demonstrated improvements in neuronal cell attachment
and neurite outgrowth [74].

Short, bioactive peptides from ECM proteins and growth factors, such as the RGD, YIGSR, IKVAV,
REDV, heparin binding, and other sequences, also have been attached via straightforward chemical
methods. The attachment of peptides (vs. proteins) is advantageous because the surface density and
orientation of the peptide can be more easily controlled, allowing more quantitative understanding and
manipulation of the surface modification process. Further, select peptides or combinations of peptides
can yield materials that better mimic desirable signals present in the ECM. For example, the peptide
REDV can be immobilized on surfaces instead of RGD to mediate the selective adhesion of endothelial
cells over smooth muscle cells, fibroblasts, and platelets. Additionally, the combination of both the
RGD and the heparin-binding motifs from bone sialoprotein (FHRRIKA) can synergistically improve cell
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adhesion and mineralization in osteoblast culture [75], and RGD modified polymers can impart desirable
osteoblast adhesion and mineralization on titanium implants [76]. Peptides also can be incorporated
into materials to reduce biodegradation, for example, the peptide aprotinin, which inhibits several serine
proteases, has been used to derivatize the commercially available Tissucol® fibrin gels so that they maintain
their bioactivity while exhibiting a reduced degradation rate (Immuno AG, Vienna, Austria). Numerous
experiments have been conducted with surfaces and tissue engineering matrices covalently modified with
ECM-derived peptides, and they have confirmed the bioactivity of these peptides and their utility in many
tissue engineering applications. The most widely used methods for peptide immobilization, with just a
few relevant examples, are summarized.

A very commonly employed strategy for peptide immobilization is the reaction of the thiol-terminated
peptide with surfaces and polymers that are functionalized with maleimide, thiol, and vinyl sulfone groups.
The reaction of thiol groups with vinyl sulfone modified polymers and surfaces has been employed in
many recent investigations owing to its high selectivity over reactions with amines and its high reaction
efficiency at physiological temperature and near physiological pH [77–79]. Reactions of amine-terminated
side chains and carboxylic acid side chains also can be used for certain amino acid sequences in which these
side chains are not required for biological activity. A variety of chemical reaction strategies can be used
[80], one of the most common being the carbodiimide-activated coupling of amines with carboxylic acids.
The advantage of the latter reactions is that they are generally applicable to a variety of proteins, synthetic
polymers, and plasma-treated surfaces. The overall surface density of the peptides also can be controlled
easily via these chemical modification strategies, which can have a large impact on cell proliferation and
differentiation, particularly when coupled with manipulation of the chemical composition of the matrix
material [81,82].

Another strategy for the incorporation of biologically active peptide motifs onto tissue engineer-
ing scaffolds involves the covalent coupling of the peptide into the matrix during matrix formation.
Acrylated peptides such as RGD and plasmin substrate sequences have been incorporated into a variety of
poly(ethylene glycol) (PEG) hydrogel materials in this manner and have imparted desirable cell adhesion
and cell-mediated degradation [83,84]. Essentially, any peptide can be incorporated into hydrogels via
these strategies, and recently, GRGDS or an osteopontin derived peptide (ODP), DVDVPDGRGDSLAYG,
were incorporated in oligo(poly(ethylene glycol) fumarate) hydrogels to determine the impact on osteo-
blast migration. Osteoblasts migrate both faster and for longer distances on the ODP-modified hydrogels
vs. the RGD modified hydrogels [52].

Enzymatic attachment of a peptide that carries both a cell attachment or signaling sequence and a
domain that is a substrate for enzymatic coupling by Factor XIIIa (-NQEQVSP-) also has been used to
covalently incorporate ECM-derived peptide sequences into tissue engineering materials. This strategy
has been recently developed for the incorporation of a variety of cell adhesion peptides (derived from
fibronectin, laminin, and N -cadherin), heparin-binding peptides, and growth factors into fibrin matrices,
via the action of Factor XIIIa, to demonstrate improvements in cell adhesion, neurite outgrowth, and
axonal regeneration [85–87].

Strategies that involve assembly and adsorption also have been useful for mediating the presentation of
peptides at surfaces. For example, a very general strategy for surface modification of both polymeric and
inorganic matrices involves the incorporation of mussel-adhesive-protein-derived dihydroxylphenylalan-
ine (DOPA) residues at the termini of polymers [88]. Interaction of the DOPA residues with surfaces
results in attachment, and although this method has currently been applied to the modification of sur-
faces with ethylene glycol oligomers, it should be equally applicable to the simple attachment of bioactive
peptides to a variety of surfaces. Strategies for presenting labile ligands at an interface via the use of RGD-
modified nanoparticles also have been developed as a strategy to improve cell migration on biomaterials
surfaces [89]. Another emerging strategy is the use of peptide-modified self-assembling materials for
the multivalent presentation of biologically active peptides. Peptide–amphiphiles, decorated with either
phosphate-functionalized amino acids or sequences such as IKVAV, assemble into stable fibrous hydrogel
materials and demonstrate promising activities such as mineralization and selective differentiation of
neural progenitor cells in vitro [90,91].
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A more experimentally complicated, but useful, method for the incorporation of biologically active
peptide motifs is the inclusion of these peptide sequences directly in the backbone of recombinant artificial
proteins and in protein/polymer conjugates. Cell adhesion sequences from fibronectin (RGD and REDV)
have been incorporated into silk-like, collagen-like, and elastin-like artificial proteins. The mechanical
properties of the silk, collagen, or elastin provide excellent adhesion and elasticity, and the ECM-derived
proteins mimic some essential features of the ECM. The fibronectin-derived cell-binding sequences result
in marked improvements in cell adhesion to films of these proteins [92–95]. The silk-fibronectin proteins
form autoclave-stable coatings on polystyrene culture plates and are sold commercially as the Pronectins®,
originally by Protein Polymer Technologies, Inc. The mechanical properties of the elastin-like protein
polymers can be engineered via chemical cross-linking strategies to closely match those of native elastin
[96,97], which aid in compliance matching of small-diameter vascular graft replacement materials with
host tissues.

Investigations to engineer biologically active domains of other proteins also have been initiated. Given
the prominent developmental and physiological functions of collagen, and its widespread use as a tissue
engineering material, collagen proteins have received significant attention. Individual domains of colla-
gen II have been isolated to determine their biological activity, and the amino acid region 704-938 in
collagen II was identified in these studies as critical for the spreading of chondrocytes [98]. These studies
may direct the production of repetitive proteins containing that amino acid sequence for improved
chondrocyte adhesion and spreading. Chimeric proteins of collagen III and EGF also have been pro-
duced, and retain the fibril-forming properties of the collagen domain and the activity of EGF; these
materials may find application in cell culture, wound healing, and tissue engineering applications [99].
Similarly, biologically active motifs can be genetically engineered and then conjugated to synthetic poly-
mers to produce biologically active protein–polymer block copolymers. Specifically, an artificial protein
equipped with an RGD sequence and two plasmin degradation sites from fibrinogen, and an ATIII-
derived heparin binding site, was grafted to PEG-acrylates and incorporated into hydrogels. These
hydrogels supported three-dimensional outgrowth of human fibroblasts mediated by adhesion to the
RGD sequences [100].

3.11 Formation of Gradient Structures

While the coating of tissue engineering matrix surfaces with bioactive molecules has improved cell adhe-
sion and biological properties of matrices, the native temporal and spatial presentation of molecules in the
ECM also has been increasingly mimicked as a strategy to control materials response. The establishment of
functional morphogen gradients and patterns in materials controls cell signaling and proliferation, and can
be achieved by a variety of methods, including temporally controlled deposition, microfluidic approaches,
photoinitiated polymerizations, photolithography, soft lithography, block copolymer assembly, and print-
ing strategies. One area in which the deposition of functional gradients of ECM-derived proteins has had
large impact is in the generation of materials for guiding neurite outgrowth. For example, the formation
of simple concentration gradients via controlled photopolymerization of nerve growth factor (NGF) in
poly(2-hydroxyethyl methacrylate) microporous gels has guided the growth of PC12 cell neurites up the
concentration gradient [101]. Microfluidic methods also have been used to control deposition of proteins
in channels; in one example, the deposition of laminin was controlled, and the growth of hippocampal
neurons toward the regions of highest laminin deposition was observed [102]. Protein gradients also have
been produced on surfaces via the temporally controlled deposition of protein-coated gold nanoparticles
onto poly(lysine) derivatized surfaces [103]. Proteins immobilized in this manner retain their bioactivity,
and the presence of the particles is not detrimental to the growth of hippocampal neurons. Furthermore,
this method is generally applicable to the production of protein gradients on the surfaces of a variety of
two-dimensional and three-dimensional scaffolds.

In addition to the production of concentration gradients in hydrogel materials and on surfaces, there
has been increasing interest in controlling cell placement for studying and manipulating cellular responses
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to materials. Lithographic methods have emerged as a viable strategy for achieving this patterning.
Photolithographic strategies permit the production of patterns of proteins on the micron length scale, via
selective activation of photosensitive groups on a surface followed by coupling to a protein of interest.
These methods have been used to create many patterned surfaces including those for controlling neuronal
patterning [104,105]. Perhaps the most popular lithographic method for patterning surfaces is the soft
lithographic approach of microcontact printing, in which an elastomeric stamp is used to directly “print”
chemically or biologically active peptides and proteins onto surfaces of both hard and soft materials
[106–108]. The methods have been used to print laminin, collagen, and a variety of other ECM-derived
proteins and peptides, and provide a useful means to control cell adsorption and response to materials
[109–112]. These methods have been used to pattern surfaces primarily at the micron length scale, but
can also be used to pattern proteins at surfaces at length scales smaller than 1 µm.

Direct printing of ECM proteins and peptides also has been demonstrated. Ink jet printing can
modify and fabricate scaffolds for tissue engineering applications, including the printing of active pro-
teins [113], and the fabrication and surface modification of three-dimensional scaffolds [114]. In one
recent example, automated ink jet printing was used to produce 350 µm features of collagen in lines,
circles, arrays of dots, and gradients. Smooth muscle cells and dorsal root ganglia neurons adhere to these
patterned regions and achieve confluency in the shape of the pattern in as few as 4 h [115]. Dip-pen
nanolithography (DPN), in which an atomic force microscope (AFM) tip is “inked” with a solution of
interest and then is used to deposit a pattern, also has been applied to produce protein patterns with
feature sizes below 200 nm. Dots and lines of antibodies and ECM-derived proteins have been printed
[116–118]. Collagen has been printed to feature sizes of 30 to 50 nm [116], and Retronectin, a recombin-
ant fragment of fibronectin comprising the central cell-binding domain, the heparin binding domain II,
and the CS1 site, was printed onto gold surfaces via DPN at feature sizes of approximately 200 nm [117].
Fibroblasts adhere selectively to the areas printed with Retronectin, but with morphologies different than
those on unpatterned surfaces modified with Retronectin. The use of these methods may therefore per-
mit the study and manipulation of cell adhesion and signaling phenomena via patterning at lengthscales
relevant to individual receptors on cell surfaces.

The directed assembly of polymeric materials also can be used to pattern bioactive elements on the
nanometer length scale. For example, the spatial distribution of RGD-containing peptides has been
controlled by the presentation of the peptide on star-shaped polymers. By controlling the number of
peptides per star polymer, as well as by controlling the density of peptide-functionalized star polymers
on a surface, these methods have been useful for clustering peptides and increasing fibroblast adhesion
strength and actin stress fiber formation [119]. The clustering of the ligands also has altered fibroblast
adhesion behavior under centrifugal detachment forces, with clustered ligands increasing adhesion with
increasing detachment force for forces from 70 to 150 pN/cell [120].

3.12 Delivery of Growth Factors

The development of polymeric controlled release systems has facilitated the development of tissue engin-
eering scaffolds capable of the controlled release of growth factors, and has enabled the control of cellular
processes for prolonged periods of times via a sustained release of appropriate growth factors directly into
the cell microenvironment (for a recent review see Reference 121). Simple injection of growth factors
has not reached its potential therapeutically owing to the very short half-lives of the growth factor in
vivo (a few minutes), which has necessitated studies of their controlled release. Growth factors have been
both noncovalently and covalently incorporated into a wide variety of materials over the past decade,
which has resulted in numerous reports of their benefit in bone, cartilage, and nerve tissue engineering
investigations. Growth factors can be simply encapsulated into matrices comprised of collagen, alginate,
hyaluronic acid, or other synthetic hydrogels. In many cases the half-life of the growth factor is significantly
increased vs. that of the free growth factor in solution. For example, in alginate matrices, electrostatic
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interactions stabilize the growth factor in the matrix and control its slow release [122]. Interest in extend-
ing the release time of the growth factors, improving their bioactivity, and allowing for delivery of multiple
growth factors have led to additional strategies for incorporating growth factors into materials and onto
surfaces [123,124]. There have been a myriad of studies on the passive encapsulation of growth factors
into particles, fibers, and hydrogels; the discussion below focuses on recently described methods involving
immobilization of growth factors via interaction with heparinized materials or via covalent attachment.

Heparin has been widely applied to surfaces and encapsulated into hydrogels as a strategy for immob-
ilization of growth factors. The interaction of heparin and growth factors permits immobilization and
stabilization of the growth factor via sequence-specific electrostatic interactions with heparin, which
mimic the natural mechanisms by which growth factors are protected in the ECM via interactions with
heparan sulfate. Accordingly, hydrogels in which growth factor and heparin are co-encapsulated show
improvements in growth factor delivery and half-life. Heparin has been covalently attached to polymers
to reduce heparin diffusion from the matrix and further increase retention and half-life of growth factors.
For example, when bFGF is immobilized in a heparinized collagen matrix, bFGF retains its bioactivity
and promotes endothelial cell growth [125]. A variety of other materials have been covalently modified
with heparin using other chemical strategies to enable growth factor binding, and these achieve desirable
cellular responses [126–128]. In a recent example with a slightly different approach, PEG star polymers
were modified with heparin-binding peptides (hbp) and then cross-linked via noncovalent interactions
with high molecular weight heparin. The mechanical properties and delivery rates of the hydrogels can
be mediated by the affinity and kinetics of the heparin–hbp interactions [78]. Likewise, hydrogels have
also been assembled via noncovalent interactions between PEG–hbp star copolymers and PEG star poly-
mers modified with low molecular weight heparin. These networks have demonstrated release profiles for
bFGF that correlate with erosion of the noncovalent network [129]. It is envisioned that growth factors
noncovalently bound to the heparin will be released at rates that correlate with the heparin–hbp affinities
and that can be tuned for a desired tissue engineering or drug delivery application.

Another recently developed approach for growth factor delivery is the development of fibrin matrices
in which hbp have been covalently incorporated into fibrin via the action of Factor XIIIa [86]. Both
heparin and growth factors are then incorporated into these matrices, and the passive release of the
heparin-associated growth factor is minimized via the binding between the heparin and the covalently
bound hbp. Prudent choice of the ratio of growth factor: heparin:hbp permits growth factor release to
be controlled by cell-mediated degradation of the fibrin matrix, rather than by passive diffusion. When
bFGF was delivered from this growth factor delivery system in vitro, the results demonstrated a nearly
100% enhancement in neurite extension over an unmodified fibrin control [86]. Additionally, NGF has
been immobilized in similar matrices. Despite the fact that NGF does not bind heparin with high affinity,
the electrostatic interactions between basic regions of the NGF and heparin immobilize NGF in the
fibrin matrices. These materials also enhance neurite extension from chick dorsal root ganglia by up to
100% relative to unmodified fibrin at 48 h [130], and more recent investigations demonstrate that these
materials perform similarly to isografts when tested in 13-mm rat sciatic nerve defects [131]. Another
recently employed strategy for growth factory delivery takes advantage of the native heparan sulfate chains
of the ECM protein, perlecan, which binds HBGFS including TGFB, BMP, and bFGF. A recombinant
domain of perlecan was used to sequester and release bFGF from native collagen matrices [124].

While the rates of release of bioactive growth factors from hydrogels of all the above kinds can be
controlled via control of matrix pore size and heparin loading, the release mechanism is passive. There have
been several strategies developed for the localized delivery of growth factors, and the covalent attachment
of bioactive growth factors, such as EGF and TGF-β1, to different surfaces is a useful strategy for producing
bioactive biomaterials [132,133]. Although the growth factors are immobilized by chemical methods, the
bioactivity of both EGF and TGF-β1 are well preserved in these systems. The EGF, immobilized to a glass
surface using a PEG linker, retained its activity as assessed by mitogenic and morphological assays of
primary rat hepatocytes, while physisorbed EGF demonstrated no bioactivity [132]. The incorporation of
TGF-β1 into PEG hydrogels increases ECM production by smooth muscle cells grown in these gels [133].
The incorporation of collagenase or elastase sensitive amino acid sequences in cross-linking regions of
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the gels also permits the migration of the cells into the matrix during remodeling [134]. The combination of
the increased ECM production stimulated by TGF-β1 and the cell-mediated degradation of the matrix may
provide materials that can provide sufficient mechanical stability throughout all stages of cell remodeling
of the implant material.

Growth factors such as VEGF and β-NGF also have been covalently incorporated into fibrin matrices via
the enzymatic action of Factor XIIIa [87,135,136]. In these examples, the growth factors were genetically
engineered to carry both a Factor XIIIa substrate domain (for cross-linking) as well as an MMP substrate
domain, so that they could be covalently incorporated into fibrin gels, and liberated upon cell migration
into the gel via enzymatic cleavage of the MMP substrate domain. The β-NGF containing fibrin matrices
enhanced neurite extension from embryonic chick dorsal root ganglia by 50% relative to soluble β-NGF
and by 350% relative to a negative control without β-NGF [87]. Subcutaneous implantation of the VEGF-
containing fibrin materials (5.4 mm diameter, 2 mm thickness) in rats demonstrated that these tissue
engineering materials, after 2 weeks, were completely remodeled into native, vascularized tissue [136].
These results suggest the promise of such approaches to the development of useful tissue engineering
materials that are responsive to cellular demand.

3.13 Summary and Conclusions

This chapter has summarized the present status of the science of tissue engineering using the ECM as a
rich source of biologically relevant motifs. No doubt the next decade will provide a wealth of knowledge
both about the native ECM and its components and the application of this knowledge to engineering
purposes. The deliberate modulation of cell behavior using rational design and ECM-based biomaterials
will serve as a major growth area in future biotechnology.
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4.1 Introduction

All cells in the body are subjected to mechanical forces that are either self-generated or originate from the
environment. Depending on their location within the body, cells may be selectively exposed to various
forces such as pressure, fluid shear stress, stretch, and compression. These externally applied mechanical
forces play a significant role in normal tissue homeostasis and remodeling. For example, gravitational
compressive forces control bone deposition, mechanical loads on skeletal muscle determine muscle mass,
and blood flow-associated mechanical forces regulate the homeostasis of vascular walls [1–3]. All external
forces that impinge on cells are imposed on a dynamic backdrop of various internally generated forces
necessary for carrying out fundamental cellular events (e.g., cell division and migration). When cells sense
a change in their net external loading, they actively alter their internal forces to counteract external forces.
There is growing recognition that the balance between internally generated forces and externally applied
forces is a key determinant of cell fate [1,4].

The importance of mechanical forces in tissue engineering applications is clear. The main goal of tis-
sue engineering is the fabrication of artificial tissues for replacing damaged body structures. To produce

4-1
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functional tissues outside the body, it is necessary to create an in vitro culture environment that embod-
ies the basic parameters of a physiological setting. Enormous strides have been made to understand the
biochemical aspects of the in vivo microenvironment. However, the same level of understanding does
not exist for the mechanical contributions. The mechanical environment of mammalian cells in the
body is defined by an intricate balance between external loading and intracellular tension. The goal of
this chapter is to examine the characteristics of each component within the mechanical microenviron-
ment and highlight their implications in tissue engineering applications. The discussion will focus on
anchorage-dependent, nonsensory cells.

4.2 The Role of Cytoskeletal Tension in
Anchorage-Dependent Cells

For anchorage-dependent cells, the ability to apply cytoskeletal forces against the extracellular matrix
(ECM) through integrin receptors is essential for cell survival and proliferation [4–6]. When a cell resides
on an ECM scaffold, its contractile bundles of actin and myosin filaments (i.e., stress fibers) pull on
an array of well-established connections between the cell and ECM known as focal adhesions (FAs). FAs
consist of clustered integrins that span the plasma membrane, interacting with specific ECM ligands on the
outside and with bundles of actin filaments via cytoskeletal-associated proteins (e.g., paxillin, α-actinin,
and vinculin) on the inside [7–9]. In this way, cytoskeletal forces are transmitted via integrins to the
underlying ECM, which acts as an external support for anchoring the cell and balancing the forces that
maintain cell shape (Figure 4.1a) [7,8]. Thus, the adherent cell is under tension due to the ECM’s resistance
to deformation. The tension residing in the cytoskeleton of a resting adherent cell (often referred to as
initial tension, resting tension, or prestress) is a major determinant of cell shape and functions such as
proliferation, differentiation, deformability, migration, signal transduction, and ECM remodeling (see
References 1,6, and 10–12 for review). Cytoskeletal tension is dynamic and can change without external
stimuli during specific fundamental cellular events such as cell division and migration. Cytoskeletal tension
also changes when the cell receives and responds to externally applied mechanical stimuli. Importantly,
cellular responses to an external load may differ depending on the level of the initial tension (or, the
“mechanical tone”) in the cell [4,10–12].

The amount of the initial tension in an adherent cell is collectively controlled by its own actomyosin
contractile machinery and its interaction with the ECM. Actomyosin contraction is driven by the motor
protein myosin II and is triggered by the phosphorylation of the myosin light chain (MLC) in nonmuscle
and smooth muscle cells [13]. The Rho GTPase (a member of the Rho family of GTP binding proteins)
and its effector Rho kinase (ROCK) are important regulators of myosin activity. Blocking cell contractility
by inactivating Rho or ROCK inhibits the formation of tension-dependent structures such as stress
fibers and FAs [14–17]. The intracellular contractile force exerted on the ECM (also called the traction
force) is essential for the assembly of fibronectin fibrils [18]. When the cell is cultured on a silicone
rubber membrane, traction forces distort the substrate, forming wrinkles that can be visualized using
phase-contrast microscopy [19].

Several techniques have been developed to characterize traction forces by measuring the deformation
of elastic substrates (see References 13, and 20–22 for review). These methods can be combined with
fluorescence imaging of FA proteins in living cells (e.g., green fluorescent protein [GFP]-tagged vinculin)
to examine the relationship between the size/shape of FAs and the forces transmitted through them over
time. Many studies have demonstrated conclusively that FAs transmit cytoskeletal forces in the range
of several nanonewtons per square micrometers to the underlying substrate [13]. In addition, it was
found that in stationary fibroblasts expressing GFP-tagged vinculin, the size of FAs is proportional to the
local transmitted force (Figure 4.1b) and the orientation of FAs is parallel to the direction of the force
applied at each FA (Figure 4.1c); the relaxation of the forces (induced by contractility inhibitors) and
the disassembly of FAs occurred simultaneously [23]. It is important to note that the traction force is
directly related, but not identical, to the intracellular contractile force, part of which could be dissipated
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FIGURE 4.1 Forces on focal adhesions (FAs). (a) FAs are specialized sites of adhesion that form between cultured
cells and a substrate. They contain clustered integrin receptors (heterodimeric transmembrane glycoproteins) whose
extracellular domain binds to specific ECM ligands and intracellular domain interacts with bundles of actin filaments
via cytoskeletal-associated proteins (the boxes between integrins and actin filaments). Myosin II-driven contractile
forces applied to a cluster of integrins can lead to the development of tension if the underlying ECM is sufficiently
rigid. (Adapted from Burridge, K. and Chrzanowska-Wodnika, M., Annu. Rev. Cell Dev. Biol.,12, 463, 1996; Geiger, B.
and Bershadsky, A., Cell, 110, 139, 2002. With permission.) (b) and (c) Fibroblasts expressing GFP-tagged vinculin
were cultured on silicone elastomers imprinted with micropatterns of dots. The traction force applied by the cell on
the substrate was calculated to the precision of a single adhesion site based on the displacements of dots (markers)
and the locations of the FAs. In stationary fibroblasts, mature FAs were elongated structures; the size of vinculin-
containing FAs was proportional to the local transmitted force (b) and the main axis of this elongation is parallel to
the direction of the force applied at each FA (c). (Adapted from Balaban, N.Q., et al., Nat. Cell Biol., 3, 466, 2001.
With permission.)

due to cell deformation or other cellular processes [23,24]. Furthermore, the magnitude and direction
of traction forces vary among different regions of a cell [13,23,25,26]. Experimental evidence shows that
the average traction force magnitude over the entire cell area correlates with the state of cell contraction.
Therefore, quantification of traction forces provides insightful information on the state of cellular tension.

Finally, in addition to the ECM, other structures exist that may provide mechanical support for the
tensed actin network in the cytoplasm. Candidates include microtubules and cell–cell contacts. Several
studies have reported that microtubules are under compression in living cells, and that compressive loads
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could be transferred from microtubules to the ECM based on the observation of an increase in traction
forces upon the disruption of microtubules [27–30]. Cells can also transmit forces to their neighbors
through cell–cell junctions. Cells in a confluent monolayer generally form fewer and smaller FAs with the
ECM than subconfluent cells [31,32], suggesting a decreased tension at the interface between the ECM
and a cell monolayer. The interactions between groups of cells and the ECM define “the resting stress
field” within a tissue and are essential for guiding tissue development, remodeling, repair, and maintaining
tissue homeostasis [6,33].

4.3 The Role of ECM Scaffolds in Regulating Cellular Tension

The effect of ECM molecules on cells is primarily mediated through integrins. It is well recognized that the
chemical composition of the ECM influences integrin-mediated signaling pathways. However, a number
of observations have shown that adhesion to the ECM (i.e., ligand occupation) alone is not sufficient to
elicit a complete integrin-mediated response unless the matrix proteins are immobilized and can physically
resist tension [34,35]. In vitro studies have demonstrated that although many integrin signaling events can
be induced in suspended cells by allowing the cells to bind to ECM-coated microbeads, these cells never
enter S phase and may even undergo apoptosis [36–38]. The tension-dependent control of cell growth is
attributed to ensure that only anchored cells can grow. Loss of this control (i.e., anchorage independence)
is a hallmark of cancerous cells [37].

While the chemical composition of the ECM determines whether a cell can bind to it or not, once
ligation is established, the development of tension is influenced by the physicality of the ECM.

4.3.1 Effects of the Compliance of ECM Scaffolds

Because the mechanical properties of the ECM determine its deformation under compressive loads, they
affect the level of tension that a cell can develop; a rigid surface can resist higher tension than a softer surface
and thus allow cells to carry more tension in the cytoskeleton [1,37]. Experimental observations have
confirmed this notion. Wang et al. [39,40] have developed ECM-coated polyacrylamide substrates that
allow the compliance to be varied while maintaining a constant chemical environment. When compared
with rigid substrates, fibroblasts grown on soft substrates exert smaller traction forces, indicating a decrease
in their intracellular tension (Figure 4.2a). This response to a soft substrate is accompanied by a decrease
in the cell spreading area, a decrease in the rate of DNA synthesis, and an increase in the rate of apoptosis
[40]. Similar phenomena have also been observed in three-dimensional cell cultures using stabilized and
freely floating collagen gels (i.e., stressed vs. relaxed gels). Fibroblasts grown in stabilized collagen gels
generate isometric stresses within the gels while those cultured on freely floating gels do not [41]. The
implication of these results for tissue engineering applications is clear; the compliance of the scaffolds for
cells is an important regulator of cell behavior through its influence on cell tension.

It is worth noting that when cells are grown on a substrate containing a stiffness gradient, cells move
preferentially toward the rigid side (a phenomenon known as durotaxis) [42]. This finding indicates that
cells not only respond to but also actively probe substrate flexibility, most likely by applying contractile
forces to the substrate via adhesion sites and then responding to the feedback (i.e., counter-forces from
the substrate) via the same sites [39,40]. Hence, cell-substrate adhesion sites may act as mechanoprobing
devices, translating “external” mechanical input into intracellular signals [39,40]. Several lines of experi-
mental evidence strongly support a pivotal role for integrin-mediated adhesions in the mechanosensing
process (see References 5,8,9,13,43, and 44 for review). FAs are multimolecular complexes consisting of
more than 50 different proteins that link ECM-attached integrins to the actin cytoskeleton [7,8]. Enrich-
ment of signaling and structural proteins at FAs could facilitate intracellular signaling by bringing enzymes
and their substrates into close proximity, thereby enhancing rate and opportunity of the reaction [45].
It is hypothesized that external forces received by integrins may physically change the structure of specific
FA molecules and rearrange the relative positions of FA components, thereby affecting the function of
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FIGURE 4.2 Effects of the physicality of ECM substrates on traction forces. Cells were cultured on polyacrylamide gels
embedded with 0.2µm-diameter fluorescent beads. Cellular traction forces were estimated based on the displacements
of the beads (which reflected the deformation of the gel). The average traction force magnitude over the entire cell area
was reported here. (a) Fibroblasts were cultured on collagen-coated polyacrylamide gels with different stiffness. Cells
exerted larger traction forces on stiffer than softer gels. (Adapted from Wang, H.B., Dembo, M., and Wang,Y.L., Am.
J. Physiol. Cell Physiol., 279, C1345, 2000. With permission.) (b) Human airway smooth muscle cells were cultured
on various micro-sized adhesive islands on the surface of polyacrylamide gels. The Young’s modulus of the gels was
≈1,300 Pa. Promoting cell spreading resulted in increased traction forces. (Adapted from Wang, N. et al., Cell Motil.
Cytoskeleton, 52, 97, 2002. With permission.)

associated signaling molecules and triggering a cascade of signaling events [8,13]. Alternatively, forces
distributed along noncovalent bonds in a multimolecular FA complex may alter bond formation and
dissociation kinetics, thereby altering signal transduction events [3,46].

4.3.2 Effects of the Spatial Distribution of ECM Ligands

An apparent effect of the ECM distribution on a cell is the cell shape (or projected area in a planar culture).
It is well recognized that there is a close relationship between cell area and cell growth. Cells that are forced
to spread over a large surface area survive better and proliferate faster than cells that are more confined
[38,47]. Cell area may also affect the amount of cytoskeletal tension; a larger area underneath the cell
body may resist greater levels of traction, thereby increasing isometric tension inside the cell [26,37,48].
A common and simple way to control cell area is to control the density of the ECM molecules coated on
otherwise nonadhesive cell culture dishes. A higher ECM coating density allows cells to spread better and
form more FAs than a lower coating density. However, because ECM coating density also affects integrin
activation, it remained controversial whether the effect of increased cell area was due to the ECM density
or was separate from it. This issue has been recently resolved by advances in micropatterning techniques,
which allow the synthesis of surfaces on which different micron-sized islands are coated with the same
ECM density and surrounded by nonadhesive regions to constrain cell spreading. When ECM islands are
created on elastic substrates, traction forces can be estimated based on substrate deformation [26]. It was
found that cultured cells spread to take the size and shape of the islands, and that traction forces increased
as cell spreading was promoted (Figure 4.2b) [26]. These results indicate that larger cells carry greater
cytoskeletal tension, and demonstrate that it is the extent of cell spreading, rather than ECM density, that
influences cell tension. Furthermore, blocking the generation of actomyosin-based tension in well-spread
cells (with an inhibitor that does not alter cell shape) was found to inhibit cell growth; thus, cytoskeletal
tension is required for shape-dependent growth control [49].

It has been shown that myosin II-driven tension promotes cell spreading, and cell spreading stimulates
MLC phosphorylation, thereby further increasing cytoskeletal tension generation [26,50]. Hence, there
is an intimate crosstalk between the generation of cytoskeletal tension and the extent of cell distortion,
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the latter being restricted by the ECM area that is available for cell attachment. In the context of tissue
engineering applications, the spatial distribution of ECM ligands may be a powerful means for controlling
cell behavior. Using the micropatterned substrate mentioned above, a recent study showed that human
mesenchymal stem cells (MSCs) undergo osteogenesis when allowed to spread out (cell area≈10,000µm2)

but become adipocytes when confined with a small area (≈1,000 µm2); this shape-dependent control
of lineage commitment is mediated by the Rho GTPase, specifically via its effect on ROCK-mediated
cytoskeletal tension [51].

Finally, the studies summarized above address the spatial effect of the ECM on the extent of cell
distortion and tension in a two-dimensional cell culture system. With few exceptions, the mechanical
interaction between a cell and the ECM occurs around the whole cell surface in a true physiological setting.
While there is not yet a direct measurement method to correlate tractions and the spatial distribution of
ECM ligands in a three-dimensional system, it is likely that the correlation is similar to that in a planar
culture system.

4.3.3 Physicality of ECM Scaffolds in Tissue Engineering

The control of cell function by the ECM is a subject under vigorous investigation in the field of cell biology
and has great potential in tissue engineering applications. While most studies have previously focused
on the chemical composition of the ECM, it is becoming clear that the physicality of the ECM scaffold
is equally important as it has a profound impact on the cellular tension. Thus, design of future artificial
ECMs for tissue engineering applications should take into consideration both the chemical and physical
properties of ECM scaffolds. It is important to note that the mechanical influence between cells and ECM
scaffolds is mutual. Cells exert strong traction forces that deform and rearrange their surrounding matrix
proteins [18,41]. Hence, traction forces may affect the structure of the scaffolds (e.g., porosity, pore size,
etc.), and changes in material properties will feedback to affect cell functions. Finally, as discussed below,
cells in the body exist in a dynamic mechanical environment. Cell-scaffold constructs that are formed
in situ will inevitably experience mechanical loading. Therefore, it is important to understand how the
material properties of the scaffold will be affected by mechanical forces, and how cells embedded within
the scaffold will sense and respond to these physiologic loads transmitted through the scaffold.

4.4 The Role of Externally Applied Mechanical Forces in Cell
Function

Throughout their lifetime, cells are exposed to various kinds of mechanical forces generated during
common physiological processes. The ability to sense these external forces is not a unique property of
cells in specialized sensory organs, but instead is shared by most, if not all, cell types. Furthermore,
many nonsensory cells rely on appropriate mechanical inputs for regulating cell growth, function, and
remodeling. For example, gravitational compressive forces control the deposition of bone, and mechanical
load on skeletal muscle determines muscle mass; under conditions of diminished mechanical loading, such
as prolonged bed rest or microgravity, bone and muscle mass is quickly lost [1–3]. From an engineering
perspective, under normal conditions cells appear to convert “increases in the net external force acting on
a tissue” into “internal tension” by increasing tissue mass or other responses [33,52]. Such a response is
not always beneficial and may contribute to pathological states such as cardiac and vascular hypertrophy
that is caused by chronic high blood pressure. It is generally agreed that forces beyond the physiological
range, both over- and underloading, could lead to adverse consequences [11,45,52].

In order to influence cell growth and function, mechanical forces may trigger the same signaling
pathways that are activated by conventional chemical stimuli (e.g., growth factors and hormones). A vast
amount of data has shown that many of the biochemical events generated by cells in response to forces are
similar to those that occur following recognition of chemical stimuli (see References 3,33,45, and 52–56
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TABLE 4.1 A Summary of Devices Used for Mechanical Stimulation of Cells In Vitro

Fluid flow
Name of device/method in and out
of developing forces Primary force of device Comments

Cone-and-plate Shear stress No Possible presence of secondary flows
Parallel-plate flow chamber Shear stress Yes Possible presence of not fully developed

laminar flow where fluid enters device
Pressure varies linearly as a function

of position, though this variation is
often ignored as it is very small

Uniaxial stretch Tensional stress No May also generate shear stress due to
motion of cells relative to fluid

Biaxial stretch Tensional stress No May also generate shear stress due to
motion of cells relative to fluid

Compression of gas phase Pressure No Change in concentration of dissolved gas
by addition of an inert gas due to nonideal behavior

Direct compression of Pressure No No gas phase present
liquid phase

Source: Adapted from Gooch, K.J. and Tennant, C.J., Mechanical Forces: Their Effects on Cells and
Tissues, Springer-Verlag, New York, 1997. With permission.

for review). The exact mechanisms by which cells transduce mechanical stimuli into biochemical signaling
events (mechanochemical transduction) are not yet clear and are an active area of research.

4.4.1 Devices and Methodology Used for Mechanical Stimulation of Cells In
Vitro

In complex in vivo environments, it is difficult to clarify the exact effect of a specific force or to delineate
the role of a specific signaling pathway in mechanotransduction processes due to the interference of
myriad chemical factors and the presence of other mechanical forces. Therefore, investigations on cellular
responses to mechanical stimulation have relied heavily on the use of in vitro systems. Table 4.1 summarizes
devices that are commonly used to subject cultured cells to flow, stretch, and pressure [52]. These devices
expose a large number of cells to well-defined mechanical stimuli that replicate physiological loading.
Techniques for applying localized forces to individual cells have been developed. The reader is referred to
other resources on the subject [2].

4.4.1.1 Shear Stress

It is possible that most cell types are exposed to fluid shearing due to interstitial flow. However, the
effects of shear stress on cell behavior have been studied most extensively in vascular endothelial cells
(ECs), as they are constantly exposed to blood flow. Two common flow systems used for in vitro studies
of shear effects on cells are the cone-and-plate viscometer and the parallel-plate flow chamber. In a
cone-and-plate device (Figure 4.3a), cells are placed on a plate that remains stationary. Medium is filled
in the space between the plate and cone and fluid flow is achieved by rotating the cone. In a parallel-
plate flow chamber (Figure 4.3b), cells are usually cultured on a glass slide that forms the floor of a
rectangular flow channel. Flow is driven to pass over the cell surface by an imposed pressure gradient.
Both devices generate macroscopically uniform shear stress acting on the surface of cells. The derivations
for describing the velocity profile and shear stress for these two devices from hydrodynamic theory are
described elsewhere [57,58]. Note that the estimated shear stress is usually nominal because only macro
(or bulk) fluid dynamics is considered. At a subcellular length scale, the magnitude and gradient of shear
stresses may vary significantly with the local cell surface topography [59–65]. In addition, the fluid is
usually assumed to be an incompressible Newtonian fluid. The assumption of incompressibility is valid if
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FIGURE 4.3 Schematic diagrams of devices used for mechanical stimulation of cells in vitro. (a) The cone-and-plate
viscometer: cells are placed on the stationary plate and fluid flow is achieved by rotating the cone. For small cone angles
(α � 1) and small rotational rates ω, shear stress is uniform throughout the fluid phase between the cone and the
plate. Although outside the scope of this chapter, it is important to note that this device is often used for studying
the effect of bulk shear stress on suspended cells such as platelets and leukocytes. (Adapted from Tran-Son-Tay, R.,
Physical Forces and the Mammalian Cell., Frangos, J.A. (Ed.) Academic Press, San Diego, 1993; Konstantopoulos, K.,
Kukreti,S., and McIntire, L.V., Adv. Drug. Deliv. Rev., 33, 141, 1998. With permission.) (b) The parallel-plate flow
chamber: the flow channel is formed by a cutout in a silicon gasket. The top plate of the flow channel is the surface of a
polycarbonate base with flow inlet and outlet. The bottom plate is a glass slide where cells are cultured. The apparatus
is held together by vacuum (shown here), clamps, or torqued screws. (c) The uniaxial device: cells are cultured on an
elastic membrane, which is subjected to elongational stretch along one axis of the membrane in plane. (d) The biaxial
device: cells are cultured on an elastic membrane, which is deformed by an applied vacuum. Solid and dashed lines
are the positions of the membrane before and under deformation, respectively. (e, f) Devices for compressive loading.
(Adapted from Brown, T.D., J. Biomech., 33, 3, 2000. With permission.) See text for details.
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water is the dominant component of the biological fluid under investigation. Other biological fluids such
as blood, however, are non-Newtonian, and thereby limit the accuracy of the predictions [52,66].

4.4.1.2 Stretch

Many different cell types are constantly exposed to stretch during normal physiological processes. For
example, cells on the compliant aortic wall are subjected to cyclic stretch due to pulsatile blood flow, and
cells in the musculoskeletal system are subjected to cyclic stretch due to movement or gravity or both.
A common method for in vitro studies of stretch effects on cells involves culturing cells on a flexible
substrate, such as a silicone membrane, and then stretching the membrane with a controlled strain
magnitude, frequency, and duration. Cells can be exposed to uniaxial or biaxial stretch (Figure 4.3c,d).
This type of cell deformation device has several inherent problems. One problem is that the load delivered
to cells is dependent on the state of adhesion between the cells and their substrate. Cells not fully adhered to
the substrate do not experience the same amount of stretching as those fully adhered, and the subsequent
data could be misleading [52]. Another problem is that fluid shear stress is often present concurrently
with the imposed substrate deformation, due to coupled motion of the nutrient media [52,67]. Therefore,
experimental design and data interpretation need to account for the relative contribution of stretch and
shear stress.

4.4.1.3 Pressure/Compression

Hydrostatic pressurization is commonly used for investigating the effect of elevated pressure on cell
functions (Figure 4.3e) [67]. This approach is simple and can deliver static and cyclic loading. However,
the ensuing increase in the concentration of dissolved gases due to elevated pressure of the gas phase may
affect cell functions, making it difficult to determine whether the effects observed in this system result
from the pressure or from the change in gas concentration [52]. Two methods have been developed to
circumvent this problem. One is to directly compress the fluid in the absence of a gas phase, and the other
is to increase pressure by the addition of an inert gas (e.g., helium) while maintaining the partial pressure
of biologically active gases (e.g., oxygen and carbon dioxide) [52,67].

An alternative approach to achieving compressive stress is to use direct platen abutment (Figure 4.3f)
[67]. In this approach, a three-dimensional specimen (e.g., cells that are seeded in a matrix) is placed
between two flat plates; the bottom plate remains stationary, whereas the top plate is pushed downward
to deliver unconfined uniaxial compression (shown in Figure 4.3f; no peripheral support of the specimen
so that it can freely expand laterally) or confined compression. This device can deliver static and cyclic
compressive stresses. Direct platen abutment has an inherent problem that is similar to stretch devices: the
loading delivered to cells is strongly dependent on the cell–matrix adhesion. Additionally, several variables
arise concurrently with the compressive strain (e.g., flow, tensile strains, changes in specimen volume,
etc.) [45,67]. When using them for experiments, it is important to include proper controls so that the
effect due to compression can be distinguished from those due to other variables.

Finally, it should be noted that in all of the apparatuses mentioned earlier, cells usually are abruptly
exposed to an imposed mechanical stimuli from static conditions. The sudden onset of mechanical
inputs has been found to have a profound effect on some force-induced cell responses [68–72]. Detailed
numerical analysis of the stress in the device may provide information for characterizing the time history
of the mechanical stress under investigation, as well as for describing its spatial distribution and identifying
the presence of unwanted inputs [52,67].

4.4.2 Responses of Cells to Mechanical Stimulation In Vitro

There is a rapidly growing list of reports detailing force-induced cellular responses by various experimental
models as described earlier. Several excellent reviews have addressed the effects of particular forces on
specific cell types in vitro [33,45,52–56,73–80]. The intention here is to avoid repetition with other papers
and to address the general features of cellular responses to mechanical stimulation. The following discus-
sion uses the force-induced responses of vascular ECs, vascular smooth muscle cells (SMCs), osteoblasts,
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and articular chondrocytes to illustrate the main points. These cell types are chosen because of the large
body of data that are available.

Generally speaking, the responses of cells to a change in their external mechanical loads can be separ-
ated into rapid responses that occur within seconds to minutes and delayed responses that develop over
many hours [45,75]. The rapid responses are due to the activation of a variety of intracellular signaling
events, including potassium channel activation, elevated intracellular free calcium concentration, inositol
trisphosphate generation, adelylate cyclase activation, G protein activation, phosphorylation of pro-
tein kinases, and, eventually activation of transcription factors [45,56,73,75]. Delayed responses usually
require the modulation of gene expression [45,56,75]. Advances in the DNA microarray technology have
allowed wide-scale screening of the genes affected by mechanical stimulation of cells, providing significant
insights into the mechanical regulation of cell functions and homeostasis. For example, it was found that
several genes related to inflammation and EC proliferation were downregulated after exposure of ECs to
an arterial level of laminar shear stress (12 dyn/cm2) for 24 h [81]. This finding suggests that long-term
exposure to laminar flow may keep ECs in a relatively noninflammatory and nonproliferate state, which
is consistent with the clinical observation that ECs at the straight part of arteries are mostly in a quies-
cent state and are relatively protected from the development of atherosclerotic plaques [81–85]. Reports
concerning the genomic programming of other cell types in response to mechanical stimulation are
available [86–89].

It is interesting to note that although force-induced delayed responses (and adaptive changes) vary
at the cellular level among cell types, different mechanical stimuli induce several similar biochemical
events in a variety of cells during rapid responses. For example, shear stress increases the concentration of
intracellular free calcium and enhances the production of nitric oxide and at least one type of prostaglandin
in osteoblasts, chondrocytes, SMCs, and ECs; in ECs, the above biochemical events can be induced
by either shear stress or stretch [66,90–109]. The similarity of force-induced early biochemical events
suggests that the way cells perceive different forces may be similar [52,73]. A cell may sense an imposed
external force by detecting a deformation or resistance to deformation under stress. Different forces
cause different kinds of cell deformation, thereby differentially inducing the common biochemical events
and subsequently leading to diverse long-term changes. Indeed, it has been hypothesized that similar
mechanisms might have evolved for cell recognition and response to external forces, since many cell types
are subjected to external forces in the body, and even those thought not to be subjected to large forces in vivo
respond to mechanical forces in vitro [45,52]. However, cell type-specific mechanosensing processes and
the intrinsic heterogeneity among different cells cannot be excluded, but they are beyond the scope of this
chapter.

4.4.3 Mechanosensing of Cultured Cells to Externally Applied
Mechanical Forces

4.4.3.1 Direct Mechanosensing

Although intracellular signaling events triggered by external forces have been elucidated in many cell types,
the primary mechanosensor for transducing mechanical input into biochemical signals remains elusive.
It is hypothesized that forces may physically alter the molecular structure or displace the position of a
sensor, thereby altering/triggering chemical signal transduction events. In conjunction, mechanosensors
should be located at a site where the force acts directly or can be transmitted to efficiently [52,56,80]. Since
most forces first act directly on the plasma membrane, the majority of the mechanotransensors that have
been proposed are structures on the plasma membrane. Membrane structures that have been implicated
in the role of mechanosensors in several cell types include ion channels, G protein-linked receptors,
tyrosine kinase receptors, and integrins. Alternatively, because forces applied to the plasma membrane
are transferred to the cytoskeleton, it too could act as a mechanosensor. Any reader interested in further
details regarding the structures and signaling pathways associated with the proposed mechanosensors is
referred to other resources [5,45,52–56,73,75,79,110–116].
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Of the proposed mechanosensors, cytoskeleton and integrins have been the most extensively studied.
Evidence suggests that they regulate mechanotransduction via mechanical and chemical mechanisms. The
chemical nature of their functions is referred to the publications listed above. The mechanical nature of
their actions is briefly considered here. As discussed in Section 4.2, an anchorage-dependent cell exists in a
state of tension that is maintained by its cytoskeleton and balanced by the surrounding matrix via integrin-
mediated adhesion sites (i.e., FAs). When an external force is loaded on the cell, the internal cellular
tension changes to equalize the external force by actively rearranging its cytoskeleton and adhesion sites.
The resulting change in cytoskeletal tension may convey a regulatory signal to the cell and subsequently
alter its functional state. Dynamic changes in cytoskeleton organization, integrin-ECM binding, FAs, and
traction forces may thus play a critical role in regulating mechanotransduction. These changes have been
observed in EC responses to shear stress [117–121].

Finally, although each of the candidates mentioned above has been proposed to be a primary mechano-
sensor, it should be noted that they have a high degree of association with one another [3,56,75,80].
Considering the vast array of signaling pathways induced by forces, it is likely that several mechanosensors
are induced simultaneously. Hence, forces may be transduced to biological signals through interactions
of activated mechanoreceptors (Figure 4.4). Such a “decentralized model” was first proposed by Davies to
describe EC responses to mechanical stresses but is applicable to mechanically induced responses in other
cell types [56,80,122]. In this model, forces acting on one region of the cell surface are also transmitted
by the cytoskeleton to other locations where signaling can occur, such as FAs at the cell–ECM interface,
cell–cell junctions, the nuclear membrane, and, in case of two-dimensional culture, membrane proteins
at the apical surface; the cytoskeleton itself is also a mechanosensor. This model predicts mechanotrans-
duction as an integrated response of multiple signaling networks that are spatially organized in the cell.
There is an increasing amount of data supporting the decentralization model (see References 13,56,75,
and 122–124 for review).

Intracellular signaling Gene
regulation

Protein
synthesis

Apical
transmembrane proteins

Nuclear
membrane

Extracellular matrix

Cell–cell
junctions

Cytoskeleton

Focal adhesions

Cellular
responses

External forces

     

FIGURE 4.4 Model of initiation of signal transduction in cells in response to shear stress, stretch, and pressure.
Forces may directly activate individual mechanosensors or may be transmitted by the cytoskeleton to intracellular
locations where signaling can occur. In either case, cascades of intracellular signaling events are initiated, leading to
altered gene expression and cell behavior. (Adapted from Davies, P.F., Physiol. Rev., 75, 519, 1995. With permission.)
See text for details.
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4.4.3.2 Indirect Mechanosensing

It is important to note that mechanical forces may be accompanied by modifications of the chemical
environment. For example, fluid flow influences the transport of agonists and other compounds to and
from the cell surface (or, the local concentration of chemicals at the cell surface). If these agonists are
degraded at the cell surface rapidly (as ATP is), flow will cause an increase in their concentration at
the cell surface, and consequently modulate the cellular response [52,56,122]. Therefore, flow-induced
responses may be mediated by increases in agonist concentrations (i.e., “indirect” mechanosensing),
rather than physical alterations of mechanosensors (i.e., “direct” mechanosensing) by shear stress. There
is in vitro experimental evidence that supports this mass transport hypothesis [125–132]. Indirect and
direct mechanosensing are not mutually exclusive. It is likely that mechanical forces are incorporated into
the biological signaling network by both physical alterations of mechanosensors and modifications of
local chemical environments.

4.4.4 Applications of Externally Applied Mechanical Forces in
Tissue Engineering

Conventional cell culture techniques grow cells under static conditions; in large-scale bioreactors (e.g.,
fluidized bed reactors, spinner flasks, rotating vessels, and perfused vessels), flow and mixing patterns
are introduced merely to enhance spatially uniform cell distributions on three-dimensional scaffolds and
provide efficient mass transfer to the growing tissues. As the significance of externally applied mechanical
forces in maintaining appropriate cell physiology has come into the light, tissue engineers have incorpor-
ated mechanical stresses into bioreactor design and found that physiological loading has positive effects
on growing cells/tissues in vitro. For example, increasing fluid shear forces significantly increases the
mineral deposition by rat marrow stromal osteoblasts in a three-dimensional titanium fiber mesh scaffold
[133,134], and the application of cyclic stretch to vascular SMCs cultured in collagen gels can help main-
tain the contractile phenotype of SMCs, align them in the correct physiological orientation, and improve
the mechanical properties of cell–gel composites [135–137]. In the context of tissue-engineered cartilage,
researchers have found that artificial cartilage grown under cyclic compressive loading has superior bio-
chemical compositions and material properties than those grown statically [138–140]. Furthermore, cyclic
compression can promote the chondrogenesis of rabbit bone-marrow MSCs by inducing the synthesis of
transforming growth factor (TGF-β1), which then stimulates the MSCs to differentiate into chondrocytes
[141]. These results show that appropriate mechanical stimulation may be a determining factor of tissue
development in vitro and may improve the performance of engineered tissues in the body.

4.5 Concluding Remarks

This chapter has discussed three critical elements that define the mechanical microenvironment of a cell:
self-generated forces, counter forces from the ECM, and externally applied forces in the body. Extensive
work still needs to be done to create a coherent theory of mechanotransduction processes. At the cellular
level, the nature of the primary mechanosensor(s) remains to be a central question. In this regard,
investigations are limited by techniques that allow us to observe the force-induced changes in potential
mechanosensors at a subcellular length scale and in a miniature time-frame. At the tissue level, tissue-
scale responses to forces result from a dynamic and orchestrated interaction between different cell types
in a three-dimensional matrix environment. In most of the in vitro studies described here, mechanical
stimuli are imposed on monolayer cell cultures made of a single cell type. Although cultured cells sense
and respond to mechanical stimulation in this setting, it is not yet clear whether the same responses or
sensing mechanisms occur in vivo, but the wealth of in vitro data can guide in vivo experiments. Finally,
in the context of tissue engineering, it is important to understand how the physicality of scaffolds affects
cells, how the structure, composition, and mechanical properties of scaffolds may change as a result of
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traction forces from the cells and the external forces from the body, and how scaffolds affect cells to sense
the external forces. These are just a few of the challenges for the future.
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5.1 Introduction

Adhesion plays a critical role in the normal function of mammalian cells by regulating proliferation,
differentiation, and phenotypic behavior. Although the molecular mechanism of adhesion involves several
families of transmembrane receptors as well as numerous structural and regulatory proteins, they can
be divided phenomenologically into two groups: those that mediate adhesive contacts to neighboring
cells, and those that mediate adhesive contacts with structural extracellular matrix (ECM) proteins.
In development, specific adhesive interactions between adjacent cells lead to the assembly of three-
dimensional tissue structures, while cell adhesion to ECM proteins (e.g., collagens, elastin, and laminin)
establishes cellular orientation and spatial organization of cells into tissues and organs. Consequently,
both types are necessary for proper function of mammalian cells and tissues.

Initial efforts to design biomaterials — either to replace damaged tissues, or as a temporary scaffolds
for the manufacture of engineered tissues and organs — have focused on achieving robust mechanical
interactions between the biomaterial and adjacent cells (i.e., integration). However, evidence is emer-
ging that cell/biomaterial interactions can affect cell/cell interactions, and consequently impact tissue
development and function. Therefore, successful outcomes of tissue engineering efforts may require the
development of advanced materials that can facilitate both cell/cell and cell/biomaterial adhesion.

This chapter discusses the phenomenon of cell adhesion both from a tissue perspective and from
a biomaterial perspective. Section 5.2 describes the cell biology of adhesion receptors and their rel-
evance to particular tissue functions. Section 5.3 addresses cell adhesion to biomaterials with specific
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focus on how the chemistry, biochemistry, and topography of biomaterial interfaces affect cell adhesion.
Section 5.4 describes quantitative techniques to measure cell adhesion to biomaterials. Finally, Section 5.5
describes how cell spreading, proliferation, and migration depend on cell adhesion to biomaterials.

5.2 Adhesion Receptors in Tissue Structures

Mammalian cells establish and maintain adhesive contacts with extracellular structures and adjacent cells
through several types of adhesion receptors that are displayed on the cell surface. The three main families
of these receptors are integrins, cadherins, and members of the immunoglobulin superfamily [1–3].
Although they are involved in different adhesion-related tasks, they share several common features. First,
when associated with extracellular ligands (e.g., ECM proteins, receptors on adjacent cells) they frequently
assemble into clusters. Second, these transmembrane receptors are often linked to cytoskeletal structures
(e.g., actin filaments, microtubules), and thus both anchor the cellular skeleton to extracellular structures
and mediate the transmission of mechanical forces. Third, regulatory proteins (e.g., protein kinases)
are associated with receptor clusters, and are responsible for controlling cluster stability and initiating
signaling events that regulate cell proliferation and function.

5.2.1 Integrins

Integrins are a family of receptors that mediate cell adhesion to ECM proteins. They are found as het-
erodimers, consisting of α and β subunits, and to date at least 8 β and 18 α subunits and at least 24
different dimer combinations have been reported [4]. A short list of known integrin heterodimers and
their respective ligands (Table 5.1) reveals that individual integrins can have multiple ligands (e.g., α3β1

binds collagen, fibronectin, and laminin) and multiple integrins may bind the same ligand (e.g., laminin
binds integrins α1β1, α2β1, α3β1, α6β1, α7β1) [1,5]. In addition, most cell types express multiple integrin

TABLE 5.1 Integrin Dimers and Their Known Ligands

β subunit α subunit Ligand/counterreceptor Binding site

β1 α1 LM (COL)
α2 COL (LM) DGEA (in COL I)
α3 FN, LM, COL RGD?
α4 V-CAM (FN-alt) REDV(in FN-alt)
α5 FN RGD+ PHSRN
α6 LM RGD
α7 LM
α8 ?
αv FN RGD

β2 αL ICAM-1,2
αM FB, C3bi
αx FB, C3bi GPRP

β3 αIIb FB, FN, VN, VWF RGD (+PHSRN in FN)
αv VN, FB, VWF, TSP RGD

β5 αv VN, FN RGD
β6 αv FN RGD

Source: Adapted from Albelda, S.M. and Buck, C.A., FASEB J. 4, 2868, 1990. With
permission and Hynes, R.O. and Lander, A.D., Cell 68, 303, 1992. With permission.

Notes: LM laminin, COL collagens, FN fibronectin, VN vitronectin, FB fibrinogen,
VWF von Willebrand Factor, TSP thrombospondin, C3bi breakdown product of
third component of complement, FN-alt alternatively spliced fibronectin. DGEA,
RGD, REDV, PHSRN, and GPRP are amino acid sequences.
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FIGURE 5.1 Illustration of a focal adhesion complex. A cluster of transmembrane integrin receptor heterodimers
is shown interacting with extracellular matrix proteins and cytoplasmic proteins vinculin, α-actinin, talin, and focal
adhesion kinase (FAK). This complex interacts with the actin cytoskeleton. (Adapted from Petit, V. and Thiery, J.-P.,
Biol. Cell. 92, 477, 2000. With permission; Yamada, K.M. and Miyamoto, S., Curr. Opin. Cell Biol. 7, 681, 1995. With
permission.)

subunits. For example, the pluripotent mesenchymal progenitor bone marrow stromal cells have been
shown to express integrin subunits α1, α5, α6, and β1 [6], while aortic smooth muscle cells express α2,
α5, αv, β1, and β5 [7]. It should be noted that integrins do not exclusively mediate cell/ECM adhesion:
α4β1 and αMβ2, presented on activated leukocytes and neutrophils mediate cell/cell adhesion by binding
adhesion receptors of the immunoglobulin superfamily (e.g., vascular cell adhesion molecules [VCAM],
intracellular adhesion molecules [ICAMs]) on activated endothelial cells [1,8].

Binding of integrin receptors to their extracellular ligands initiates a process of receptor clustering and
the assembly of focal adhesion complexes [4,9–11] (Figure 5.1). Conserved sequences in the cytoplasmic
tail of β subunit are responsible for recruiting integrins into clusters (except with β4 and β5 which do not
aggregate), while the cytoplasmic tail of the α subunit plays a regulatory role to ensure aggregation of only
ligand-bound receptors. The cytoplasmic proteins that associate with integrins in focal adhesion complexes
can be divided into the categories of structural and regulatory proteins. The structural proteins — which
include talin, α-actinin, filamin, and vinculin — stabilize the receptor aggregates and mechanically
link the integrins to actin filaments, thus anchoring the cell cytoskeleton to extracellular structures.
In particular, talin and α-actinin possess binding domains for β integrins, while vinculin has bonding
domains for talin and actin. Regulatory proteins include paxillin, focal adhesion kinase (FAK), Src, and
members of the Rho and Ras families [4]. FAK and Src are kinases that regulate focal adhesion complex
assembly by phosphorylating structural proteins. In contrast, Rho and Ras are GTPases involved in
initiating intracellular signaling. Rho is thought to act through a number of secondary messengers to
stimulate focal adhesion assembly, actin stress fiber formation, and contraction, while Ras is thought to
regulate integrin activation [12]. In addition, there is evidence that Ras activates mitogen-activated protein
(MAP) kinase signaling cascades that are involved in regulating cell proliferation, apoptosis, migration,
and development [10].

In addition to initiating signaling cascades, integrins also can stimulate signaling events initiated by
cytokine receptors and growth factor receptors [12]. For example, interleukin (IL)-1 activation of MAP
kinases requires integrin-mediated cell adhesion [13]. In addition, insulin and platelet-derived growth
factor (PDGF) receptors — when bound to their respective ligands — physically interact with the αvβ3

integrin, and this association enhances MAP kinase signaling and cell proliferation [14]. Integrin binding
also can modulate effects of other adhesion receptors. For example, the association of α4β1 integrins with
fibronectin has been shown to block the upregulation of metalloproteinase by α5β1 binding to fibronectin
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FIGURE 5.2 Illustration of cadherin receptors associated with actin cytoskeleton. Cadherin dimers are shown in a
linear zipper structure with antiparallel binding of the EC1 domains. Cytoplasmic tails of cadherins interact with actin
filaments through structural proteins β-catenin, p120cas catenin, plakoglobin, and α-catenin.

[15]. Similarly, integrin-meditated adhesion to the ECM downregulates cadherin-mediated intercellular
adhesion and cell clustering [16]. This last example illustrates a competition between integrin-mediated
adhesion to the ECM and cadherin-mediated intercellular adhesion [17].

5.2.2 Cadherins

Cadherins are a family of calcium-dependent transmembrane glycoproteins that mediate cell/cell adhe-
sion. Classical cadherins (e.g., E-, N-, P-, and VE-cad) possess five extracellular (EC) cadherin repeats,
assemble into dimers, and mediate primarily homotypic binding between adjacent cells (Figure 5.2)
[18–20]. Although the outermost repeat (EC1) is thought to be responsible for intercellular binding,
it has been shown that cadherins can interact in at least three antiparallel alignments [21]. In addition,
crystallography has revealed that cadherins may assemble into a linear zipper structure [22]. The cytoplas-
mic tails of classical cadherins interact with structural proteins β-catenin, p120cas catenin, plakoglobin,
and through them α-catenin and the actin cytoskeleton. The cytoplasmic tail of endothelial cell-specific
receptor VE-cad also can interact vimentin intermediate filaments [18,20]. The protein p120cas — a target
of the Src kinase — is thought to be involved in regulating lateral clustering of cadherins, which has
been shown to increase adhesive strength [23]. Thus, Src may be involved in regulating robust cadherin
contacts.

Although cadherins do not exclusively cluster, the formation of adherens junctions is important for
several tissue functions [18]. In epithelial tissues cadherins mediate zonula adherens junctions, which
partition the cell membrane into apical and basolateral surfaces. In neuronal cells they mechanically
stabilize synaptic junctions by mediating adhesion between the presynaptic and postsynaptic cells. In car-
diac myocytes they establish intercalated discs, which both stabilize gap junctional coupling and transmit
contractile forces.

In addition to classical cadherins, several other cadherin types have been identified [18,20]. Among
these, desmocollins and desmogleins are expressed in cells that experience mechanical stress (e.g., epi-
dermis, myocardium) and are the transmembrane proteins present in desmosomes [18,20]. Like classical
cadherins, they have five extracellular cadherin repeats (except desmoglein 1, which has four repeats),
but they form desmoglein/desmocollin heterodimers and are thought to mediate intercellular adhesion
through heterotypic desmoglein/desmocollin interactions between adjacent cells. The cytoplasmic tails
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of these receptors interact, through structural proteins desmoglobin and desmoplakin, with the keratin
intermediate filaments. To date three desmocollins and desmogleins have been identified. Desmoglein 2
and desmocollin 2 are expressed in all epithelial tissues that form desmosomes, while desmocollin 1 and
desmoglein 1 are expressed predominantly in epidermal tissue.

In addition to regulating organized tissue functions, E-, N-, and VE-cadherin-mediated intercellular
contacts have been shown to suppress cell proliferation [24–26]. This phenomenon is thought to be a
consequence of cadherin-induced alterations in the cytoskeleton structure [27], and to contribute to the
abrogation of cell proliferation of confluent tissue cultures.

5.2.3 Immunoglobulins

Members of the diverse immunoglobulin superfamily are characterized by the immunoglobulin (Ig) fold
motif, a 70–110 amino acid structure consisting of two sheets of antiparallel β-strands stabilized by a
disulfide bridge and numerous hydrophobic side chains [28,29]. Because the amine and carboxy termini
extend from opposite ends of this structure, members of the immunoglobulin family frequently possess
strings of Ig folds. Immunoglobulin proteins are most noted for their role in antigen presentation and
recognition functions of the immune system, but at least ten members of the superfamily are involved in
cell/cell adhesion. ICAM-1, ICAM-2, and VCAM, for example, are presented on the surface of activated
endothelial cells and mediate heterotypic binding to integrins on activated leukocytes and neutrophils
(Table 5.1) [8]. Neural cell adhesion molecules (NCAMs) and L1 — present in neurons and glia —
primarily mediated homotypic binding and are involved in axon guidance, neuronal migration, neurite
outgrowth, synapse formation, and maintenance of the integrity of myelinated fibers [29,30]. Finally,
junctional adhesion molecules (JAMs) stabilize tight junctions, which regulate paracellular ion transport
across epithelial and endothelial layers [31].

5.3 Cell Adhesion to Biomaterials

The efficacy of biomaterials — either as replacements for damaged tissues, or as a temporary scaffolds
for the manufacture of engineered tissues and organs — relies on the ability of the material surface to
regulate cell adhesion, and strategies to engineer this cell/biomaterial interaction have evolved over the
past few decades through three basic generations [32]. The first generation is exemplified by bulk materials
such as titanium, Dacron, and ultrahigh molecular weight polyethylene, which are durable and exhibit
good mechanical properties, but are nondegradable and essentially bioinert (i.e., they elicit minimal effects
in vivo). Second generation biomaterials are those that — when brought into contact with bodily fluids and
cells — are modified chemically or biochemically to achieve more favorable biologic properties. Biochem-
ical modifications include the adsorption of ECM proteins to the biomaterial surface in conformations
that enhance cell and tissue behavior (e.g., adhesion [33], phenotype [34]), while examples of chemical
modifications include the ion-exchange reactions of bioactive glasses, dissolution and reorganization of
amorphous calcium phosphate, and hydrolytic degradation of polyurethanes and polyesters. Finally, third
generation biomaterials are those that incorporate biomimetic moieties (e.g., peptides sequences) that are
designed to interact with target proteins (e.g., adhesion receptors, growth factor receptors, matrix metal-
loproteinases) and elicit specific cell responses. Thus, third generation biomaterials are often referred to
as bioactive materials because they act on cells and tissues.

Cell adhesion to biomaterials may be characterized in terms of specific and nonspecific interactions.
Specific interactions entail cell receptor recognition and binding to proteins or biomimetic moieties
on the biomaterial surface, whereas nonspecific interactions encompass noncovalent attractive forces
(e.g., electrostatic interactions, hydrogen bonds, van der Waals forces) between the cell and biomaterial
that are not associated with a specific receptor. In general, both specific and nonspecific interactions
contribute to cell adhesion to biomaterials, and can be regulated through design of substratum chemistry
and biochemistry. The following subsections address (a) the role of substratum chemistry on nonspecific
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adhesion, the roles of (b) proteins and (c) biomimetic moieties on specific adhesion, and (d) the effect of
substratum topography on cell adhesion.

5.3.1 The Role of Interfacial Chemistry in Cell Adhesion

Although cells express receptors for ECM proteins and adjacent cells, they have been shown to adhere
through nonspecific interactions to a variety of biomaterials. For example, a comprehensive study by
Schakenraad et al. [35] demonstrated cell adhesion and spreading on 13 commercially available polymers.
In particular, this study showed that cell spreading was markedly greater on materials with surface free
energies greater than 50 erg/sec (hydrophilic surfaces) relative to low energy (hydrophobic) surfaces
[35]. With the development of self-assembling methods (e.g., alkanethiolates on gold and alkylsilanes
on glass), chemically well-defined model surfaces have been constructed and used to characterize cell
adhesion [36–41]. These model studies indicate that terminal amine (NH2) and carboxylic acid (COOH)
groups produce superior adhesion relative to hydrophobic methyl-(CH3)-terminated surfaces [36,38–40].
In contrast, surfaces presenting poly(ethylene glycol) subunits have been shown to inhibit cell adhesion
[42]. In addition to organic polymers, alloys [43], and ceramics [44] have also been studied for their
capacity to support cell adhesion. These materials have proven more difficult to characterize as the
chemistries are complex, and the grain size appears to play an important role [44,45]. Nevertheless,
a consistent theme that emerges from these studies is that cell adhesion increases with the material’s
capacity to promote adsorption of ECM proteins [33,38,40,45].

5.3.2 The Role of Interfacial Biochemistry in Cell Adhesion

A simple method to enhance cell adhesion to first and second generation biomaterials is to adsorb ECM
proteins to the biomaterial surface from protein solutions (e.g., collagens [46], fibronectin [46–48]),
serum, or serum-containing culture medium. Although albumin is the predominant protein in serum,
vitronectin and fibronectin have been shown to deposit readily from serum onto both organic [49] and
ceramic [50] biomaterial surfaces. The choice of ECM protein can be important to regulating cell behavior;
cell adhesion and function have been shown to vary with the adhesive protein [46,49]. In addition, the
chemistry of the biomaterial surface — to which the ECM proteins are adsorbed — can also affect cell
adhesion and function [33,34,51] by altering protein orientation and inducing conformational changes
(i.e., denaturation) [51–56] that undermine receptor binding. Conformational changes have been inferred
from an increase in the ratio of β-turn to β-sheet structures, and indicate a higher degree of protein
denaturation on hydrophobic methyl-terminated surfaces than on more hydrophilic carboxyl-terminated
surfaces [54]. In addition, protein denaturation is inversely related to the rate of protein adsorption [57],
and decreases as the protein concentration in solution is increased.

5.3.3 Biomimetic Approaches to Regulate Cell Adhesion

An attractive alternative to immobilization of entire ECM proteins at biomaterial interfaces is the use
of short peptide sequences that are specifically recognized by integrin adhesion receptors [58–60].
Usually these peptides are immobilized in a random, spatially uniform manner across the bioma-
terial surface using bioconjugate techniques [61]. However, enhanced cell adhesion and migration
has been reported when peptides are immobilized to surfaces in clusters that permit integrin cluster-
ing [62]. Particular peptide sequences that have been studied include argenine–glysine–aspartic acid
(RGD), tyrosine–isoleucine–glycine–serine–aspartic acid (YIGSR), isoleucine–lysine–valine–alanine–
valine (IKVAV), and arginine-glutamic acid–aspartic acid–valine (REDV). The RGD sequence — found
in collagens, fibronectin, vitronectin, fibrinogen, von Willebrand factor, osteopontin, and bone sialo-
protein [63–65] — is recognized by a large number of integrin receptors (Table 5.1), and consequently
has been exploited extensively to promote integrin-mediated adhesion to biomaterials. Interestingly, the
sequence proline–histidine–serine–arginine–asparagine (PHSRN) on fibronectin has been shown to act
synergistically with RGD to enhance integrin-mediated adhesion and cell signaling via integrins α5β1 and
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α11bβ3 [66,67]. REDV is an integrin binding sequence found in the alternatively spliced type III connect-
ing segment region of fibronectin and is recognized by α4β1 integrin (Table 5.1) [68]. It has been studied
for its ability to support endothelial cell adhesion for development of engineered blood vessels [69–71].
Lastly, YIGSR [72] and IKVAV [73] are integrin binding sequences found in laminin. Because laminin is
found in peripheral nerve tissue and the basal lamina of endothelial tissues, these peptide sequences hold
promise for mediating adhesion and orientation of engineered epithelial [74] and neural tissues [75,76].

5.3.4 The Role of Interfacial Topography in Cell Adhesion

Cell adhesion to biomaterials is also influenced by topographical features, which restrict sites for cell
adhesion. Studies performed nearly a century ago using spiderwebs revealed that adherent cells would
spread with an orientation that could be dictated by the substratum topography [77]. This phenomenon,
referred to as contact guidance, holds promise as a means to enhance engineered tissue function by induc-
ing cell alignment [78,79]. Using microfabrication techniques (e.g., micromachining, photolithography)
model substrates have been constructed to characterize the effect of topographical surface features on cell
adhesion and function. For example, surfaces textured with parallel grooves can restrict focal adhesions
to the raised edges of the substrate [80], while cytoskeletal elements — including microtubules, vimentin
intermediate filaments, and actin filaments — are oriented parallel to the grooves [81]. Further, these
effects are limited to feature sizes of 0.3 [81] to 2 µm [80]. When spacing between parallel grooves
becomes too large, cells are able to attach to the depressed regions of the substratum and orientation is
lost. Substrates exhibiting random topographies (e.g., acid-etched, sand blasted) also affect the behavior of
adherent cells. Such substrates have been shown to enhance cell adhesion [82], synthesis of ECM proteins
[82,83], and phenotypic behavior [83]. However, the effect of roughness on cell proliferation remains
ambiguous: increasing roughness has been shown to decrease proliferation of osteoblasts [83], but may
increase proliferation of endothelial and smooth muscle cells [84,85].

5.4 Measurement of Cell Adhesion to Biomaterials

Over the past two decades several devices have been developed to measure and characterize the adhesive
interaction of cells with biomaterials, particles, and other cells. These devices share the common exper-
imental strategy that nonadherent spherical cells are allowed to establish adhesive contacts to the test
material under quiescent conditions and then are subjected to a well-defined distractive force. From the
examination of large numbers of cells over a range of distractive forces, a probability distribution for cell
adhesion as a function of distractive force can be constructed (Figure 5.3). From this distribution, an
adhesion characteristic (e.g., τ50, the shear stress necessary to detach 50% of the cells [47,86–88] may be
determined. The primary differences between the various devices for measuring cell adhesion is the type
of distractive force that is applied (e.g., membrane tension, buoyancy, and hydrodynamic shear stress)
and the direction of the force relative to the plane of cell/surface contacts.

5.4.1 Micropipette Aspiration

Micropipette aspiration is a sensitive technique capable of measuring the strength of individual
receptor/ligand adhesion complexes [89,90]. The advantage of this technique is its ability to probe cell
contacts and adhesive structures with a range of forces (10−3 to 102 pN) that are capable of deforming
the cell membrane (<0.1 pN) and extracting lipid-anchored receptors (∼20 pN), but not breaking actin
filaments (>100 pN) [90].

In this approach a cell is held at the end of micropipette by a small amount of suction. The cell is then
brought into contact with a test surface, adhesive contacts are allowed to form, and then suction is applied
to break this contact (Figure 5.4). The underlying principle is that suction, �P , used to draw a spherical
cell of radius R0 into the end of micropipette tip of radius Rp creates a membrane tension, Tm, at the
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FIGURE 5.3 Probability distribution for cell adhesion. NIH 3T3 fibroblasts were detached from glass using a radial-
flow chamber. Squares correspond to the fraction of cells that resisted detachment as a function of the applied shear
stress. The curve is a best fit of the integral of a normal distribution function to the data. The characteristic measure
of cell adhesion, τ50, is 129 dyn/cm2 for this test.
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FIGURE 5.4 Micropipet aspiration. As suction,�P , is applied the cell is drawn into the pipet and membrane tension,
Tm, is exerted at the point of cell/material contact. (Adapted from Evans, E., Berk, D., and Leung, A., Biophys. J. 59,
838, 1991. With permission.)

receptor/ligand contact [89]

Tm ≈ �PRp/2[1− Rp/R0] (5.1)

The tension disrupts adhesive contacts in a manner that may be modeled as either a peeling process [91] or
the failure of discrete cross-bridges [92], and can be used to predict receptor/ligand dissociation kinetics
under mechanical strains [93].

5.4.2 Centrifugation

The centrifugation approach exploits the difference in density between cells, ρc = 1.07 [62], and culture
medium, ρm = 1.00, to exert a supergravitational body force,

f = (ρc − ρm)Vca (5.2)

on the cell. Here Vc and a are the volume of the cell and the acceleration generated by the centrifuge,
respectively. Distractive vectors both tangential [94] and normal [95,96] to the adhesive substrate have
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been used experimentally, although computational modeling predicts that tangential forces can be 20 to
56 times more disruptive to cell adhesion [97].

The experimental approach of Chu et al. [95] involves seeding cells onto substrates within 96 well plates,
placing the plates into the 96 well-plate buckets of a table top centrifuge, and then applying accelerations of
a = 50, 100, 200, or 300 g. Images are then collected to calculate the percent of cells that remain attached
as a function of applied force, f . In contrast, the approach of Thoumine et al. [94] involves seeding cells
onto plastic slides that are then fit into centrifuge tubes and placed in a swinging bucket centrifuge. Cells
are then exposed to accelerations of 9,000 to 70,000 g for 5 to 60 min. Thoumine et al. also showed that
the distractive force can be increased further by allowing the cells to phagocytose 1.5 µm gelatin-coated
glass beads. As with Chu et al., images are analyzed to determine the percent of adherent cells as a function
of time and distractive force.

5.4.3 Laminar Flow Chambers

Laminar flow devices are commonly used to characterize cell adhesion, and include rotating disc, parallel-
plate (and variants), and radial-flow devices. These devices all employ tangential fluid flow to exert
hydrodynamic drag and torque on adherent cells [98]. Among the different devices, the parallel-plate flow
chamber (Figure 5.5a) is described most extensively, and has been used primarily to characterize cell and
tissue phenomena under a well-defined hydrodynamic shear stress, τ . Here, τ can be predicted from fluid
mechanics,

τ = 6µQ

wh2
(5.3)

(b)

(c)

Inlet Outlet

(a)

Inlet Outlet

Cell-coated substrate

h

h(x)

Cell-coated substrate
x

Axis of
symmetryOutlet

Inlet Inlet
h

Cell-coated substrate
r

FIGURE 5.5 Various laminar flow chambers geometries. (a) Parallel-plate flow chamber uses linear laminar flow
through a rectangular conduit with constant width, b, and height, h, where b 	 h. (b) Variable height laminar flow
chamber uses flow through a tapered conduit, h(x), of constant width to produce a flow profile that depends on
position, x . (c) Radial-flow chamber uses cylindrical geometry to produce a flow profile that depends on position, r .
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where Q is volumetric flow rate, h and w are the height and width of the flow path, respectively, and µ is
the fluid viscosity [99]. The advantage of this device is that it permits nondestructive in situ visualization
of cell attachment [100], detachment [101], and rolling processes [102]. However, because a single shear
stress is generated across the cell-seeded substrate, multiple substrates must be tested at different shear
stresses in order to construct shear-dependent patterns of cell adhesion [100,101].

Minor modifications have been made to the parallel-plate flow chamber geometry in order to produce
a spatially dependent range of shear stresses across a single substrate. For example, a variable gap height
device has been constructed in which h is a linear function of the distance from the inlet, x (Figure 5.5b)
[103]. In another device the width of the flow path varies inversely with distance from the inlet, w ∝ 1/x ,
to produce a Hele–Shaw flow pattern and a hydrodynamic shear stress that increases linearly with distance,
τ ∝ x [104,105].

An alternative device, the radial-flow chamber uses axisymmetric flow between parallel surfaces to
generate a spatially dependent range of hydrodynamic shear stresses [65,106] (Figure 5.5c). Here, the
magnitude of the shear stress is predicted by the equation

τ =
∣∣∣∣

3µQ

πh2r
− 3ρQ2

70π2hr3

∣∣∣∣ (5.4)

where r is radial distance from the axis of symmetry, and ρ is fluid density. The first term of this equation
is the creeping flow solution (analogous to Equation 5.3) and the second term is a first-order correction
to account for inertial effects at high Reynolds numbers or low radial positions. It is interesting to note
that the contribution of the second term depends on the direction of flow (i.e., the sign of Q) [106].

5.4.4 Rotating Disc

The rotating disc differs from laminar flow chambers in that a motor is used to put the cell-seeded
substrate in motion, rather than a pressure gradient to put the fluid in motion [47,107,108] (Figure 5.6).
An advantage of this device is that generates a shear stress, τ , that varies linearly with radial position, r ,
by the equation [107]

τ = 0.800r
√
ρµω3 (5.5)

Here, ρ, µ, and ω are fluid density, fluid viscosity, and angular velocity, respectively. However, a dis-
advantage is that cell adhesion cannot be examined in situ. Instead, the cell-seeded substrate must be
removed from the apparatus in order to collect images of adherent cells.

Cell-coated
substrate

Baffles

Shaft to motor

Axis of 
symmetry

r

FIGURE 5.6 Rotating disc apparatus. The rapid rotation of the cell-seeded substrate generates a hydrodynamic shear
that is proportional to radial position, r . (Adapted from García, A.J., Huber, F., and Boettiger, D., J. Biol. Chem. 273,
10988, 1998. With permission.)
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5.4.5 Interpretation of Adhesion Data

Proper interpretation of adhesion data remains a technical challenge because quantitative measures are
sensitive to cell history. As spherical, nonadherent cells are brought into contact with biomaterial interfaces,
receptor-mediated contact initiates, followed by the clustering of receptors, cell spreading, and reorgan-
ization of the actin cytoskeleton. This dynamic process involves changes in the number and organization
of adhesive contacts, cell shape, and the viscoelastic properties of the cell body — all of which influence
the measured strength of adhesion. For example, quantitative measurements have demonstrated a linear
dependence of the strength of cell adhesion on the density of adhesive ligands in the absence of cooperat-
ive binding [47] that is consistent with kinetic theory [109], but the strength of adhesion is increased by
receptor activation [107] and modulated by receptor clustering [62]. In addition, cell adhesion has been
shown to increase with the duration of cell/surface incubation [101], but it is difficult to deconvolve the
individual effects of cell/surface contact area, focal adhesion organization, and filamentous actin content.
Further, detachment assays that use hydrodynamic shear are sensitive to the hydrodynamic profile of the
cell [110] and its deformability [111]. Consequently cells that are more spread or deform rapidly at the
onset of shearing flow are more likely to resist detachment [48].

5.5 Effect of Biomaterial on Physiological Behavior

Establishment of adhesive cellular contacts with a biomaterial surface is critical for anchorage-dependent
cell functions, such as spreading, proliferation, and migration. Studies of cell spreading indicate system-
atic increases in the rate and the extent of spreading with increasing density of adhesive ligands [112]
or peptides [113]. In addition, microtubule and filamentous actin content increase during the initial
spreading process [112]. Cell shape is also affected by the extent of cell spreading. For example, the aspect
ratio of fibroblastic cells — which typically exhibit a spindle-shaped morphology — is maximal at an
intermediate projected cell area [113]. Cell viability and proliferation also depend on projected cell area.
Using microcontact printing to restrict the extent of cell spreading, Chen et al. [114] showed that when
cells are able to adhere but not spread, apoptosis (programmed cell death) is significant. However, as the
area for cell spreading is increased apoptosis declines and cell proliferation occurs.

Migration is another adhesion-dependent phenomenon, and requires polarized cells to execute coordin-
ated steps that include pseudopodal extension, firm adhesion, contraction, and uropodal release [115].
Because both the pseudopodal attachment and uropodal release are adhesive processes, the capacity of
the substratum to mediate cell adhesion directly affects the speed of cell migration. Manipulation of the
strength of cell adhesion by changing the density, and type of ECM proteins has been shown to affect
migration, with maximal speed occurring at an intermediate substratum adhesiveness [46]. In addition,
migration rate can be modulated by depositing adhesive moieties as clusters [116] or by introducing
topographical features [117].

5.6 Summary

In mammalian tissues and organs cell/cell and cell/ECM interactions are mediated through several families
of adhesion receptors, which include integrins, cadherins, and members of the immunoglobulin super-
family. Biological studies have revealed that these adhesive contacts mechanically link the cell cytoskeleton
to extracellular structures, initiate intercellular signaling cascades, and regulate cell viability, prolifera-
tion, organization of tissue structures, and cell function. Existing biomaterials — intended to replace
tissue function or to serve as temporary scaffolds for engineered tissues — are capable of supporting
cell adhesion, viability, and proliferation through a combination of nonspecific and integrin-mediated
interactions. The current challenge is to develop bioactive materials that can act through different types
of cell receptors to regulate cell and tissue behavior.
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6.1 Introduction

Cell migration is an essential component of normal development, inflammation, tissue repair, angiogen-
esis, and tumor invasion. After conception, selected cells of the developing mammalian zygote invade the
uterine wall to establish the placenta, while the intricately programmed migration of other cells within
the embryo shapes the complex form of the emerging organism [1,2]. The nervous system is another
example of large-scale cell migration during fetal development. The growth of axons and dendrites is
preceded by a phase of cell migration in which immature neurons (or neuroblasts) move from their birth-
place to settle in some other location in order to make the right connections [3]. Certain kinds of white
blood cells are able to migrate through the walls of blood vessels and into the surrounding tissues, actively
seeking and engulfing sources of decay [4]. Migrating fibroblastic and epithelial cells heal wounds, and
osteoclasts and osteoblasts are in constant movement as they remodel bone [5–7]. Tumor cell motility
is also required for invasion and metastasis. The crawling malignant tumor cells that invade and disrupt
tissue architecture account as much or more for the lethality of cancer as does uncontrolled growth [8].

Cell migration also plays a key role in determining the structure and growth rate of bioartificial tissues
built on scaffolds made from suitable biomaterials [9]. In recent years, a lot of attention has been focused
on the development of biomimetic materials capable of promoting cell functions, including migration,
by biomolecular recognition [10]. Such recognition can be achieved by surface or bulk modification
of the material with bioactive molecules such as extracellular matrix (ECM) proteins or short peptide
sequences that can induce specific interactions with cell receptors. In order to design biomimetic scaffolds
with optimal properties for each application, however, we must thoroughly understand not only the
mechanism of cell migration, but also the many factors that modulate this important process. We must
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also develop assays to accurately characterize cell movement on various biomaterials and, ultimately, build
theoretical models that can quantitatively predict the effect of system parameters (scaffold properties,
nutrient or growth factor concentrations, pH, etc.) on tissue development. Because tissues are highly
heterogeneous systems exhibiting complicated cell population dynamics, such theoretical models must be
able to accurately describe cell–cell and cell–substrate interactions.

This review attempts to address some of these issues for anchorage-dependent mammalian cells. After
a brief description of the mechanism of cell movement, we outline the role that growth factors, substrate-
adhesion molecules, and other environmental factors play in modulating cell migration. Since accurate
measurements are essential for elucidating the effect of a specific stimulus on cell migration, we discuss
the application of several assays that may be used to characterize cell motility. Finally, the use of theoretical
models for analyzing cell population dynamics and predicting tissue growth rates is discussed.

6.2 Characteristics of Mammalian Cell Migration

6.2.1 Cell Movement Cycle

The movement of a mammalian cell on a substrate is an intricate process requiring at least three structural
elements: an ECM ligand on the substrate, its cell surface receptor, and the intracellular cytoskeleton [6].
The receptors that play key roles for cell movement belong to a large family of transmembrane proteins
called integrins [11]. Migration can be considered as a continual cycle consisting of four essential steps
[4] (1) extension of the cell’s leading margin over the substratum to form a lamellipod (i.e., a thin piece
of membrane and cytoplasm at the front of the cell); (2) attachment to the substrate; (3) pulling or
contraction using the newly formed points of adhesion as anchorage; and (4) release or detachment of
adhesions at the rear of the cell. These four steps are orchestrated by the interaction of various extracellular
and intracellular molecules. Extension of the leading margin of the cell is caused by the polymerization
of actin filaments at the lamellipodia and crucial factors involved in this process are the Arp2/3 complex,
gelsolin, and capping protein [4,12,13]. At the base of the cortical actin meshwork, cofilin promotes
the disassembly of filaments [4,14]. Integrins anchor the cell to its substratum by binding both to ECM
molecules on the outside of the cell and to the actin cytoskeleton on the inside. Cortical contractions
due to myosin molecules pull structures toward the center of the cell, causing the uropod (lamellipod’s
counterpart at the rear of the cell) to retract and unattached structures on the dorsal surface to move
backward [15–17]. The cycle is completed by a forward movement of actin and other constituents through
the cytoplasm to the leading margin of the cell [4].

6.2.2 Persistent Random Walk

Migration of individual mammalian cells in isotropic environments can be described as a persistent
random walk [18,19]. Over short time periods, cells follow a relatively straight path, showing persistence
of movement (see Figure 6.1a). If long time intervals are used to observe the cell position, however, cell
movement appears similar to Brownian motion with frequent direction changes (Figure 6.1b). At least
two parameters are needed to describe persistent random walk [20]. The first one is the speed S that is
intuitively defined as the displacement of the cell centroid per unit time. The second one is the persistence
time (usually denoted by P) that is a measure of the average time between “significant” direction changes.
The magnitude of P and S depend both on the type of the cell and on its microenvironment. Reported
values of migration speed and persistence time range from 0.5 µm/min and 4 to 5 h, respectively for
human microvessel endothelial cells and smooth muscle cells [20,21] to 20 µm/min and 4 min for
rabbit neutrophils [22]. Lauffenburger and coworkers [23] pointed out that there exists a rough inverse
relationship between S and P and that this could be understood by considering the product of these two
parameters as the cell’s analog to a “mean free-path length.” Rigorous definition of P and S necessary for
mathematical modeling and the assays to measure them will be described in Section 6.4.
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FIGURE 6.1 Typical trajectory of a bovine pulmonary artery endothelial cell migrating in a uniform environment.
Symbols represent the position of the centroid of the same cell recorded at 30 min intervals (top panel) and 3 h
intervals (bottom panel). When the observation interval is short (top panel), the cell clearly exhibits persistence in
movement direction. If a long observation interval (bottom panel) is chosen, however, the movement of the same cell
appears to be a random walk with frequent direction changes. (Adapted from Lee, Y., Mcintire, L.V., and Zygourakis,
K., Biochem. Cell Biol., 1995, 73: 461–472. With permission.)

6.2.3 Cell–Cell Contacts

In a population of migrating cells, the persistent random walk of individual cells can be interrupted by
contacts with other cells. Since cells usually stop and change the direction of their movement after such
contacts, this phenomenon is often called contact inhibition of locomotion [6]. When two fibroblasts collide
with each other, for example, ruffling of the membrane near the contact point stops to form a quiescent
region, while ruffling continues at other regions of the membrane. After about 25 min, the cells break
the adhesion and move away in new directions [6]. Cell–cell contacts have an even more profound effect
on the migration of epithelial cells. Following a collision, the leading lamellae of the epithelial cells are
gradually lost and an adhesion is formed between two cells. Sequential collisions with other cells result in
the formation of small colonies and eventually a sheet of contiguous cells [6,4]. This process is essential
for the coverage of the wounded area in wound healing [24,25]. It should be noted that cell–cell contacts
also affect cell division and the effect is also often referred to as “contact inhibition,” which actually
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means contact inhibition of division. As is shown later, the mechanisms of these two contact inhibitions
are different, even though they are related in a rather complicated way.

6.3 Regulation of Cell Movement

6.3.1 Soluble Factors Modulate Cell Movement

Many polypeptide growth factors can upregulate cell motility. Sato and Rifkin [26] found that when a
confluent monolayer of bovine aortic endothelial cells (BAECs) was wounded with a razor blade, cells
at the edge of the wound released basic fibroblast growth factor (bFGF), which stimulated the rapid
movement of nearby cells into the denuded area. Addition of anti-bFGF IgG slowed down considerably
the cell movement and this inhibition was dose dependent. Sato and Rifkin also found that bFGF regulated
the basal level of synthesis of the protease plasminogen activator (PA) and the basal level of DNA synthesis.
These findings are consistent with earlier work demonstrating that plasmin contributed to cell migration
[27,28]. Sato and Rifkin [26] also offer the alternative explanation that bFGF acts as a motility factor
via its adhesive interactions described by Baird and coworkers [29]. Platelet-derived growth factor-BB
(PDGF-BB) has been found to be the major motility enhancing factor in human serum for human dermal
fibroblasts migrating on type I collagen, even though it is not needed for the initiation of cell movement
[30]. Transforming growth factor-α (TGF-α) enhances locomotion of cultured human keratinocytes [31].
Stimulation of MTLn3 cells (a metastatic carcinoma cell line) with epidermal growth factor (EGF) causes
rapid and transient lamellipod protrusion along with an increase in actin polymerization at the leading
edge [32]. EGF was also found to greatly enhance random dispersion of fibroblasts by increasing the
frequency of direction changes and at the same time slightly increasing the path length [33]. When
multiple types of growth factors are present, they may affect cell motility synergistically with certain
extent of specificity. For example, TGF-β1 has been found to synergistically enhance EGF-stimulated
hepatocyte motility responses on collagen-containing extracellular matrices. However, the same effect
was not achieved when TGF-β1 was added together with hepatocyte growth factor (HGF) [34]. Placental
growth factor (PlGF) can augment the migration of endothelial cell in response to vascular endothelial
growth factor (VEGF) in pathological angiogenesis [35].

Recent studies have revealed additional soluble motility-stimulating proteins, which include (a) The
scatter factor or SF (also known as HGF), a mesenchymal cell-derived protein, which causes contigu-
ous sheets of epithelium to separate into individual cells and stimulates the migration of epithelial as
well as vascular endothelial cells [36–38]; (b) the autocrine motility factor (AMF), a tumor cell-derived
protein, which stimulates migration of the producer cells [39–41]; and (c) the migration-stimulating
factor (MSF), a protein produced by fetal and cancer patient fibroblasts, which stimulates penetration of
three-dimensional collagen gels by nonproducing adult fibroblasts [42–44].

The direction of cell movement can be affected by the concentration gradient of certain growth factors,
a response called chemotaxis. Chemotaxis is very important for processes such as normal development,
inflammation, angiogenesis, and wound healing in which directed migration of specific cell types is essen-
tial. It has been found that when a wound is caused in the human body, large amounts of PDGF, EGF,
and TGF-β are secreted at different times by cells around the wound to coordinate the influx of neutro-
phils, macrophages, fibroblasts, smooth muscle cells, and endothelial cells for fast and complete healing
of the wound [45–48]. Lack of these chemotactic growth factors may impair the healing process, while
overproduction can cause excessive repair or scarring [49]. A chemotactic response is typically a func-
tion of both the absolute concentration of the attractant and the steepness of its concentration gradient.
Directional orientation bias increases with concentration gradient steepness, asymptotically approach-
ing a maximal level as steepness increases. The dependence on attractant concentration is biphasic,
increasing at low concentration to reach a maximum, then decreasing as concentration increases further
[50–52].

Several hypotheses have been proposed to explain the underlying mechanisms of these phenomena.
Lackie [6] suggested that cells decide their movement direction by receptor-mediated comparison of
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the spatial difference in attractant concentration across the cell dimension. This explains the biphasic
dependence of directional orientation bias on attractant concentration for constant concentration
gradient. At low-attractant concentrations, very few receptors are bound and, thus, only a small ori-
entation bias results. At high-attractant concentrations almost all receptors are bound and, again, only
a small bias is observed. Maximum bias is found for an intermediate attractant concentration, where
the number of bound receptors is significant and most sensitive to differences in local attractant con-
centration. It should be noted that during the course of directed cell movement in chemotaxis, there
are periods during which the cell may randomly stray toward the lower concentration or any other
direction. Mechanistic models aimed at simulating chemotaxis must account for these random fluctu-
ations in the cell’s orientation even at the presence of the concentration gradient of a chemoattractant.
Tranquillo and coworkers [53,54] hypothesized that this is caused primarily by the probabilistic kinetics of
receptor/attractant binding. Their model divides a cell into two compartments along its polarization axis
and assumes that the instantaneous numbers of receptor/attractant complexes at the compartment sur-
faces are governed by a stochastic differential equation with both a deterministic and a probabilistic part,
which accounts for the random fluctuations in the binding process. The numbers of receptor/attractant
complexes are then used to calculate the concentration of motile effectors in each intracellular compart-
ment. Finally, the model postulates that the cell changes direction with an angular rate proportional to
the imbalance between the levels of motile effectors in the two compartments. Model results were shown
to provide good prediction for the chemotaxis of neutrophil leukocytes [55]. A recent extension of this
model [56] relaxes several simplifying assumptions regarding receptor dynamics in the original model
using newly obtained knowledge on transient G-protein signaling, cytoskeletal association, and receptor
internalization and recycling, including statistical fluctuations in the numbers of receptors among the
various states.

6.3.2 ECM Proteins and Cell–Substrate Interactions Regulate Cell
Movement

As described earlier, each of the four phases in cell-movement cycle involves the interaction of cell-surface
receptors with the ECM components on substratum surface. The ECM is a molecular complex whose
components include collagens, glycoproteins, hyaluronic acid, proteoglycans, glycosaminoglycans, and
elastins [57,58]. In addition, ECM harbors molecules such as growth factors, cytokines, matrix-degrading
enzymes, and their inhibitors [57]. The distribution of these molecules varies from tissue to tissue and
changes with time during tissue development, making the ECM a highly dynamic system [59,60]. The
binding of ECM molecules to the extracellular domains of integrins triggers the receptor/ligand binding,
trafficking and signaling cascade, activation of transcription factor and expression of target genes, and
eventually results in the regulation of specific cell functions, which may include adhesion, migration,
proliferation, and differentiation.

Integrin receptors are heterodimeric proteins composed of α and β subunits [11]. At least 15 α and β

subunits have been identified so far and they pair with each other in a variety of combinations, giving rise
to specific recognition on the ECM molecules with different selectivity. These combinations include the
α5β1 fibronectin receptor, α2β1, α3β1, and the vitronectin receptor αvβ3 [61–63]. While the α5β1 integrin
binds exclusively to fibronectin, α1β1 can bind either to laminin or to collagen-IV and the αvβ3 receptor
recognizes fibrinogen, vitronectin, and probably fibronectin. The α4β1 integrin has also been found to
mediate cell motility on fibronectin and vascular adhesion molecule-1 (VCAM-1) independently of the
α5β1 [64].

The ability of integrin receptors to recognize and bind the short peptide sequences corresponding to
the adhesive domains of ECM proteins stimulated a lot of interest in developing biomimetic materials.
Several studies by Hubbell and coworkers [65–71] have shown that covalent immobilization of adhesive
peptides like RGD or YIGSR (which are the adhesive domains of fibronectin and laminin respectively) on
the surface of glass or polymeric substrates can promote adhesion of endothelial cells. Kouvroukoglou and
coworkers [72] found that such surface modifications significantly enhanced the migration of endothelial
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cells, a fact that might lead to higher endothelization rates of the surfaces of implantable biomaterials.
Yang and coworkers [73] found that surface modification of poly(lactic acid) (PLA) films and poly(lactic-
co-/glycolic acid) (PLGA) porous structures with RGD peptides or fibronectin greatly promoted human
osteoprogenitor adhesion, migration, growth, and differentiation. Shin and coworkers [74] found that
bulk modification of oligo(poly[ethylene glycol] fumarate) (OPF) hydrogel with a rat osteopontin-derived
peptide (ODP) or a RGD peptide could increase the motility of marrow stromal osteoblasts and accelerate
the expansion of megacolonies of these cells on the surface of the hydrogel.

The sudden introduction of a migratory ECM ligand into the environment of a cell may provide
a key signal for the initiation of cell migration [75]. Similarly, the biosynthetic induction of such a
migration protein or of its receptors might also promote migration [64,75–79]. The driving mechanism
for migration appears to be provided by the physical interactions between specific sequences in adhesion
proteins and their receptors [75], and by intracellular contractile proteins [4,17]. The signals involved in the
termination of cell migration include the reacquisition of cell–cell adhesion molecules (e.g., N -cadherin),
often accompanied by differentiation into the final tissue type [75].

The speed of cell movement on ECM proteins is regulated not only by the type of receptor/ligand
interactions, but also by the ligand density on the substrate and the ligand affinity for cell adhesion
receptors [80–83]. The complexity of these interactions leads to a biphasic dependence of cell speed on
substrate adhesiveness. Goodman and coworkers [84] found that the migration speed of murine myoblasts
on substrates covered with laminin or laminin fragment E8 depended in a biphasic fashion on the density
of surface ligand. Maximum cell speeds were observed for ligand densities ranging from one third to
one tenth of those required for strongest cell attachment. Low cell speeds were measured when the cells
adhered very strongly or very weakly to the surface. A slow, monotonic increase of cell speed was observed,
however, when the density of fibronectin ligands was increased. DiMilla and coworkers [22] measured the
speed of human smooth muscle cells on fibronectin and collagen-IV. They found that cell speed varied
in a biphasic fashion with increasing cell adhesion strengths for both ligands. Similar results are seen by
varying the number of receptors on the cell surface. Keely and coworkers [85] found that the strength of
adhesion of human breast carcinoma T47D cells to collagen I and IV decreased with decreasing levels of
expression of the α2β1 integrin (a collagen and laminin receptor). T47D clones that exhibited intermediate
levels of adhesion to collagen had the highest motility across collagen-coated filters, suggesting that an
intermediate density of cell-surface α2β1 integrin optimally supports cell motility.

The reasons for this contrasting behavior were revealed by an elegant mathematical analysis of the cell-
migration cycle by Lauffenburger [86] and DiMilla and coworkers [87]. The first key system parameter for
explaining the experimental data is the substratum adhesiveness that is proportional to the surface ligand
density and inversely proportional to the receptor/ligand equilibrium dissociation constant. Substrate
adhesiveness, however, may not only depend on the strength of receptor/ligand association. A later ana-
lysis of Ward and Hammer [88] showed that the formation of focal contacts (which were modeled as
cytoplasmic nucleation centers binding adhesion receptors) and the elastic rigidity of cytoskeletal connec-
tions may significantly affect cellular adhesive strength. The second parameter describes the asymmetry in
bond affinity as the ratio of the dissociation rate constants between the front and the rear of the migrating
cell. The model correctly predicted a biphasic dependence of cell speed on substrate adhesiveness, with cell
locomotion occurring over an intermediate and (in many cases) limited range of adhesiveness. The size of
this range was primarily governed by the asymmetry in adhesiveness between the front and the rear of the
cell. Several mechanisms can provide a front-to-rear asymmetry in cell/substrate adhesiveness including
dynamic integrin/cytoskeletal interactions [89] and polarized distributions of integrins maintained by
receptor trafficking mechanisms [90].

The substratum adhesiveness can also affect the direction of cell movement, a response called hapto-
taxis. For example, cells cultured on a surface will move onto tracks of artificial adhesive material, such as
polylysine or silicon oxide [4]. When fibroblasts are plated on a surface coated with a uniformly increasing
gradient of a charged substance, they turn and move in the direction of increasing adhesiveness [91].
Dickinson and Tranquillo [92] have developed a stochastic mathematical model based on receptor/ligand
binding and trafficking mechanism to provide a mechanistic understanding of how the magnitude and
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distribution of adhesion ligands in the substratum influence cell movement. Additional sources for dir-
ectionality in movement may be simple population pressure, tissue or physical barriers [4,93], or the
three-dimensional structure of the matrix. In a process known as contact guidance, matrix fibers can be
spatially arranged as to facilitate cell movement in a preferred direction [94]. Micromachined grooves cut
into the substratum have similar effect [95].

While properties of the substratum can greatly influence cell movement, cells can also direct their
own migration by modifying the physical properties of the substratum. For example, pioneering cells
within a population of migrating neural crest cells may be laying down extracellular cues that trailing cells
recognize [96]. When a suspension of human keratinocytes is plated on a fibrin matrix, single cells invade
the matrix and progress through it by dissolving the fibrin and thereby creating tunnels [97].

6.3.3 Electrical Fields Direct Cell Movement

The migration of many mammalian cells is affected by the presence of electric fields, a phenomenon
called galvanotaxis. Nerve cells can detect electric field as weak as 10 mV/mm and turn their growth
cones to move in the direction of the negative pole [4]. Fibroblasts and cells from the neural crest also
move toward the negative pole in a steady electric field [98,99]. During wound healing in vertebrates, a
steady lateral electric field of 40 to 200 mV/mm is generated in the disrupted epithelia layers to coordinate
the directed migration of epithelial cells from the nearby regions [100]. Some experiments indicate that
when the electric field is removed, the wound healing rate is 25% slower, while nearly every clinical trial
using electric fields to stimulate healing in mammalian wounds reports a significant increase in the rate
of healing from 13 to 50% [101].

Cell’s response to electrical fields typically requires Ca2+ influx [102], the presence of specific growth
factors [100] and intracellular kinase activity. Protein kinase C is required by neural crest cells [103]
and cAMP-dependent protein kinase is used in keratinocytes [104], while mitogen-activated protein
kinase is required by corneal epithelial cells [105]. Specifically, Zhao and coworkers [100] discovered that
corneal epithelial cells cultured in serum-free medium showed no reorientation in an electric field until
250 mV/mm and addition of EGF, bFGF, or TGF-β 1 singly or in combination significantly restored the
cathodal reorientation response at low field strengths. Interestingly, however, the directed migration of
two fibroblastic cells, NIH 3T3 and SV101, was found to be calcium independent and was, instead,
related to the lateral redistribution of plasma membrane glycoproteins involved in cell–substratum
adhesion [98].

6.4 Cell Migration Assays

6.4.1 Cell-Population Assays

The methods used to assess the locomotory capabilities and characteristics of cells fall into two major
categories. The first category includes techniques that monitor large populations of migrating cells and
analyze the number density profiles of the population after a given time period of migration. The Boyden
chamber is the most popular assay in this category [106–111]. According to this technique, cells are placed
on the upper surface of a micropore filter installed in the chamber and incubated for a sufficient period of
time to allow the cells to migrate to the lower surface of the filter. Cell motility is then quantified either by
counting the number of cells that have migrated through the filter or by measuring the distance traveled
into the filter by several of the fastest moving cells. A comparison of the number of cells that passed
through the filter or of the migration distance measured for various experimental conditions reveal if, for
example, a test substance is chemotactic for the cells under study. With appropriate modifications, the
Boyden chamber can also be used to study cell migration under flow conditions or temporal chemotactic
gradients [112,113].

Another cell-population assay measures the migration distance of endothelial cells or osteoblasts
released from growth arrest using a silicon or steel template compartmentalization technique [74,114].
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This assay system employs tissue culture dishes that are subdivided (using, for example, stainless steel
annular rings) into two separate compartments: an inner circular core and an annular outer ring. Cells
are seeded into the inner compartment and grown to confluence. The inner ring is then removed, and
cells (released from growth arrest) start migrating from a sharp starting line. Cell motility is quantified by
measuring the distance of the migrating front from the starting line. By using a growth-arrested mono-
layer as a starting cell population for the quantification of migration, this assay system produces few or no
wounded cells at the migration front. It also allows us to evaluate the migratory response to other cell types
by coculturing them with the test cells after having seeded the effector cells into the outer compartment of
the assay system. Since migration of endothelial cells is one of the critical features of wound repair, several
researchers have also studied the movement of cells from a wound edge into a denuded area formed by
scraping a confluent monolayer with a razor blade [26,115,116]. Migration is then quantified by counting
the number of cells in successive 125-µm sections from the wound edge.

A third popular technique is the under-agarose assay where cells are allowed to migrate under a layer
of agarose gel deposited on a glass or plastic surface [117–120]. For random motility experiments, a
migration stimulus is incorporated at uniform concentration into the gel and the cell well medium.
For chemotaxis experiments, the migration stimulus is placed in a separate well from which it forms a
concentration gradient by diffusing through the gel. Typically measured quantities are again the location
of the leading front or the total number of cells migrating away from the well.

However, intrinsic cell locomotory properties are not the only factors influencing the measurements
obtained by cell-population assays. Parameters like the assay chamber geometry and size, initial cell num-
ber, or attractant diffusivity can significantly affect the population dispersal and complicate comparison
of different sets of experimental data. To alleviate these problems, a phenomenological model has been
proposed by Keller and Segel [121] and reformulated by Rivero and coworkers [122]. This mathematical
model takes the form of a partial differential equation describing the temporal evolution of the cell number
density profile and having two key parameters (a) the random motility coefficient µ and (b) a chemotaxis
coefficient χ . By comparing model predictions for cell number density profiles to experimental profiles
measured with the linear under-agarose assay [123] or the filter assay [124], the random motility µ and
the chemotaxis coefficient χ can be determined. A different approach was recently followed by Cheng
and coworkers [125] to analyze the differential effect of cell migration and proliferation on the expan-
sion of megacolonies of marrow stromal cells cultured on biomimetic hydrogels modified with RGD or
osteopontin-derived peptides [74]. This study used a discrete model based on the Markov chain approach
to simulate the cell-population dynamics of expanding megacolonies. A comparison of model predictions
to experimental data showed that surface modifications enhance the expansion rates of cell megacolonies
by upregulating the speeds of cell migration.

6.4.2 Individual-Cell Assays

Cell-population assays cannot provide detailed information on how cells move. They cannot directly
quantify important locomotory parameters (like cell speed, persistence, turn angles, etc.) or evaluate
the effects of external stimuli on these parameters. An accurate characterization of cell locomotion can
only be obtained by continuously monitoring a sufficiently large population of migrating cells using a
video microscopy system with digital or analog time-lapse capabilities. In most applications, cells migrate
on two-dimensional surfaces beneath liquid culture media or agarose gels [21,72,126–129]. Procedures
allowing tracking in three-dimensional collagen matrices have also been reported [50,130–136].

By analyzing a sequence of images obtained at fixed time intervals, the actual cell positions at the
corresponding times can be identified to reconstruct the individual cell trajectories (see Figure 6.1a). The
mean square displacement 〈D2〉 of the cells from their original positions can then be calculated and plotted
vs. time. If cell movement were a random walk, the mean square displacement 〈D2〉 would vary with time
according to

〈D2〉 = 2nµt (6.1)
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whereµ is the random motility coefficient (formally equivalent to a diffusion coefficient) and n is a constant
depending on the dimensionality of the random walk. For two-dimensional walks n = 2, while for three-
dimensional walks n = 3 [18,137,138]. Equation 6.1 implies that the average distance traveled by a cell is
proportional to the square root of the elapsed time.

As we mentioned in Section 6.2.2, however, mammalian cells migrating in isotropic environments
execute persistent random walks. Dunn [19] and Othmer and coworkers [139] developed the following
mathematical model to describe persistent random walks:

〈D2〉 = nS2[Pt − P2(1− e−t/P )] (6.2)

where 〈D2〉 is the mean square displacement of the tracked cells, S is the root-mean-square cell speed, P
is the persistence time, and n is the constant that gives the dimensionality of the persistent random walk
(n is 2 or 3 for 2D or 3D walks, respectively). This model assumes that S and P are time invariant. The
root-mean-square cell speed S and persistence time P can be computed by fitting the experimental 〈D2〉
vs. time data with the persistent random walk model of Equation 6.2. Nonlinear parameter estimation
algorithms [123] must be used, since graphical techniques [19] lead to results dependent on the size of
the time interval. Note that for long times (t 	 P), Equation 6.2 reduces to the much simpler expression:

〈D2〉 = nS2Pt (6.3)

Equation 6.3 implies random walk behavior and allows us to compute the random motility coefficient µ as
follows:

µ = 1
2 S2P (6.4)

Many investigators have successfully used the persistent random walk model to quantify cell migration
[72,140–144]. The chemotactic motion of cells in response to a chemical concentration gradient can also
be modeled by adding a directional bias to the persistent random walk process [21]. The magnitude of
the directional bias is characterized by the chemotactic responsiveness κ . By using experimentally measured
values of S, P , and κ , Stokes and Lauffenburger generated computer simulations of theoretical individual
cell paths, which were useful in elucidating the role of cell migration in physiological processes [21].

Although the persistent random walk model has been very successful in assaying and comparing the
motility of cells under various conditions, it cannot provide all the parameters that may be necessary for
an accurate quantification of the cell-migration process. Experimental observations with endothelial cells
[127] have revealed that cells slow down or even stop migrating when they divide or when they collide with
other cells. Migrating cells may also stop for a while before changing their direction of movement [127].
A detailed description of cell movement (suitable, e.g., for the computer implementation of migration-
proliferation models of tissue growth [145]) requires the following information (1) the speed of cell
locomotion (swimming speed); (2) the expected duration of cell movement in any given direction; (3)
the probability distribution of turn angles that will decide the next direction of cell movement; (4) the
frequency of cell stops; and (5) the duration of cell stops. The ultimate direction of cell movement should
also be obtained to check for spatial heterogeneities or chemotactic phenomena.

When such a detailed description of the migration process is desired, models based on Markov chain
concepts must be used to analyze the cell trajectory data [146–148]. At any time t , a migrating cell
can exist in either a directional state (if it moves in a certain direction) or the stationary state (if it has
stopped moving). Clearly, there is a change of state every time the migrating cell changes direction and
when it starts or stops moving. The central assumption here is that state changes are random and do
not depend either on the past history of the cell or on the length of time the cell spent in its current
state. Under these assumptions, the sequence of states is a stochastic Markov sequence. Details for this
analysis may be found in the monograph of Noble and Levine [147]. One usually allows only a finite
number of directional states by partitioning the set of all possible directions of movement. Four or
eight directional states are typically considered for two-dimensional walks (in addition to the stationary
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state) [147]. The reconstructed cell trajectories can then be modeled as Markov chains [146,149–151]
and the following cell locomotory parameters can be extracted from the cell trajectory data using the
well-known Markov chain theory [152] (a) transition-state probabilities that quantify the frequency with
which the cells (individually or collectively) move from one state to another and, thus, characterize the
turning and stopping behavior of the cells; (b) waiting times or the average time cells spend in a certain
state (i.e., moving in a certain direction); and (c) steady-state probabilities that provide a measure of the
directionality of cell movement (chemotaxis). The average speed of locomotion can also be estimated from
the reconstructed cell trajectories using the formula:

ν =
N∑

i=1

di
/

N ·�t (6.5)

where di is the displacement of the centroid of a cell between two successive observations, and N is the
numbers of observations made at a fixed time interval �t .

The Markov chain model can be used to analyze chemotaxis experiments. If there is a preferred direction
for cell movement, its steady-state probability will be significantly higher than the steady-state probabilities
of the other directions. The Markov chain approach can also provide a more detailed description of cell
migration since it accounts for stops in cell movement and uses more than one descriptor (e.g., transition
state probabilities and average waiting times) to define persistence [148].

A detailed comparison of the random walk and the Markov chain models using experimental data for
migrating endothelial cells has shown [148] that all five locomotory parameters defined above affect the
speed S and persistence time P estimated by the persistent random walk model. The persistent random
walk model can provide a measure of the speed of locomotion S, appropriately weighted to account for
the frequency and duration of cell stops (or slow-downs). The persistence time P , however, is a composite
measure of all five locomotory parameters mentioned above. Hence, it may not be always possible to
extract all the information necessary to describe cell locomotion from the two parameters of the persistent
random walk model. The Markov chain approach, however, also has its drawbacks. Perhaps the most
serious drawback is that the values of cell speeds computed according to Equation 6.5 depend on the time
interval �t between cell observations. Accurate estimations of locomotion speeds with Equation 6.5 are
possible only when (a) cell trajectories are not very tortuous and (b) the cell positions are observed at
short time intervals �t . This time interval must be carefully chosen using Richardson plots to minimize
errors in the computation of cell speed [148].

6.5 Mathematical Models for Cell Migration and Tissue
Growth

Cell migration influences both the structure and the growth rate of bioartificial tissues built on biomimetic
scaffolds. As we have seen in the previous sections, however, cell migration is a process modulated by a
multitude of system parameters that include the local scaffold properties and nutrient or growth factor
concentrations. Despite the complexity of this process, however, a purely empirical approach is still used
to design scaffolds and select bioreactors appropriate for each application. Noting the limitations of this
approach, Ratcliffe and Niklason [153] proposed an interdisciplinary effort to improve our fundamental
understanding of the dynamic processes characterizing tissue growth and bioreactor operation. This goal
can be achieved with the help of comprehensive computer models that allow for systematic analysis of
tissue regeneration processes. Simulations can shorten the development stage by allowing tissue engineers
to rapidly screen many alternatives on the computer and choose the most promising ones for laboratory
experimentation.

The key challenge here involves the development of computationally efficient algorithms to describe
the dynamics of large cell populations that evolve in a continuously changing environment. Early studies
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FIGURE 6.2 Normalized cell counts from experiments (symbols) and simulations (lines) for bovine pulmonary
artery endothelial (BPAE) cells seeded uniformly on tissue culture plates and cultures without and with 30 ng/ml of
bFGF. Standard errors are used as error bars. (Adapted from Lee, Y., Mcintire, L.V., and Zygourakis, K., Biochem. Cell
Biol., 1995, 69: 1284–1298. With permission.)

utilized either discrete [154–156] or continuous models [157–161] to treat tissue growth problems. Using
an approach that combined (a) modeling based on cellular automata, (b) computer simulations, and
(c) experimentation (migration and proliferation assays), our group initially focused on the growth
of two-dimensional tissues like vascular endothelium or keratinocyte colonies [145,155,156]. Using
experimental data obtained from long-term tracking and analysis of cell locomotion [162], we developed
a class of discrete models that described the population dynamics of cells migrating and proliferating
on the surface of biomaterials. These models simulated persistent random walks on 2-D square lattices
and accurately accounted for cell–cell collisions. Figure 6.2 shows that model predictions agreed well
with experimentally measured proliferation rates of bovine pulmonary artery endothelial (BPAE) cells
cultured with and without bFGF, a growth factor that upregulates cell motility. Results also showed that
the seeding cell density, the population-average speed of locomotion, and the spatial distribution of the
seed cells are crucial parameters in determining the temporal evolution of cell proliferation rates. More
recently, models were developed to solve 2-D problems involving the aggregation and self-organization
of the cellular slime mold Dictyostelium discoideum [163–166] and to study the interactions between
extracellular matrix and fibroblasts [167]. To account for the effect of transport limitations that restrict
our ability to grow bioartificial tissues [168,169], our group has also developed a hybrid multi-scale model
that combines (a) partial differential equations modeling the simultaneous reaction–convection–diffusion
problems for nutrients and growth factors, (b) discrete models describing the cell-population dynamics,
and (c) single-cell models describing intracellular processes modulating cell function.

To demonstrate the potential of computational models for tissue engineering, we will briefly discuss the
application of a 3-D model we have developed [170] to study a problem in biomimetics. Our objective was
to evaluate the effectiveness of surface modifications in enhancing tissue-growth rates through increased
cell-migration speeds. Such modifications may involve, for example, the immobilization of signaling or
adhesive peptides on the surface of biomaterials [171–173]. To isolate the effect of population dynamics
on tissue growth, simulations on 3-D scaffolds were performed by assuming that nutrient and growth
factor concentrations remained constant throughout the tissue regeneration process. We considered cell-
migration speeds varying across the entire range of observed values (from 0 to 50 µm/h) and used two
different cell seeding modes. In the first mode, cells were seeded uniformly and randomly throughout the
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FIGURE 6.3 Effect of cell-migration speed on tissue-growth rates for two different cell-seeding modes. All simula-
tions were carried out on a cubic domain with side equal to 1.9 mm (128× 128× 128 computational sites). (a) Cells
were seeded uniformly and randomly with initial density equal to 0.5%. (b) Seeding simulated wound healing. The
“wound” was a cylinder 0.95 mm in diameter and 1.9 mm in height. (Adapted from Belgacem, B.Y., Markenscoff, P.,
and Zygourakis, K. Proceedings of the 3rd Chemical Engineering Symposium, Athens, Greece, Vol. 2, pp. 1133–1136,
2001. With permission.)

scaffold. The second seeding mode was designed to simulate a “wound-healing” process. We assumed that
a cylindrical wound was created in the center of a 3-D tissue. The wound was then filled with a biomaterial
that allowed cells from the surrounding tissue to move into the wound and proliferate to heal it [170].

For uniform cell seeding, Figure 6.3a shows that increasing migration speeds initially enhanced tissue-
growth rates. As cell speeds increased above 5 µm/h, however, this beneficial effect diminished and
disappeared completely for large-migration speeds. For the wound-healing model, however, the simu-
lations predicted significant enhancements of tissue-growth rates with increasing cell-migration speeds
(Figure 6.3b). A careful analysis of the simulation results for these two cases revealed that the uniform
cell seeding resulted in many more cell–cell collisions that slowed down the migration of cells. These
results point out that the cell-population dynamics, the geometry of the problem, and the initial conditions
can have a profound effect on tissue regeneration rates. The simulations also provide us with invaluable
guidance for the design of experiments [174] that can test the efficacy of surface modifications designed
to enhance cell-migration speeds.
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7.1 Introduction

Tissue-engineered devices are biologic–biomaterial combinations in which some component of tissue
has been combined with a biomaterial to create a device for the restoration or modification of tissue
or organ function. Four significant goals must be achieved if these devices are to function adequately
and appropriately in the host environment. These four goals are (1) restoration of the target tissue
with its appropriate function and cellular phenotypic expression; (2) inhibition of the macrophage and
foreign body giant cell foreign body response that may degrade or adversely modify device function;
(3) inhibition of scar and fibrous capsule formation that may be deleterious to the function of the device;
and (4) inhibition of immune responses that may inhibit the proposed function of the device and ultimately
lead to the destruction of the tissue component of the tissue-engineered device. The range of types of
tissue-engineered devices is large, yet each device is considered to be unique in its combination of tissue
component and biomaterial, thus requiring a unique set of tests to ensure that the four goals are achieved
for the lifetime of the device in its in vivo environment.

The implantation of a tissue-engineered device activates the host defense systems that include the
inflammatory and immune responses. The purpose of this chapter is to provide an overview and fun-
damental understanding of the inflammatory and immune responses that may be responsive following
the in vivo implantation of a tissue-engineered device. In general, tissue-engineered devices contain a
biomaterials component for which the evaluation of the inflammatory and foreign body reaction is of
importance. Tissue-engineered devices also contain an active biological component, that is, proteins and
cells, for which evaluation of the immune responses is of importance to the overall safety and efficacy of the
tissue-engineered device. In addition, tissue-engineered devices are also considered as combination devices

7-1
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TABLE 7.1 The Mononuclear Phagocytic System

Tissues Cells

Implant sites Inflammatory macrophages, foreign body giant cells
Liver Kupffer cells
Lung Alveolar macrophages
Connective tissue Histiocytes
Bone marrow Macrophages
Spleen and lymph nodes Fixed and free macrophages
Serous cavities Pleural and peritoneal macrophages
Nervous system Microglial cells
Bone Osteoclasts
Skin Langerhans’ cells, dendritic cells
Lymphoid tissue Dendritic cells

and the interaction between the synthetic and biologic components and their interactive inflammatory
and immune responses must be considered and evaluated. For clarification, it should be noted that the
inflammatory responses are also known as the innate immune system and immune responses are generally
considered to be the acquired or adaptive immune system.

The inflammatory and immune systems overlap considerably through the activity and phenotypic
expression of macrophages that are derived from blood-borne monocytes. Monocytes and macrophages
belong to the mononuclear phagocytic system (MPS) (Table 7.1). Cells in the MPS may be considered
as resident macrophages in the respective tissues that take on specialized functions that are dependent
on their tissue environment. From this perspective, the host defense system may be seen as blood-borne
or circulating inflammatory and immune cells as well as mononuclear phagocytic cells that reside in
specific tissues with specialized functions. As will be seen in the overview of the inflammatory and
immune responses, the macrophage plays a pivotal role in both the induction and effector phases of these
responses.

7.2 Inflammatory Responses

The process of implantation of a biomaterial, prosthesis, medical device, or tissue-engineered device results
in injury to tissues or organs and the subsequent perturbation of homeostatic mechanisms that lead to
the cellular cascades of wound healing [1–6]. The response to injury is dependent on multiple factors
including the extent of injury, the loss of basement membrane structures, blood–material interactions,
provisional matrix formation, the extent or degree of cellular necrosis, and the extent of the inflammatory
response. These events, in turn, may affect the extent or degree of granulation tissue formation, foreign
body reaction, and fibrosis or fibrous capsule development. These host reactions are considered to be
tissue-, organ-, and species-dependent. In addition, it is important to recognize that these reactions occur
very early, that is, within 2 to 3 weeks of the time of implantation, for biocompatible materials or devices
in the normal resolution of the inflammatory and wound healing responses.

Table 7.2 identifies the events in the inflammatory responses and indicates the predominant cell type
found in these responses. These characteristic cell types are utilized in histological studies to identify the
phase or event in the inflammatory and wound healing sequence of events.

To better appreciate the sequence of inflammatory responses that occur within an implant site,
Figure 7.1 illustrates the sequence of events that occur at the tissue/biomaterial interface, that is, for-
eign body reaction, and the events that occur adjacent to the interfacial foreign body reaction and within
the surrounding tissue of the implant site.

Inflammation is generally defined as the reaction of vascularized living tissue to local injury, that is,
implantation of a biomaterial, prosthesis, medical device, or tissue-engineered device. Immediately
following injury, blood–material interactions occur and a provisional matrix is formed that consists
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TABLE 7.2 Principal Cell Types in Inflammatory Responses

Response Cell type

Acute inflammation Polymorphonuclear leukocyte (neutrophil)
Chronic inflammation Monocytes and lymphocytes
Granulation tissue Fibroblasts and endothelial cells (capillaries)
Foreign body reaction Macrophages and foreign body giant cells
Fibrous encapsulation Fibroblasts

Injury, implantation

Inflammatory cell infiltration
Pmns, Monocytes, Lymphocytes

BiomaterialExudate/tissue

Acute inflammation
Pmns

Chronic inflammation

Monocytes

Lymphocytes

Fibroblast proliferation
and migration

Granulation tissue

Capillary formation

Th2:IL-4, IL-13
Macrophage fusion

Macrophage mannose
receptor upregulation

Macrophage
differentiation

Monocyte adhesion

Fibrous capsule formation
Foreign body giant

cell formation

FIGURE 7.1 Inflammation, wound healing and foreign body responses at the implant site. The biomaterial pathway
occurs at the surface of the biomaterial, whereas the exudate/tissue pathway occurs in the space surrounding the
biomaterial. Both pathways can occur in a simultaneous manner and time frame.

of a platelet/fibrin thrombus/blood clot at the implant surface. As previously indicated, the predomin-
ant cell type (Table 7.2) present in the inflammatory response varies with the age of injury. In general,
neutrophils (polymorphonuclear leukocytes) predominate during the first several days following injury
and then are replaced by monocytes as the predominant cell type. Three factors occur for this change in cell
type: neutrophils are short-lived and disintegrate and disappear after 24 to 48 h; neutrophil immigration
is of short duration; and chemotactic factors for neutrophil migration are activated early in the inflam-
matory response. Following immigration from the vasculature, monocytes differentiate into macrophages
and these cells are very long-lived (up to months). Monocyte immigration may continue for days to weeks
dependent on the injury and implanted device and chemotactic factors for monocytes are activated over
longer periods of time. The size, shape, and chemical and physical properties of the biomaterial or device
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may be responsible for variations in the intensity and duration of the inflammatory and wound-healing
processes. Thus, intensity and time duration of the inflammatory reaction may characterize the biocom-
patibility of the biomaterial or device. Chemical mediators, released from plasma, cells, and injured tissue
mediate these responses. These mediators include vasoactive amines, plasma proteases, arachidonic acid
metabolites, lysosomal proteases, oxygen-derived free radicals, platelet activating factors, cytokines, and
growth factors.

Acute inflammation is dependent on the extent of injury and may be of relatively short duration, lasting
from minutes to days. As seen in Figure 7.1, its main characteristics are the formation of a fluid exudate and
immigration of polymorphonuclear leukocytes across the endothelial lining of blood vessels and into tissue
and the injury (implant) site. Adhesion molecules and receptors present on leukocyte and endothelial
cells facilitate this process that is controlled, in part, by chemotaxis. A wide variety of exogenous and
endogenous substances have been identified as chemotactic agents. Following localization of leukocytes at
the injury (implant) site, phagocytosis and the release of enzymes occur following activation of neutrophils,
monocytes, and macrophages. The major role of the polymorphonuclear leukocytes in acute inflammation
is to phagocytose microorganisms and foreign materials. Phagocytosis is a three-step process in which
the injurious agent undergoes leukocyte attachment, engulfment, and killing or degradation. In regard to
biomaterials, phagocytosis and degradation may not occur, depending on the properties of the biomaterial.
Biomaterials are not generally phagocytosed by neutrophils or macrophages because of the disparity in size,
that is, the surface of the biomaterial is greater than the size of the cell. In general, particles, microcapsules,
microspheres, or liposomes less than 10µm in greatest dimension may undergo phagocytosis. The process
of recognition and attachment is expedited when the biomaterial has adsorbed plasma-derived proteins
such as immunoglobulin G (IgG) and the complement-activated fragment, C3b. Fibrinogen has also
been identified as an adhesion molecule to facilitate leukocyte adhesion to biomaterial surfaces. IgG and
C3b are the two major opsonins. These opsonins are naturally occurring serum factors that facilitate
inflammatory cell adhesion. This may be significant with tissue-engineered devices in which the synthetic
scaffold material or cell encapsulating synthetic membrane is in direct contact with tissue at the time of
implantation. Thus, depending on the characteristics of the tissue-engineered device, protein adsorption
and cellular adhesion in the inflammatory, wound healing and foreign body responses may be important
factors in biocompatibility of the tissue-engineered device as well as its function.

The disparity in size between the biomaterial surface and the adherent cell generally leads to frustrated
phagocytosis, which is the release of cellular enzymes, acid and reactive oxygen and nitrogen intermediates
by either direct extrusion or exocytosis from the cell [7]. These agents may play significant roles in the
biodegradation of biodegradable scaffold materials.

Following resolution of the acute inflammatory response, chronic inflammation with the presence of
monocytes and lymphocytes is predominant. Chronic inflammation is characterized by the presence of
monocytes, lymphocytes, and macrophages with the proliferation of blood vessels and connective tissue at
the implant site. With biocompatible materials, the chronic inflammatory phase is of short duration and
usually lasts several days and is seen within the first week to two weeks following implantation. Persistent
inflammatory stimuli and motion of the implant may lead to focal chronic inflammation with extended
time periods.

Whereas macrophages and lymphocytes play key roles in immune responses, their presence in the
early inflammatory response is generally not considered to be an immune reaction. As will be seen later
under Immune Responses, specific events in which the macrophages, lymphocytes, and plasma cells
participate can lead to immune responses. Macrophages process and present antigens (foreign materials)
to immunocompetent cells and thus are key mediators in the development of immune reactions.

In the inflammatory responses, the macrophage is probably the most important cell in chronic inflam-
mation due to the large number of biologically active products that it produces and releases. Important
classes of products produced and secreted by macrophages include neutral proteases, chemotactic factors,
arachidonic acid metabolites, reactive oxygen metabolites, complement components, coagulation factors,
growth-promoting factors, and cytokines. Chemotactic factors, cytokines and growth factors are import-
ant in the development of the next phase of the inflammatory and wound healing responses, which is



mikos: “9026_c007” — 2007/4/9 — 15:50 — page 5 — #5

Inflammatory and Immune Responses 7-5

the formation of granulation tissue. Granulation tissue is generally defined as the proliferation of new
small blood vessels and the immigration of fibroblasts into the injury site. Depending on the extent
of injury, granulation tissue may be seen as early as 3 to 5 days following implantation. As seen in
Figure 7.1, at the same time that granulation tissue is being formed, biomaterial adherent macrophages,
derived from monocytes, are fusing to form multinucleated foreign body giant cells on the surface of the
biomaterial [8,9].

The form and topography of the surface of the biomaterial determines the composition of the foreign
body reaction. With biocompatible materials, the composition of the foreign body reaction in the implant
site may be controlled by the surface properties of the biomaterial, the form of the implant, and the
relationship between the surface area of the biomaterial and the volume of the implant. Porous scaffold
materials have high surface-to-volume ratios and can be expected to display large numbers of macrophages
and foreign body giant cells. The foreign body reaction consisting mainly of macrophages and foreign
body giant cells may persist at the tissue/implant interface for the lifetime of the implant.

Macrophages and foreign body giant cells are capable of releasing acid, enzymes, and reactive oxygen
and nitrogen intermediates that can degrade and modify the surfaces to which they are adherent. The
foreign body response with macrophages and foreign body giant cells has been identified as the principal
cell types responsible for polyurethane biodegradation in clinical devices such as pacemaker leads. It can be
anticipated that macrophages and foreign body giant cells at the surfaces of tissue-engineered devices can
lead to destruction of the device and its components. For these reasons, mitigation and more preferably,
total inhibition, of the foreign body response with macrophages and foreign body giant cells is desirable
for tissue-engineered devices. Although the foreign body response may be inhibited through the use of
pharmacologic agents, that is, dexamethasone, these agents are broad in their action and may adversely
influence other types of cells and events in the normal wound healing response. Genetic engineering
approaches to modulate macrophage and foreign body giant cell behavior are scientifically interesting
but may provide tortuous and time-consuming regulatory constraints in their development for human
application. Approaches targeting macrophage adhesion and activation may be helpful in developing
viable tissue-engineered devices. Material surface chemistry may control monocyte adhesion that, of
course, would significantly affect subsequent macrophage formation. Also, material surface chemistry may
control adherent macrophage apoptosis, that is, programmed cell death, that renders potentially harmful
macrophages nonfunctional, while the surrounding environment of the implant remains unaffected [10].
The level of adherent macrophage apoptosis appears to be inversely related to the surface’s ability to
promote fusion of macrophages into foreign body giant cells. This appears to be a mechanism by which
adherent macrophages escape apoptosis.

The end-stage healing response to devices is generally fibrosis or fibrous encapsulation. This, of course,
is the replacement of normal or injured tissue by scar or fibrous tissue formation. The replacement of
normal or injured tissue by connective tissue that constitutes the fibrous capsule may be deleterious to
the function of the tissue-engineered device [11,12]. Well-formed fibrous capsules are both acellular and
avascular. The lack of vascularity within the fibrous capsule would certainly indicate that the fibrous
encapsulated tissue-engineered device would not be vascularized and cells in the tissue-engineered device
would eventually undergo ischemic cell death.

It is clear that the end-stage healing response with fibrous encapsulation of the tissue-engineered device
and the presence of the foreign body reaction with macrophages and foreign body giant cells at the
interface between the fibrous capsule and the tissue-engineered device would ultimately lead to failure of
the tissue-engineered device. To achieve viable and functional tissue-engineered devices, at least until the
target tissue or organ has been restored, control of the adverse aspects of the inflammatory and wound
healing responses must be achieved. This continues as a challenge for the development of tissue-engineered
devices for human application.

The inflammatory (innate) and immune (adaptive) responses have common components. It is possible
to have inflammatory responses only with no adaptive immune response. In this situation, both humoral
and cellular components that are shared by both types of responses may only participate in the inflam-
matory response. Table 7.3 indicates the common components to the inflammatory (innate) and immune
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TABLE 7.3 Common Components in the Inflammatory
(Innate) and Immune (Adaptive) Responses

Humoral components
Complement cascade components
Immunoglobulins

Cellular components
Macrophages
NK (natural killer) cells
Dendritic cells
Cells with dual phagocytic and antigen presenting capabilities

TABLE 7.4 Cell Types and Function in the Adaptive Immune System

Cell type Function

Macrophages (APC) Process and present antigen to immunocompetent T cells
phagocytosis

Activated by cytokines, that is, IFN-γ , from other immune cells

T cells Interact with antigen presenting cells (APCs) and are activated through
two required cell membrane interactions

Facilitate target cell apoptosis
Participate in transplant rejection (Type IV hypersensitivity)

B cells Form plasma cells that secrete immunoglobulins (IgG, IgA, and IgE)
Participate in antigen–antibody complex mediated tissue

damage (Type III hypersensitivity)

Dendritic cells (APC) Process and present antigen to immunocompetent T cells
Utilize Fc receptors for IgG to trap antigen–antibody complexes

NK (natural killer) cells Innate ability to lyse tumor, virus infected, and other
(Non-T, Non-B lymphocytes) cells without previous sensitization

Mediates T and B cell function by secretion of IFN-γ

(adaptive) responses. Macrophages are known as professional antigen presenting cells responsible for the
initiation of the adaptive immune response.

7.3 Immune Responses

The acquired or adaptive immune system acts to protect the host from foreign agents or materials and
is usually initiated through specific recognition mechanisms and the ability of humoral and cellular
components to recognize the foreign agent or material as being “nonself” [11–15]. Generally, the adaptive
immune system may be considered as having two components: humoral or cellular. Humoral components
include antibodies, complement components, cytokines, chemokines, growth factors, and other soluble
mediators. These humoral components are synthesized by cells of the immune response and, in turn,
function to regulate the activity of these same cells and provide for communication between different
cells in the cellular component of the adaptive immune response. Cells of the immune system arise from
stem cells in the bone marrow (B lymphocytes) or the thymus (T lymphocytes) and differ from each
other in morphology, function and the expression of cell surface antigens (Table 7.4). They share the
common features of maintaining cell surface receptors that assist in the recognition and elimination of
foreign materials. Regarding tissue-engineered devices, the adaptive immune response may recognize
the biological components, modifications of the biological components, or degradation products of the
biological components, commonly known as antigens, and initiate immune response through humoral
or cellular mechanisms.
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TABLE 7.5 Effector T Lymphocytes in Adaptive Immunity

TH1 helper cells CD4+
Proinflammatory
Activation of macrophages
Produces IL-2, interferon-γ (IFN-γ ), IL-3, tumor necrosis factor-α, GM-CSF, macrophage

chemotactic factor (MCF), migration inhibitor factor (MIF) induce IgG2a

TH2 helper cells CD4+
Anti-inflammatory
Activation of B cells to make antibodies
Produces IL-4, IL-5, IL-6, IL-10, IL-3, GM-CSF, and IL-13
Induce IgG1

Cytotoxic T cells (CTL) CD8+
Induce apoptosis of target cells
Produce IFN-γ , TNF-β, and TNF-α
Release cytotoxic proteins

Components of the humoral immune system play important roles in the inflammatory responses to
foreign materials. Antibodies and complement components C3b and C3bi adhere to foreign materials,
act as opsonins and facilitate phagocytosis of the foreign materials by neutrophils and macrophages that
have cell surface receptors for C3b. Complement component C5a is a chemotactic agent for neutrophils,
monocytes, and other inflammatory cells and facilitates the immigration of these cells to the implant site.
The complement system is composed of classic and alternative pathways that eventuate in a common
pathway to produce the membrane attack complex (MAC), which is capable of lysing microbial agents.
The complement system, that is, complement cascade, is closely controlled by protein inhibitors in the
host cell membrane that may prevent damage to host cells. This inhibitory mechanism may not function
when nonhost cells are used in tissue-engineered devices.

The T (thymus-derived) lymphocytes are significant cells in the cell-mediated adaptive immune
response and their cell-adhesion molecules play a significant role in lymphocyte migration, activation
and effector function. The specific interaction of cell membrane adhesion molecules, sometimes also
called ligands or antigens, with antigen-presenting cells produce specific types of lymphocytes with spe-
cific functions. Table 7.4 indicates cell types and function in the adaptive immune response. Obviously,
the functions of these cells are more numerous than indicated in Table 7.4 but the major function of these
cells is provided to indicate similarities and differences in the interaction and responsiveness of these cells.
Effector T cells (Table 7.5) are produced when their antigen-specific receptors and either the CD4 or the
CD8 co-receptors bind to peptide-MHC (major histocompatibility complex) complexes. A second, co-
stimulatory signal is also required and this is provided by the interaction of the CD28 receptor on the T cell
and the B7.1 and B7.2 glycoproteins of the immunoglobulin superfamily present on antigen-presenting
cells. B lymphocytes bind soluble antigens through their cell-surface immunoglobulin and thus can func-
tion as professional antigen-presenting cells by internalizing the soluble antigens and presenting peptide
fragments of these antigens as MHC:peptide complexes. Once activated, T cells can synthesize the T cell
growth factor interleukin-2 and its receptor. Thus, activated T cells secrete and respond to interleukin-2
to promote T cell growth in an autocrine fashion.

Cytokines are the messenger molecules of the immune system. Most cytokines have a wide spectrum
of effects, reacting with many different cell types, and some are produced by several different cell types.
Table 7.6 presents common categories of cytokines and lists some of their general properties. It should
be noted that while cytokines can be subdivided into functional groups, many cytokines such as IL-1,
TNF-α, and IFN-γ are pleotropic in their effects and regulate, mediate, and activate numerous responses
by numerous cells.

Cytokines produce their effects in three ways. The first type of effect is the autocrine effect in which
the cytokine acts on the same cell that produced it. An example is when IL-2 produced by activated
T cells promotes T-cell growth. The second way is when a cytokine affects other cells in its vicinity. This
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TABLE 7.6 Cytokines and Their Effects

Cytokine Effect

IL-1, TNF-α, INF-γ , IL-6 Mediate natural immunity
IL-1, TNF-α, IL-6 Initiate nonspecific inflammatory responses
IL-2, IL-4, IL-5, IL-12, IL-15, and TGF-β Regulate lymphocyte growth, activation, and differentiation
IL-2 and IL-4 Promote lymphocyte growth and differentiation
IL-10 and TGF-β Down-regulate immune responses
IL-1, INF-γ , TNF-α, and MIF Activate inflammatory cells
IL-8 Produced by activated macrophages and endothelial cells

Chemoattractant for neutrophils
MCP-1, MIP-α, and RANTES Chemoattractant for monocytes and lymphocytes
GM-CSF and G-CSF Stimulate hematopoiesis
IL-4 and IL-13 Promote macrophage fusion and foreign body giant cell formation

TABLE 7.7 Mechanisms of Immune Mediated Responses

Type Immune mechanism

TYPE I Anaphylactic IgE antibodies, produced by B cells, affect the immediate release of
basophilic amines and other mediators from basophils and mast cells
followed by the recruitment of other inflammatory cells

TYPE II Cytotoxic Formation and binding of IgG and IgM to antigens on target cell surfaces that facilitate
phagocytosis of the target cell or lysis of the target cell by activated complement components

TYPE III Immune complex Circulating antigen–antibody complexes activate complement
whose components are chemotactic for neutrophils that release enzymes
and other toxic mediators leading to cellular and tissue injury

TYPE IV Cell-mediated Sensitized T lymphocytes release cytokines and other mediators that lead to
(delayed) cellular and tissue injury

is the paracrine effect and an example is when IL-7 produced by bone marrow stromal cells promotes
the differentiation of B-cell progenitors in the bone marrow. The third way is when the cytokine affects
many cells systemically. This is the endocrine effect and an example is when circulating IL-1 and TNF-α
produce the acute-phase response during inflammation.

This brief and very limited overview of the humoral and cellular mediated immune responses due
to space limitations, now provides a basis for understanding mechanisms of immunologic tissue injury,
which is also called hypersensitivity reactions. Hypersensitivity reactions can be initiated either by the
interaction of antigen with humoral antibody or by cell-mediated immune mechanisms. Table 7.7 lists the
four types of hypersensitivity reactions together with a very brief description of their immune mechanism.
Type I hypersensitivity (anaphylactic) is generally defined as a rapidly developing immunologic reaction
occurring within minutes after the combination of an antigen with antibody bound to mast cells or baso-
phils in individuals previously sensitized to the antigen. Type II hypersensitivity (cytotoxic) is mediated by
antibodies directed toward antigens present on the surface of cells or other tissue components. Three dif-
ferent antibody-dependent mechanisms may be involved in this type of reaction: complement-dependent
reactions, antibody-dependent cell-mediated cytotoxicity, or antibody-mediated cellular dysfunction.
Type III hypersensitivity (immune complex mediated) reaction is induced by antigen-antibody com-
plexes that produce tissue damage as a result of their capacity to activate the complement system. Type IV
hypersensitivity (cell-mediated) reactions are initiated by specifically sensitized T lymphocytes. This reac-
tion includes the classic delayed-type hypersensitivity reaction initiated by CD4+ T cells and direct cell
cytotoxicity mediated by CD8+ T cells. Immunologic reactions that occur with organ transplant rejection
also offer insight into potential immune responses to tissue-engineered devices. Mechanisms involved
in organ transplant rejection include T cell-mediated reactions by direct and indirect pathways and
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antibody-mediated reactions. Immune responses may be avoided or diminished by using autologous or
isogeneic cells in cell/polymer scaffold constructs. The use of allogeneic or xenogenic cells incorporated
into the device require prevention of immune rejection by immune suppression of the host, induction
of tolerance in the host, or immunomodulation of the tissue-engineered construct. The development of
tissue-engineered constructs by immunoisolation using polymer membranes and the use of nonhost cells
have been compromised by immune responses. In this concept, a polymer membrane is used to encapsu-
late nonhost cells or tissues thus separating them from the host immune system. However, antigens shed
by encapsulated cells were released from the device and initiated immune responses [12,16,17].

Although exceptionally minimal and superficial in its presentation, the previously discussed humoral
and cell-mediated immune responses demonstrate the possibility that any known tissue-engineered con-
struct may undergo immunologic tissue injury. To date, our understanding of immune mechanisms and
their interactions with tissue-engineered constructs is markedly limited. One of the obvious problems is
that preliminary studies are generally carried out with nonhuman tissues and immune reactions result
when tissue-engineered constructs from one species are used in testing the device in another species.
Ideally, tissue-engineered constructs would be prepared from cells and tissues of a given species and
subsequently tested in that species. Whereas this approach does not guarantee that immune responses will
not be present, the probability of immune responses in this type of situation is markedly decreased.

The following examples provide perspective to these issues. They further demonstrate the detailed
and in-depth approach that must be taken to appropriately and adequately evaluate tissue-engineered
constructs or devices and their potential adverse responses.

Babensee et al. [18,19] have tested the hypothesis that the biomaterial component of a medical device,
by promoting an inflammatory response can recruit antigen-presenting cells (APCs, e.g., macrophages
and dendritic cells) and induce their activation, thus acting as an adjuvant in the immune response to
foreign antigens originating from the histological component of the device. Utilizing polystyrene and
polylactic-glycolic acid microparticles and polylatic-glycolic scaffolds together with their model antigen,
ovalbumin, in a mouse model for 18 weeks, Babensee et al. demonstrated that a persistent humoral
immune response that was Th2 helper T cell dependent, as determined by the IgG1, was present. These
findings indicated that activation of CD4+T cells and the proliferation and isotype switching of B-cells had
occurred. A Th1 immune response, characterized by the presence of IgG2a was not identified. Moreover,
the humoral immune responses for all three types of microparticles were similar indicating that the
production of antigen-specific antibodies was not material chemistry-dependent in this model. Babensee
suggests that the presence of the biomaterial functions as an adjuvant for initiation and promotion of the
immune response and augments the phagocytosis of the antigen with expression of MHC class II and
co-stimulatory molecules on APCs with the presentation of antigen to CD4+ T cells.

Cleland et al. [20] have shown the significance of the use of appropriate animal models in character-
izing protein/biodegradable polymer constructs. Utilizing biodegradable PLGA microspheres containing
recombinant human growth hormone (rhGH), they used Rhesus monkeys, transgenic mice expressing
hGH and normal control (Balb/C) mice in their in vivo studies. The Rhesus monkeys were used for serum
assays in determining growth hormone release as well as tissue responses to the injected microcapsule
formulations. Placebo injection sites were also used and a comparison of the injection sites from rhGH
PLGA microspheres and placebo PLGA microspheres demonstrated a normal inflammatory and wound
healing response with a normal focal foreign body reaction. To further examine the tissue response and
potential for immune reactions, transgenic mice were used to assess the immunogenicity of the rhGH
PLGA formulation. Transgenic mice expressing a heterologous protein have been previously used for
assessing the immunogenicity of sequence or structural mutant proteins [21]. With the transgenic anim-
als, no detectable antibody response to the rhGH was found. In contrast, the Balb/C control mice had a
rapid onset of high titer antibody response to the rhGH PLGA formulation.

Immunotoxicity is any adverse effect on the function or structure of the immune system or other
systems as a result of an immune system dysfunction. Adverse or immunotoxic effects occur when
humoral or cellular immunity needed by the host to defend itself against infections or neoplastic
diseases (immunosuppression) or unnecessary tissue damage (chronic inflammation, hypersensitivity
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or autoimmunity) is compromised. In vivo responses indicating immunotoxicity include histopathological
changes, humoral responses, host resistance, clinical symptoms, and cellular responses (T cells, natural
killer cells, macrophages, and granulocytes). The inflammatory response considered to be immunotoxic
is persistent chronic inflammation. It is this persistent chronic inflammation that is of concern as immune
granuloma formation and other serious immunological reactions such as autoimmune disease may occur.
In biological response evaluation, it is important to discriminate between the short-lived chronic inflam-
mation that is a component of the normal inflammatory and healing responses vs. long-term, persistent
chronic inflammation that may indicate an adverse immunological response.

Immunosuppression may occur when antibody and T cell responses (adaptive immune response)
are inhibited. A potentially significant consequence of this type of response is more frequent in seri-
ous infections resulting from reduced host defense. Immunostimulation may occur when unintended
or inappropriate antigen-specific or nonspecific activation of the immune system is present. From a
tissue-engineering perspective, antibody and cellular immune responses to a foreign protein may lead to
unintended immunogenicity. Enhancement of the immune response to an antigen by a biomaterial with
which it is mixed ex vivo or in situ may lead to adjuvancy that is a form of immunostimulation. This effect
must be considered when biodegradable controlled release systems are designed and developed for use as
vaccines. Autoimmunity is the immune response to the body’s own constituents that are considered in
this response to be autoantigens. An autoimmune response, indicated by the presence of autoantibodies
or T lymphocytes that are reactive with host tissue or cellular antigens may, but not necessarily, result in
autoimmune disease with chronic, debilitating and sometimes life-threatening tissue and organ injury.

Direct measures of immune system activity by functional assays are the most important types of tests for
immunotoxicity [22–25]. Functional assays are generally more important than tests for soluble mediators,
which are more important than phenotyping. Functional assays include skin testing, immunoassays
(e.g., ELISA), lymphocyte proliferation, plaque-forming cells, local lymph node assay, mixed lymphocyte
reaction, tumor cytotoxicity, antigen presentation, and phagocytosis. As with any type of test for biological
response evaluation, immunotoxicity tests should be valid and have been shown to provide accurate,
reproducible results that are indicative of the effect being studied and are useful in a statistical analysis.
This implies that appropriate control groups are also included in the study design.
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8.1 Introduction

The incorporation of polymeric scaffolds in tissue regeneration occurred in the early 1980s, and it con-
tinues to play a vital role in tissue engineering [1–3]. The function of a degradable scaffold is to act as
a temporary support matrix for transplanted or host cells so as to restore, maintain, or improve tissue.
Scaffolds may be created from various types of materials, including polymers. There are two main classes
of polymers, based upon their source: natural or synthetic. Polymeric scaffolds may be used to support a
variety of cells for numerous tissues within the body. The design of a polymeric scaffold plays a signific-
ant role in proper cell growth. Therefore, several important properties must be considered: fabrication,
structure, biocompatibility, biodegradability, and mechanical strength. This review will discuss natural
and synthetic polymers, as well as the properties that scaffolds exhibit.

8.2 Natural Polymers for Scaffold Fabrication

There are two major classes of natural polymers used as scaffolds: polypeptides and polysaccharides
(Table 8.1, Figure 8.1). Natural polymers are typically biocompatible and enzymatically biodegradable.
The main advantage for using natural polymers is that they contain bio-functional molecules that aid
the attachment, proliferation, and differentiation of cells. However, disadvantages of natural polymers
do exist. Depending upon the application, the previously mentioned enzymatic degradation may inhibit

8-1
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TABLE 8.1 Properties of Degradable Natural Homopolymers That Have Been Utilized in the Fabrication of Tissue
Engineering Scaffolds

Natural Curing Primary degradation Primary degradation
polymer method method products References

A Agarose Entanglement Enzymatic agarases Oligosaccharides [4,8]
B Alginate Cross-linking Alginate lyases Mannuronic acid and guluronic

acid
[4,10–13]

C Hyaluronic acid Entanglement Enzymatic
hyaluronidase

β(1–4) linked glucuronic acid
and glucosamine

[4,8,21,22]

D Chitosan Cross-linking Enzymatic chitosanase Glucosamines [4,8,22,25,26]
E Collagen Cross-linking Enzymatic collagenase

or lysozyme
Various peptides depending on

sequence
[8,31–33]

F Gelatin Entanglement Enzymatic
collagenases

Various peptides depending on
sequence

[4,8,13,22]

G Silk Entanglement Proteolytic proteases Various peptides depending on
sequence

[43]

function. Further, the rate of this degradation may not be easily controlled. Since the enzymatic activity
varies between hosts, so will the degradation rate. Therefore it may be difficult to determine the lifespan
of natural polymers in vivo. Additionally, natural polymers are often weak in terms of mechanical strength
but cross-linking these polymers have shown to enhance their structural stability.

8.2.1 Polysaccharides

8.2.1.1 Agarose

Agarose is a polysaccharide polymer extracted from algae (Table 8.1, Figure 8.1). Its molecular struc-
ture contains an alternating copolymer linkage of 1,4-linked 3,6 anhydro-α-l-galactose and 1,3-linked
β-d-galactose [4]. Agarose is water-soluble due to the presence of hydroxyl groups. Two agarose chains
interact with each other through hydrogen bonding to form a double helix. At low temperatures the agarose
chains form a thermally reversible gel. Thus, at high temperatures agarose gels may be made water-
soluble. Many of the properties of agarose gels, particularly strength and permeability, can be adjusted
by altering the concentration of agarose [4]. For example, low concentrations of agarose lead to a highly
porous entangled structure with limited mechanical strength. Agarose in its native state is enzymatically
degradable by agarases.

For tissue culture systems, agarose hydrogels are widely investigated because they permit growth of cells
and tissues in a three-dimensional suspension [5]. Agarose gels have been found to maintain chondrocytes,
the predominant cell type in cartilage, in culture for 2 to 6 weeks [6]. Furthermore, agarose hydrogels
embedded with chondrocytes allow the expression of type II collagen and proteoglycans [5,7]. These results
show promise for using agarose gels in cartilage repair. Additionally, agarose gels have been investigated
as a matrix for nerve regeneration [8,9]. Dorsal root ganglia (DRG), a neural cell, has been encapsulated
in agarose hydrogels. The influence of increasing porosity and incorporating charged biopolymers (e.g.,
chitosan) produced an increase in neurite extension of DRG isolated from chicks [9].

8.2.1.2 Alginate

Alginate is a naturally derived water-soluble polysaccharide obtained from algae (Table 8.1, Figure 8.1)
[4]. It is a polyanion composed of two repeating monomer units: β-d-mannuronate and α-l-guluronate
[10,11]. Alginate is readily degraded at the β(1–4) linkage site, located in between the monomer units,
by alginate lyases [10]. The physical and mechanical properties of alginate are dependent on the length
and proportion of the guluronate block within the chain. Due to alginate’s polyelectrolytic nature, it
readily forms into an ionotropic cross-linked hydrogel when exposed to divalent ions, the most common
being calcium ions [12,13]. Furthermore, alginate gels may be solubilized when these cations are removed
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FIGURE 8.1 Repeating structural unit of degradable natural homopolymers under investigation as scaffold materials
for tissue engineering applications. (*Collagen and gelatin have variable sequences, but are predominately glycine,
proline, and hydroxyproline. **Silks have a glycine rich sequence, with glycine repeating every second or third amino
acid residue. The variable residues are primarily alanine or serine.)

or sequestered. This ease in gel reversibility allows alginate to be especially useful for studies requiring
the retrieval of encapsulated cells. Alginate does not contain cellular recognition proteins, limiting cell
attachment to the natural polymer. By cross-linking alginate with poly(ethylene glycol)-diamine the
mechanical properties of alginate can be controlled and even improved [4].

A variety of different cells have been found to maintain their morphology in alginate scaffolds
[10,14–17]. The adhesion of fibroblasts in alginate sponges was found not to be affected by the porosity
of the scaffold [14]. Chondrocytes embedded in alginate proliferated and expressed type II collagen [18].
Hepatocytes, the functional cell in liver, were also found to grow in alginate scaffolds. When hepatocytes
were seeded in three-dimensional porous alginate, albumin was secreted, indicating proper cell function
[19]. Other types of cells studied in alginate include cardiomyocytes, rat marrow cells, and Schwann
cells [10,17,20].

8.2.1.3 Hyaluronic Acid

Hyaluronic acid (hyaluronan, HA) is a naturally occurring polysaccharide with a β(1–3) linkage of two
sugar units: d-glucuronate and N-acetyl-d-glucosamine (Table 8.1, Figure 8.1). Hyaluronic acid is an
abundant glycosaminoglycan within the extracellular matrix of tissues that promotes early inflammation
critical for wound healing [21]. Furthermore, hyaluronic acid is nonimmunogenic and nonadhesive,
making it an attractive option for biomedical applications. In dilute concentrations hyaluronic acid has a
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random coil structure that becomes entangled as its concentration increases [22]. Some disadvantages of
hyaluronic acid are that it is highly water-soluble and it degrades rapidly by enzymes, such as hyaluronidase.
However, when fabricated into a hydrogel, hyaluronic acid is often more stable [4,8,21].

Currently, an ester derivative of hyaluronic acid has been used as a tissue engineering scaffold [8,23,24].
Adipose precursor cells proliferated and differentiated in HA sponges [23,24]. Additionally, HA has been
used for osteochondral repair by incorporating mesenchymal progenitor cells, which differentiate into
osteoblasts and chondrocytes [8]. Furthermore, the interaction of chondrocytes embedded in HA has
resulted in the expression of collagen type II, forming a tissue similar to native cartilage [23].

8.2.1.4 Chitosan

Chitosan is a partially deacetylated derivative of chitin, found in the exoskeleton of crustaceans and insects
(Table 8.1, Figure 8.1). It is a linear polysaccharide composed of β(1–4) linked d-glucosamine with
randomly dispersed N-acteyl-d-glycosamine groups [4,22,25,26]. Less than 40% of chitosan is composed
of the N-acteyl-d-glycosamino group, which makes its molecular structure similar to glycosaminoglycans
[4,8]. Chitosan is easily degraded by enzymes such as chitosanase and lysozyme. Chitosan is catonic
with semi-crystalline properties of a high charge density. These attributes allow chitosan to be insoluble
above pH 7 and fully soluble below pH 5. At high pH solutions, chitosan can be gelled into strong fibers
[26]. Furthermore, hydrogels can also be formed by either ionic bonding or covalent cross-linking, using
cross-linking agents such as glutaraldehyde [4].

Chitosan is a well-defined matrix and as a porous scaffold, hepatocytes were found to maintain a
rounded morphology when cultured within chitosan scaffolds [27]. Results showed an increase in albumin
secretion as well as urea synthesis, vital metabolic activities of liver cells [27]. Additionally, cross-linking
chitosan gels with glutaraldehyde showed increased urea formation by hepatocytes [28]. Furthermore,
chitosan has shown promise as an orthopaedic scaffold. When a sponge form of chitosan was seeded
with rat osteoblasts, alkaline phosphatase production was detected, as well as bone spicules, indicating
initial bone formation [29]. Also, chitosan scaffolds were found to support chondrocyte attachment and
expression of extracellular matrix proteins [30].

8.2.2 Polypeptides

8.2.2.1 Collagen

Collagen is a major component of structural mammalian tissues (Table 8.1, Figure 8.1). Currently, 19
different types of collagen have been found, with the most abundant being type I collagen [31]. Collagen
is composed of three polypeptide chains that intertwine with one another to form a triple helix. The
polypeptide chains have a repeating sequence of glycine-X–Y, where X and Y are most often found to
be proline and hydroxyproline. The chains are held together through hydrogen bonding of the peptide
bond in glycine and an adjacent peptide carbonyl group [32]. The presence of adhesion domains allows
collagen to display an attractive surface for cell attachment [31]. Some drawbacks in collagen are its high
variability due to the numerous forms. Collagen is enzymatically biodegradable, and has a tendency to
degrade quickly, limiting its mechanical properties. Cross-linking collagen with glutaraldehyde decreases
its degradation rate [33].

Collagen naturally promotes healing wounds by promoting blood coagulation [31]. These attributes
allow collagen to be used as a scaffold for cells within the epithelium, such as fibroblasts and keratino-
cytes [34–36]. Type II collagen is suitable for attaching chondrocytes and aiding in their proliferation and
differentiation [37]. Additionally, rat hepatocytes attached onto collagen–chitosan scaffolds secreted albu-
min, which confirms cell function [38]. Furthermore, corneal keratocytes cultured on collagen sponges
synthesized proteoglycans, indicating corneal extracellular matrix formation [39].

8.2.2.2 Gelatin

Gelatin is a collagen derivative acquired by denaturing the triple-helix structure of collagen into
single-strand molecules (Table 8.1, Figure 8.1). It is water-soluble, and entangles easily to form into a
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gel through changes in temperature [4,13]. Gelatin is broken down enzymatically by various collagenases.
The primary form of a gelatin scaffold is a hydrogel. Stabilization of gelatin hydrogels occurs through
chemical cross-linking with agents such as glutaraldehyde [22].

Gelatin has been used to support cells for orthopaedic applications. Rat marrow stromal osteoblasts
encapsulated in gelatin microparticles retained their phenotype [40]. Also, porous gelatin scaffolds sup-
ported human adipose derived stem cell attachment and differentiation into a variety of cell lineages.
These constructs expressed a chondrogenic phenotype, indicated by the expression of hydroxyproline and
glycosaminoglycans, both of which are present in the extracellular matrix of cartilage [41]. Furthermore,
nonorthopaedic cell types, such as respiratory epithelial cells and cardiocyocytes, have been shown to
attach and form rounded morphologies in gelatin scaffolds [17,42].

8.2.2.3 Silk

Silks are fibers that have a protein polymer basis (Table 8.1, Figure 8.1) [43]. There are two main sources
of silks: spiders and silkworms. The primary structure of silks is a repetitive sequence of proteins that
are glycine-rich. The secondary structure of silks is a β-sheet, which allows silks to exhibit enormous
mechanical strength and is the primary reason for its strong interest as a scaffold. Most types of silks
undergo slow proteolytic degradation by proteases, such as chymotrypsin [43]. A drawback for using
silks is the potential formation of a granuloma as well as an allergic response. There has been a positive
attachment and growth response of fibroblasts on fibroin silks. And recently, osteoblasts seeded on silks
have displayed bone growth characteristics [44,45].

8.3 Synthetic Polymers for Scaffold Fabrication

Polymers that are chemically synthesized offer several notable advantages over natural-origin polymers.
A major advantage of synthetic polymers is that they can be tailored to suit specific functions and thus
exhibit controllable properties. Furthermore, since many synthetic polymers undergo hydrolytic degrad-
ation, a scaffold’s degradation rate should not vary significantly between hosts. The most common
synthetic polymers are polyesters. Other types include polyanhydrides, polycarbonates, and polyphos-
phazenes (Table 8.2, Figure 8.2). A significant disadvantage for using synthetic polymers is that some
degrade into unfavorable products, often acids. At high concentrations of these degradation products,
local acidity may increase, resulting in adverse responses such as inflammation or fibrous encapsulation
[8,46,47].

8.3.1 Polyesters

8.3.1.1 Poly(glycolic) Acid

Poly(glycolic) acid (PGA) is a linear aliphatic polyester in the family of poly(α-hydroxy esters) (Table 8.2,
Figure 8.2). It is formed by ring-opening polymerization of cyclic diesters of glycolide [46]. Due to
the crystallinity of glycolide, PGA is a highly crystalline polymer that has a high melting point (185 to
225◦C) and low solubility in organic solvents [47,48]. Further, PGA is hydrophilic and undergoes bulk
degradation, often leading to a sudden loss in mechanical strength. PGA degrades hydrolytically into
glycolic acid, which is metabolized in the body. An unfortunate attribute of glycolic acid is that at high
concentrations it lowers the pH of the surrounding tissue, causing inflammation and possible tissue
damage [46].

Poly(glycolic) acid polymers have been investigated as a scaffold to support various types of cell growth.
Bovine chondrocytes seeded on PGA scaffolds in vitro expressed sulfated glycosaminoglycans 25% more
than native cartilage [49]. In vivo results using a mouse model were comparable to these in vitro results.
Other studies seeded myofibroblasts and endothelial cells on a PGA fiber matrix. These cells persisted
and expressed elastic filaments and collagen, demonstrating the potential use of PGA scaffolds for heart
valve engineering [50]. Hepatocytes have also attached to PGA and initiated albumin synthesis [51]. Some
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TABLE 8.2 Properties of Degradable Synthetic Homopolymers That Have Been Utilized in the Fabrication of
Tissue Engineering Scaffolds

Synthetic Curing Primary degradation Primary degradation
polymer method method products References

A Poly(glycolic acid) Entanglement Ester hydrolysis Glycolic acid [8,46–48]
B Poly(l-lactic acid) Entanglement Ester hydrolysis Lactic acid [8,46–48,53]
C Poly(d,l-lactic

acid-co-glycolic acid)
Entanglement Ester hydrolysis Lactic acid and

glycolic acid
[8,48,57]

D Poly(caprolactone) Entanglement Ester hydrolysis Caproic acid [8,22,48,62–64]
E Poly(propylene fumarate) Cross-linking Ester hydrolysis Fumaric acid and

propylene glycol
[8,67–70]

F Polyorthoester Entanglement Ester hydrolysis Various acids
depending upon R
group

[8,22,57,71,72]

G Polyanhydride Entanglement Anhydride hydrolysis Various acids
depending upon R
group

[8,75,76]

H Polyphosphazene Entanglement Hydrolysis Phosphate and
ammonia

[8,79]

I Polycarbonate (tyrosine
derived)

Entanglement Ester and carbonate
hydrolysis

Alkyl alcohol and
desaminoyrosyl-
tyrosine

[53,83,84]

J Poly(ethylene glycol)/
Polyethylene oxide

Entanglement Nondegradable Not applicable [4,8,32,86–91]

K Polyurethane Cross-linking Ester, urethane, or
urea hydrolysis

Diisocyanate and diols [47,94–96]

investigations have coated PGA with other poly(α-hydroxy esters). Results with these scaffolds have shown
that smooth muscle and endothelial cell growth may be supported [52].

8.3.1.2 Poly(L-lactic) Acid

Poly(l-lactic) acid (PLLA) is one of two isomeric forms of poly(lactic acid): d(−) and d,l(−) (Table 8.2,
Figure 8.2). Similar to PGA, PLLA is classified as a linear poly(α-hydroxy acid) that is formed by ring-
opening polymerization of l-lactide [53]. PLLA is structurally similar to PGA, with the addition of a
pendant methyl group. This group increases the hydrophobicity and lowers the melting temperature to
170 to 180◦C for PLLA [48]. Additionally, the methyl group hinders the ester bond cleavage of PLLA,
and thus decreasing the degradation rate [46]. PLLA typically undergoes bulk, hydrolytic ester-linkage
degradation, decomposing into lactic acid. The body is thought to excrete lactic acid in the form of water
and carbon dioxide via the respiratory system [47,53]. The hydrophobic nature of PLLA allows for protein
absorption and cell adhesion making them suitable as scaffolds.

In recent investigations, results have shown that the hydrophobic surface of PLLA has resulted in
decreased adhesion of cells compared to other types of polymers, such as PGA [54]. However, PLLA
has been found to support various cell types. Nerve stem cells seeded in PLLA fibers differentiated and
expressed positive cues for neurite growth for potential regeneration of neurons [55]. Furthermore, human
bladder smooth muscle cells seeded onto PLLA scaffolds also exhibited normal metabolic function and
cell growth [16]. There has been similar work done with chondrocytes. The tissue engineered cartilage
showed collagen, glycosaminoglycan, and elastin expression, vital for extracellular matrix formation [56].

8.3.1.3 Poly(D,L-lactic acid-co-glycolic acid)

Poly(glycolic acid) and poly(lactic acid) can be copolymerized to form poly(d,l-lactic acid-co-glycolic
acid) (PLGA) (Table 8.2, Figure 8.2). This copolymer is amorphous, which decreases the degradation
rate and mechanical strength of PLGA compared to PLLA. PLGA typically undergoes bulk degradation
by ester hydrolysis. The degradation rate of PLGA can be controlled by adjusting the ratio of PLLA/PGA.
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FIGURE 8.2 Repeating structural unit of degradable synthetic homopolymers under investigation as scaffold
materials for tissue engineering applications.

However, it is important to note that the copolymer composition is not linearly related to the mechanical
and degradation properties of PLGA. For example, a 50 : 50% ratio of PGA and PLLA typically degrades
faster than either homopolymer [48,57].

PLGA has been extensively researched as a tissue engineering scaffold and shown to support the growth
of a variety of cell types. For instance, PLGA can facilitate human foreskin fibroblasts to regenerate
an extracellular matrix [8]. Similar studies has been conducted with chondrocytes and osteoblastic cells
[54,58]. Osteoblastic cells seeded on PLGA scaffolds expressed collagen, fibronectin, laminin, and a variety
of other extracellular matrix proteins, indicating proper cell function. Furthermore, PLGA promoted
smooth muscle cell growth as well as the production of collagen and elastin [59]. Similar works showed
enhancement of axon regeneration by murine neural cells seeded on PLGA scaffolds [60]. Additionally, an
epithelial layer has been formed on PGLA by seeded enteroctyes derived from intestinal epithelial cells [61].

8.3.1.4 Poly(ε-caprolactone)

Poly(ε-caprolactone) (PCL) is a aliphatic polyester with semi-crystalline properties (Table 8.2, Figure 8.2).
PCL has repeating unit of one ester group and five methylene groups. It is highly water-soluble with a
melting temperature of 58 to 63◦C [22,48]. PCL is formed through ring-opening polymerization, forming
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a degradable ester linkage. The degradation of PCL occurs by bulk or surface hydrolysis of these ester
linkages, resulting in a byproduct of caproic acid. PCL degrades at a slow rate with results showing that it
can persist in vivo for up to 2 years [48]. To increase the degradation rate, PCL has been copolymerized
with collagen, poly(glycolic acid), and poly(lactic acid), polyethylene oxide [62–64]. The ease with which
PCL can be copolymerized with a variety of polymers has made it an attractive component of polymeric
scaffolds.

PCL has been investigated as a stabilizing polymer on PGA scaffolds to aid in the formation of spherical
aggregates by human biliary epithelial cells (hBEC). These hBECs proliferated on the synthetic scaffold and
expressed phenotypic proteins, indicating cell stability [63]. Further studies of PCL as a homopolymer
has been demonstrated to support human osteoblast and dermal fibroblast cell viability [65,66]. The
results with osteoblasts on porous PCL has shown a production of alkaline phosphatase, a marker of
bone mineralization [65]. Also, dermal fibroblasts on mechanically stretched PCL films proliferated and
maintained their rounded morphology [66].

8.3.1.5 Poly(propylene fumarate)

Poly(propylene fumarate) (PPF) is a linear polyester with a repeating unit containing two ester groups and
one unsaturated carbon–carbon double bond (Table 8.2, Figure 8.2). The hydrolysis of the ester bonds in
PPF, forms fumaric acid and propylene glycol as the two primary degradation products. Covalent cross-
linking of PPF through its double bond allows cured PPF to possess significant compressive and tensile
strength. Furthermore, this cross-linking aids in the formation of a synthetic scaffold in situ [67,68].
Cross-linked PPF is a potential orthopaedic, especially bone, engineering material due to the strength
that it exhibits [67]. Additional research has also been conducted with PPF copolymerized with PEG
(PPF-co-PEG). This hydrophilic copolymer has been shown to support endothelial cell attachment and
proliferation [69,70].

8.3.1.6 Polyorthoester

A family of surface eroding polyorthoesters (POE) has been synthesized and studied for tissue engineering
applications (Table 8.2, Figure 8.2). One particular form of POE has been considered as a scaffold. This
type of POE is created by reacting ketene acetals with diols [71]. The hydrophobic nature of POE’s surface
allows this polymer to undergo primarily surface degradation [8,72]. By incorporating short acid groups,
such as glycolic or lactic acid, the degradation rate of the copolymer can be controlled [72]. Furthermore,
the hydrolysis of the orthoester linkages in POE is mostly sensitive to acids and is stable in bases [22,57].

The surface eroding characteristics of POE has led to the research of this polymer for bone reconstruc-
tion [8,73]. Surface degradation allows a scaffold to sustain mechanical support for the surrounding tissue
since the bulk of the material remains structurally intact. In other studies, hepatocytes were grafted onto
polyorthoesters and adhered to the surface of the synthetic scaffold [74].

8.3.2 Other Synthetic Polymers

8.3.2.1 Polyanhydride

Polyanhydrides are a class of hydrophobic polymers containing anhydride bonds, which are highly
water-reactive (Table 8.2, Figure 8.2) [75]. Polyanhydrides are also crystalline polymers, with a melt-
ing temperature of approximately 100◦C [76]. Aliphatic polyanhydrides are synthesized by a dehydration
reaction between diacids. The instability of the anhydride bond allows polyanhydrides to degrade within
a period of weeks. The degradation rate is predictable for polyanhydrides and can be altered through
changes in the hydrophobicity of the diacid building blocks [76]. Polyanhydrides are generally thought to
degrade following a surface degradation mechanism.

Similar to polyorthoesters, polyanhydrides have been investigated primarily for orthopaedic applic-
ations. However, the modest Young’s Modulus for entangled polyanhydride networks has limited their
application in weight-bearing environments [47]. This limitation resulted in further studies involving the
formation of cross-linked polyanhydrides networks with incorporated imides [53,77]. Scaffolds formed
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from these networks possess significant mechanical properties, such as compressive strength (30–60 MPa),
which are in the intermediate range of cortical and trabecular human bone (5–150 MPa) [47,76–78].

8.3.2.2 Polyphosphazene

Polyphosphazenes are a class of polymers formed from an inorganic backbone containing nitrogen and
phosphorous atoms (Table 8.2, Figure 8.2). Polyphosphazene is hydrophobic and typically undergoes
hydrolytic surface degradation into phosphate and ammonium salt byproducts. There are a variety of
polyphosphazenes that may be synthesized, due to the numerous types of hydrolytically labile substituents
that can be can be added to the phosphorous atoms [79]. These viable substituents allow the properties
of polyphosphazenes to be extremely controllable. Nevertheless, most polyphosphazenes display a slow
degradation rate in vivo [79].

A number of different polyphosphazenes have been synthesized for use as tissue engineering
scaffolds. Due to its high strength and surface degradation properties, it has been particularly invest-
igated as an orthopaedic biomaterial [80]. Osteoblast cells that support skeletal tissue formation has
been seeded and proliferated on a three-dimensional polyphosphazene scaffold [81]. Additionally,
poly(organo)phosphazenes has been studied as scaffolds for synthetic nerve grafts in peripheral nerve
regeneration [82].

8.3.2.3 Polycarbonate

Tyrosine-derived polycarbonate (P(DTR carbonate)) is an amorphous polycarbonate widely studied for
biomedical applications (Table 8.2, Figure 8.2). The linear chain of P(DTR carbonate) contains a pendant
R group, allowing it to be easily modified [83]. Further, P(DTR carbonate) has three bonds susceptible
to hydrolytic degradation: amide, carbonate, and ester [53,83]. The carbonate and ester bonds readily
degrade, with the former typically having a faster degradation rate. Nevertheless, the overall degradation
time for P(DTR carbonate) can be months to years [84]. The ester bond degrades into carboxylic acid
and alcohol, while the carbonate bond releases two alcohols and carbon dioxide [83]. The amide has been
found to be relatively stable in vitro [83]. Overall, P(DTR carbonate) undergoes bulk degradation and its
mechanical properties are determined by the pendant group [53,83].

The slow degradation rate of polycarbonates has led to its investigation in orthopaedic tissue engineering
applications. Additionally, P(DTR carbonate) elicits a response for bone ingrowth at the bone-polymer
implant interface, supporting the use of P(DTR carbonate) as a bone scaffold [84]. Recent studies have
shown that osteoblast cells do attach to the surface of P(DTR carbonate). Results indicate that these
osteoblasts maintained their phenotype and rounded cell morphology [85].

8.3.2.4 Poly(ethylene glycol)/Poly(ethylene oxide)

Poly(ethylene glycol) (PEG) is generally a linear-chained polymer consisting of an ethylene oxide repeating
unit (–O–CH2–CH2)n (Table 8.2, Figure 8.2). Poly(ethylene oxide) (PEO) has the same backbone as PEG,
but an longer chain length and thus a higher molecular weight [86,87]. PEG is hydrophilic and synthesized
by a anionic/cationic polymerization [4,8]. The ability of PEG to act as a swelling polymer has primarily
led to its function as a hydrogel, and in some instances as an injectable hydrogel. Unfortunately, the
linear chain form of PEG leads to rapid diffusion and low mechanical stability [8]. PEG networks may
be created by attaching functional groups to the ends of the PEG chain and then initiating covalent
cross-linking [8,32,87–90]. PEG is naturally nondegradable. However, PEG may be made degradable by
copolymerization with hydrolytically or enzymatically degradable polymers [91].

The ease with which PEG may be modified, whether with cross-linkable groups for network formation
or degradable groups for resorbable applications, has probably led to the widespread interest in PEG for
tissue engineering or other biomedical applications. For example, PEG has been copolymerized with PLGA
as well as alginate to form hydrogels. Results have shown that DNA content of chondrocytes proliferation
on copolymerized PLGA-PEG increases as the percentage of degradable components becomes higher [92].
Similarly, islets of Langerhans in alginate–PEG hydrogels retained their viability and expressed function
through insulin excretion [93].
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8.3.2.5 Polyurethane

Recent investigations have developed polyurethane polymers as scaffold materials. Polyurethane is an
elastomeric polymer that is typically nondegradable (Table 8.2, Figure 8.2). Positive attributes, such as
flexible mechanical strength and biocompatibility, has led to the synthesis of degradable polyurethanes
with nontoxic diisocyanate derivatives [47,94–96]. Studies have shown that polyurethane scaffolds support
cell attachment with chondrocytes, bone marrow stromal cells, and cardiomyocytes [96–98].

8.4 Scaffold Design Properties

8.4.1 Fabrication

There are two main considerations in the assembly of a polymeric tissue engineering scaffold. First is
the curing method, or the method by which the polymer is assembled into a bulk material. Second is
the fabrication strategy. The chemical nature of the polymer often determines both the curing method
and fabrication strategy. There are two main curing methods: polymer entanglement and polymer cross-
linking. Entanglement usually involves intertwining long, linear polymer chains to form a loosely bound
polymer network. An advantage of this type of method is that it is simple, allowing the polymer to
be molded into a bulk material using heat, pressure, or both. However, a disadvantage of this process
is that the bulk material sometimes lacks significant mechanical strength. The second curing method
is cross-linking, which involves the formation of covalent or ionic bonds between individual polymer
chains. Typically either a radical or ion is needed to promote cross-linking along with an initiator, such as
heat, light, chemical accelerant, or time. The advantages of cross-linked polymers are that they often have
significant mechanical properties. Furthermore, cross-linked polymers may be injected into a tissue defect
and cured in situ. However, one major disadvantage is the possible cytotoxicity issues with cross-linking
systems. The multiple components used by cross-linking polymers as well as the necessary chemical
reaction may lead to the use of cytotoxic components or the formation of cytotoxic reaction byproducts.

There are two basic strategies of polymeric scaffold fabrication: prefabrication and in situ. Prefabrication
structures are cured before implantation. This strategy is often preferred since it is formed outside the body,
allowing the removal of cytotoxic and nonbiocompatible components prior to implantation. However, the
notable disadvantage of prefabricated scaffolds is that it may not properly fit in a tissue defect site,
causing gaps between the engineered graft and the host tissue. These void spaces may lead to undesirable
results, including fibrous tissue formation. Therefore, the deficiencies of prefabricated scaffolds have led to
investigations toward in situ fabrication of a scaffold, which involves curing of a polymeric matrix within
the tissue defect itself. The deformability of an in situ fabricated matrix creates an interface between the
scaffold and the surrounding tissue, facilitating tissue integration [99]. Furthermore, the implantation
of an in situ fabricated scaffold may require as little as a narrow path for injection of the liquid scaffold,
allowing minimally invasive surgery techniques to be utilized. A disadvantage of in situ fabrication of
scaffolds is that the chemical or thermal means of curing the polymer can significantly affect the host
tissue as well as any biological component of the engineered graft.

8.4.2 Micro-Structure

Tissue regeneration through cell implantation in scaffolds is dependent on the micro-structure of the
scaffold. Since most cells are anchorage dependent, the scaffold should possess properties that aid cell
growth and facilitate attachment of a large cell population [46,100]. To this end, a large scaffold surface
area is typically favorable. Furthermore, highly porous scaffolds allow for an abundant number of cells to
infiltrate the scaffold’s void space. Similarly, the continuity of the scaffold’s pores is important for proper
transport of nutrients and cell migration. It is also generally advantageous for scaffolds to possess a large
surface area to volume ratio. This ratio promotes the use of small diameter pores that are larger than
the diameter of a cell. However, high porosities compromise the mechanical integrity of the polymeric
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scaffold. Clearly, balancing a scaffold’s surface area, void space, and mechanical integrity is a necessary
challenge that must be overcome in the construction of viable tissue engineering scaffolds.

Additionally, a polymer’s effectiveness as a scaffolding material is dependent on its interaction with
transplanted or host cells. Thus the polymer’s surface properties should facilitate their attachment, pro-
liferation, and (possible) differentiation. A strong cell adhesion favors the proliferation of cells, while a
rounded morphology promotes their differentiation [46]. The hydrophilic nature of some polymers pro-
motes a highly wettable surface and allows cells to be encapsulated by capillary action [101]. Furthermore,
cellular attachment and function on polymeric scaffolds may be enhanced by providing a biomimetic
surface through the incorporation of proteins and ligands.

8.4.3 Macro-Structure

A scaffold can be formed into a number of different macro-structures including, fiber meshes, hydrogels,
and foams. Fiber meshes are formed by weaving or knitting individual polymeric fibers into a three-
dimensional structure and are attractive for tissue engineering as they provide a large surface area for cell
attachment [48]. Furthermore, a fiber mesh scaffold structure mimics the properties of the extracellular
matrix, allowing the diffusion of nutrients to cells and waste products from cells. A disadvantage to this
form is the lack of structural stability. However, fiber bonding, which involves bonding at fiber cross
points, has been introduced to create a more stable structure [46,48,102].

Hydrophilic polymers are often formed into hydrogels by physical polymer entanglements, secondary
forces, or chemical cross-linking [13,87]. The significant property of hydrogels is their ability to absorb a
tremendous amount of water, up to a thousand times their own dry weight [13]. This aqueous environ-
ment, ideal for cell encapsulation and drug loading, has encouraged many investigations into hydrogels for
biomedical applications. Hydrogels are generally easy to inject or mold, and therefore are often incorpor-
ated into strategies involving minimally invasive surgical techniques [32]. Some drawbacks to hydrogels
are that they lack strong mechanical properties and they are difficult to sterilize [13,32].

Foam and sponge scaffolds provide a macro-structural template for the cells to form into a three-
dimensional tissue structure. There are several different processing techniques for porous constructs,
including phase separation, emulsion freeze drying, gas foaming, and solvent casting/particulate leaching
[46,103–105]. A recent technology that has become of interest in tissue engineering is rapid prototyping or
solid freeform fabrication. These techniques are quite exciting since they allow for the precise construction
of scaffold architecture, often based upon a computer-aided design model [106]. The most appropriate
scaffold macro-structure is dependent on the type of the polymer utilized and the application (tissue) of
interest.

8.4.4 Biocompatibility

One of the most essential properties of an engineered construct is its biocompatibility, or ability to not
elicit a significant or prolonged inflammatory response. It is important to know that any injury will elicit
some inflammatory response, and this is certainly true with the implantation of a polymeric scaffold.
However, this response should be limited and not prolonged.

When a polymeric scaffold is implanted in a tissue, there is typically a three-phase tissue response
[107–109]. Phase I incorporates both acute and chronic inflammation, which occurs in a short period of
time (1 to 2 weeks). Phase II involves the granulation of tissue, a foreign body reaction, and fibrosis. The
rate of phase II is primarily dependent on the degradation rate of the polymeric scaffold. Finally, the fastest
step, phase III is when the bulk of the scaffold is lost. These phases are directly influenced by the properties
of the polymeric scaffold. Therefore, it is important to evaluate a variety of scaffold properties including
synthesis components, fabrication, micro-structure, and macro-structure. It is a general thought that as
the complexity of a scaffold system increases, the more likely it will result in a significant response by the
body [73].
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8.4.5 Biodegradability

Most polymeric scaffolds are designed to provide temporary support and, therefore to be biodegradable.
Therefore, the degraded products of the scaffold must have a safe route for removal from the host. The rate
of degradation is often affected by the properties of the polymeric scaffold including synthesis components,
fabrication, micro-structure, and macro-structure. Most investigations intend for the scaffold degradation
rate to closely follow the rate of tissue repair [22,46]. However, this intention may be difficult to implement.
An alternative approach is to design the scaffold’s degradation rate so that it is quicker than the rate of
degradation product removal, in an effort to minimize negative host responses.

There are two types of degradation: surface and bulk [110]. Surface degradation of a scaffold is charac-
terized by a gradual decrease in the dimensions of the scaffold with no change in its mechanical attributes.
At a critical point during surface degradation, both size and mechanical properties of the scaffold decrease
rapidly. Bulk degradation is characterized by loss of material throughout the scaffold’s volume during
degradation. Thus, mechanical strength decreases during bulk degradation and is dependent on the
degradation rate. Since bulk degradation maintains an intact surface, it may facilitate cell adhesion to a
greater extent than surface eroding scaffolds. Natural polymers mainly undergo surface degradation, since
enzymes are generally too large to penetrate into the bulk of the scaffold. However, synthetic polymers
can degrade by surface, bulk, or both, depending on its composition.

8.4.6 Mechanical Strength

Since many tissues undergo mechanical stresses and strains, the mechanical properties of a scaffold should
be considered. This is especially true for the engineering of weight-bearing orthopaedic tissues. In these
instances, the scaffold must be able to provide support to the forces applied to both it and the surrounding
tissues. Furthermore, the mechanical properties of the polymeric scaffold should be retained until the
regenerated tissue can assume its structural role [111]. In cases where mechanical forces are thought to be
required for cell growth and phenotype expression, a scaffold which displays surface eroding properties
may be preferred. Alternatively, hydrophobic polymers tend to resist water absorption and thus sustain
their strength longer than hydrophilic polymers.

8.5 Summary

Tissue engineering has emerged as a growing field for restoring, repairing, and regenerating tissue. Poly-
meric scaffolds especially have a profound impact on the possibilities of tissue engineering by providing
structure for the attachment, proliferation, and differentiation of transplanted or host cells. These con-
structs have led to exciting and novel clinical options for the repair of tissues, including but not limited
to skin, bone, cartilage, kidney, liver, nerve, and smooth muscle. To this end, scaffold properties must be
carefully considered for the intended application. Most importantly, the polymeric scaffold must allow
invading cells to express proper functionality of the tissue being formed. Thus, tissue engineering research
is continuously trying to enhance polymeric scaffold properties to form tissue that closely resembles the
native tissue.
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9.1 Introduction

In reconstructive surgery, repair and regeneration of large bone defects is a major challenge. The use of
autologous bone is still the gold standard, although concomitant problems as donor site morbidity and
limited supply have resulted in worldwide endeavors for the development of bone graft substitutes. Each
potential substitute, including tissue engineering approaches with delivery of osteogenic cells or osteoin-
ductive macromolecules, or both is based on an appropriate scaffold biomaterial that is biocompatible,
allows bone ingrowth and shows subsequent degradation of the material. In view of this, a biomaterial
used for tissue replacement shows by preference a resemblance with the inorganic or organic components
of the tissue, or both, to be substituted.

Bone tissue is a living organ composed of an organic and an inorganic component. The organic
substance (approx. 1

4 to 1
3 of total dry bone weight) consists of more than 90% of collagen and only for

a small fraction of cells (2%) and noncollagenous proteins (5%). The inorganic bone mineral (approx.
2
3 to 3

4 of total dry bone weight) is composed of specific phases of calcium phosphate (Ca-P), especially
carbonate rich hydroxyapatite (HA). In biologically carbonated HA, PO4 is substituted by CO3 (so-called
type B carbonation). Biological HA also contains other impurity ions as Cl, Mg, Na, K, and F and

9-1
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FIGURE 9.1 X-ray diffraction (XRD) pattern of bone, HA and β-tricalcium phosphate, clearly indicating the
similarity between HA and bone.

trace elements like Sr and Zn [1]. The apatite in bone mineral is composed of small platelet-like crystals
of just 2 to 4 nm in thickness, 25 nm in width, and 50 nm in length [2].

Together with the — organic — collagenous materials, Ca-P materials are among the few biomaterials
that show high similarity to natural tissue. Ca-P biomaterials resemble the mineral phase of bone to a
higher or lesser extent, depending or their stoichiometry and crystallinity (Figure 9.1). In general, Ca-P
biomaterials are crystalline ceramics characterized by a high biocompatibility, the ability of direct bone
bonding and osteoconduction, and a variable resorbability. Since the early seventies, Ca-P ceramics are
clinically used in dentistry, followed by surgical specialties in the eighties. The various available Ca-P
materials differ in their origin (naturally derived or synthetic), chemico-physical composition (calcium
to phosphate ratio, crystallinity, [micro]porosity) and preparation process (prefabricated blocks and
granules, coatings on other biomaterials, self setting cements and composite materials). In this review, the
essential Ca-P characteristics, differences between various Ca-P biomaterials, and proceedings in Ca-P
ceramic bone tissue engineering research will be discussed.

9.2 Chemico-Physical Properties of Calcium Phosphate
Ceramics

Calcium phosphate (Ca-P) compounds exist in several phases. Discern can be made regarding (1). The
crystallinity of various compounds (amorphous vs. various crystalline Ca-P phases), (2). eventual heat
treatment of the materials (sintering), and (3). the calcium to phosphate ratio.

9.2.1 Crystallinity

Amorphous Ca-P (ACP) is the first solid phase to appear in solution containing high concentrations
of calcium and phosphate. ACP lacks the orderly internal structure of crystalline Ca-P compounds and
typically has a spherical morphology [3]. Chemically, it has a Ca : P ratio of around 1.5 and is characterized
by the absence of diffraction peaks on x-ray diffraction (XRD) patterns. ACP is unstable in aqueous fluids
and transforms into crystalline phases such as octacalciumphosphate (OCP) and apatite. Heating of ACP
also results in conversion to poorly crystallized apatite (600◦C), β-TCP (800◦C, dry heat), or HA (800◦C,
humid heat) [4]. Therefore, ACP should be considered as a precursor for crystalline Ca-P compounds.
There has been, and still is, considerable debate whether or not ACP is substantially present in skeletal
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tissue. For example, Transmission Electron Microscope (TEM) analysis has never revealed conclusive
evidence for the presence of ACP in bone mineral [3].

Other phases of Ca-P than ACP reveal a crystalline structure with characteristic peaks on XRD analysis.
There is a broad range in crystal morphology depending on composition and preparation characteristics
such as temperature, pH, impurity, and the presence of macromolecules. Impurities, as commonly occur
in bone mineral, greatly influence crystallinity (reflecting crystal size and crystal strain) but depend on
the type of substitution. For example, type B carbonated apatite (CO3 for PO4 substitution) has a lower
crystallinity and increased solubility, whereas F substitution (F for OH) give the opposite effects due to a
better fit of the F− ion in the apatite crystal structure.

9.2.2 Sintering

Sintering is the key step in processing of the majority of ceramic materials and conventionally consists of
two separate phases: compacting the initial powder and heating the compacted powder up to temperatures
only a little lower than their melting points. Thereby, atoms and molecules are set in rapid motion, and
the particles coalesce. Fusion of the crystals reduces the porosity and increases the strength and density
of the final ceramic product. Currently, several sintering techniques are available, such as continuous
hot pressing, microwave sintering, pressureless sintering, and plasma sintering. Obviously, chemical
composition of initial powders as well as variation of pressure and temperature influence final structure
and composition of the sintered product.

9.2.3 Stoichiometry

The quantitative relationship (stoichiometry) of calcium to phosphate in Ca-P salts is essential for sev-
eral material characteristics as strength, solubility, and crystal structure. Table 9.1 lists the main Ca-P
compounds for biomedical applications. From a crystallographic point of view, the most stable form of
Ca-P has a Ca : P ratio of 1.67 (hydroxyapatite). With a decrease of the Ca to P ratio, other Ca-deficient
phases occur like tricalcium phosphate (TCP, Ca : P ratio 1.50), octacalcium phosphate (OCP, Ca : P ratio
1.33), dicalcium phosphate anhydrous (DCPA or Monetite, Ca : P ratio 1.00), and dicalcium phosphate
dihydrate (DCPD or Brushite, Ca : P ratio 1.00). Most of these calcium deficient compounds are used as
raw material for sintering procedures for ceramics, or as ingredients for example, Ca-P cements. TCP and
HA will be discussed more in detail, since these materials are most used for biomedical applications.

9.2.3.1 TCP (Ca3(PO4)2)

Tricalcium phosphate (TCP) has a Ca : P ratio of 1.5, similar to the amorphous biologic precursors of bone
[5]. It can be prepared by sintering Ca deficient apatite (Ca : P ratio 1.5). TCP is a polymorph ceramic and
exhibits two phases (α- and β-whitlockite), known as α- and β-TCP. Variation in sintering temperature and
humidity determine, which phase is being formed; α-TCP occurs at dry heat >1300◦C and subsequent
quenching in water [4]. Solubility and resorbability of both forms is much higher compared to HA.
However, α-TCP is unstable in water and reacts to produce HA. α-TCP is used mainly as a compound

TABLE 9.1 Ca-P Compounds, Names, Formulas, and Ca : P Ratios

Ca/P Formula Name/mineral Abbreviation

0.5 Ca(H2PO4)2 ·H2O Monocalcium phosphate monohydrate MCPM
1.0 CaHPO4 · 2H2O Hydrated calcium phosphate/brushite DCP
1.0 CaHPO4 Anhydrous calcium phosphate/Monetite ADCP
1.33 Ca8H2(PO4)6 · 5H2O Octacalcium phosphate OCP
1.5 Ca3(PO4)2 Tricalcium phosphate/whitlockite TCP
1.67 Ca10(PO4)6(F)2 Fluorapatite FA
1.67 Ca10(PO4)6(OH)2 Hydroxylapatite HA
2.0 CaO · Ca3(PO4)2 Tetracalcium phospate/hilgenstockite TTCP
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of some Ca-P cements. β-TCP is less soluble and less reactive than α-TCP. It is used pure as bone substitute,
and in combination with HA (biphasic Ca-P ceramic). Due to its solubility, dissolution and reprecipit-
ation occur in vivo. This results in gradual phase transition into carbonated apatite, and resorption by
macrophages, giant cells, and osteoclasts.

9.2.3.2 Hydroxyapatite (Ca10(PO4)6(OH)2)

Hydroxyapatite (HA) is the term commonly used for calcium hydroxyapatite Ca10(PO4)6(OH)2, the most
stable form of Ca-P under physiological pH and body temperature. With fluorapatite and chlorapatite,
hydroxyapatite forms the group of apatite minerals that share a similar hexagonal monoclinic crystal
structure and the general formula A10(PO4)6(OH,F,Cl)2. The A cation can be several metal ions besides
calcium, such as barium, strontium, and magnesium. The phosphate anion can be substituted by a
carbonate anion to a limited extent.

HA has a Ca : P ratio of 1.67 which is similar to bone mineral. It can be prepared by sintering of
precipitated Ca-P salts in a Ca : P ratio of 1.67 at temperatures above 1000◦C. Pure HA is hardly soluble
under physiological conditions. Impurities like substitution of Ca2+ by other metal ions cause variation
in solubility and crystal size due to the differences in ionic radius. With respect to mechanical strength,
pure HA materials are superior to other Ca-P materials. In vivo, however, pure HA hardly shows any
cellular resorption by macrophages, giant cells or osteoclasts unless the particle size is small enough for
phagocytosis. As a consequence, HA should be considered as nonresorbable whereas other compositions
such as β-TCP show substantial dissolution and resorption.

9.2.4 Strength

Biomechanical properties are a considerable concern in the use of Ca-P ceramics. Compressive strength of
cortical and trabecular bone varies, depending on the bone density, from 130 to 180 MPa and 5 to 50 MPa
respectively. For tensile strength these values fluctuate from 60 to 160 MPa and 3 to 15 MPa respect-
ively. Dense sintered Ca-P ceramics may reach compressive strengths much higher than cortical bone
(300–900 MPa), whereas tensile strengths similar and higher than cortical bone (40–300 MPa) have been
reported [6]. Problem, however, is that ceramics do not exhibit substantial elastic or plastic deformation
before fracturing. Due to the lack of ductility, virtually all Ca-P ceramics are brittle. The brittleness can be
explained by the atomic structure of ceramics. Elasticity is manifested as small reversible changes in the
interatomic spacing and stretching of interatomic bonds. Plastic deformation corresponds to breaking of
existing bonds and reforming of bonds with new neighboring atoms. In crystalline materials, this occurs
in planes by means of atomic slip. As a consequence of the electrically charged nature of the ions, both
elastic and plastic deformations in ceramics are limited. The brittleness of ceramics is further enhanced
by very small and omnipresent flaws in the material. These microcracks result in local amplification of
applied tensile stresses and cause a relatively low fracture strength.

Due to the inferior biomechanical properties, Ca-P ceramics are less suitable for clinical application
under weight-bearing conditions compared to, for example, metallic or polymeric biomaterials. Obvi-
ously, mechanical properties of porous ceramics deteriorate even further with an increasing porosity.
Nevertheless, compressive strengths similar to trabecular bone have been reported [7].

9.2.5 Porosity

Cortical bone has pores ranging from 1 to 100 µm (volumetric porosity 5 to 10%), whereas trabecular
bone has pores of 200 to 400 µm (volumetric porosity 70 to 90%). Porosity in bone provides space for
nutrients supply in cortical bone and marrow cavity in trabecular bone. As mentioned in the previous
paragraph, porosity is devastating for mechanical properties of Ca-P ceramics. On the other hand, it
is known that porosity enhances degradation of Ca-P ceramics and determines the nature of ingrow-
ing tissue. Consequently, this delicate equilibrium depends on more factors than mechanical material
properties alone, that is, application site (vascularization, weight loading, defect dimensions), biological
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material properties (biocompatibility, osteoconductivity, and degradation) and other aspects as pore
geometry and the use of tissue engineering strategies (addition of osteogenic cells or bioactive factors).
Therefore, no general optimal pore size and architecture for all applications and biomaterials can be
given.

9.2.5.1 Microporosity

Microporosity covers pores sizes smaller than — an arbitrary — 5 µm: too small for penetration an
ingrowth of cells, but sufficient for penetration of fluids. Crystalline Ca-P materials intrinsically exhibit,
depending on crystal size and structure, a nano- or microporous structure. However, microporosity of
ceramics is highly decreased or virtually absent due to high pressure compaction and (partial) fusion of
crystals after sintering. Microporous Ca-P structures have an increased surface area, which influences
the biological behavior and the Ca-P dissolution/precipitation characteristics. It has even been reported
that microstructure plays a crucial role in osteoinductive properties of ceramics. Yuan et al. [8] observed
heterotopic bone formation in macro- and microporous ceramics implanted in the dorsal muscle in dogs,
whereas similar implants without microporous structure did not reveal bone formation. They suggested
that the increased surface area, resultant of the microporous structure, could have caused accumulation
of adsorbed proteins (e.g., BMPs) which could have triggered osteogenesis.

9.2.5.2 Macroporosity

Pores larger than 10 µm can be considered as macropores. Various methods can be used to induce
macroporosity in Ca-P material. For example, porous ceramics can be obtained by merging the Ca-P slurry
with a polymer sponge-like mold or polymer beads before sintering. During the sintering, the polymer
is completely burnt out, which results in a porous ceramic structure. In this way, architecture of porous
ceramics can be controlled and a completely interconnected structure with any desirable pore size and
pore geometry is feasible. Obviously, interconnection of pores is essential for tissue growth throughout
the scaffold. Tsuruga and Kuboki have investigated the influences of pore size and geometry in induced
bone formation in ceramics. They reported that for porous sintered HA blocks with pore sizes ranging
from 106–212 µm to 500–600 µm, the highest amount of bone was produced in implants with pore sizes
of 300 to 400µm [9]. In another study, Kuboki et al. [10] observed that an optimal vascular ingrowth was
achieved in pores with a diameter of 350 µm, and claimed that this was the key factor for effective bone
formation. Macroporous dimensions are also reported to play a role in osteoinductive behavior of Ca-P
ceramics. In a series of experiments in primates, Ripamonti et al. [11,12] reported that implant geometry
is of critical importance for cell shape, cell locomotion and cell differentiation. They hypothesized that
concavities in sintered HA mediate intrinsic osteoinduction.

9.3 Ca-P Products

Numerous Ca-P products are currently marketed for bone regenerative purposes. Most frequently used
Ca-P products in dentistry and surgery are Ca-P coatings applied to prostheses. Several techniques, such
as plasma spraying and RF magnetron sputtering can provide a thin bio-active Ca-P coating on the inert
metal prosthesis surface [13]. Consequently, the superior mechanical metal properties can be combined
with favorable bone bonding Ca-P properties. Coatings applied usually consist of HA to prevent resorption
of the coating in time.

Other Ca-P products are marketed as bone filler and are available in various forms as granules, blocks,
and injectable cements. Both granules and blocks are available with a dense or porous structure and
several resorption rates. Most synthetic products are composed of β-TCP, HA or a combination of both
(so called bi-phasic ceramics [Figure 9.2]). Besides synthetic ceramics, several naturally derived ceramics
are commercially available. These and injectable Ca-P cements are being discussed in detail in the next
paragraphs.



mikos: “9026_c009” — 2007/4/9 — 15:51 — page 6 — #6

9-6 Tissue Engineering

FIGURE 9.2 µCT representation of a highly porous biphasic ceramic implant material (Camceram®, Cam Implants,
Leiden, The Netherlands) with a HA : TCP ratio of 60 : 40, porosity of 90%, and macropores ranging from 300 to
500 µm. Bar represents 1 mm.

9.3.1 Natural Ca-P Ceramics

Natural Ca-P biomaterials can be prepared from the inorganic bone mineral matrix of bone. Chemical,
or high temperature heat treatment, or both, eliminate organic substances responsible for immunologic
response and potential disease transmission (e.g., prions). Chemically treated materials derived from
human spongiosa (Puros Tutoplast®, Zimmer Dental, Carslbad, CA, USA) or bovine spongiosa (Ortoss®
and Bio-oss®, Geistlich Biomaterials, Geistlich, Switzerland) maintain the macroporous structure of
spongious bone as well as the natural small carbonatehydroxyapatite crystal structure. Sintered bovine
spongious bone products, such as Osteograf®-N (Dentsply Ceramed, Denver Co, USA) and Endobon®
(Biomet Merck, Darmstadt, Germany), also maintain its macroporous structure, but due to the high
sintering temperatures (>1100◦C) the natural carbonate HA crystals convert into larger HA crystals
without CO3, resembling synthetic HA.

Besides bovine origin, natural Ca-P biomaterials can also be derived from special species of coral
(genus Porites and Goniopora). Hydrothermal “replamiform” treatment (260◦C; 15.000PSI) of the
calcium carbonate (calcite) exoskeletal microstructure of these corals results in conversion into hydroxy-
apatite [14]. Like natural bone, this hydroxyapatite contains minor elements of Mg, Sr, F, and CO3.
The porous coralline hydroxyapatite is completely interconnected and available in various porosities
(InterporeTM, Pro OsteonTM, Interpore Cross International Inc, Irvine, CA, USA). Different hydro-
thermal treatment of coral used for Pro Osteon-R results in only partial conversion of the calcium
carbonate to HA [5,15]. As a result, the composite of HA/CaCO3is being resorbed faster than pure
HA. Another coral derived bone substitute, which has not been converted into HA at all and therefore
cannot be considered as a Ca-P ceramic, shows even faster degradation. This CaCO3 material (Biocoral®,
Inoteb, St. Gonnery, France) currently does not have FDA approval, but is available for clinical use in
Europe.

9.3.2 Injectable Ca-P Cements

Difficulties with the clinical applicability of preformed ceramic blocks and granules have led to the
development of injectable ceramic bone graft substitutes. In the early eighties, Brown and Chow were
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the first to describe the principles of a self setting Ca-P paste [16,17]. Currently, several different
Ca-P cements are commercially available like BoneSource® (Stryker Leibinger, Kalamazoo, MI, USA),
Norian® (Synthes, Oberdorf, Switzerland), α-BSM/Biobon® (Etex Corporation, Cambridge, MA, USA),
and Calcibon® (Biomet Merck, Darmstadt, Germany). Each cement has a (slightly) different chemical
composition, which results in differences in handling properties, setting time, strength and resorbabil-
ity [18]. The major advantage of Ca-P cements is the injectability of the cement paste. Obviously, this
results in favorable moldability of the bone graft, but also it results in immediate, seamless contact of
cement to the surrounding bone [19]. Moreover, Ca-P cements have been found to exhibit excellent bone
biocompatibility [20,21].

Roughly, the different Ca-P cements can be divided into four distinct groups [17]:

1. Cements composed of a solid Ca-P powder compound with an aqueous liquid component with or
without Ca or P ions. After mixing, hardening of the cement is the result of the formation of one
or more Ca-P compounds.

2. Cements with a powder component similar to those in (1), but an organic acid as liquid component.
Hardening of the cement is the result of complex formation of calcium and the organic acid.

3. Cements similar to those in (2), except that the liquid component is a polymer solution.
Cement hardening can be as described in (1) or complex formation of calcium and the polymer
solution or both.

4. Cement composites on a polymer basis. Hardening of the cement is based on polymerization of
the monomers. The Ca-P compounds present in these materials act as fillers and do not play
a significant role in the mechanism of cement hardening.

In this review, we will focus only on the first group, as these cements currently play the most important
role in research and clinical applications. The chemico-physical reaction that occurs during and after
mixing of the powder and the liquid components is complex. After mixing, soluble compounds dis-
solve in the aqueous environment and subsequently precipitate, which results in formation and growth
of different forms of Ca-P crystals. This crystallization finally results in entanglement of the insoluble
Ca-P compounds and hardening of the cement. The setting time and phase transformation depend on
the solubility of the various solid compounds, as well as of external factors as pH and temperature
[22]. The setting reaction can be accelerated when the liquid phase contains phosphate ions. There-
fore, setting time is different for each Ca-P cement formulation and may vary from minutes to hours.
After setting, Ca-P cements may have an amorphous appearance under low magnification, but high
magnification (100,000×) reveals extremely small crystals. Crystal size and interparticle micropores
were observed to grow in time [17]. The final result is a microporous structure of nanometer sized
crystals composed of more or less apatitic compounds, resembling the small crystal size of biological
apatite.

After setting of the cement, gradual phase transformation of the Ca-P compounds occurs into more
apatitic phases. Due to the nonsintered nature and the higher surface area of Ca-P cements, dissolution
of calcium and phosphate ions in physiological conditions occurs to a higher extent than in sintered
ceramics. However, the relatively large surface area in combination with supersaturated body fluids also
results in high Ca-P precipitation. Ishikawa et al. [23] reported that the total precipitation of (B-type)
carbonate HA at the surface of Ca-P cement increased the total surface dissolution in simulated blood
plasma in vitro for a period of 20 weeks. In vivo, formation of carbonated HA on cement surface has
been reported to occur within 12 h of implantation [24]. This phenomenon could be one of the essential
aspects of the exceptionally positive osteoconductive behavior of Ca-P cements.

9.4 In Vivo Interactions and Osteoinductivity

In general, Ca-P compounds are found to be biocompatible and favorable for the final bone response
[4]. The ability of Ca-P ceramics to bond to bone is a rather unique property. For example, it has been
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a consistent finding that the larger the ceramic solubility rate, the more pronounced bone ingrowth is
observed [25]. Ducheyne et al. hypothesized that the dissolution of Ca-P and precipitation of a car-
bonated HA layer is essential in the bioactive behavior of ceramics. On the other hand, Davies claimed
that microtopography played a crucial role as bone formation at the implant surface was achieved by
micromechanical interdigitation of the cement line with the material surface [26].

Protein–biomaterial interactions also play a key role in the biomaterial behavior in vivo. Directly after
implantation, the surface of a biomaterial is being covered by serum proteins, which determine crucial
reactions such as complement activation, thrombogenicity, and cell adhesion. Protein binding capacity
depends on the specific ceramic characteristics as well as on the protein involved [27,28]. Ceramic mater-
ials exhibit a high binding affinity for proteins. Interestingly, several authors report that the combination
of a material with high protein affinity and an appropriate (micro)architecture, can exhibit intrinsic
osteoinductive behavior [8,11,12]. In a study in dogs, Yuan et al. observed ectopic bone formation
after 3 and 6 months in micro- and macroporous HA, whereas macroporous HA without microporous
structure did not reveal bone formation. It was hypothesized that due to the microporosity, total sur-
face area and subsequent protein adsorption was increased, which could have induced bone formation.
On the other hand, Ripamonti et al. hypothesized that concave macroporosity was the driving force for
intrinsic osteoinduction in ceramics. The findings of intrinsic osteoinductive behavior in ceramic are
interesting. However, it must be emphasized that regarding the numerous studies using similar porous
ceramics without evidence for intrinsic osteoinduction, these observations currently are a rarity without
confirmation of reproducibility.

Protein adsorption on ceramics not only plays an important role in biological processes, it also influ-
ences the ceramic itself with respect to dissolution and precipitation of calcium and phosphate ions. Radin
et al. [29] reported that in an in vitro environment, serum proteins slowed down the dissolution (OHA
and β-TCP) and precipitation (carbonated HA) of crystals at the surface of a crystalline multiphasic
ceramic coating. A similar observation was done by Ong et al. [30], who reported an initial decrease in
dissolution of phosphate molecules from Ca-P coatings in the presence of proteins with a high binding
affinity. Combes et al. [31] investigated the interference of protein adsorption and HA maturation in
detail and found that, depending on the concentration, serum albumin can exhibit a dual role and act
as a promotor or inhibitor of nucleation and growth of (octa)Ca-P crystals. The energy needed for the
first step in the precipitation process, nucleation, was lower when adsorbing molecules were present.
Therefore, multiplication of nuclei occurred as a consequence of protein adsorption. The subsequent
steps, growth to critical nuclei and formation of Ca-P crystals, were slowed down by a protein coat-
ing. However, at low serum albumin concentrations, the mineral surface could not be efficiently coated
and crystal growth occurred faster than in the absence of albumin due to the larger number of nuclei
and their greater reactivity. At high — physiological — serum albumin concentration, the mineral sur-
face was efficiently coated slowing down the ionic diffusion to the crystal surface and inhibiting crystal
growth [31].

9.5 Calcium Phosphate Ceramics for Bone Tissue
Engineering

For reconstruction of large bone defects, implantation of osteoconductive porous scaffold materials
alone is not sufficient for complete bone regeneration. Therefore, osteogenesis needs to be induced
throughout the scaffold material. In the tissue engineering paradigm, osteogenic cells or osteoinductive
macromolecules or both are being delivered to a suitable scaffold material. Many prerequisites have
been postulated for the ideal scaffold material but none of the current materials meet all the demands.
Porous ceramics are potential scaffold materials for bone tissue engineering due to their outstanding
osteocompatible properties, especially with respect to osteoconduction and gradual resorption. In the
recent years, a variety of researchers have investigated Ca-P ceramic scaffold materials for cellular as well as
growth factor based tissue engineering.
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FIGURE 9.3 Bone formation in rat bone marrow stromal cell loaded porous HA/TCP implants (Camceram®),
implanted in muscular flaps in rats for 8 weeks. Direct apposition of bone on the ceramic surface and bone marrow
formation in the remaning porosity is observed. OC = osteocyte, BM = bone marrow. Bar represents 100 µm. Light
microscopical undecalcified section stained with methylene blue and basic fuchsin (original magnification 10×).
(Printed with permission from Hartman et al. Unpublished work, 2004.)

9.5.1 Ca-P Ceramics and Osteogenic Cells

In 1988, Maniatopoulos et al. published a study on harvesting and culturing of rat bone marrow stromal
cells (BMSCs) in vitro [32]. Through this method, the small number of undifferentiated progenitor cells
present in bone marrow could be isolated, expanded, and differentiated into the osteoblastic lineage.
Currently, the essence of this technique is still in use to administer osteoprogenitor cells to various scaffold
materials for cell-based bone engineering. Many studies in rodent animal studies have shown the validity of
this concept in conjunction with ceramic scaffold materials as coralline HA, porous HA, porous HA/β-TCP
and porous β-TCP [33–38] (Figure 9.3). Less studies, however, have investigated the bone forming
capacities of large BMSC loaded ceramic implants in higher mammals. This is in particular challenging,
as the living constructs are transposed from ideal cell culture conditions to an in vivo environment where
oxygen supply prior to capillary ingrowth is only provided by (limited) diffusion. Vitality of the BMSCs
within ceramic scaffold material was shown to be essential for osteogenicity [39]. Despite the potential
jeopardy of cell death, bone formation was observed in the studies investigating ectopic implants in dogs
and goats [40,41], or critical size defects in dogs, goats, and sheep [41–46]. In most of these studies,
bone formation was also observed in the center of the implants where the unloaded controls did not
show osteogenesis. This indicates that possibly even a small number of surviving progenitor cells may
be sufficient to result in significant bone formation. Also, it emphasizes that future tissue engineering
research should also focus on multicomponent constructs, in which BMSCs are being combined with
bone- and vasculature inducing growth factors.

9.5.2 Ca-P Ceramics and Osteoinductive Growth Factors

During the last decade, several strategies have been developed to deliver growth factors to the desired
site. Basically, the proteins can be delivered directly via a carrier/delivery vehicle, or by gene therapy
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FIGURE 9.4 Retention of 131I rhBMP-2 injected subcutaneously in rats. Over 80% of rhBMP-2 was cleared from
the application site within 24 h, underlining the short residence time of rhBMP-2 after release from a carrier material.
Error bars represent means ± standard deviation for n = 6.

techniques, in which a growth factor encoding gene is delivered to host cells via a viral factor or plasmid.
Through this method, transfected cells start secreting growth factor. Cells can be transfected in vitro, prior
to transplantation to the desired site, or directly in vivo. In this review, only direct delivery of proteins
will be discussed as this approach has developed furthest and recently has led to FDA approval for specific
clinical applications [47].

The growth factor loaded ceramic has a twofold function; first, it serves as a scaffold material, which
enables and stimulates bone and blood vessel ingrowth; second, it serves as a carrier or delivery vehicle
for the inductive factor, which should result in most favorable biopresentation and optimal activity of the
protein. The role of ceramics on the bioactivity of growth factors is not completely clear. The ceramic
might potentiate the activity of BMP by binding the protein and presenting it to target cells in a “bound”
form [48,49]. On the other hand, the ceramic can act as vehicle for factor delivery to the surrounding
tissues. Released protein may provide a supra-physiological concentration of free protein in the vicinity
of the implant, what may attract target cells to the implant-site by chemotaxis [50]. It is hypothesized
that for optimal bioactivity, initial burst release chemotactically recruits osteoprogenitor cells, and fol-
lowing sustained release — or retained factor — differentiates these cells toward the desired phenotype
[51]. To our judgment, however, no convincing evidence provides further specification of this partition.
Moreover, optimal pharmacokinetics are presumably specific for each surgical site.

9.5.2.1 Growth Factor Release from Ca-P Ceramics

The correlation between factor bioactivity and release or retention is a delicate issue. Since the protein
needs to induce bone locally and not systemically, the released protein only has a short time to attract
cells before it is being cleared from the application site. For example, a depot of 5 µg rhBMP-2 injected
subcutaneously in the back in rats is cleared from the application site for more than 80% within 24 h
(Figure 9.4). After clearance, the proteins are being metabolized by the body and excreted through the
urinary tract [52]. The systemic exposure to released rhBMP-2 is reported to be neglectible [52].

The specific parameters resulting in protein release or retention are the driving factors behind the final
clinical efficacy of a carrier system. Unfortunately, only few researchers have investigated these phenomena
for ceramics. In a series of experiments in a rat ectopic model, Uludag et al. [53,54] have shown that growth
factor retention depend on carrier- as well as on factor characteristics. Proteins with a higher isoelectric
point (pI) show higher implant retention and higher retention of BMP yields higher osteoinductive
activity. Various rhBMP-2 loaded ceramic implants (TCP cylinders and coral derived HA cylinders) show
initial burst release of approximately 70% within three hours after implantation, which is followed by
a slower second phase release and a final retention of approximately 6% of the initial dose after 14 days.
In another study carried out by Louis-Ugbo et al. [52], initial burst release from HA/TCP granules (60 : 40)
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was less than 20% within the first day in a rabbit spinal fusion model. After 2 weeks 27± 9% of rhBMP-2
was still retained in this model. Li et al. [55] determined the release kinetics of rhBMP-2 mixed through
Ca-P cement (α-BSM) and injected in a rabbit ulnar defect. Within the first day, approximately 40% of
the initial factor was released. After 14 days, 15± 7% of the initial factor was still present in the cement.
The differences in release and retention rates between these studies could be explained by variations
in surgical site, dose, adsorption procedures, material surface area and chemico-physical interactions
between material and growth factor. Overall, ceramics exhibit multiphasic release kinetics in vivo with a
decrease of release in time and a certain retention for several weeks. It has been hypothesized, that ceramic
surface area plays the key role in protein binding [56].

As previously mentioned, Ca-P ceramic materials show a high binding affinity for proteins. Con-
formational changes of proteins upon adsorption on Ca-P surface have been observed [30]. Protein
conformation is of great importance for the accessibility of the specific binding sites and subsequent
protein-cell interaction [57,58]. As a result, protein-biomaterial bonding may directly effect the protein’s
intrinsic function due to orientation or conformational changes. To evaluate the bioactivity of retained
proteins, cells can be cultured on the surface of protein loaded ceramics in vitro [59]. A complicating factor
is that no material exhibits a 100% retention [54]. For a true differentiation between activity expressed
by retained protein vs. presently released protein, control groups have to correct for the released fraction
bioactivity. In an in vitro model, Santos et al. [59] investigated the bioactivity of rhBMP-2 adsorbed onto a
Ca-P layer on bioactive glass-gel (Xerogel S70) in comparison with the activity of “free” rhBMP-2 present
in cell culture medium. The osteogenic response of osteoblast like cells seeded on the Ca-P surface was
found significantly higher in the adsorbed rhBMP-2 group. The authors suggested that the biomaterial
could generate, maintain, or even concentrate an effective level of growth factor.

9.5.2.2 Growth Factor Loading in Ca-P Ceramics

In view of the previous paragraph, discern has to be made between proteins/growth factors adsorbed
at the ceramic surface and proteins/growth factors mixed through the material during preparation. For
sintered ceramic materials, the latter is impossible as sintering temperatures would result in complete
protein destruction. For the self setting Ca-P cements though, mixing of proteins during setting reaction
has been described [60–62]. Due to physical entrapment by cement particles, the majority of the protein
binding sites will be unavailable until the protein is released from the cement. This situation is quite similar
to bioactive macromolecules entrapped in polymeric drug delivery vehicles, where protein release is the
main focus [63–68]. However, a frequently neglected issue is that mixing of proteins through ceramics can
influence the crystallization process during the setting reaction. This can modify the in vivo dissolution
and/or degradation properties of the formed material.

For the growth factors entrapped within a Ca-P ceramic material, bioactivity is likewise expected only
after release from its carrier. Bioactivity of released protein can be demonstrated through in vitro models
where sensible cells are being exposed to the released protein [55,64,68]. To evaluate loss of activity, the
induced biological response should be compared to the response to similar protein directly suspended in
the culture medium [55]. In vivo, however, this comparison is difficult and most authors just examine
whether or not the protein expresses (part of its) bioactivity.

9.5.2.3 Osteoinductive Capacity of Growth Factor Loaded Ca-P Ceramics

Osteogenic differentiation induced by BMPs is dependent on the regulating growth factor as well as on the
carrier specifications. Murata et al. [69] observed that in a synthetic HA carrier, BMP induced ossification
was predominantly intramembranous, whereas enchondral bone formation was observed in a nonceramic
carrier. Direct bone formation on BMP loaded Ca-P ceramics was also observed by others [70–73].

However, the osteogenic behavior of growth factor loaded Ca-P ceramics is not as straightforward as
suggested, because a wide variety of material compositions, animal models, surgical sites and factor dosage
have been used in various studies. Another complicating factor is that physiological bone regeneration is
induced by a cascade of growth factors, whereas most tissue engineered concepts investigate osteoinduction
by single factors only. Consequently, most research in the recent years has focused on BMPs, like rhBMP-2
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FIGURE 9.5 Bone formation in rhBMP-2 loaded porous Ca-P cement implants, implanted subcutaneously in
rabbits for 10 weeks. Macroporosity in the cement (Calcibon®, Biomet Merck, Darmstadt, Germany) was induced by
formation of CO2 during setting of the cement, after which a dosage of 5 µg rhBMP-2 was applied. OB = osteoblasts,
BM = bone marrow, BV = blood vessel. Bar represents 100 µm. Light microscopical undecalcified section stained
with methylene blue and basic fuchsin (original magnification 10×). (From Kroese-Deutman, H.C., Ruhe, P.Q.,
Spauwen, P.H., and Jansen, J.A. Biomaterials, in press: 2004. With permission.)

and rhBMP-7 (OP-1). Due to the numerous parameters, there is no such thing as one ideal dosage
or scaffold composition. Most animal studies investigating growth factor loaded ceramics have been
carried out in smaller animals as rats [9,10,53,54,69,70,72,74–78] and rabbits [52,55,73,79–85] (Figure 9.5)
whereas only few studies were performed in larger animals as minipigs [86,87], dogs [71,88,89], and
primates [90–92]. Generally speaking for all carrier materials, the relative dosage of growth factor needed
for bone induction raises with the animal size [51]. However, the dosages applied to ceramics vary
substantially within similar animal models as well as between different species. For rhBMP-2, dosages
applied for effective osteoinduction varied from 0.03 to 0.46 mg/ml implants in rats [9,54,75] to 0.004
to 2.1 mg/ml implant in rabbits [55,73,80,81,83,85], whereas in canine and primate models dosages have
been used from 0.15 to 1.2 mg/ml [71] and 1.35 to 2.7 mg/ml [92] respectively. A dose–response relation
for BMP loaded ceramics has been reported in some studies in rodents [75,80,83], but was absent or even
reciprocal in studies with larger animal models [71,91,92]. Yet, it seems likely that in the dose–response
relation, there is first a certain threshold dosage to achieve consistent results [92], followed by a linear
dose–response interval and finalized by a certain saturation effect.

Besides BMPs, other growth factors like transforming growth factor-β (TGF-β) and insulin-like growth
factor-I (IGF-I) have been investigated. TGF-β may potentiate the osteoinductivity of BMPs, but its
overall osteoinductive capacity when applied alone is weak compared to BMPs [93]. IGF-I has also been
applied to TCP ceramic carriers, which resulted in increased osteogenesis in an orthotopic implantation
site four weeks after implantation [94]. Similarly, Damien et al. [95] reported that IGF-I loaded porous
hydroxyapatite accelerated orthotopic bone ingrowth during an implantation period up to three weeks.

The synergism of various growth factors, as present in the physiological bone regeneration cascade, has
only been investigated in few studies with Ca-P ceramics. Ono et al. investigated the role of prostaglandin
E1 (PGE1) and basic fibroblast growth factor (bFGF) loaded on porous hydroxyapatite and observed
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that PGE1 as well as bFGF acted synergistically with rhBMP-2 [80,83,96]. Meraw et al. prepared a true
growth factor cocktail and reported that orthotopic bone formation in a canine model was enhanced by
a combination of extremely low dosages of TGF-β, bFGF, BMP-2, and PDGF mixed through a calcium
phosphate cement [89].

9.6 Conclusion and Future Perspective

Like all scaffolds materials currently under investigation for bone tissue engineering applications, Ca-P
ceramics reveal both advantages and disadvantages. Intrinsic brittleness of Ca-P ceramics unquestionably
is the greatest shortcoming of these materials, whereas their biocompatibility, osteoconductivity and
resorption potential are virtues of an ideal scaffold material. Future research should further clarify the
importance of release and retention of growth factors, optimize their delivery and investigate dose–
response relation for the various factors and applications. Furthermore, the potentials of multicomponent
constructs, in which various bone- and vasculature inducing growth factors or cultured bone marrow
stromal cells or both are being combined, should be investigated to come to a successful alternative for
autologous bone grafting.
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Over the last decade, considerable advances in the engineering of biomaterials that elicit specific cellular
responses have been attained by exploiting biomolecular recognition. These biomimetic engineering
approaches focus on integrating recognition and structural motifs from biological macromolecules with
synthetic and natural substrates to generate bio-inspired, biofunctional materials. These strategies repres-
ent a paradigm shift in biomaterials development from conventional approaches which deal with purely
synthetic or natural materials, and provide promising schemes for the development of novel bioactive
substrates for enhanced tissue replacement and regeneration. Because of the central roles that extracel-
lular matrices (ECMs) play in tissue morphogenesis, homeostasis, and repair, these natural scaffolds
provide several attractive characteristics worthy of “copying” or mimicking to convey functionality for
molecular control of cell function, tissue structure, and regeneration. Four ECM “themes” have been
targeted (i) motifs to promote cell adhesion, (ii) growth factor binding sites that control presentation and
delivery, (iii) protease-sensitive sequences for controlled degradation, and (iv) structural motifs to convey
mechanical properties.

10.1 Extracellular Matrices: Nature’s Engineered Scaffolds

ECMs comprise a complex, insoluble, three-dimensional mixture of secreted macromolecules, includ-
ing collagens and noncollagenous proteins, such as elastin and fibronectin, glycosaminoglycans, and
proteoglycans that are present between cells. In addition, provisional fibrin-based networks constitute
specialized matrices for wound healing and tissue repair. ECMs function to provide structure and order
in the extracellular space and regulate multiple functions associated with the establishment, maintenance,
and remodeling of differentiated tissues [1]. Matrix components, such as fibronectin and laminin, mediate
adhesive interactions that support anchorage, migration, and tissue organization and activate signaling
pathways directing cell survival, proliferation, and differentiation. ECM components also interact with
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growth and differentiation factors, chemotropic agents, and other soluble factors that regulate cell cycle
progression and differentiation to control their availability and activity. By immobilizing and ordering
these ligands, ECMs control the spatial and temporal profiles of these signals and generate gradients
necessary for vectorial responses. Moreover, structural elements within ECMs, namely collagens, elastin,
and proteoglycans, contribute to the mechanical integrity, rigidity, and viscoelasticity of skin, cartilage,
vasculature, and other tissues. Finally, the composition and structure of ECMs are dynamically modulated
by the cells within them, reflecting the highly regulated and bidirectional communication between cells
and ECMs.

10.2 Bioadhesive Materials

Following the identification of adhesion motifs in ECM components, such as the arginine–glycine–aspartic
acid (RGD) tri-peptide for fibronectin [2] and tyrosine–isoleucine–glycine–serine–arginine (YIGSR) oli-
gopeptide for laminin [3], numerous groups have tethered short bioadhesive peptides onto synthetic or
natural substrates and three-dimensional scaffolds to produce biofunctional materials that bind adhesion
receptors and promote adhesion and migration in various cell types (as reviewed in References 4 to 6)
(Figure 10.1). Nonfouling supports, such as poly(ethylene glycol), poly(acrylamide), and alginate, are
often used to reduce nonspecific protein adsorption and background adhesion. The density of tethered
peptide is an important design parameter as cell adhesion, focal adhesion assembly, spreading and migra-
tion [7–10], neurite extension and neural differenitiation [11,12], smooth muscle cell activities [13], and
osteoblast and myoblast differentiation [14,15] exhibit peptide density-dependent effects. More import-
antly, tethering of bioadhesive ligands onto biomaterial surfaces and scaffolds enhances in vivo responses,
such as bone formation and integration [16–18], nerve regeneration [19,20], and corneal tissue repair [21].

These results indicate that functionalization of biomaterials with short adhesive oligopeptides
significantly enhances cellular activities. In addition to conveying biospecificity while avoiding
unwanted interactions with other regions of the native ligand, short bioadhesive peptides allow
facile incorporation into synthetic backbones and enhanced stability of the tethered motif. These
strategies, however, are limited by (i) low activity of oligopeptides compared to native ligand
due to the absence of modulatory domains, (ii) limited specificity for adhesion receptors and cell
types, and (iii) inability to bind certain receptors due to conformational differences compared to
the native ligand. Conformationally constrained (e.g., cyclic) RGD [22], oligopeptides mixtures
[23,24], and recombinant protein fragments spanning the binding domains of native ligands [25]

GRGDS GRGDS GRGDS

(a)

PHSRN

G
RGD

PHSRN RGD

GFOGER 
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Peptide
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Recombinant
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Triple-helical
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(b)

GRGDS

FIGURE 10.1 Biomimetic materials supporting cell adhesion. (a) Basic strategy focusing on RGD tethering to
promote binding of cell adhesion receptors. (b) Biomolecular approaches to improve ligand activity and specificity.
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FIGURE 10.2 Biomimetic strategies for controlled growth factor interactions.

have been explored to improve ligand activity. Similarly, substrates presenting RGD in combina-
tion with other peptides, such as heparan sulfate-binding lyrine–arginine–serine–arginine (KRSR)
[26] and Phenylalanine–histidine–arginine–arginine–isoleucine–lysine–alanine (FHRRIKA) [27], display
improved cell adhesion and selectivity over materials modified with RGD alone. Finally, self-assembling
peptides reconstituting the triple helical structure of type I collagen have been used to target collagen integ-
rin receptors and promote enhanced osteoblastic differentiation and mineralization on biomaterial sup-
ports [28,29]. The improved activity and selectivity of these “second generation” biomolecular materials
are expected to reconstitute additional features of natural ECMs and promote enhanced cellular activities.

10.3 Materials Engineered to Interact with Growth Factors

Natural ECMs interact with soluble growth and differentiation factors to control their activity by
regulating their presentation, delivery kinetics, and stability [1]. Three general strategies have been
pursued to convey growth factor activity to synthetic materials (Figure 10.2). Covalent immobil-
ization of growth factors onto biomaterial supports, either via conventional peptide chemistry or
enzymatic cross-linking, results in enhanced signaling activity [30,31]. Furthermore, enzyme-regulated
release of tethered growth factors by incorporating protease-sensitive sequences in the tether has
been applied to modulate release kinetics [32,33] and shown to improve blood vessel growth [34].
Mimicking the natural affinity of ECM glycosaminoglycans for heparin-binding growth factors, hep-
arin has been covalently immobilized onto scaffolds to control the presentation and release kinetics
of heparin-binding growth factors, such as basic fibroblast growth factor [35,36] and transforming
growth factor-β [37]. Similarly, engineering of basic heparin-binding motifs, such as phenylalanine–
alanine–lysine–leucine–alanine–alanine–arginine–lysine–tyrosine–arginine–lysine–alanine (FAKLAAR-
LYRKA) and tyrosine–lysine–lysine–isoleucine–lysine–lysine–leucine (YKKIIKKL), into scaffolds and
sequestering of heparin-binding growth factors via a heparin bridge results in enhanced delivery kinetics
and nerve regeneration [38,39].

10.4 Protease-Degradable Materials

Cell-mediated local degradation of ECMs is critical to tissue development, maintenance, and remodeling
[40]. To mimic this behavior, proteolytically sensitive substrate motifs specific for natural ECM enzymes,
including matrix metalloproteinases and plasmin, have been incorporated into biomaterial scaffolds [41]
(Figure 10.3). Consistent with migration behaviors in collagen and fibrin ECMs [40], cell migration
and neurite extension through engineered networks require protease activity specific for the incorporated
protease substrate motifs [42,43]. Structure–function analyses of cell invasion into synthetic hydrogels have
shown that the extent of invasion depends on protease substrate activity, adhesion ligand concentration,
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FIGURE 10.3 Enzyme-sensitive materials incorporating protease substrate motifs.

and network cross-linking density [44]. Furthermore, poly(ethylene glycol)-based hydrogels containing
RGD oligopeptides and substrates for matrix metalloproteinases engineered to deliver BMP-2 to bone
defects exhibit enhanced healing compared to standard treatments [44]. Bone regeneration in this model
is dependent on the proteolytic sensitivity of the matrices and their architecture.

10.5 Artificial Proteins as Building Elements for Matrices

Artificial analogues of ECM proteins incorporating structural motifs to reconstitute secondary structures
(e.g., coiled coil, α-helix) and convey controlled mechanical properties have been engineered via both
synthetic routes and recombinant DNA technology [45]. These artificial proteins provide opportunities to
generate novel hybrid macromolecules with additional or new functionalities and enhanced cost-efficiency,
while overcoming limitations associated with natural ECMs, such as a restricted range in mechanical prop-
erties, processability, batch-to-batch variability, and the potential of pathogen transmission. For example,
artificial proteins consisting of terminal leucine zipper domains flanking a central polyelectrolyte segment
produce coiled-coil domains that render the material into a reversible, self-assembling hydrogel [46].
Polymers containing the glycine–valine–glycine–valine–proline (GVGVP) repeat from elastin have been
designed to mimic the mechanical behavior of elastin [47]. These materials can be formulated as fibers and
networks to create artificial ECMs [48,49]. Moreover, combination of elastin and fibronectin motifs has
resulted in novel materials with biological and mechanical properties similar to those from natural ECMs
[50]. Engineering of biofunctionalized and synthetic glycosaminoglycan polymers represents another
promising avenue to artificial ECMs [51–53].

10.6 Conclusions and Outlook

Biomimetic materials incorporating bioactive motifs from natural ECMs have emerged as promising,
novel biofunctional materials for tissue maintenance, repair, and regeneration. Although considerable
progress has been attained in mimicking particular characteristics of ECMs, next-generation, bio-inspired
materials must incorporate multiple characteristics from biological matrices to recapitulate the robust
activities associated with these natural scaffolds. Furthermore, advances in materials engineering should
provide routes for integrating multiple ligands, ligand gradients, nanoscale clustering, and dynamic,
environment-responsive interfacial, and bulk properties. Finally, these biomimetic materials must be
designed to support the activities of multiple cell types to successfully mimic desired tissue behavior and
function.
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11.1 Introduction

In recent years, a great deal of attention has been directed toward nanotechnology and the potential
benefits that this growing field may bring to a wide variety of engineering applications. One of the
many applications of nanotechnology toward the biomedical sciences is the advancement of biomaterials
designed for tissue engineering, especially those intended for biological tissues with complex properties.
Nanoscience will be particularly useful in tissue engineering since the interactions between cells and
biomaterials occur in the nanoscale and the components of biological tissues are nanomaterials themselves.

Bone tissue, for example, is a nanocomposite composed of rigid hydroxyapatite (HA) nanocrystals
(60%) precipitated onto collagen fibers (30%) (Figure 11.1) [1]. Hydroxyapatite, which occurs as small
plates that are tens of nanometers in length and width and 2–3 nm in depth, impart compressive strength
to bone. Collagen fibrils (1.5–3.5 nm in diameter) form triple helices and bundle into fibers (50–70 nm
diameter) responsible for the unique tensile properties of composite bone tissue [2]. The unique and
complex mechanical properties of bone tissue arise from the interaction of these two components in the
nanoscale [3].

Similarly, nanomaterials possessing superior properties compared to conventional materials are cap-
able of imparting some of their properties onto macroscopic materials to form nanocomposites. In this
manner, biomaterials may gain enhanced properties for medical applications with the addition of nanoma-
terials. Biodegradable polymers, for example, are generally too weak for load-bearing tissue applications.
However, the incorporation of nanofillers into the polymer matrix can greatly improve the polymer’s
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FIGURE 11.1 Nanocomposite structure of bone. The interaction between collagen fibers and HA nanocrystals in the
nanoscale gives rise to the complex mechanical properties of bone tissue observed in the macroscale. Cells operating
on this collagen/hydroxyapatite nanocomposite continually remodel bone on the microscale.

properties. More specifically, nanofillers have been shown to improve a composite material’s flexural mod-
ulus [4], tensile strength, stiffness, toughness [5–8], fatigue resistance [9], wear resistance [10], thermal
stability [11,12], and gas permeability properties [13]. Nanophase ceramic materials have been shown
to also improve bone cell functions [14] and can impart osteoconductivity and improved biocompat-
ibility to synthetic polymers [15,16]. Alternatively, HA nanocrystals can improve the osteoconductivity
and biocompatibility of natural polymers, such as collagen, by mimicking the natural composition of
bone [17–19]. The present chapter highlights current efforts toward nanocomposite scaffolds for tissue
engineering applications.

11.2 Nanocomposite Materials

11.2.1 Nanomaterials Overview

Nanomaterials, as described here, are defined as materials with at least one of three dimensions <100 nm.
Spherical nanoparticles, such as alumoxanes or silica nanoparticles, are nano-sized in all three dimen-
sions. Nanotubes (carbon nanotubes), rods, or needles (HA) have two nanometer-sized dimensions.
Nanosheets, such as layered silicates, have only one dimension in the nanoscale. Each of these nanoma-
terials offers mechanical reinforcement or osteoconductivity by dispersing into a matrix and chemically
interacting with the macroscopic material. However, these particles are typically hydrophilic while the
macroscopic material into which they are dispersed is usually hydrophobic. Thus, nanomaterial dispersion
and promotion of interactions between the nanofillers and the macroscopic material are the two primary
challenges for nanocomposite development.

Table 11.1 describes some of the many different nanomaterials currently being investigated for biomed-
ical scaffolds. Each section of this chapter discusses the synthesis of a nanomaterial as well as the fabrication
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TABLE 11.1 Nanomaterials for Biomedical Composites

Composite materials for
Nanomaterial Chemical formula biomedical applications References

Carboxylate [Al(O)x (OH)y (O2CR)z ]n PPF Horch et al. [4]
Alumoxane
Montmorillonite Mx (Al4−x Mgx )Si8O20(OH)4 PLLA Lee et al. [11]

Polyurethanes Xu et al. [26]
Hydroxyapatite Ca10(PO4)6(OH)2 PMMA Fang et al. [39]

PEG, PMMA, PBMA, Liu et al. [40–42]
PHEMA, PEG/PBT
Chitosan Hu et al. [43]
PPF Lewandrowskiet al. [44]
Collagen Zhang et al. [45]

Silica SiO2 PMMA, PCL Rhee et al. [16, 46–47]
Yoo et al. [48]

Alumina Al2O3 Ce-TZP Nawa et al. [8,49]
Tanaka et al. [10]
Uchida et al. [50]

Carbon nanotube C PMMA Cooper et al. [65]
PLA Supronowicz et al. [67]

of nanocomposites from this material. A brief description of relevant issues and results of physical and
biological testing is also included for each material.

11.2.2 Functionalized Alumoxane Nanocomposites

Carboxylate-alumoxanes are alumina-based nanoparticles developed as inorganic ceramic fillers for a
variety of engineering applications. Alumoxanes are prepared directly from boehmite mineral in a “top-
down” synthesis involving acid hydrolysis [20]. Nanoparticle size is controlled by conditions during
synthesis and particles are easily functionalized based on the type of carboxylic acid used during synthesis
[21]. Certain functional groups can be added to the hydrophilic alumoxane nanoparticles to aid in
dispersion and covalent interaction with the composite medium. Vogelson et al. [6] modified alumoxanes
with lysine and p-hydroxybenzoic acid to reinforce organic epoxy resins and yield sizable increases in
thermal stability and tensile strength over blank resin [6].

In our laboratory, we have studied the effects of various surface-modified alumoxane nanoparticles
on the mechanical properties of a biodegradable polymer for load-bearing bone tissue applications [4].
Alumoxane nanoparticles with three different surface modifications were tested — “activated” alumox-
anes possessing two reactive double bonds available for interaction with the cross-link network of the
polymer; “surfactant” alumoxanes modified with long fatty acid chains to aid in dispersion within the
hydrophobic polymer; and “hybrid” alumoxanes modified with a surfactant chain and a reactive double
bond within the same substituent (Figure 11.2). These nanoparticles were incorporated into a biodegrad-
able poly(propylene fumarate)-based (PPF) system and the nanocomposites were tested for flexural and
compressive mechanical properties.

Unmodified boehmite particle composites showed no significant improvement in mechanical proper-
ties compared to polymer resin alone and demonstrated a significant decrease in flexural fracture strength
with increased loading. This is explained by the formation of large aggregates within the hydrophobic
polymer, which promote crack formation (Figure 11.3a). The activated alumoxane nanocomposites were
expected to covalently interact with the PPF matrix, but instead tended to aggregate into micron-sized
clusters, which decreased flexural fracture strength with increased loading. Surfactant alumoxane nano-
composites demonstrated significant improvements in flexural modulus over blank polymer resin due
to the fine dispersion of nanoparticles within the polymer matrix as determined by scanning electron
microscopy (SEM). The hybrid alumoxane nanocomposites performed the best out of all materials by
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FIGURE 11.3 SEM images of fracture planes of nanocomposite samples after mechanical testing: (a) unmodified
boehmite crystals in polymer, bar is 1 µm; (b) hybrid alumoxane nanocomposite, bar is 1 µm.

improving the flexural modulus of PPF at loading concentrations between 0.5 and 5 wt.%. At a 1 wt.%
loading, the flexural modulus reached 5410 ± 460 MPa, a factor of 3.5 greater than polymer alone
(Figure 11.4a). Additionally, hybrid nanocomposites caused no significant loss of flexural or compressive
fracture strength up to 5 wt. % loading (Figure 11.4b). SEM images revealed that the surfactant chain
within the functional group of hybrid alumoxanes aided in dispersion within the polymer (Figure 11.3b)
while the significant increase in mechanical properties may be explained by covalent interaction between
PPF polymer and alumoxane nanoparticles. Thus, surface modification of alumoxane nanoparticles sig-
nificantly increased the flexural modulus of polymer nanocomposites without a detrimental effect on
fracture strength.

11.2.3 Polymer-Layered Silicate Nanocomposites

Layered silicates, derived from smectite clays, are commonly used as fillers for polymeric materials for
many different applications as their chemistries have been extensively studied [22]. Polymer-layered silicate
nanocomposites have shown improvements in mechanical, thermal, optical, physicochemical, and barrier
properties as well as fire resistance compared to pure polymers or conventional composites (composed of
micron-sized particles) [5,12].
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These materials, unlike the other nanophase materials described in this chapter, are nano-sized in
only one dimension and thereby act as nanoplatelets that sandwich polymer chains in composites. Mont-
morillonite (MMT) is a well-characterized layered silicate that can be made hydrophobic through either
ionic exchange or modification with organic surfactant molecules to aid in dispersion [5,23]. Polymer-
layered silicates may be synthesized by exfoliation adsorption, in situ intercalative polymerization, and
melt intercalation to yield three general types of polymer/clay nanocomposites. Intercalated structures
are characterized as alternating polymer and silicate layers in an ordered pattern with a periodic space
between layers of a few nanometers [13]. Exfoliated or delaminated structure occurs when silicate layers
are uniformly distributed throughout the polymer matrix. In some cases, the polymer does not intercalate
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the layers of silicate, resulting in a phase-separated structure containing micron-sized clusters of multiple
silicate layers [5]. Typically, the greatest improvement of properties is observed in exfoliated structures
based on the degree of layered-silicate dispersion within the polymer [13,24,25], though intercalated
systems show more significant improvements in certain properties such as fracture behavior [23].

For biomedical applications, layered silicates have been incorporated into biodegradable lactide-based
polymers to improve mechanical properties for hard-tissue applications. Lee et al. [11] incorporated
MMT nanoplatelets into poly(l-lactic acid) (PLLA) with the aim of improving the intrinsic stiffness of
porous polymer scaffolds. Exfoliated composites were prepared by the exfoliation-adsorption process and
thermal and tensile mechanical properties were examined. The authors observed decreased glass transition
temperatures with the addition of MMT to PLLA along with a larger amorphous region, which may have
a positive effect on the biodegradation behavior of the composite. The tensile modulus of PLLA loaded
with 5.79 wt.% MMT increased approximately 40% compared to pristine PLLA while maintaining more
than 90% porosity.

Biomedical polyurethanes have also been modified with organically modified layered silicates (OLS) to
improve mechanical properties and reduce gas permeability. Xu et al. [26] demonstrated an increase in
tensile modulus with increased OLS concentration without the loss of strength and ductility that is typical
for filler systems. Additionally, they observed a fivefold decrease in water vapor permeability, which is a
major advantage for blood-contacting biomedical devices.

11.2.4 Hydroxyapatite Nanocomposites

As the nanostructure of bone was revealed, many researchers started to synthesize nanoscale HA and
investigate its properties. Among various methods to prepare HA, the wet chemical method is most
commonly used because it is well developed and easily adjusted for mass production [27]. Briefly, solutions
of either calcium hydroxide and orthophosphoric acid or calcium salts and phosphate salts are mixed in
a Ca/P ratio of 5 : 3. Under these conditions, HA will precipitate from the solution [28]. Researchers can
finely tune this simple method to make HA nanocrystals in various shapes such as spheres, rods, needles,
and plates [28–33].

Due to its low flexural strength and toughness, commercial HA powders (of micron-sized particles)
are usually limited to use as non-load-bearing implants or bioactive coatings on stronger materials, such
as titanium alloys, to promote bone ingrowth [34]. Nanocrystalline HA with an average grain size of
100 nm possesses superior bending strength (182 MPa) and compressive strength (879 MPa) compared
to conventional HA (in the range of 38–113 MPa in bending and 120–800 MPa in compression) [35].
Improved osteoblast adhesion, proliferation, and mineralization were also observed on the surface of
nanoscale HA [14,36–38].

It is very attractive to introduce nanoscale HA as a filler for widely used biopolymers to improve bioactive
and mechanical properties. As mentioned previously, however, the major challenge is achieving uniform
dispersion of hydrophilic HA nanoparticles throughout hydrophobic polymer matrixes. Surfactants, such
as lecithin, can be used to prevent aggregation of HA nanocrystals and homogeneously distribute them
into poly(methylmethacrylate) (PMMA) polymer [39]. Liu et al. [40,41] successfully modified the surface
of HA nanocrystals with poly(ethylene glycol) (PEG), PMMA, poly(butyl methacrylate) (PBMA), and
poly(hydroxyethyl methacrylate) (PHEMA) to produce chemical bonding between the filler and matrix
[40,41]. In another study, tensile strength and modulus of composites were significantly enhanced by
the improved interface of HA nanocrystals and PEG/poly(butylenes terephthalate) (PEG/PBT) block
copolymer [42].

Natural polymers have also been investigated for nanocomposites. In fact, a biodegradable chitosan/HA
nanocomposite made by in situ hybridization exhibited higher bending strength and modulus than
PMMA [43]. Moreover, nanoscale HA fillers can reduce water absorption, thus retaining material mech-
anical properties under moisture conditions for the potential application of internal fixation of bone
fractures [43].



mikos: “9026_c011” — 2007/4/9 — 15:51 — page 7 — #7

Nanocomposite Scaffolds for Tissue Engineering 11-7

In an in vivo study, the biocompatibility and osteointegration of biodegradable PPF polymer grafts
were improved when nanoscale HA was employed as opposed to micron-sized particles [44]. In another
study, HA nanocrystals were reported to grow on the surface of self-assembled collagen triple helices
along the longitudinal axes of their fibrils [45]. This designed hierarchical structure is very close to the
actual nanostructure of bone. Thus, HA nanocomposites provide significant advantages for successful
orthopaedic and dental applications in that they closely mimic natural bones and improve the bioactivity
of many materials.

11.2.5 Other Ceramic Nanocomposites

In an effort to enhance the osteoconductivity of PMMA bone cement, Rhee and Choi [16,46] incorporated
silica nanoparticles into the polymer. This composite was synthesized by sol–gel processing with the goal
of improving binding at the bone-implant interface. The authors observed high mechanical properties in
addition to crystalline apatite formation on implants in simulated body fluid.

While PMMA is useful as a bone cement, it is not ideal for tissue engineering applications as it is
nondegradable. Researchers incorporated the same type of silica nanoparticles into the biodegradable
poly(ε-caprolactone) (PCL) and also observed apatite formation and favorable mechanical properties
[47,48].

Another noteworthy effort at nanocomposite fabrication applied ceramic nanoparticles to a ceramic
material to enhance osteoconductivity and mechanical performance. Nawa et al. [49] developed a
ceria-stabilized tetragonal zirconia polycrystal (Ce-TZP) ceramic and incorporated alumina (Al2O3)
nanocrystals into it via wet chemistry methods for load-bearing bone applications. Further studies of this
material investigated its ability to induce apatite formation [50], in vivo biocompatibility, and resistance
to wear [10] with favorable results.

11.2.6 Carbon Nanotube Nanocomposites

Carbon nanotubes are among the strongest materials known because of their almost defect-free graphite
architecture with the sp2 type of carbon–carbon covalent bond, which is one of the strongest chem-
ical bonds in nature [51,52]. There are two types of carbon nanotubes: multiwalled carbon nanotubes
(MWNTs), first discovered in 1991 [53], and single-walled carbon nanotubes (SWNTs), first reported in
1993 [54,55]. Depending on the quality of nanotubes, elastic moduli can be as high as 1 TPa for SWNTs
and 0.3 to 1 TPa for MWNTs, while strength ranges from 50 to 500 GPa for SWNTs and 10 to 60 GPa for
MWNTs [56]. Owing to their very small diameters (ranging from 0.42 nm to dozens of nanometers) and
lengths of more than several micrometers, the aspect ratio (length-to-diameter ratio) of carbon nanotubes
can be more than 1000, while those of conventional carbon fibers are only about 100 [57]. Therefore,
carbon nanotubes could become the best reinforcing fiber for composite materials.

Both types of carbon nanotubes are synthesized by three methods involving gas phase processing,
namely, arc-discharge, laser ablation, and chemical vapor deposition (CVD) [58]. Subsequent purific-
ation procedures are required to remove impurities, such as catalyst particles, amorphous carbon, and
nontubular fullerenes, from the nanotubes [59].

One of the greatest challenges for developing carbon nanotube nanocomposites is separating nanotube
bundles, which aggregate into ropes due to strong inter-tube van der Waals attractions. This makes it
quite difficult to obtain a uniform dispersion of individual nanotubes into a matrix material. Another
significant challenge is effectively transferring load from a matrix to nanotubes, which have atomically
smooth surfaces. The main dispersion methods include mechanical procedures, sonication of nanotubes
in solvents and surfactants, and surface functionalization [60]. Among them, surface functionalization
seems superior in that functional groups on the surfaces can not only isolate individual nanotubes from
each other and therefore achieve uniform distribution throughout a matrix, but can also provide possible
sites for covalent bonding between nanotubes and matrix to facilitate load transfer. Dyke and Tour [61]
added various functional moieties to the surfaces of SWNTs by diazonium-based reactions and were able
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to separate bundles into individual nanotubes. Mitchell et al. [62] showed that such functionalized SWNTs
demonstrated much better dispersion in polymer than nonfunctionalized ones.

Many researchers have reported significant improvements of mechanical properties in thermoplastics
and epoxy resins by the addition of MWNTs or SWNTs [63,64]. Cooper et al. [65] found that impact
strengths of both types of carbon nanotubes in PMMA were significantly improved compared to pure
polymer. Carbon nanotubes provide another opportunity for creating dense ceramic composites with
enhanced mechanical properties by absorbing energy through their highly flexible elastic behavior during
deformation [66]. With the addition of 5 or 10% well-dispersed MWNTs, both the strength and fracture
toughness of alumina were greatly increased [56]. In addition to their exceptional mechanical properties,
carbon nanotubes also possess superior electric properties [58]. In an in vitro study, current-conducting
composites of polylactic acid (PLA) and multiwalled carbon nanotubes were effectively used as substrates
to expose osteoblasts to electrical stimulation, which promotes cellular functions for new bone formation
[67]. Though carbon nanotubes are a relatively new material for biomedical applications, they show great
potential for engineering biomaterials for hard tissue scaffolds.

11.3 Conclusions

As is evident by the described studies, a great deal of progress has been made toward improving bio-
materials for tissue engineering through nanotechnology. Nanocomposite scaffolds have demonstrated
enhanced mechanical properties and improved osteoconductivity of polymers as well as other materials.
The challenge remains to design a nanocomposite scaffold with mechanical properties suitable for hard,
cortical bone regeneration therapies. Future studies of nanocomposites should focus on answering an
important question: How do these novel materials perform in vivo? The in vivo biocompatibility and
osteoconductivity must be well characterized before the high potential of nanocomposite scaffolds for
tissue engineering can be achieved.
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In a very broad sense, preservation can be defined as the process of reversibly arresting the biochemical
reactions and therefore the metabolism of an organism (in a state of suspended animation [1]) in order
to sustain function after a “prolonged” exposure to otherwise lethal conditions. The lethal conditions are
created by the inadequacy of the surrounding medium in supplying nutrients and removing by-products,
exposure to draught, or the extremes of temperature that would disturb the biochemical processes vital
to the organism.

The rates of biochemical reactions are dependent on the proximity and mobility of the reactants.
Mobility is determined by the mutual interactions of the solvent with the solutes. The state of water (the
solvent) determines the mobility of the solutes and in return, the solutes change the structural organ-
ization of nearby water molecules through hydrophilic and hydrophobic interactions. In the cytoplasm,
the thermodynamic state of the medium (and therefore the molecular mobility) determines the rate of
metabolic activity.

12-1



mikos: “9026_c012” — 2007/4/9 — 15:51 — page 2 — #2

12-2 Tissue Engineering

Jw

Jw

Jw

tD: Mass transfer timescale

tC: Heat transfer time

Jw: Trans-membrane water flux

q �: Heat flux
Ice

Glass

Cell r
3Lp∆Π

q �
�

q �
�

q �
�

q �
�

3q0

2cprr∆T

T

V

Jw= 0

T

V

T

V

T

V

T: Temperature

tD/tC>1

tD/tC~1

tD/tC<1

tD/tC<<1

tD=

tC=

FIGURE 12.1 Effect of timescales on cell response.

In this chapter, the mechanisms enabling preservation of biological systems will be examined from
the perspective of “molecular mobility” exploring the effects of the timescales for cooling, freezing,
crystallization, vitrification, structural relaxation, and diffusion. Following example underlines the
importance of timescales in preservation.

The timescales of biochemical reactions and the preservation conditions applied to the organism play
crucial roles in determining the success of preservation. For example, the ratio of the timescale of water
diffusion, τD, across the cell membrane (τD = r/3Lp��, where r , Lp, and �� are the cell radius,
membrane permeability, and osmotic pressure differential, respectively) to the timescale of cooling the
cell experiences, τC (τC = (2cpρr�T )/(3q′′), where cp, ρ, q′′, and�T are the specific heat, mass density,
heat flux, and temperature differential, respectively) determines the fate of a cell during freezing such that
(Figure 12.1):

• τD/τC > 1 causes excessive dehydration of the cell.
• τD/τC ∼ 1 establishes an intra/extracellular equilibrium such that the intracellular water trans-

ported across the membrane balances the extracellular osmotic increase induced by freezing
(the solute-concentration effect [2]) minimizing the amount of intracellular free water.
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• τD/τC < 1 results in rapid cooling (faster than the cell can reach equilibrium with its surroundings)
inducing Intracellular Ice Formation (IIF) known to be lethal to most cells (see Figure 12.2 Toner [3],
for the correlation between IIF and post-thaw viability of mammalian cells).
• τD/τC � 1 theoretically, yields to ultrafast cooling without ice crystallization (if as an additional

constraint τα/τC � 1 where, τα is the timescale of structural relaxations) enabling vitrification of
the extracellular medium, and more importantly the cytosol.

12.1 Water–Solute Interactions and Intracellular Transport

Water is the most abundant substance in and around an organism, yet it is the least understood in terms
of its role in biological function and preservation. Water has unique physical and chemical properties
[4] (for a complete review, see Franks [5], for an extensive collection of the properties and the anom-
alies of water, see the excellent electronic source by Chaplin [6]). Hydrogen bonds (Ea = 4 to 7 kJ/mol
[7]) with bond energies similar to the local thermal fluctuations are continuously formed and broken
between neighboring water molecules organizing them into flickering clusters of minimum free energy.
These loosely bonded hydrogen clusters have very short life spans (τW = 10−11 to 10−12 sec) and are
quickly destroyed just to form new ones in a never-ending cycle. This behavior establishes the basis of
molecular mobility of water such that even in pure liquid form, a single water molecule is not inde-
pendent in its motion but, at any instant of time, moves in coordination with a cluster of molecules. It is
therefore widely believed that for water a cluster (rather than an individual water molecule) is the element-
ary structural unit and the interactions of clusters are responsible for its unique chemical and physical
properties [8].

There is a continuous tug-of-war between the hydrogen bonds trying to stabilize the network of
water molecules and the temperature dependent random motions breaking these bonds. With decreasing
temperature, the magnitude of local thermal fluctuations decrease, increasing the lifetime of the hydrogen
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bonds among water molecules (i.e., the number of available neighboring hydrogen bonding sites per water
molecule at any given time decreases). Water mobility (and its self-diffusion coefficient, Dw, as shown in
Figure 12.2) therefore decreases [9,10] while the water clusters they participate in get more densely packed
and grow [7]. Water mobility is not only a function of temperature but also the thermodynamic state. For
example, Dw of liquid water decreases only by an O(2) over a range of 150 K whereas it drops by an O(6)
upon freezing at 0◦C (Figure 12.2). In the frozen state, each water molecule makes hydrogen bonds with
only four neighboring molecules in a three-dimensional tetrahedron-like configuration. The degree of
tetrahedricity (perfectness of the tetrahedral configuration) increases with decreasing temperature [10].
The strong interations between water molecules also cause an unexpected decrease in Dw when the density
is decreased by increasing hydrostatic pressure. In water, density decrease lowers the hydrogen bonding
possibility, therefore reduces mobility. In other liquids however, mobility is increased due to the increase
in the free volume.

Any surface (hydrophilic or hydrophobic) or solute (charged or uncharged) disrupts the bonding
patterns of the water molecules in its near vicinity causing local polarization and altering the life cycles of
the surrounding water clusters [6,11]. This results in variations in water mobility, which can be detected
by methods such as Nuclear Magnetic Resonance (NMR) and Fourier Transform Infrared Spectroscopy
(FTIR). Close to a hydrophilic surface exerting a higher attraction force, water mobility decreases (the
water molecules make stronger bonds with the surface and they are less available to join in a cluster).
This causes depression of the freezing temperature and is the origin of the “unfreezable water” concept
frequently used by the cryobiologists. Similarly, in close proximity to a hydrophobic surface or a solute, in
this case entirely due to geometrical factors limiting hydrogen bonding possibility (that the water molecules
can not make bonds with the hydrophobic surface), in the direction perpendicular to the surface, water
mobility and therefore diffusion decreases. Parallel to the hydrophobic surface however, water diffusivity
is not different from that of free water [12]. The coexistence of hydrophobic and hydrophilic surfaces on
most proteins therefore creates large spatial gradients of water mobility, which may be closely related to
protein function (e.g., the alternating regions of high and low water mobility within the hydration shells of
actin filaments are thought to be contributing to the movement of myosin along these filaments [13]). Ions
also affect nearby water molecules and alter their mobility [14]. For example, structure-breaking solutes
such as urea [15] and large ions such as I− and Cs+ [14] increase the mobility of the water molecules in
their immediate vicinity. Small ions such as Mg++ and F−, on the other hand, have the opposite effect on
their hydration layer. Interactions with nearby surfaces and solutes change the lifetime and the stability of
each vicinal water cluster and change their physical properties (e.g., low mobility vicinal water has lower
mass density, lower freezing point, and higher specific heat than bulk water).

The interaction of water with solids and surfaces is mutual. Water is not only a solvent but is also a react-
ant itself. It is a substance functioning in cooperation with the solutes [16] altering their charge, conforma-
tion, and reactivity. The range of water–solute interactions (the distance a water molecule should be from a
surface or a solute to be fully isolated from its effects) is one of the most controversial topics in the literature,
however it is widely accepted that vicinal water layers do not extend beyond 1 to 10 water molecules.

12.1.1 Intracellular Water and Molecular Mobility

In isotonic conditions, approximately 70% of the cell’s volume is water. However, it would be wrong to
think that the intracellular solutes and macromolecules bathe in a dilute solution. It has long been known
that most, if not all, of the intracellular water exhibits physical properties unlike those in the bulk [17]
(see the Dw in erythrocytes in Figure 12.2). This is attributed to the presence of high concentrations
of proteins (200 to 300 g/l) [18], ions, amino acids, fatty acids, sugars, and other small solutes in the
cytoplasm enmeshed in a network of cytoskeletal macromolecules (actin filaments, microtubules, and
intermediate filaments). In individual organelles (such as mitochondria) the protein concentration may
be even higher [19]. Within the cytoplasm, at any given time, water molecules are either a part of a
tight cluster (bulk water) or in the close vicinity (vicinal water) of a surface (cell or organelle membrane)
or a solute (a macromolecule, ion, or amino acid). There is not a consensus in the literature on the relative
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populations of vicinal and bulk water within the cytosol. The estimates vary in a range of 0 to 100% of the
total intracellular water (for details, see Clegg [17] and the references therein). Similarly, the names given
to the various subpopulations of water molecules in the close proximity of surfaces/solutes also vary from
one source to another (hydration, bound, vicinal, essential, structural, ordered, unfreezable, osmotically
inactive, etc.).

Overall cytosolic mobility is directly related to the metabolism and function of a cell [20,21]. However,
the mobility of water in the cytosol is not spatially homogeneous [22,23] as evidenced by the presence of
compartmentalization inside the cytoplasm (regions of solute aggregation and variable water mobility)
using Fluorescence Recovery After Photobleaching (FRAP) [24] and Raman Scattering Microscopy (RSM)
[25]. It is postulated that the intracellular mobility gradients determine the active and resting states of
cells [26,27] and are altered in response to osmotic stress [28] and in the presence of carcinogens [26].

As opposed to dilute solutions, where the chemical reactions are transition-state-limited [29], most
of the biochemical reactions in crowded environments are diffusion-limited. However, the diffusion
mechanism in the cytoplasm is different from that in a dilute solution and is altered by the increased
frequency of close-range interactions such as binding of and collisions between solutes and surfaces.
In order to determine the hydrodynamic properties of the cytosol (translational, rotational diffusion
coefficients and viscosity) various techniques have been utilized (NMR, FRAP, Electron Spin Resonance
(ESR), etc. See Table 12.1 for details). The values reported in the literature lie in a very broad range
(e.g., cytosolic viscosity values vary from 0.5 to 5 times that of water) and contradict each other (see
reviews by Luby-Phelps et al. [24] and Arrio-Dupont et al. [30] for cytosolic diffusivity measurements using
different methods and tracer molecules). The main reason for the discrepancy among the reported values
is believed to be originating from the differences in the methodologies applied (such as the measurement of
the translational diffusivity of a very large number of tracer molecules over a large volume [∼1/10 to 1/20
of the volume of an attached cell] with FRAP or the shortcoming of NMR in distinguishing the signals
from the intermolecular and intramolecular bonds and the requirement for relatively long acquisition
times [31]), the characteristics of the tracer used (e.g., its size [24]), and inability of most of these
methods to distinguish among different molecular interactions (free diffusion, binding, or collision) in this
crowded environment [32]. The differences observed between the cytoplasmic viscosity values measured
by rotational vs. translational diffusion of tracers indicate that physical interactions (such as binding and

TABLE 12.1 Most Common Methods for Measurement of Molecular Mobility

Method Quantity measured Range/limitations

Nuclear magnetic
resonance (NMR)

Relaxation times T1, T2 of proton
(1H) and carbon (13C) nuclei of
water–carbohydrate samples

Cannot distinguish between the intermolecular and
intramolecular bond signals. Measurement times are
higher than the measured relaxation times

Dielectric spectroscopy Complex dielectric permittivity Water dipole moment relaxations in the kHz–GHz
range

Differential scanning
calorimetry (DSC)

Specific heat change�Cp|T=Tg May be used in the 100–1500 K range. Measures the
glass transition temperature of the bulk sample

Fluorescence recovery after
photobleaching (FRAP)

Translational diffusivity of the
tracer molecule

Measures mobility of very large number of molecules
in a large area (∼1 µm3). Measurements in a glass
are not feasible due to photobleaching

Electron spin resonance
(ESR)

Spin relaxation of molecular
probes (such as tempol)

Rotational mobility range [110]:
t = 10−12–10−8 sec (continuous-wave EPR),
t = 10−7–103 sec (saturation tranfser EPR). Probe
properties change with hydration level [111]

Fourier Transform Infrared
Spectroscopy (FTIR)

Molecular bond vibration Strong absorption of IR light by water

Circular dichroism
Quasielastic neutron

scattering (QNS)
Measurement time∼10−12 sec,

Measurement distance∼1A [17]
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collisions) present a higher obstacle to diffusion when compared to fluid phase viscosity (see e.g., Figure 1
in Mastro and Keith [33]). Crowding and solute concentration affect larger macromolecules more than
the small solutes and ions, and it is therefore not feasible to assign a single parameter for mobility. Even
though the viscosity of the cytosol is not significantly higher than water, some large macromolecules
do not diffuse at all in the timescale of hours [34]. This would limit the reaction rates of some of the
intracellular biochemical processes, if they depended on diffusion only. Nature overcomes this problem
by crowding certain reactants in small regions (compartmentalization) of the cytoplasm [35], which also
explains the spatial heterogeneity of water mobility observed intracellularly [22,23].

12.1.2 Transmembrane Water Transport Effects

The cell membrane shows very low resistance to water transport. However, it is the biggest obstacle to
the transport of solutes. Membrane permeability to solutes depends on the size, charge, and the hydrogen
bonding characteristics of the solute (for a review of membrane transport phenomena, see McGrath [36]).
Transport across the cell membrane in response to osmotic gradients is at the cornerstone of biopreser-
vation studies since it is directly related to administration of preservation agents and to the amount and
mobility of the intracellular water. Water is transported into the cell by three different methods (a) dif-
fusive transport across the membrane, (Lp ∼ 2–50 × 104 cm/sec), (b) facilitated transport through
membrane channels (Lp ∼ 200 × 104 cm/sec), and (c) cotransport through glucose transporters and
ion channels (Lp ∼ 4× 104 cm/sec) [37]. Methods for quantifying membrane transport are reviewed by
Verkman [38].

Both desiccation and freezing (as well as their complementary processes; rehydration and thawing)
induce very high osmotic gradients across the cell membrane. Cells are capable of responding to mild
osmotic gradients by adjusting their volume, mainly by water transport. Applying an osmotic gradient
almost all of the free water (called the osmotically active water) in a cell can be removed temporarily without
any permanent damage. The water of hydration (participating in the osmotically inactive volume) on the
other hand, is tightly associated with the solutes and surfaces and upon removal causes polarization of
surfaces, aggregation and denaturation of the macromolecules [20,21].

12.2 Molecular Mobility in Preservation

In a dilute, nonreacting, binary solution diffusivities of the solvent and the solute depend on their relative
molecular sizes [39] as well as their concentrations and temperature. For this system, Stokes–Einstein
relationship correlates the hydrodynamical properties of the solution as,

Dtranslational = kT

nπrη
, (12.1)

where, D, k, T , r , and η are the diffusivity, Boltzmann’s constant, absolute temperature, hydrodynamic
radius of the diffusing particle (van der Waals radius), and the viscosity, respectively. The constant n, takes
the value of 6 for a “stick (hydrophilic) boundary” condition and the value of 4, for a “slip (hydrophobic)
boundary” condition. With increased solute concentration, diffusion becomes more restricted and dif-
ferent interactions such as collisions with other solutes and binding between molecules start to dominate
and deviations from the Stokes–Einstein relationship is observed.

For a supersaturated solution, crystallization is the energetically most favorable path. However, if the
concentration increases very rapidly (or the temperature drops very fast) a meta-stable “glassy” form can
be reached. For a glass-forming system, the transition from a dilute to a concentrated solution diffusion
mechanism is determined by the concentration corresponding to the crossover temperature, Tc, predicted
by the Mode Coupling Theory [40]. At the crossover temperature there is a transition from liquid-like
to solid-like dynamics. Note that Tc ∼ (1.14–1.6)Tg for most glass-forming solutions, where Tg is the
glass transition temperature. Diffusion in very high concentration solutions (close to glass transition
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Free diffusion:
Unrestricted diffusion down the osmotic gradient. With increased concentration,
limiting factors (such as chemical interactions between solutes or interparticle
collisions) start to dominate

Cooperative diffusion:
Appears with the transition from liquid- to solid-like behavior at the critical
temperature, Tc, during rapid cooling (or at the critical concentration during
isothermal desiccation) requiring the collaboration of all of the molecules in a
non-crystalline cluster to loosen their cage to give enough space to a single
molecule to diffuse. At this regime a and b-relaxation times start to decouple

Decoupled diffusion:
Decoupling of the diffusion of the
matrix molecules making up the
glass from that of the solvent and
small solutes. Starts with the
stopping of the a-relaxation
processes of the glass-forming
matrix at the glass transition

Jump diffusion:
In a crystal, diffusion is directly
correlated to the presence of defects
(vacancies or additions). Solvent or
small solute molecules jump from
one vacancy in the crystal matrix to
another

FIGURE 12.3 Mechanisms of diffusion.

temperature) is governed by the frequency of jumping between the cages surrounding the tagged molecule
(either the solvent or a small solute) and is comparable to the time the molecule spends entrapped in the
cage rattling (β-relaxation) [41]. This is similar to the mechanism of diffusion in crystalline systems, where
the diffusing molecule jumps between the crystal defects (vacancies). Frequency of jumping is inversely
related to the structural relaxation (α-relaxation) time, τα of the matrix. Temperature dependence of
ταdistinguishes between the “fragile” and “strong” glasses, where the variation in τα with temperature is
steeper in the former case. In Figure 12.3 changes in the mechanism of diffusion with the thermodynamic
state of the system is summarized.

In a concentrated and crowded environment such as in the cytosol, the motion of a small solute can
be divided into two main components (Figure 12.4a) (1) the translational diffusive motion (governed
by the α-relaxation timescale of the system), which results in a net displacement of the molecule down
its osmotic gradient and (2) the random motion, which does not result in a net displacement. The
random motion is governed by the physical and chemical interactions with the solvent and the sur-
rounding solutes and is characterized by the β-relaxation timescale of the system, which includes rotation
and Brownian motion. When the solvent is frozen, as a function of the storage temperature and the
perfectness of the crystal structure formed, α-relaxation timescale increases. Depending on the relat-
ive magnitudes of the solvent and the solute molecules (and the size of the pores formed) β-relaxation
may still continue (Figure 12.4b). Note the unfrozen bound water molecules in close proximity to the
protein surface with lower mobility. If the system is desiccated (to a point where some of the water
molecules in the hydration layer is also removed), both α and β-relaxations of the system may be stopped
completely, however, due to removal of the hydration layer, the protein may denature and its active
site may not be available for the binding of the ligand (Figure 12.4c). If denaturation of the protein is
irreversible, even after rehydration (when molecular mobility is restored) the ligand can still not bind
to the protein. Carbohydrates may be administered in order to prevent the denaturation of the pro-
tein while water is removed from the system lowering the mobility within the medium forming a glass
(Figure 12.4d,e).
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For high solute concentrations in the absence of crystallization, Vogel–Tammann–Fulcher (VTF)
equation predicts the changes in the timescales of molecular motion as:

τ = τo e−(BTo)/(T−To), (12.2)

where τ is the timescale of molecular motion, T0 is the Kauzmann temperature corresponding to the zero
mobility state, τo is the timescale of motion at the Kauzmann temperature (usually taken to be in the
order of 1017 sec), and B is a constant related to the energy of activation of the relaxation process. The
values of B, for different carbohydrate solutions can be found in Rampp et al. [42].
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12.2.1 Molecular Mobility in Supercooling and Phase Change

At temperatures below the freezing temperature (0◦C, 1 atm) water may exist as a supercooled liquid or
ice. The theoretical limit for the presence of free water in the liquid form is −40◦C, where homogeneous
crystallization is initiated. For freezing to occur at any given temperature, certain number of water clusters
should form at the same time and reach a critical size (known as the formation of a nucleation embryo).
With decreasing temperature, the critical number of water molecules required to form a nucleation
embryo for the initiation of freezing decreases (from approximately 16,000 at −10◦C to 120 at −40◦C
[5]) and at −40◦C, it becomes statistically impossible for free water to remain in the liquid phase. In
biological systems, due to the presence of small hydrophobic solutes with low surface energy (such as
ice nucleating proteins in certain plants and bacteria that survive freeze injury), ice nucleation in the
supercooled state is initiated well before the theoretical limit is reached. This is believed to help protect
against the freeze-induced damage by minimizing compartmentalization and creating a more uniform ice
structure.

With decreasing temperature, the diffusivity of liquid water decreases (approximately O(2) 370 to 240 K,
see Figure 12.2) due to change in the mechanism of diffusion from unrestricted to cooperative
(Figure 12.3). Upon freezing, the drop in water diffusivity becomes even more significant (approximately
O(6) as shown in Figure 12.2). The reduction in water mobility with supercooling and liquid-to-solid
phase change in addition to the decrease in most chemical reaction rates at low temperatures, makes
cryopreservation feasible.

12.2.2 Cryopreservation

Certain organisms are known to synthesize carbohydrates upon exposure to cold and desiccation (such as
trehalose synthesis by Escherichia coli [43], yeast [44], and nematodes [45]), which is crucial for their
survival [46]. It was discovered (by accident) that glycerol also protects against freeze injury. These findings
have fueled researchers to explore ways to use these chemical agents (cryoprotectants) for the preservation
of biological organisms, which are normally not freeze or desiccation resistant. Over the years, this has
led to the discovery of other cryoprotectants such as dimethylsulfoxide (DMSO) and ethylene glycol.

Cryoprotectants traditionally are divided into two main groups as membrane permeable and imper-
meable. Most effective and widely used cryoprotectants, DMSO [47], ethylene glycol, and glycerol are
highly membrane permeable whereas most of the carbohydrates (trehalose, hydroxyethyl starch, dextran,
etc.), proteins, and polymers are normally not. Exposure to membrane impermeable (or low permeability
when compared to that of water) cryoprotectants creates an osmotic gradient across the membrane, to
which a cell responds by shrinking. If a membrane permeable cryoprotectant is present on the other hand,
after initial shrinkage, with prolonged exposure and penetration of the chemical, the cell recovers to its
original volume. Similarly after thawing, to remove intracellular cryoprotectants, the cells are exposed to
hypotonic solutions. This results in swelling of the cell followed by return to its isotonic volume. It is widely
accepted that a significant part of freeze damage is related to the uncontrolled swelling response during
thawing, that the membrane stretches beyond its mechanical limit and ruptures. The volume response of
the cell to cryoprotectants creates changes in the cytoplasmic molecular mobility due to the changes in
(a) the amount of cytoplasmic free water present at any time, (b) the intracellular solute concentration,
and (c) the changes in the electrical potential gradients due to proximity of macromolecular surfaces.
Additionally, during freezing, depending on the freezing-rate-dependent solute concentration (as presen-
ted previously in the first part of this chapter) volume of the cell changes responding to osmotic gradients
(Figure 12.1). Briefly, damage to cells during cryopreservation is attributed to various factors directly or
indirectly correlated to the presence of intra/extracellular ice (such as solute concentration, membrane
potential change, mechanical damage by ice crystals, steep electrical potential, and osmotic gradients,
etc.), however the exact mechanism of freeze injury is not known.

Cryopreservation is a process, which inherently disrupts intra/extracellular continuum and introduces
heterogeneity within the cytoplasm. During freezing of a complex solution, there always is a mutual
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interaction between the two phases present simultaneously: the frozen liquid phase, which rejects solids
and the supercooled liquid phase, which cannot freeze due to the increased concentration of the solutes
rejected by the ice. Presence of solutes depresses the freezing temperature of the water, as a function of
their mole fraction. The tug-of-war between these two phases introduces compartmentalization yielding
to very high osmotic and electrical gradients within the cytosol. This may explain the low survival rates
recorded at relatively high subzero temperatures.

To this date numerous post-thaw viability and function experiments have been performed with virtually
every kind of cell using cryoprotectants at different concentrations, freezing/thawing rates, and storage
conditions. Interested readers are directed to reviews by Mazur [48] and McGrath [36]. Interestingly,
the mechanism of cryoprotection offered by the most widely used chemicals, for example DMSO and
glycerol, is not known [49,50] beyond the colligative action (that they replace the water molecules in the
cytosol) and their “strong interaction potential with water” at low temperatures. The colligative action
of cryopreservatives in the absence of water can be divided into the space-filling effect, which prevents
structural collapse and the osmotic effect, which presents the cryoprotectant as an alternative solvent
reducing solute concentration. DMSO has a very high hydrogen bonding affinity toward water creating
a nonideal mixture behavior (e.g., even though the freezing point of water and DMSO are 0 and 18.6◦C
respectively, the freezing point of a 1 : 3 molar ratio DMSO–water solution is−70◦C).

Given that, DMSO is toxic at high temperatures [51] and has been shown to cause gene activation
(for a review, see Ashwood-Smith [52]) and have mutagenic potential [53] at high concentrations, it is
surprising that it works so well for preservation at low temperatures in spite of its biological inadequacy: an
indication that the preservation phenomena is directly related to the thermodynamical properties of most
cryoprotectants (freezing point depression), their effects on the structure of water (such as eliminating
ice crystallization), and to the degree of molecular mobility reduction they offer (e.g., DMSO increases
cytoplasmic viscosity [50]).

A mechanism offered to explain the protective potential of membrane permeable cryoprotectants and
certain solutes introduced artificially into the cell (such as carbohydrates) is that they have the ability to
retard ice formation by replacing water and imposing an ordered water structure resistant to crystallization.
Raman Scattering, NMR, dynamic molecular modeling, and Quasi Elastic Neutron Scattering data indicate
that especially trehalose, even at low concentrations breaks the structure of adjacent water molecules and
slows down their mobility [54,55] and therefore makes them more resistant to crystallization at low
temperatures [56]. Similarly, DMSO can alter the structure and the rotational and translational mobilities
of water (e.g., 10% DMSO reduces the self-diffusion coefficient of water by half [50]) as a function of its
concentration and environmental temperature [57]. Analysis of osmotic stress injury to frozen cells [58]
in the presence of DMSO, glycerol, and ethylene glycol [59] also point to different reasons to explain the
protective mechanism offered by these cryoprotectants beyond their colligative action.

Even though the chemical reaction rates are expected to slow at low temperatures following Arrhenius
kinetics, due to freeze concentration, which decreases the distance between reactants and changes the pH
of the medium in addition to the possible catalytic effects of ice crystals [60] (and given that proton mobil-
ity is higher in ice than in water due to the organized crystal structure), some enzyme-catalyzed chemical
reaction rates do increase by orders of magnitude in the frozen state as compared to supercooled state
[61]. Combined with the detrimental effects of IIF, the factors stated above formed the scientific reasoning
behind development of an alternative preservation method: preservation of cells in an undercooled state
[62]. It is known that with the addition of each mole of solute to one liter of water suppresses the freezing
temperature by approximately 2◦C by increasing the entropy of the liquid phase. It was shown that if
structural stability at subzero temperatures could be ensured so that the probability of intra/extracellular
ice formation is at a minimum, short-term storage could be feasible for certain cells. This can be
achieved for example, by adding ice nucleation retarding solutes, applying high pressures, or using smaller
water volumes with minimum peripheral contact (such as utilization of small water droplets suspended
in oil).

The intracellular ice formation (IIF) has been thought to be the main source of viability loss for
preserved biological systems. It is postulated that the ice crystals in the cytosol mechanically disrupt the
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cytoskeleton and the macromolecules in addition to causing very high localized solute concentrations due
to solute rejection from the frozen phase. It is also suggested that IIF can not form by itself and is usually
induced by Extracellular Ice Formation (EIF) breaching the cell membrane through membrane pores,
enlarging them and causing the membrane to rupture.

It was therefore suggested that if IIF and EIF can be eliminated altogether (in spite of the disadvantages
of having to load very high concentrations of cryoprotectants into the cells and keeping them at liquid
nitrogen temperatures) then the preservation of cells, organs, and even whole human bodies would
be possible in a vitrified state [63]. With high cryoprotectant concentrations (as high as 9 M [63])
and low temperature storage, ice formation within the cells can be completely eliminated and also an
intracellular amorphous (or glassy?) state may be reached. This line of work however, is not supported by
detailed theoretical, experimental, and numerical analysis of molecular motion confirming the presence
of intracellular glass. Given that the glass transition temperatures for DMSO, glycerol, and ethylene
glycol (at 100% w/w) are −122.2, −187, and −115◦C, respectively [64] when compared to that of
pure water (−135◦C) even if their primary mechanism of action in preservation at high concentration
is by vitrification, then their only role is relaxing the high cooling rate (106 K/sec) requirement for
the vitrification of water. Actually, for a 5 M solution of DMSO in water, the critical cooling rate for
vitrification (the cooling rate at which crystal formation is minimum) is approximately 10 K/sec. This is
achievable, however the critical warming rate is still unattainable (108 K/sec) [65].

12.2.3 Vitrification

The discovery of the presence of a vitrified state in the cytoplasms of desiccated plant seeds [66], Artemia
cysts, and fungal spores started extensive research for desiccation preservation of mammalian cells
and tissues. For plants and certain animals, it was shown that the transition to the glassy state was
enabled through the accumulation of certain carbohydrates (glucose, sucrose, raffinose, and stachyose in
plants, and trehalose in microorganisms and animals making up about 15 to 25% of their dry weight).
Having the same chemical groups (–OH) as water, carbohydrates are hypothesized to replace the hydrogen
bonds formed between water molecules and the macromolecules in the cytoplasm and the lipid mem-
branes stabilizing their conformations in the absence of water [5]. This has formed the basis of the “water
replacement hypothesis” [67] that was offered as an explanation for the protective capacity of certain
carbohydrates against freezing and desiccation damage. Another theory proposed is based on the “prefer-
ential exclusion” of carbohydrates from macromolecule surfaces [68,69]. This theory predicts that when
water is scarce in the cytoplasm (as would be the case during desiccation or freezing), water molecules
in the hydration shell of the macromolecules remain undisturbed while the void left by the removed free
water is filled by the carbohydrates eliminating structural collapse. It is not known to this date which
one of these hypotheses explains the protection mechanism responsible for reducing macromolecule and
membrane denaturation during desiccation.

Additionally, a recently introduced hypothesis based on molecular mobility measurements suggests that
the main protective effect of carbohydrates is by breaking the structure of the surrounding water molecules
(especially at low water concentrations) and creating more structured water clusters, therefore enabling
encapsulation of biological macromolecules in a rigid matrix [70]. This hypothesis is in agreement with
the additional claim made by the first two hypotheses that upon removal of the free water, a cytosolic
glass with reduced molecular mobility is formed, virtually stopping all biochemical processes. In addition
to carbohydrates, certain solutes abundant in the cytosol (such as proteins, amino acids, ions, and salts)
are also thought to be participating in the formation of the cytoplasmic glass [71] (for a recent review,
see Buitink et al. [72]). It should be noted that the glass transition temperature of an ideal mixture is
determined by the glass transition temperatures of its constituents. Since it has a very low glass transition
temperature (Tg = −135◦C), water significantly reduces the glass transition temperature of carbohydrates
as a function of its concentration.

Chemical reaction rates have been shown to decrease in the presence of high concentrations of carbo-
hydrates, facilitating protein dynamics studies [73,74], slowing down oxygen diffusion therefore increasing
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the stability of fluorescent molecules [73], reducing degradation of enzymes [75,76] and proteins [74,77],
and enabling lyophilization of bacteria [78] and viruses [79] supporting the cytosolic vitrification hypo-
thesis by experimental evidence. However, contradicting reports also exist, where researchers did not find
any difference between the state diagrams (glass transition temperature as a function of water content)
of desiccation tolerant and intolerant plants [80]. This has been offered as the basis of why cytosolic
vitrification alone can not be responsible for preservation in the desiccated state.

It was shown that for the carbohydrates to protect against desiccation damage, they should be present
on both sides of the membrane [81]. Almost all of the glass-forming carbohydrates and polymers are
membrane impermeable and should be introduced artificially with the exception of glucose. Currently
applied reversible membrane breaching methods are microinjection [82], osmotic shock [83], electropor-
ation [84,85], thermal shock [86], acoustical exposure [87,88], endocytosis [89], and transport through
switchable membrane pores [90,91]. For details of these methods, see Acker et al. [81]. An alternative
method utilized is the genetic modification of mammalian cells to express genes for coding carbohydrates
intracellularly [92]. It is still perceived as a challenge to upload mammalian cells with high concentrations
(0.2 to 0.3 M ) of carbohydrates required for preservation.

A glass is a metastable liquid with very low molecular mobility of its main structural ingredient, which
forms an amorphous matrix rather than an energetically more favorable crystal. Whether achieved by
rapid cooling, desiccation, addition of cryoprotectants or carbohydrates, amorphous to glassy phase
transition is characterized by a sharp discontinuity in the temperature–density curve. As an indication of
very compact packing in the molecular arrangement in the glassy phase, density is a very weak function
of temperature. At the glass transition temperature, specific heat also decreases significantly since a
higher percentage of the thermal energy transferred to the system causes a temperature change without
being dissipated by the exceedingly confined molecular motions of the matrix molecules. Even though
vitrification is characterized by a very significant change in viscosity (O(7–9)), and the stopping of α-
relaxation processes, depending on the relative sizes of the matrix molecules and the solvent remaining in
the system, molecular motion does not completely stop [42]. During drying of thin films or small droplets
of high molecular weight polymer and carbohydrate solutions for example, evaporation continues even
though early on a glassy film is formed on the surface. The decoupling of matrix mobility from that of the
solvent at glass transition may present a challenge that the diffusion of the solvent and the small solutes
can not be prevented during storage of biological materials. The glass transition temperature increases
with increasing molecular weight. Therefore, with increasing molecular weight of the matrix, the mobility
of the solvent at matrix glass transition also increases [93,94]. This has led some researchers [95] to
conclude that a glassy matrix (actin embedded in a glass formed by dextran, a very high molecular weight
carbohydrate) can not protect against desiccation damage. Apparently, in this particular case even though
the matrix was glassy, decoupling of matrix and solvent (and small solute) mobilities were very significant
resulting in denaturation of actin.

It would be wrong to conclude however, that the diffusion of small solutes and the solvent in a glassy mat-
rix would not be affected by the presence of the glass. With increasing solute concentration, the mobility of
the solvent is increasingly limited and therefore the solvent switches from the free, unrestricted diffusion
to jump-diffusion (Figure 12.3) between the cages formed by the glassy matrix [96]. There is evidence
that the transition in the diffusion mode of water coincides with the point, where the carbohydrates have
been shown to form a three-dimensional hydrogen bonded network [97]. The diffusion constant shows
an Arrhenius type dependence on temperature above and below the glass transition temperature (with
different activation energies) indicating decoupling of the solvent and the carbohydrate matrix mobility
[98–100]. For example, during desiccation diffusivity of water in the Artemia cysts decreases with decreas-
ing water content, however below a critical water content corresponding to 0.15 gwater/gdrymatter [101], it
starts to increase.

As opposed to diffusion in a glassy matrix, where translational mobility is dictated by cooperative
diffusion, in cryopreservation, diffusion is dependent on the presence of defects in the crystalline structure
(and the presence of grain boundaries). In a perfect crystal (without any defects or grain boundaries),
mobility of the solvent and small solutes are exceedingly hindered (Figure 12.2).
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For glass-forming liquids, with increasing cooling rate, the probability of reaching the glassy state
increases (when compared to crystallization). However, since a glass is intrinsically a liquid with a higher
energy than its crystal, given enough time (depending on the characteristics of the carbohydrate and the
storage conditions this could be weeks, years, or even centuries) it will crystallize.

In the absence of chemical and electrical interactions, the size of a molecule determines its mobility
in a glassy matrix. In dextran solutions, for example with increasing molecular weight of the dextran,
water mobility at glass transition increases. For successful storage therefore, the size of the molecules to be
preserved should be larger than that of the molecules making up the glassy matrix and the free volume of
the matrix they form. Rigidity of the glassy matrix may also contribute to its storage potential by reducing
solvent mobility. For example, it was shown by Elastic Incoherent Neutron Scattering measurements that
the glassy matrix formed by trehalose (which is known to be superior in terms of its protective potential) is
more rigid than the glasses formed by maltose and sucrose [102]. If the preserved molecules are polar, their
mobility may further be reduced since they can form strong hydrogen bonds with the glassy matrix. Due to
the facts presented above, we may conclude that a high glass transition temperature alone is not sufficient
in determining the storage potential offered by a particular glass former. Even though dextran has a higher
glass transition temperature than trehalose and sucrose, it has been repeatedly shown to have inferior
protective capacity against desiccation and freezing damage. One reason for its low protective capacity
may be its large size making it less flexible and therefore its hydration sites less accessible. However, there
is reason to believe that the main factor is the high pore size of the glassy matrix it forms presenting lower
resistance to the diffusion of solutes and solvents. With the technological advances making it feasible to
measure molecular mobility in the glassy state, this hypothesis can be put to test.

12.2.4 Vitrification by Ultrafast Cooling

If the kinetic energy can be reduced faster than the rotational and translational diffusion timescales at any
temperature, then vitrification without crystallization can be achieved for an aqueous glass former at any
water content. If it can be cooled fast enough (106 to 107◦C/sec), even water can be vitrified at a tem-
perature of −135◦C. For biological materials, these cooling rates can not be achieved using conventional
techniques such as liquid nitrogen immersion. However, methods utilizing cooling with simultaneous
heating are promising [103]. Ultrafast cooling, if achieved, does not expose cells to osmotic and dehyd-
ration stresses and therefore also eliminates compartmentalization (Figure 12.1). However, if storage
at noncryogenic temperatures is desired, methods to reduce mobility at high temperatures should be
developed.

12.2.5 Vitrification by Desiccation

During isothermal drying, the glass transition temperature of the solution increases. Evaporation of the
solvent causes a decrease in the free volume increasing the viscosity and the structural relaxation times.
Mode Coupling Theory [40] predicts a crossover temperature located at approximately 40 to 50 K above
the glass transition temperature of a glass-forming solution, where there is a transition from liquid-like
to solid-like molecular dynamics. The structural relaxation time, τα, is related to the collective motion of
a group of molecules to loosen up the cage they form around a single molecule and enable it to make a
translational diffusive motion. The short timescale relaxation time, τβ, however involves the temperature
dependent vibrational motion of a single molecule, which also involves rotation. τα reaches a value of
102 sec (τα = 10−7 sec at the crossover temperature) very close to glass transition (for an extensive review,
see Novikov, 2003 [104]). The O(9) decrease in the structural relaxation time with proximity to glassy state
(each evaporating water molecule making it more difficult for the next one in the solution to evaporate) is
thought to make vitrification improbable in the experimental timescales considered. However, vitrification
of carbohydrate solutions can be accelerated using a cocktail of carbohydrates [105] and salts [120].



mikos: “9026_c012” — 2007/4/9 — 15:51 — page 14 — #14

12-14 Tissue Engineering

12.2.6 Lyophilization

Cryopreservation (either in the frozen or the vitrified state) requires very low temperatures for storage
and transportation and therefore is not economical for many purposes. An alternative to cryopreservation
is lyophilization, where the reduction of molecular mobility reached at low temperatures by cryopreser-
vation can be achieved at relatively high temperatures by the removal of water (the universal plasticizer),
thus increasing the glass transition temperature [106]. The product to be stored is initially frozen in
the presence of cryoprotectants and carbohydrates. Then, by the application of vacuum, frozen water
is sublimated at progressively increasing temperatures. Removal of water increases the glass transition
temperature of the product and establishes stability at ambient temperatures. In the pharmaceutical and
food industries, lyophilization is widely used for the preservation of proteins, enzymes, bacteria, and
foodstuff.

The main advantage of lyophilization over desiccation is in minimizing the exposure to osmotic stresses.
During diffusive or convective drying, by the removal of water, the solutes concentrate and the product
to be preserved is exposed to increasing osmotic stresses over long periods of time. In lyophilization, the
product is first frozen and then the water is removed, minimizing osmotic stress buildup. However, the
removal of water from the frozen structure leaves pores within the protective matrix and the product.
These pores in time may collapse and the structural integrity of the product may be lost. In order to
prevent this during lyophilization, the primary and secondary drying temperatures are kept above the
collapse temperature of the matrix. Certain high molecular weight carbohydrates (such as dextran) are
also incorporated to increase the structural stability of the matrix.

12.3 Storage

During storage the preserved organism does not need a steady supply of nutrients (and removal of the
by-products). On the down side, it does not have the metabolic activity to repair the accumulating
damage. In the preserved state, the harmful environmental factors are, to a degree, physically isolated
from the organism by the surrounding matrix (the frozen liquid crystal structure in cryopreservation or
an amorphous matrix of carbohydrates during desiccation) reducing the amount of accumulated damage.

Regardless of the processing method, the final thermodynamic state of the product and the molecular
mobility at that state determine the storage stability as a function of storage parameters (primarily humid-
ity, temperature, and pressure). If at the storage condition, the product is not at equilibrium (internally
or externally with the environment), the chemical processes will continue even at slow rates toward the
minimum energy state. For example in vitrification, since the glass formed is inherently at a higher
energy state it will crystallize in time. Crystallization is accompanied by compartmentalization [105] and
heteregeneous devitrification, resulting in an increase in mobility. It also creates high mechanical stresses
that can damage the product. The structural mobility of the glass determines its crystallization lifetime,
while the mobilities of the solvents and small solutes within the glass determine the degradation of the
stored product. One way to eliminate crystallization is to use cocktails of carbohydrates and salts. For
example, raffinose and stachyose are very effective in inhibiting sucrose crystallization [107]. The pres-
ence of small solutes and proteins in the cytoplasm may also help reduce crystallization of sugars [108].
In cryopreservation, the grain boundaries between the frozen sections and the interfaces between the ice
crystals and the solutes rejected during freezing have higher free energy and therefore mobility. Molecular
mobility in these regions determine the stability of the stored product.

Vitrified products can be stored at higher temperatures, however their storage conditions still need
to be regulated carefully since molecular mobility increases significantly with increasing water con-
tent. For a trehalose glass the glass transition temperature decreases by 50 K by a very slight change
in the water content (0.05 gwater/gdrymatter). If the water activity in the environment is higher than
that in glass, the product absorbs water and the molecular mobility within increases. On the opposite
end, if the environmental water activity is lower, the stored product may desiccate further, losing its
hydration water. For most lyophilized bacteria, it has been shown that irrespective of the preservation
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agent used, for successful revival, the water content within the product should not drop below a certain
limit.

The other important factors that need to be considered for successful storage in vitrified state are
oxygen and light. Free oxygen radicals have very high diffusivity and are extremely reactant. Even at
very low mobility environments, they may jump-start enzymatic reactions. Some carbohydrates, such as
trehalose are known to prevent oxygen radical damage [109] as well.

12.4 Summary

The “molecular mobility” hypothesis analyzed here suggests that, if all of the reactants in an organism
can be reversibly immobilized in their native configuration, the biochemical processes can be stopped
and preservation can be achieved (Figure 12.4). The condition set forth by the hypothesis is sufficient to
halt the diffusion-limited biochemical reactions, which dominate in a crowded, confined environment
such as in the cytoplasm [29]. However, not all of the chemical reactions in an organism is governed
by diffusion. In order to respond to sudden changes in its environment (under certain conditions, the
metabolic rate has been known to increase up to 35 times), the mammalian cell has devised strategies to
accelerate certain reactions without being limited by diffusion timescales, for example by accumulating
reactants in aggregates (compartmentalization), reducing the degree-of-freedom of the reactants (such
as the case with membrane proteins) and advection (bulk mixing due to cell motion). The effects of the
currently applied and proposed biopreservation methods on this kind of chemical reactions remain to be
researched.

The important points that are highlighted in this chapter are:

(1) Glass transition is a collaborative phenomena involving the solvent and the solute. With increasing
difference in the molecular sizes of the solvent and the solute mobility of the solute molecules making
up the glassy matrix and that of the solvent (or other small solutes suspended in the solvent) decouple
strongly at glass transition. Mobility of the solvent may be significantly higher than that of the matrix,
even below the glass transition temperature of the system, enabling certain chemical reactions to proceed.
High molecular weight carbohydrates increase the glass transition temperature of the system, however
they do not necessarily decrease the solvent (or small solute) mobility in the same degree.

(2) If noncryogenic temperature storage is desired, the mobility within and surrounding the preserved
product should be lowered. This may be achieved by loading high amounts of protectants (cryoprotectant
solvents such as glycerol, DMSO, etc. or carbohydrates, proteins, etc.) into the product to displace water
or change the properties of the intracellular water. It is unlikely that any organism can be successfully
preserved by vitrification at conditions requiring complete removal of all of its water. The “essential
water” in the product upon removal causes irreversible damage. This quantity is not easily measurable.
The water affinities of the macromolecules and membranes in the preserved product and that of the added
protectant are different and also change with the decrease in the availability of water. Decreasing the water
content of the overall system comprised of the product to be preserved and the surrounding protectant
matrix (frozen, amorphous, or glassy) does not necessarily mean that the water contents of the matrix
and the product are equally reduced.

(3) The importance of diffusion-limited reactions for the metabolic activity of the product should
be established. Reduction of mobility within the medium is most likely to reduce the diffusion of any
size molecule, however there is increasingly more evidence collected showing that the majority of the
biochemical reactions do not depend on diffusion alone. For preservation to be successful, mobility of all
molecules in all size scales should be stopped without irreversibly disrupting their native configurations.

(4) The state of intracellular water is directly related to the metabolism and functioning of an organism.
All of the chemical agents known to have protective capacity against freezing and desiccation damage
modify the structure of the intracellular water. More research is required to establish the role of water
in organisms in order to develop successful preservation methods and to increase the efficiency of the
currently applied ones.
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13.1 Introduction

13.1.1 Significance

The science of tissue engineering takes an integrated approach to replacing nonfunctional or missing tissue
by gathering input from many different scientific disciplines [1]. An integral part of the emergence of a
mature tissue from cells both in vitro and in vivo involves guiding cells through their development. Apart
from the choice of materials used for cell and tissue culture, the use of pharmacologically active substances
such as cytokines and growth factors has emerged as an important tool in tissue engineering research and
development in recent years [2–4]. By taking advantage of these substances at the right time and in the
right context, cells can be induced to proliferate, differentiate, or to migrate in a controlled way. The
positive impact of growth factors, such as vascular endothelial growth factor (VEGF) and basic fibroblast
growth factor (bFGF), which both stimulate the vascularization of tissue in vivo, and members of the
bone morphogenic protein family, used to enhance bone formation, illustrate how useful drug-delivery
strategies have been for tissue engineering applications in recent years [5,6].

Although many drugs can simply be added to cell- and tissue culture media or administered in vivo
in the form of an injectable solution, we can take better advantage of many compounds, when they
are administered in a controlled way. Protein and peptide drugs, for example, have short half-lives [7]
and must, therefore, be administered continuously, which can be very cumbersome for large volumes of
solution. In addition, undesired side effects may arise when substances intended for local delivery to a
specific tissue are not spatially contained. It is obvious that for these and for many other reasons it has been
deemed necessary to administer drugs according to regimes that cannot solely be achieved through the

13-1
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administration of solutions. The field of drug-delivery research has emerged over the last 30 years to
overcome such limitations. In recent years, tissue engineering has profited tremendously from integrating
drug-delivery technology into more traditional design schemes [8].

It is the goal of this chapter to elucidate the significance of drug delivery within the field of tissue
engineering. We first review a number of definitions and basic drug-delivery technologies with a special
focus on drug release mechanisms. We then briefly describe the fundamentals of tissue engineering within
the realm of drug delivery. We then have a look at the specifics of drugs that are attractive for tissue
engineering applications. Thereafter, we address classical drug-carrier systems that have already been used
to deliver drugs to cells and tissues and concomitantly give an outlook on systems that hold great promise
for similar applications in the future. We then give an overview over the area of using cell carriers for drug
delivery. Finally, we review the specifics of some growth factors that have special requirements with respect
to stability and pharmacokinetics. At the end, we provide a brief glance at the challenges that have still to
be addressed, in an attempt to give an outlook on the further developments that are currently under way.
More information can be found in a number of excellent reviews on related topics [9–12].

13.1.2 Goals of Drug Delivery

Defining the term “drug delivery” is not an easy task, because a plethora of definitions can be found in the
contemporary literature. They range from brief statements such as “method and route used to provide
medication” [13] to more detailed ones, such as “systems of administering drugs through controlled
delivery so that an optimum amount reaches the target site. Drug-delivery systems encompass the carrier,
route, and target.” [14]. Some of them already imply that there is a close relation to tissue engineering
research: “delivering agents to specific cells, tissues, or organs” [15].

While all of the definitions make it very clear that drug delivery is intended to control the kinetics of
drug release, it is not at all obvious, why one should do so. The reasons are manifold and some of them
date back more than 100 years to when Paul Ehrlich (∗1854–†1915) coined the term of the “magic bullet”
[16]. Since then it has been a well-accepted fact by the scientific community that hitting a biological target
with high precision has significant advantages. While Ehrlich intended to avoid side effects during an
antibacterial therapy by targeted drug delivery, we nowadays have more incentive than “only” avoiding
collateral damage to control the delivery of drug in a biological environment. Thus, the pharmacokinetics,
that is, the kinetics of drug resorption, distribution, and elimination processes, may force us to finely dose
a drug over a defined time interval to account for its rapid clearance from an application site. Another
motivation involves the short tissue half-lives of therapeutic agents, especially of protein and peptide
drugs, which are frequently inactivated by proteases and peptidases [17,18] and need, therefore, to be
substituted continuously by “fresh” compound from the drug-delivery device’s reservoir. These are just
a few of the many reasons that may illustrate the need for drug delivery. It is easy to imagine that in the
post genomic era, when the number of drug candidates dramatically increases with continuing progress
in proteomics [19], even more reasons may arise, leading us to use controlled drug-delivery devices for
tissue engineering applications.

Drug delivery is often linked to the concepts of “sustained release” or “controlled release,” meaning that
a pharmaceutical compound is released over a certain period of time or in a somehow predetermined way,
respectively. While “sustained” suggests only that the drug is released over an extended period of time,
“controlled” suggests that the kinetics are well defined, but does not necessarily imply that the release runs
over long time periods.

13.2 Mechanisms of Drug Delivery

The means that we can exploit to release a drug in a controlled way and which are an indispensable part of
a drug-delivery device are manifold and different in nature. We can roughly classify them into three major
mechanisms: diffusion, erosion, and swelling [20–23]. Besides these three major instruments that we have
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in our hands, a plethora of additional strategies have been used [24–27]. Among them are electric fields
[28–30] that allow for the transport of charged molecules, osmosis whereby molecules are “squeezed” out
of a reservoir due to a build up in osmotic pressure [31–33], convection by which the drug is moved along
some stream of gas or fluid [34,35], or even the mechanical stimulation of a drug carrier [36,37]. This
list of examples is not nearly complete, but it is beyond the scope of this chapter to describe all of them.
As excellent reviews on the topic can be found in the contemporary literature [38–42], we only further
describe the most important mechanisms with respect to applications in tissue engineering.

13.2.1 Diffusion

Diffusion is one of the most important transport mechanisms in drug-delivery applications. It is a ther-
modynamically driven process with well understood kinetics [43,44]. Diffusion is caused by Brownian
motion, which is a random walk of particles that are typically micrometer-sized or smaller. Macroscop-
ically, we observe that the particles appear to move along a concentration gradient. Fick’s second law of
diffusion describes the net transport of particles in time and space:

∂C(x , y , z , t )

∂t
= ∂2C

∂x2
+ ∂

2C

∂y2
+ ∂

2C

∂z2

For this partial differential equation, numerous algebraic and numerical solutions have been derived,
two of which are depicted in Figure 13.1. The solutions depend strongly on the initial conditions (such
as the drug concentration inside a drug-delivery device) as well as the boundary conditions (such as
the geometry of a drug-delivery device) of the diffusion problem. An advantage of diffusion controlled
drug-delivery systems is certainly that we can usually predict the kinetics of drug release very well. One
of its major disadvantages is that the flux (the mass transport per unit area and time) out of a device is
usually, according to above outlined nature of the process, concentration dependent. Therefore, as the
release progresses, the process can lead to a break down of concentration gradients and, as a result, the
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FIGURE 13.1 Drug release profiles resulting from diffusion controlled release. Equations represent exemplery solu-
tions of Fick’s second law of diffusion in one dimension describing release profiles (a) from a matrix type device,
(b) via diffusion through a membrane.
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release rates may decline. This is usually the case whenever we release a substance from a monolithic
system (Figure 13.1a).

A method that allows the system to maintain a fairly constant flux over an extended period of time
utilizes release through a membrane. In that case, an almost constant release over time is possible, especially
when the drug reservoir contains large amounts of substance (Figure 13.1b). This is the more the case
when the drug reservoir hosting the substance is oversaturated, so that a constant drug concentration can
be maintained over an extended period of time.

13.2.2 Erosion

The materials and design of a drug carrier may be chosen to either encourage or hinder release via erosion.
A carrier that erodes over time either precludes the necessity of postapplication removal or does not persist
at the application site, which is an additional advantage for applications in tissue engineering.

Erosion is usually defined as the sum of all processes leading to a mass loss from a drug-delivery device
[45]. In some cases, the material can simply dissolve in an aqueous environment, while in other cases,
like with lipophilic degradable polymers, the material degrades into water soluble oligomers that allow
for the initiation of matrix erosion. Polymers that are insoluble in water have been classified according to
their erosion mechanism into surface-eroding and bulk-eroding materials [46,47]. While in the case of
the first class, erosion phenomena are confined to the material surface [48], bulk-eroding materials tend
to degrade over extended periods of time until a critical degree of degradation is reached, after which the
whole material bulk is undergoing erosion (Figure 13.2) [49].

It is obvious that surface-eroding polymers allow for the control of drug release via the erosion process,
which usually proceeds at constant velocity. A classification of polymers as surface and bulk eroding can be
made based mainly on the nature of the bond between the monomers. As a rule of thumb, one can assume
that the faster a bond is cleaved (usually by hydrolysis) the more the material is likely to undergo surface
erosion. In recent years, models have been developed that allow for the calculation of a dimensionless
“erosion number” that predicts the erosion mechanism of a polymer device [50].

13.2.3 Swelling

The swelling phenomena of polymers has widely been used to control the release of drugs from a device
[46,51]. The major mechanism thereby is an increase of polymer chain mobility due to the uptake of
water, which lowers the glass transition temperature of the polymer [52,53]. Drugs that are trapped
inside a polymer matrix profit from the resulting increase in flexibility by an enhanced diffusivity and
consequently an enhanced release rate [54]. In many cases, one can observe the formation of swelling
fronts that separate a glassy polymer matrix core from the swollen polymer surface. It is obvious that
diffusion plays a major overall role, as both the process of water uptake and drug release are diffusion
controlled. Excellent reviews are available that provide more detail [55–57].

Surface erosion Bulk erosion

Time

FIGURE 13.2 Schematic illustration of surface erosion and bulk erosion. (Reprinted from Gopferich, A. and
Tessmar, J., Adv. Drug Deliv. Rev., 54, 911, 2002.)
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FIGURE 13.3 Schematic illustration of release profiles (closed lines) and resulting tissue concentrations (broken
line). (a) Pulsatile release, (b) constant (zero order) release, (c) concave release kinetics, (d) repeated pulsatile release
kinetics.

13.2.4 Competing Mechanisms and Overall Kinetics

In many drug-delivery systems, the mechanisms outlined above compete with one another. Release from
a degradable polymer, for example, is usually a complex mixture of all three pathways of drug-release
control. However, from a design point of view, it is highly desirable that one of the mechanisms dominates
the overall release kinetics, as otherwise unfavorable release profiles may result.

A plethora of release profiles are available to choose from, ranging from the continuous delivery of a
drug over an extended period of time to pulsatile release kinetics, by which an incorporated compound
is set free according to a preprogrammed pattern [58]. Excellent overviews on the multitude of release
kinetics can be found in the literature [59]. Figure 13.3 illustrates schematically typical drug-release profiles
and the resulting tissue concentrations that one may expect, assuming that the substance is cleared from
the application site according to first order kinetics, that is, in a concentration dependent way.

The kinetics that one should choose depends on the biological needs of the specific application. In tissue
engineering, this may for example be defined by a desired cell phenotype or by the pharmacokinetics of the
drug when applied to a tissue or administered in vivo. Typically, more continuous release profiles will lead
to more constant tissue levels in vivo, while the pulsatile application of a drug will result in concentration
peaks that rapidly fall.

13.3 Protein Drug Properties

Prior to a detailed look at the various drug-delivery strategies, it seems necessary to have a glance at
the properties of active compounds that are currently in use for tissue engineering applications. Most
of these drugs are growth factors and, therefore, peptides or proteins. A brief list of compounds that
have been formulated to drug-delivery systems for the use in tissue engineering applications is given in
Table 13.1.
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TABLE 13.1 Growth Factor and Delivery Systems That Have Been
Developed

Growth factor Carrier/delivery system Regenerated tissue Ref.

BMP PLA Long bone [60]
Porous HA Skull bone [61]

rhBMP-2 Porous PLA Spinal bone [62]
Skull bone [63]

Collagen sponge Skull bone [64]
Gelatin Skull bone [65]
PLA-coating Long bone [66]
Porous HA Skull bone [67,68]
PLA–PEG copolymer Long bone [69]
Si–Ca–P xerogels [70]

rhBMP-7/ OP-1 Collagen Spinal bone [71,72]
Long bone [73]

HA Spinal bone [74]
aFGF PVA Angiogenesis [75]

Alginate Angiogenesis [76]
bFGF Alginate/heparin Angiogenesis [77]

Agarose/heparin Angiogenesis [78]
Gelatin Skull bone [79]
Fibrin gel Long bone [80]
Chitosan Dermis [81]
Collagen Cartilage [82]

EGF Gelatin Dermis [83]
TGF-β1 Alginate Cartilage [84]

Poloxamer; PEO gel Dermis [85]
PLGA Skull bone [86]
Collagen Dermis [87]

PDGF Fibrin Ligament [88]
CMC gel Dermis [89]

VEGF Alginate Angiogenesis [90]
Collagen Angiogenesis [91]
PLGA scaffold Angiogenesis [92]
Fibrin mesh Angiogenesis [93]

VEGF/PDGF PLGA scaffold Angiogenesis [94]
NGF PLGA Nerve [95]

Collagen minipellet Nerve [96]

BMP, bone morphogenic protein; rhBMP; recombinant human bone morpho-
genic protein; OP-1, osteogenic protein 1; aFGF, acidic fibroblast growth factor;
bFGF, basic fibroblast growth factor; EGF, endothelial growth factor; TGF-β1,
transforming growth factor beta 1; PDGF, platelet derived growth factor; VEGF,
vascular endothelial growth factor; NGF, nerve growth factor; PLA, poly lactic
acid; PLGA, poly(lactic-co-glycolic) acid copolymer; PEG, poly(ethylene glycol);
HA, hydroxyapatite; PVA, poly(vinyl alcohol).

In the case of these proteins we have to deal with highly efficient substances with often substantially
limited stability, such as in physiological fluids, due to proteolytic enzyme activity [97]. The choice of an
appropriate delivery system for these substances is, therefore, not only a matter of the intended therapeutic
use or the pharmacokinetics but also of the physicochemical properties of the drug. Special attention
must be paid to the chemical stability and physical integrity of a protein drug even during the formulation
process. Examples for chemical and physical instabilities are deamidation, redox reactions, hydrolysis,
and aggregation. These and other instability mechanisms have been extensively reviewed by numerous
authors [98–100]. In addition environmental effects like pH, organic acids, metal ions, detergents, and
temperature can induce a denaturation of proteins [101].
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Another source of inactivation is the biological environment that we expose a protein to. Even if a
growth factor of choice can be stabilized during formulation and inside a delivery system the biological
environment can pose another severe threat. Half-lives of growth factors are typically in the range of
minutes due to degradation by peptidases. Intravenous injections are indicative of this problem [102].
Platelet-derived growth factor (PDGF), bFGF, and VEGF, for example, have plasma half-lives of 2 [103],
3 [104], and 50 [105] minutes respectively. Besides rapid degradation, unfavorable distribution [104]
or elimination by glomerular filtration [97] are problematic after intravenous administration. Direct
systemic administration of growth factors, therefore, requires substantial drug doses that may lead to
side effects [2,106], or if direct injection into the target site is possible, repeated administration to achieve
biological efficacy is required. Prolonging the half-life of growth factors is, therefore, an important research
goal. A promising approach to increase half-life is to conjugate proteins with poly(ethyleneglycol) (PEG)
chains. Pegylation seems to cause a significant reduction of protein clearance from plasma [107–109].
The pegylation of growth hormone-releasing hormone (GRF) analogues, for example, led to an enhanced
in vivo stability with acceptable biological activity [110]. In addition pegylation seems to reduce the
velocity of enzymatic degradation [111]. Detailed reviews on protein and peptide pegylation can be found
in the literature [112–115].

The incorporation of proteins into a controlled release drug-delivery device can protect it from inac-
tivation, but the formulation process is sometimes another source of protein inactivation. One class of
problem that occurs frequently is related to the interaction of proteins with interfaces. Considering the
small quantities that have to be handled when growth factors are formulated to applicable systems, physical
phenomena like protein adsorption to solid–liquid or liquid–liquid interfaces and subsequent denatur-
ation can lead to massive protein loss in some instances [116–118]. Approaches to minimize protein
adsorption to glass or plastic include competitive “coating” with bovine serum albumin [119,120], the
use of PEG and glycerol solutions or the application of surfactants [121,122]. Enhanced denaturation and
aggregation of proteins at interfaces have been observed under certain conditions like the application of
mechanical forces [123]. It has, for example, been shown that simple vortex mixing of a 0.5 mg/ml porcine
growth hormone solution for 1 min can lead to a loss of 70% of the protein due to aggregation [124,125].
Unfortunately the problem of adsorption on solid surfaces is not the only one that can occur during
formulation. When microparticles are prepared by using emulsion techniques [126], for example, there is
frequently the need for the use of organic solvent and vigorous mixing. The liquid–liquid interfaces and
the high shear forces are two factors that may lead to denaturation and hence activity loss [125,127,128].
Moreover during the degradation of polymers a very harsh microclimate can be created [129] in which
even chemical reactions such as an acylation of proteins and peptides can occur [130,131]. To stabilize
proteins in polymers numerous approaches have been tried [132–135], many of them being very specific
for an individual drug-delivery system.

The unfavorable interactions of growth factors with synthetic materials made many groups have a
closer look at how they are created and stored in their natural biological environment. Transcription of
genes encoding for growth factors create unstable mRNA [136–138], which leads to short half-life and only
limited growth factor synthesis. Growth factors are released by cells either for instant signalling or are stored
in the extracellular matrix (ECM). Some growth factors such as transforming growth factor beta (TGF-β)
are secreted as biologically inactive latent precursors [139]. The release of growth factors from the ECM is
controlled by matrix degradation. This natural environment provides a dynamic and responsive growth
factor delivery system which can react according to specific cellular requirements and can, therefore, also
serve as a cell guidance system [2,139,140]. This led various research groups to the development and use
of ECM [141] derived materials for the design of controlled delivery systems for growth factors. Especially
gel like systems can simulate the interaction of growth factors and the extracellular matrix [142,143] and
can, therefore, provide similar stabilizing effects like the natural ECM. Interestingly, it was found that
the bioactivity of vascular endothelial growth factor (VEGF) delivered from alginate microspheres was
higher than VEGF alone [144]. It was speculated that that effect was due to stabilization of the factor in
the system over alginate interaction. A detailed review about on the interactions between growth factors
and the ECM can be found in the literature [145].
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FIGURE 13.4 Schematic illustration of components of tissue engineering.

13.4 Drug Delivery in Tissue Engineering

It is certainly beyond the scope of this chapter to provide the reader with a complete overview of tissue
engineering; however, it is necessary that we review several aspects that may be crucial (or beneficial) for
a better understanding of drug-delivery applications in this field.

In the early days of tissue engineering, pioneers like Langer and Vacanti stressed its interdisciplinary
character in their definitions [1]. At that time four fundamental components of tissue engineering were
identified (Figure 13.4):

1. Cells that will form the desired type of tissue
2. A matrix that allows for cell proliferation and differentiation
3. Suitable cell culture conditions
4. Finally the use of cytokines and other drugs

While each of these components alone may be sufficient for an application, it is obvious that for
in vivo as well as in vitro approaches it is important to guide cell- and tissue development into the right
direction. Cytokines and growth factors have therefore emerged in recent years as precious substances for
tissue engineering applications. That a controlled delivery of these and other pharmacologically active
substances is very beneficial for tissue engineering applications is well accepted in the field.

The strategies to deliver a drug to cells or tissues are diverse. However, we can classify them into
four major categories, which follow immediately from the blue print of tissue engineering as depicted in
Figure 13.4.

A first strategy, which is all too obvious, is to use classical established technology for the delivery of
substances either in cell culture media or near a tissue site in vivo (Figure 13.5a).

Doing so has the advantage that we can use systems that have been developed and described thoroughly
in the contemporary literature [38,146–148]. Among these systems, we find essentially everything that
has been developed for the parenteral application of drugs, such as implants, microspheres, and injectable
gels, just to name a few. Despite their advantages, they may also cause some problems. They must always
be administered in addition to tissue engineering specific components, such as cells and cell carriers.
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FIGURE 13.5 Drug-delivery strategies for tissue engineering applications: (a) Use of “classical” controlled delivery
devices such as microspheres or monolithic systems incorporated into a cell carrier, (b) genetically altered cells serving
for protein and peptide drug expression, (c) the cell carrier itself serving as a drug-delivery system, (d) covalent
attachment of drugs to the polymer surface.

Moreover, they may not unequivocally allow for a homogeneous distribution in the tissue and may
thereby cause undesirable drug concentration gradients.

A second approach is to deliver drugs via cells (Figure 13.5b) [149]. It is possible to genetically alter
a portion of the cells or all of them to produce a certain protein or peptide drug. For this approach,
numerous viral and nonviral gene delivery approaches are available [150–154].

A third approach is to use the scaffolds intended for cell attachment and proliferation as a drug-delivery
system (Figure 13.5c). Many of these materials provide tremendous opportunities to control the release
of drugs. Especially biodegradable polymers and hydrogel materials have been used extensively as porous
scaffolds to allow for erosion controlled drug or DNA release.

Finally, we can implement the pharmacologically active substances that we want to use for signaling to
cells into the design of materials that are used for cell proliferation and differentiation. In this scheme,
drugs and cytokines are tethered to the surface of a material [155] (Figure 13.5d). The term “biomimetic”
has been coined in recent years to describe materials that have been modified in this way [156,157]. There
are numerous publications that illustrate the principle behind and advantages of this strategy [158–162].

In the following pages, we focus on aspects of classical drug-delivery systems and on the use of scaffolds
as release systems, as the other two delivery strategies are covered in the sections on gene delivery and
biomimetic materials of the handbook. We try to give a brief overview of the vast number of devices that
have already been used for the delivery of drugs in tissue engineering applications and some of the more
recent trends, such as the use of scaffolds concomitantly as a cell carrier and for the delivery of a drug.

13.4.1 The Use of Classical Drug-Delivery Systems

When designing a drug-delivery device for an application in tissue engineering, there are numerous
aspects to be considered beyond the pharmacological aspects that are usually linked to the nature of the
drug to be administered. Of utmost significance is the pharmacokinetics of the drug. The clearance rate
from the site of application, in particular, should be determined as this, together with the drug efficacy
and the intended time of application, dictates the dosing regimen. Once the required dosage is known, the
corresponding release kinetics may be determined. The type of drug-delivery system to be used may then
be chosen, taking the drug loading and release into account. Thereafter, further fundamental questions,
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such as, which material provides a maximum of drug stability, biocompatibility, and functionality with
respect to a desired controlled-release pattern or with respect to biodegradability, can be addressed. Once
these questions are answered, more individual aspects such as shaping the material to defect sites or to a
specific type of application such as via injection may be considered.

Unfortunately, the information needed to address all of the problems listed above is often unavailable. In
particular, there is usually little known about newly formulated compounds besides the pharmacological
effect of the substance. At that stage of development, one goal of drug delivery is frequently to provide
release systems that are capable of stabilizing and releasing the drug over an as long a period of time as
possible. Controlled release technology can then help to find out if long-term applications are beneficial
and what the reaction of a tissue to such an exposure is. In the case of proteins, this is usually not a trivial
task. In the following section, we try to illustrate the options that we currently have to deliver drugs for
tissue engineering applications. The reader should be aware that this is just a brief glance at the field
that hosts a plethora of systems and technologies. To allow for better orientation, we classify the field
roughly into:

• Monolithic systems of macroscopic geometries
• Particulate systems comprising microparticles and colloids with a size range from 1 to 1000 µm

and from 1 to 1000 nm respectively
• Gel-like systems

13.4.1.1 Monolithic Systems

The foundations for the controlled release of bioactive substances especially of protein and peptide drugs
from monolithic systems were laid in the 1970s when Folkman and Langer described the use of polymeric
membrane systems made of poly(ethylene-co-vinyl acetate) (EVAc) for the release of bovine serum albu-
min, which served as a model compound. These delivery systems were among the first that achieved a
controlled-release pattern for protein drugs [163]. Although these systems allowed for an excellent control
of drug release [164,165], one of their major limitations was that they were not degradable. Since the 1980s
a number of degradable polymer materials have been synthesized with the goal of enhancing the in vivo
performance of devices made thereof. A plethora of polymer classes, such as poly(a-hydroxyesters) [42],
polyanhydrides [166], and poly(orthoesters) [167], have been developed for this purpose, to mention just
a few. More materials are described in the literature [46,168,169]. Materials that undergo biodegradation
are typically significantly more complex than nondegradable materials, as they add several new variables to
the already intricate system. In poly(lactic acid) (PLA) and poly(lactic-co-glycolic acid) (PLGA) matrices,
for example, the degradation of the material can cause the pH of the surrounding region to drop below
2 [170], the osmotic pressure inside aqueous pores to increase far above physiological values [171], and
chemical reactions between degradation products and peptides have been reported as well [172].

The first delivery systems that were made of these materials were monolithic matrices because they are
easy to manufacture by techniques such as solvent casting, extrusion, or injection molding and usually
provide excellent control over drug release. Furthermore, these matrices are able to carry large doses of
drug and the release can be tailored to a required direction by changing the matrix material, drug loading,
or use of co-dispersants [164]. The release of drug in nondegradable systems is primarily controlled by
diffusion processes. The degradable systems, in contrast, offer the possibility of erosion-controlled release.
Thus, there are more variables that may be adjusted in degradable systems, leading to more control over the
release rate. In PLA/PLGA, for example, the degradation rate is influenced by factors such as crystallinity,
copolymer composition [173,174], and molecular weight [175].

The materials that have been used for the manufacture of monolithic matrix-type delivery systems for
tissue engineering have mainly been made of cross-linked hydrogels. Lipophilic degradable materials, such
as PLA or PLGA, would also be suitable, however, over long time periods they are sometimes detrimental to
the stability of a protein. Thus, gelatin has been used extensively for the manufacture of matrices by cross-
linking gels either with glutaraldehyde or water-soluble carbodiimide [176]. Cross-linking can also be
used with other hydrogel materials, such as alginate [177] or collagen. The latter has been used extensively



mikos: “9026_c013” — 2007/4/9 — 15:51 — page 11 — #11

Drug Delivery 13-11

for the manufacture of drug-delivery systems. Fujioka et al. extensively reviewed collagen-based systems
that were developed for the delivery of cytokines and growth factors [178].

13.4.1.1.1 Particulate Systems
A major disadvantage of monolithic systems is the problem of application. A surgical procedure is usually
needed for implantation. In the last 20 years, micro- and nanoparticulate systems have been developed as
an alternative to facilitate the application of substances in a minimally invasive way. An excellent overview
of the use of biodegradable microspheres has been given in recent reviews [179,180]. An advantage of
the use of microparticles in tissue engineering is that they can be evenly distributed either in a tissue
by injection or in a cell suspension, which guarantees that drug gradients, which often result from the
application of monolithic systems, are avoided. An additional advantage for tissue engineering is the use
of microencapsulation technology for the encapsulation of cells [181,182]. In addition to microparticles,
nanoparticles and liposomes have found their way into tissue engineering applications [183,184], but we
will focus on microparticulate systems in the next section because the have been applied more frequently.

Particulate systems have been used intensively in the past to deliver growth factors with the intention
to regenerate tissue. Thus, Haller et al. reviewed efforts to deliver nerve growth factors [185]. The
authors conclude that polymeric NGF release systems are useful for supporting cellular therapies for the
treatment of neurodegenerative diseases. They found that microparticles made of EVAc and PLGA are
suited for the release of nerve growth factor (NGF) [186]. Lipophilic degradable polymers have been
especially popular for the delivery of protein drugs [179] and a multitude of further applications can be
found in the contemporary literature, in many cases leading to very successful drug-delivery applications
[179,180,187–189]. Despite the advantages that lipophilic degradable polymers such as PLA and PLGA
and others offer, however, they are problematic materials for the reasons outlined above. De Weert et al.
[190] summarized the problems with a special emphasis on the stability of protein drugs in an excellent
review, in which they identify problems related to protein loading, microsphere formation, and drying.
Despite the numerous countermeasures used to stabilize protein in these polymers, mounting problems
led to tremendous research efforts to develop alternative systems.

Hydrogels, in particular, have emerged as a class of material that hold great promise for the release of
sensitive protein and peptide drugs from microsphere systems. Among the first systems that were used
are alginate beads, which can be manufactured by dropping or spraying alginate solutions into solutions
containing divalent cations, such as calcium [191]. The ease of manufacture allows for a simple procedure
to load growth factors. Gu et al. [192] could show, for example, that VEGF can be released at a fairly
constant rate over a period of two weeks. Collagen and gelatin emerged as promising materials, as they
can be considered biocompatible and biodegradable. Usually these materials are first processed in a gel
state to microparticles, are then cross-linked to stabilize their geometry and finally loaded with proteins
by immersion into a protein solution [193]. Tabata et al. [194] used this technology to deliver bFGF for
de novo adipogenesis following subcutaneous microparticle injection into mice.

A problem that can exist with hydrogel-based microparticles is that they frequently require cross-linking
procedures that can be detrimental to the stability of protein drugs. Therefore, alternative materials,
such as lipids, have been intensively studied in the past to encapsulate protein and peptide drugs as well
[195]. Like lipophilic degradable polymer microspheres, these substances offer the advantage that they
can release drugs over an extended period of time [196]. Cortesi et al. [197] describe the manufacture of
lipid microspheres from triglycerides and monoglycerides using emulsion and melt dispersion techniques.
Reithmeier et al. achieved the manufacture of lipid microspheres that are able to release a tripeptide over
a period of a few days [198] and insulin over a period of several days [199].

13.4.1.1.2 Gel-Like Systems
Like particulate systems, the ease of application of gel-like systems provides a significant benefit. Many
systems have already been developed and have become precious materials for tissue engineering applic-
ations [200]. Gels offer the advantage of a fairly good compatibility with sensitive protein and peptide
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drugs. A disadvantage of these systems can be that they allow for drug release only over a short period
of time.

Numerous systems with outstanding properties have been developed in recent years. In many cases,
hydrogels have served as drug-delivery carriers for the delivery of growth factors. Cross-linked gelatin, for
example, has served as a carrier for BMP-2 [201] and TGF-β1 [202], while cross-linked amylopectin was
used to release bFGF [203]. Zisch et al. [204] reviewed the use of hydrogels for the release of angiogenic
factors in more detail. A closer look at the literature reveals that more and more sophisticated systems
have been developed in recent years. Kim et al., for example, has described a block copolymer that consists
of poly(ethylene oxide), poly(l-lactic acid), and a urethane unit that exhibited a sol–gel transition at 37◦C
and was able to release dextrans that served as high molecular weight model compounds over a period of
several days [205]. Similar principles can be used in tissue engineering applications to lift cells or tissues
off of culture surfaces by decreasing the temperature below the lower critical solution temperature of the
system at which the solidified gel to which the tissue is attached becomes liquid, leading to the detachment
of cells from the culture plate [206]. Zisch et al. [207] describe the synthesis of a hydrogel network that
consists essentially of branched PEG molecules that are linked by peptides; this material was then used as a
substrate for matrix metalloproteinases. VEGF, which was covalently attached to this network, is liberated
when tissue grows into the hydrogel, supporting tissue vascularization. Other systems take advantage of
the binding of growth factors to heparin, which allows for the development of delivery systems in which
heparin regulates the release of the protein by slowly releasing it from the complex [208].

13.4.2 The Delivery of Drugs via Cell Carriers

While the examples given above depend on the use of controlled-delivery devices in addition to a cell
carrier, the carrier itself can serve as a delivery system. This can happen in two ways: we can either use a
drug-delivery system, such as microspheres, and process it together with another material into a scaffold,
or we can incorporate the drug directly into it. The use of multicomponent systems has the advantage that
we can rely on off-the-shelf technology for the stabilization of a drug and for the control of its release.
Doing so has, however, the disadvantage of being more complicated than loading a matrix directly with
a drug.

13.4.2.1 Cell Carriers Loaded with Drug-Delivery systems

Holland et al. proposed the use of gelatin microspheres that have previously been developed for the
delivery of proteins, such as bFGF [143,209], for the controlled release of transforming growth factor-β1
(TGF-β1) from oligo(poly(ethylene glycol) fumarate) (OPF) [210,211]. The authors took advantage of
the fact that the polymer can be dissolved in water and suspend the microspheres therein. Upon chemical
cross-linking, the particles were trapped inside the hydrogel and released the factor over a period of
several weeks in vitro. The system can thus be used as an injectable scaffold material that also delivers a
growth factor. Concomitantly, while gelatin degrades over time, this property allows cells to migrate into
the biomaterial. Alternatively, such materials might be loaded with cells prior to cross-linking. Hollinger
et al. [212] report a technique that allowed them to incorporate proteins into PLGA microparticles and to
incorporate them into PLGA scaffolds.

13.4.2.2 Cell Carriers Loaded with Drugs

While the opportunities to incorporate a complete release system into a cell carrier are limited by the nature
of the complexity of the endeavor, there are many options to incorporate a drug directly. Figure 13.6 gives
an overview of the possibilities that we can choose from.

The choice of drug-loading method depends on the circumstances, such as the stability of the drug, the
dose that we need, and the desired release kinetics, to mention just a few. In this section we will try to give
a few examples that shed some light on the advantages and disadvantages of the individual approaches.
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FIGURE 13.6 Schematic illustration of drug-loading strategies for cell carriers (further details provided in the text).
(a) Dissolution of drug in the matrix material, (b) adsorption of drug to the matrix surface, (c) incorporation via
emulsion droplets, (d) coating with drug–matrix emulsions, (e) suspension of drug inside the matrix.

13.4.2.2.1 Dissolution of Drug
In the simplest case, we can simply dissolve the drug in the bulk material prior to processing. This
requires, however, that we find a solvent that dissolves both the matrix material and the drug. Kim et al.
[213] describe the incorporation of ascorbate-2-phophate (AsAP) and dexamethasone into poly(d,l-lactic
acid) (PLGA). Both drugs have been used to enhance the differentiation of mesenchymal stem cells to
an osteoblastic phenotype. While dexamethasone dissolved in a PLGA, AsAP formed a suspension. The
whole dispersion was then processed via solvent casting particulate leaching techniques. Both substances
were released over a period of several weeks and enhanced the mineralization of the cells, which can be
regarded as a differentiation marker.

Whenever we use hydrogels we have a fair chance that we will be able to dissolve them together with the
drug in an aqueous solution. This is especially attractive when we intend to deliver a protein drug, which
usually has very good stability in an aqueous environment. Lee et al. [141] used cross-linked alginate gels
to control the release of VEGF. They could show that the mechanical stimulation of matrices lead to a
significant increase in the release velocity.
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13.4.2.2.2 Adsorption
Another simple strategy to “load” a scaffold with a drug is by simply adsorbing it to the material surface
or incorporating it into the material bulk. The release of the drug is then controlled by the desorption
kinetics, which are controlled by the drug/material interactions as well as transport mechanisms, such
as diffusion. While polymers offer ample alternative options for the incorporation of drugs into a tissue
engineering scaffold, inorganic materials, in particular, can typically only be loaded by adsorption. In one
case, Ziegler et al. [214] adsorbed bone morphogenic protein 4 (BMP-4) and basic fibroblast growth
factor (FGF) to a variety of materials, such as porous tricalcium phosphate ceramic and a neutralized glass
ceramic (GB9N) as well as a composite of the latter with PLGA. They found that the adsorption behavior
depends on the nature of both the material and the protein and that a phase of fast initial release during
the first hours is followed by a phase of slow release from the investigated carriers.

Similar strategies can be used for loading polymer hydrogels after cross-linking as described earlier.
These systems are usually capable of taking up drugs from solution by diffusion into the cross-linked gel.
This has successfully been demonstrated by Tabata [215], who loaded cross-linked gelatin microspheres
with bFGF. He could show that the release of growth factor takes place over a span of days and that
the released drug is still bioactive. Ueda et al. [216] later transferred this strategy to the manufacture of
porous collagen sponges. It could be shown in a cranial defect model that the growth factor was released
in active form and that bone repair was enhanced significantly. It is interesting to note that the release of
the proteins from such systems is not only a matter of diffusion, but also dependent on the electrostatic
interactions between the charge protein carrier and the protein drug.

13.4.2.2.3 Emulsion Techniques
Whang et al. [217] describe a method that allows for the incorporation of a drug into lipophilic biode-
gradable polymer scaffolds made of poly(d,l-lactic-co-glycolic acid) (PLGA). This technique, which was
originally developed for the incorporation of hydrophilic drugs into lipophilic microspheres, relies on the
formation of a W/O emulsion. While the drug is dissolved in the aqueous phase, the polymer is dissolved
in organic solvents such as methylene chloride. Porous polymer scaffolds were manufactured from the
liquid formulation by lyophilization. The technology was successfully applied to the controlled release
of rhBMP2 [218]. Another approach developed by Jang and Shea [219] uses a multiple emulsion tech-
nique to manufacture PLA microspheres loaded with DNA. The particles that were made via a W/O/W
technique [220] were fused to a porous scaffold by mixing with sodium chloride crystals compressed into
discs by incubation at 37◦C and 95% relative humidity. After drying in a pressurized CO2 atmosphere,
the particles were leached in water. The scaffolds released the DNA over a period of more than 3 weeks.

An approach related to the use of emulsions as a raw material for scaffolding is the use of emulsions
for coating. Sohier et al. [221] used a W/O emulsion of poly(ethylene glycol) terephthalate/poly(butylene
terephthalate) multiblock copolymer loaded with lysozyme as a model protein to coat porous scaffolds
made of the same material. They could release the protein over several days and were able to show that
the activity of lysozyme was maintained. While the use of emulsions has the advantage of creating an
even distribution of drugs inside the material, in some cases, sensitive drugs may not be stable in such an
emulsion system [222–224].

13.4.2.2.4 Suspension of the Drug and Physical Mixtures
Drug suspensions and mixtures can be especially useful for the manufacture of a cell carrier. While the
matrix material is dissolved in a solvent, the drug obviously needs to be insoluble in this mixture. This is
especially attractive for the incorporation of proteins into lipophilic polymers, because proteins exhibit
an extraordinary stability against organic solvents when they are in the solid state [225].

Physical mixtures have also been of interest to scientists working in tissue engineering. In this case,
the matrix material and the drug are mixed in the solid state and subsequently processed into porous
cell carriers. This process has been used by Shea et al. [226] to load PLGA scaffolds with plasmid DNA.
For their studies, they used PLGA granules and suspended them in an aqueous solution of plasmid DNA
at pH 7.4 in 10 M HEPES buffer containing mannitol, which was used as a lyophilization constituent.
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After freeze drying, the mixture was compressed with NaCl particles into discs, the polymer particles
fused using pressurized CO2 and the porogen finally removed by leaching in water. The porous scaffolds
allowed for the delivery of DNA over several weeks and showed excellent transfection efficiency.

13.5 Outlook

The field of tissue engineering has profited significantly from controlled release research and technology.
Numerous growth factors and cytokines have been successfully applied via controlled drug-delivery devices
in recent years. Despite this progress, there are numerous challenges ahead of us. First of all, we have to
develop release systems that are on the one hand very flexible with respect to controlled drug release and
that are on the other hand able to stabilize sensitive drugs, such as proteins and peptides.

Furthermore, more research will be needed on delivery systems that target intracellular compartments,
cells, and tissues. This would allow for the delivery of DNA as well as drugs more specifically and safely.

We must also take better advantage of progress in medicinal chemistry, which will provide us with
low molecular weight ligands that have a high affinity for well-defined targets. So far our efforts in tissue
engineering research have profited only minimally from the opportunities that low molecular weight
drugs offer.

Currently, release systems suffer from an inability to adequately mimic biology, in that typically only one
drug is delivered. Guided by an increasingly better understanding of cell biology, drug-delivery systems
that release several drugs according to a well-defined time pattern hold great promise.

Continuing progress will depend significantly on the availability of new materials for the development
of drug-delivery systems. Biomimetic materials or materials that respond to biological stimuli are good
examples. We have to overcome the problem that the rate-limiting step for the bench to beside process is
not solely determined by our scientific progress, but also by tedious regulatory hurdles that new materials
have to overcome.
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14.1 Introduction

Gene therapy is the delivery of genetic material into cells for the purpose of altering cellular function. This
seemingly straightforward definition encompasses a variety of situations that can at times seem unrelated.
The delivered genetic material can be composed of deoxyribonucleic acid (DNA) or RNA, or even involve
proteins in some cases. The alteration in cellular function can be an increase or decrease in the amount
of a native protein that is produced, or the production of a protein that is foreign. The delivery of the
genetic material can occur directly, as is the case with microinjection, or involve carriers that interact with
cell membranes or membrane-bound proteins as a part of cellular entry. Polynucleotides can be single or
double stranded, and can code for a message, or not (as is the case for antisense gene delivery). Even the
location of cells at the time of gene delivery is not restricted. Cells can be part of a living organism, can
exist as a culture on a plate, or can be removed from an organism, transfected, and replaced into the same
or a different organism at a later time.

Gene therapy came into being after the development of recombinant DNA technology and initially
moved forward using viruses to target sites in vitro [1]. With the understanding of retroviruses and
their possible uses as vectors for delivery, gene therapy progressed to applications involving mammalian
organisms during the 1980s [1]. Since then, new techniques for gene delivery have been developed
that utilize both viral and nonviral carriers. These techniques have been successful enough that proposed
disease treatments have evolved to the clinical trial stage with encouraging success. Although many cellular
processing mechanisms remain unclear and the search for the ideal gene delivery vector remains ongoing,
the tools and methods for gene therapy have provided a strong base from which to build.

14-1
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14.2 Nucleotides for Delivery

14.2.1 DNA (deoxyribonucleic acid)

DNA is the building block of life and as such it remains a staple in the delivery of genetic material to the
cell. There are many strategies as to how the DNA will interact with the existing genome and what is the
best way to produce the desired effect.

14.2.1.1 Plasmids

A plasmid is a circular piece of DNA. Extrachromosomal plasmids can be replicated or transcribed inde-
pendently of the rest of the DNA in the nucleus. This attribute makes plasmids an ideal tool for gene
therapy. Plasmids can include a selectable marker for identification of transfectants/transductants, a mul-
tiple cloning site for ease of inserting/deleting additional nucleotide strands, the exon(s) of interest, and
regulatory/binding elements such as promoters and enhancers. A common promoter used in gene therapy
is the cytomegalovirus immediate early promoter (CMVie), used because of its strength in transcription
initiation in nearly every mammalian cell. However, several other promoters have been investigated, such
as the glucose-related protein promoter [2] and many cell-specific promoters. Enhancers include the
simian virus 40 (SV40) enhancer as well as long terminal repeats (LTRs) [2]. The exons that are delivered
may code for necessary cell-specific proteins, engineered protein polymers [3], or what has become a
common objective in cancer cell research: suicide genes [4].

14.2.1.2 Nucleotide Decoys

DNA and RNA decoys are small oligonucleotide fragments that mimic the start sequences of potentially
harmful genes. By doing so, the decoys can effectively trap the transcriptional and translational machinery,
thereby causing a sharp decrease in mRNA or protein production. There has been success with this
approach in human immunodeficiency virus (HIV) research. DNA and RNA decoys have been used to
halt the function of REV proteins, which are responsible for making late transcripts of RNA and exporting
them to the cytoplasm [5], and the TAT protein, which binds and activates the natural promoter for
HIV-1 [6].

14.2.2 RNA

RNA also holds a valuable place in gene therapy because it can be used to alter cellular function. Two
examples of RNA use in gene therapy are antisense RNA and small interfering RNA (siRNA). Antis-
ense RNA provides functional alterations in cells by acting on host gene products post-transcriptionally.
Antisense RNA functions by binding to cellular mRNA transcripts, which prevents ribosomal binding
and therefore translation. Antisense RNAs have been investigated for their use in applications such as
beta-globin gene inhibition as a possible treatment for sickle cell anemia [7], bcr/abl interference in myel-
oid leukemia research [8], and CXCR4 disruption for HIV-1 gene therapy [9], among others. The use
of siRNA can interfere directly with genomic DNA transcription. First described by Elbashir et al. [10]
in 2001, siRNAs have very high specificity that can be used to target a single-nucleotide polymorphism
(SNP) on a single mutant allele [11,12]. The result would be to silence the mutant allele while permitting
continued transcription of the wild type gene. This technology has been used in vivo to successfully target
spinocerebellar ataxia type 3 and frontotemporal dementia [13].

14.3 Gene Delivery

Simply administering naked genetic material in the vicinity of cell exteriors is usually not sufficient to
bring about the desired cellular response at adequate levels. Carriers have been employed to aid in the
transfer of genetic material from the cell exterior to the cytoplasm or nucleus. There is a wide variety of
carriers available, each with links back to one of the main branches of natural science: biology, chemistry,
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TABLE 14.1 Examples of Virus Families and Members Used for
Gene Delivery

Family Example References

Adenoviridae Adenovirus [14]
Baculoviridae Baculovirus [15]
Herpesviridae Pseudorabies virus [16]

Simplex virus [17]
Parvoviridae Adeno-associated [18]

Parvovirus [19]
Poxviridae Vaccinia [20]

Yaba monkey tumor virus [21]
Retroviridae Human immunodeficiency virus 1 and 2 [22,23]

Lentivirus [24]
Murine leukemia virus [25]
Retrovirus [26]

and physics. It is possible for hybrid systems that combine two or more basic technologies to exist, but the
individual classifications will be discussed separately for clarity.

14.3.1 Biological Delivery Methods

Because they are a product of millions of years of biologic evolution, viruses are included here as the
biological forms of gene delivery in spite of the fact that viruses are not technically alive (they do not
respire). Viruses are the most efficient vectors for large-scale gene delivery. Some also offer permanent
expression of delivered genes through the integration of genetic material into the transduced organism’s
genome. Table 14.1 lists some of the major viral families and specific members that have been used in
gene therapy. Many of the references in the table cite review articles of the specific virus classification for
further reading.

Currently, herpes simplex virus (HSV) is being used to transduce cells in the central nervous system.
By altering the genome of the virus, researchers have been able to decrease cytotoxicity and increase
transfection efficiency [27]. HSV is also desirable because it is relatively large to allow packaging of larger
plasmids, does not integrate its DNA into the host genome which avoids the deleterious effects that are
possible with random integration, and is easily deliverable into the brain due to its ability to actively travel
towards the nuclei of the neurons through the axons in the peripheral nervous system. HSV has also been
applied to the transduction of skeletal muscle. Recent reports have described successful HSV-mediated
gene transfer into skeletal muscle cells in vitro and in vivo and outlined possible applications for the
delivery of large genes such as that coding for dystrophin [28].

In the liver, the virus AcMNPV (of the family baculoviridae) has yielded promising transfection effi-
ciencies [29]. The YABA-like virus, which exhibits very similar attributes to the vaccinia virus but does not
produce immune responses in the host, has successfully targeted and treated ovarian cancer in mice [30].

Adeno-associated virus (AAV) requires coinfection with a helper virus (typically adenovirus) to be pro-
ductive. AAV offers an advantage to the gene therapist in that it has been reported to provide permanent
expression of delivered genes. In utero experiments in mice and nonhuman primates indicate that recom-
binant AAVs can successfully alter the genome of the host organism to produce stable transductants [31].
Adeno-associated viruses are commonly used and successful in targeting the central nervous system [32].
Although repeated viral transduction is associated with inflammatory and immunological responses in
the host, it has been reported that these responses can be reduced by carefully balancing recombinant AAV
dosing with prudent timing [33].

Retroviruses offer good transduction efficiencies in vivo. Hallmarks of retroviral transduction are that
RNA is delivered into cells as opposed to DNA, cDNA is made using viral reverse transcriptase, and
this cDNA is introduced into the host genome via the protein integrase to produce stable transfect-
ants. Immunodeficiency viruses are commonly investigated retroviruses, and include HIV and feline
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immunodeficiency virus (FIV). Investigations into retroviral genome alterations, such as self-inactivation
via promoter deletion, are being conducted in an attempt to render HIV-1 a safe vector for gene trans-
fer [34]. Use of FIV has shown efficient transduction of nondividing cells without many of the inherent
risks associated with delivering recombinant HIV to humans [35]. Lentivirus, which belongs to the same
family as HIV and FIV, has been developed to produce concurrent regulated multiple gene delivery upon
transduction [36].

14.3.2 Chemical Delivery Methods

Many chemical methods of transfection have been engineered and utilized in the past 20 years. The
use of synthetic gene delivery vehicles, such as polymers or cationic lipids, offers several advantages.
Nonviral gene delivery is not restricted to plasmid DNA sizes based upon the ability to fit into a viral
head of finite size, as is evidenced by successful delivery of a 2.3 Mb artificial human chromosome using
poly(ethylenimine)(PEI) [37], and a 60 Mb artificial chromosome into Chinese hamster ovary cells using
liposomes [38]. Although nonviral gene delivery usually results in transient gene expression, an advantage
of this characteristic is that there is little or no risk of random integration into host genomes. Random
integration poses a problem in that it can knock out a vital gene such as a housekeeping gene or a tumor
suppressor gene. An additional advantage of nonviral gene delivery is the reduced threat of immune
response in vivo versus repeated viral injections.

Several cationic polymers exist that exhibit strong transfection qualities. Many of these polymers are
based on polypeptide chains containing multiple lysine, histidine, or arginine residues. Historically,
poly(l-lysine) has been the most commonly used peptide transfection agent. However, several arginine-
based combinations of peptides have been formed into polyplexes of varying sizes and charge ratios which
may yield better transfection results than the previously used polypeptide chains composed of a single
amino acid [39]. Histidine–lysine polyplexes have also produced good transfection results that positively
correlated with the amount of histidine in the complex [40]. There are also additions that can be made
to these complexes in order to increase transfection efficiency and lower cytotoxic effects. These include
ligands such as nerve growth factor, and hydrophilic polymers such as polyethylene glycol (PEG), which
has been shown to increase transfection efficiency and lower cytotoxicity of poly(l-lysine) both in vitro
and in vivo [41].

PEI is a highly cationic polymer that is available in both linear and branched forms. Each form of the
polymer has a repeating [–CH2–CH2–N<] structure, with each nitrogen taking the form of a primary (end
group), secondary (middle of a straight chain), or tertiary (branch point) amine (Figure 14.1). The groups
attached to secondary and tertiary amines are typically additional [–CH2–CH2–N<], although terminal
amines can be modified through the attachment of moieties for targeting or degradation purposes. Because
of the large number of amines present in PEI, many of which carry a positive charge at physiological pH,
DNA and RNA easily bind with the polymer via electrostatic interactions to form stable complexes.
The transfection efficiency of branched PEI correlates with its molecular weight, with weight-average
molecular weights of approximately 25,000 Da working best [42,43]. PEGylation of PEI polymers can,
as was also the case for poly(l-lysine), increase transfection efficiency; this has been indicated in delivery
of complexes to the central nervous system in vivo [44]. PEI has also been successfully used in in vitro
transfections of rat endothelia and chicken embryonic neurons as well as in vivo in mice [45]. Conjugates
of PEI are also being developed, such as silica microspheres coated with the polymer–DNA complexes.
These conjugates have been used successfully for in vitro transfection, and offer the potential for relatively
simple covalent surface modifications [46].

Dendrimers are highly branched polymers built around a single atom or molecule. Poly(amidoamine)
(PAMAM) dendrimers are often used for gene delivery because of their high nitrogen content which
aids in DNA binding and condensation. With a central atom of nitrogen, these polymers are built by
the addition of amine-containing molecules, such as [CH2–CH2–NH2] (Figure 14.1). The result is a
maximally branched molecule of known molecular weight; a sort of controlled version of PEI. PAMAM
dendrimers, sometimes referred to as starburst dendrimers, have shown good transfection efficiencies in
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FIGURE 14.1 Three polymers based upon the [–CH2–CH2–N<] basic unit. Amines are shown in the uncharged
state for clarity. (a) Linear PEI; (b) An example of a branched PEI. The polymerization permits 2◦ amines and one
cyclization via a back biting reaction. The polymer is somewhat irregular; (c) Third generation PAMAM dendrimer.
All amines are tertiary amines (except for chain termini).

mammalian cells with little or no cytotoxicity in vitro [47]. A current application of this dendrimer is its
coupling with an Epstein–Barr virus-based plasmid for suicide gene therapy in cancer cells [48].

Chitosan is another polymer that has been well characterized for use in transfection [49]. This nat-
ural nontoxic polysaccharide lends DNAase-resistance to its cargo while condensing the DNA to form
stronger complexes [50]. The efficiency of chitosan is thought to rely upon its ability to swell and burst
endolysosomes, which allows the delivered DNA to continue its path to the nucleus [51].

Alginate, a polycationic polysaccharide that can be used in the form of a hydrogel, has been used
alone for transfection [52], as well as in combination with poly(l-lysine) complexes to form an
oligonucleotide “sponge” [53]. Through slow degradation, these gels were shown to release embedded
oligonucleotides over time. Possible applications of these gels to deliver antisense RNA are currently being
pursued [53].

Microgels are similar to the alginate complex just mentioned. A thermosensitive microgel, composed of
poly[ethylene glycol-(d, l-lactic acid-co-glycol acid)-ethylene glycol] (PEG–PLGA–PEG) triblock copoly-
mers, has been created to have the property of being a liquid at room temperature but solidifying at
37◦C. Once solidified, the gel slowly degrades over the course of 30 days, releasing its component oligo-
nucleotides to the surrounding cells. Possible applications of this gel system to wound healing are being
pursued [54].

Lipids, particularly cationic lipids, have been used for gene delivery in a process termed lipofection. Sev-
eral lipofection agents have been used for successful transfection of cells both in vitro and in vivo. Because
of the aqueous environment inside cells and tissues, the hydrophobic tails of the lipids will coalesce to form
hollow micelles, the interiors of which can contain oligonucleotides for cellular delivery. The combination
of more than one hydrophobic entity can often yield higher transfection efficiencies than using a single type
of lipid. In primary cortical neurons, a combination of N -[1-(2,3-dioleoyloxy)propyl]-N ,N ,N -trimethyl-
ammonium methylsulfate and cholesterol (DOTAP : Chol) shows high transfection efficiency [55]. Using
intraveneous administration of N -[1-(2,3-dioleoyloxy)propyl]-N ,N ,N -trimethylammonium chloride–
Tween 80 (DOTMA-Tween 80) complexes with high DOTMA : DNA ratios, transient transfection to
several organs has also been accomplished [56]. The use of helper lipids such as cholesterol or dioleoyl
phosphatidylethanolamine (DOPE) can increase transfection efficiency significantly through endosomal
membrane destabilization [57].
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14.3.3 Physical Delivery Methods

A highly efficient way of transferring naked DNA into a select cell or group of cells is via physical
transfection methods. Microinjection by a skilled operator offers nearly perfect delivery efficiency on a
cell-by-cell basis. This technique can be used to transfer oligonucleotides to cell cytoplasms or nuclei [58],
or entire nuclei into enucleated eggs, as is the case with cloning [59,60]. However, the use of microinjection
to transfect hundreds or thousands of somatic cells in vivo would be an infeasible venture, both in terms of
getting to and visualizing the cells of interest, and the amount of time and effort required for the procedure.
There exist alternative physical delivery methods that can be used to deliver genetic material directly into
a larger number of cells, albeit in a slightly less precise fashion. These methods include electroporation
and the gene gun.

Since 1982, electroporation has been a promising approach for both in vitro and in vivo gene
delivery [61]. Electroporation causes disruption of the plasma membrane and formation of membrane-
associated DNA aggregates, which enter the cytoplasm through transient pores [62]. These complexes
have been shown to enter the cytoplasm 30 min after administration of current, and proceed to peri-
nuclear locations by 24 h postadministration [62]. Electroporation has shown promising results in the
administration of complexes to skeletal muscles, indicating a possible role for the technique in future
in vivo muscular applications [63]. Electroporation can be combined with chemical transfection meth-
ods, including dendrimers, to increase the overall efficiency of transfection [64]. A similar approach,
termed nucleofection, utilizes an electrical current in conjunction with specific solutions to deliver DNA
not only into the cell but also into the cell nucleus [65].

The gene gun provides a ballistic means of transporting genetic material into cells. A typical application
of the gene gun would entail attaching DNA to gold particles that are on the order of 1 µm in diameter.
The coated gold is then loaded onto a cartridge or onto a disc and propelled down the barrel of the gun
via pressurized helium at a force on the order of 200 to 300 psi. The end of the gun barrel is too small
for the disk to exit, so its motion is halted abruptly before exit. The coated gold colloids detach from
the disc and continue their path, passing through or becoming embedded within cells. When passing
through cell membranes, cytoskeletons, and other structures, some of the DNA can become dislodged
and remain within the cells for processing. This method provides good transfection of tissue surface layers
and offers an advantage over microinjection in that many cells in a specified area are quickly transfected.
However, cell damage and depth of gold penetration are two limiting factors of this method. The gene
gun has been used successfully in vivo to transfect murine tumors with cytokines, successfully restricting
cell growth [66]. Direct gene gun transfer of gold-adhered DNA particles has also been used in successful
transfections of beating hearts with genes encoding the green fluorescent protein [67].

14.4 Intracellular Pathways

The mechanisms governing the transport of nonviral gene delivery complexes into the cytoplasm and
on into the nucleus vary between different vectors. Endocytosis is the primary means for cellular import
of nonviral gene carriers, which makes complex modification through the addition of specific ligands
beneficial. Endocytosed complexes enter the cytoplasm in endosomes, which mature from early to late
endosomes before meeting up with lysosomes to form endolysosomes. As this vesicle maturation occurs,
membrane bound H+/ATPases create an acidic environment within the compartments. It is this acidic
environment which allows lysosomal enzymes (acid hydrolases) to remain active and potentially degrade
the endocytosed material. The endolysosome therefore presents a major obstacle to nonvirally mediated
gene therapy, as evidenced by increases in transfection efficiency in the presence of the lysosomotrophic
agent chloroquine [68–70]. Research into lysosomal disruption has produced a peptide that can degrade
the membrane of the late endosome, based on its cholesterol content. This method has reportedly increased
the transfection efficiency of parenchymal liver by 30-fold [71].

PEI has been hypothesized to serve as a proton acceptor within endolysosomes, serving to buffer the
pH of the endolysosome while additional H+ is pumped in. According to this hypothesis, Cl− ions will
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leak into the vesicles to alleviate the electric gradient, thereby creating an osmotic gradient which will be
offset by an influx of water molecules into the endolysosomes. The result will be swelling and bursting
of the endolysosomes [45]. PEI has been shown to enter cells via endocytosis, and the endosomes have
been shown to swell within a period of under 6 h [72]. However, there exists a question of the degree
of lysosomal involvement during PEI-mediated transfection. PEI/DNA-containing endosomes have been
imaged while passing through lysosomal beds without lysosomal interaction [73]. In addition, PEI has
been reported to utilize microtubules of the cytoskeleton as a direct pathway to the nuclear envelope,
thereby eluding lysosomes [74]. It is perhaps the large excess of positive charges in PEI/DNA complexes
that help direct the complexes in a seemingly atypical fashion during cellular processing. More research is
required to elucidate the complete cellular mechanism of PEI-mediated transfection.

If the delivered genetic material is DNA, and the desired outcome of the transfection is expression of
the delivered gene, then the next major hurdle to successful transfection is getting the delivered DNA
into the cell nucleus for transcription. Many studies have monitored the effect of cell cycle stage upon
transfection efficiency. Some viral vectors show strong transduction during all phases of the cell cycle
because of their strong nuclear-importation machinery [75]. However, polyplex and lipoplex carriers
show optimal transfection if they are administered during the G1 or S phases of the cell cycle [75]. It is
known that the nuclear envelope is dismantled during late mitosis, hence perhaps these findings can be
explained by the length of time required for transfection complexes to proceed from endocytosis to the
outer nuclear membrane being roughly equal to the amount of time needed for the cell to progress from
G1 or S phase to late mitosis. Other work indicates the barrier to transfection presented by the nuclear
envelope through results that reveal very low transfection efficiencies in nondividing cells when cationic
lipid-mediated vectors were used [76].

Aside from entering the nucleus by virtue of location during mitotic nuclear membrane disruption,
genes and gene delivery complexes can be delivered to the nucleus via import. Possible mechanisms
for nuclear import include interactions between the complexes and other proteins bound for nuclear
import and interactions between the complexes and nuclear import receptors themselves. Proteins in the
cytoplasm that are bound for nuclear import typically have a conserved peptide sequence that is recognized
by the cell as a nuclear localization signal (NLS). Such signals can be manufactured in the laboratory for
inclusion as an integral part of the gene delivery complexes [77,78]. Many factors govern the success of
NLS-mediated nuclear import: the type of NLS, the manner in which the NLS is incorporated, DNA form,
and the proper definition of the complexes [79].

14.5 Cell and Tissue Targeting

Each of the physical delivery methods listed in Section 14.3.3 is an excellent way to deliver genes to a
specific region. Certainly, microinjection is a very straightforward way to introduce genes into a single cell
of interest. However, physical delivery methods can be technically difficult, insubstantial in the number of
cells that are transfected, or impossible for delivery to remote areas of the body. To provide feasible
alternatives when such challenges exist, molecular targeting methods have been developed, yielding
encouraging results.

The use of cell-specific ligands or receptors to target extracellular attributes is a good method for
gene delivery to specific cell types or classes. Neuronal cells have been targeted for transduction via
a neuron-specific viral envelope in conjunction with specific glycoproteins, leaving nonneuronal cells
unaffected [80]. Other examples of ligands that have been used include LOX-1 to potentially target
endothelial cells [81], the human hepatitis B virus preS1 peptide to target hepatocytes [82], plus transferrin
[83], folate [84], anti-CD34 [85], and galactose [86], among others. The list of potential and realized target
ligands is very large, which suggests the utility of this targeting technique.

Using cell-specific transcription regulation sequences (binding elements such as promoters or enhan-
cers) is another way to target cells without modification of the gene delivery vehicle, which allows for cell
targeting with known delivery and release kinetics without having to repeat the same work for modified
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vectors. This type of targeting, known as promoter or expression-targeting, works on the principle that
many cell types could take up the delivered genes, but only the cells of interest will transcribe them because
the transcriptional machinery that binds to the utilized promoters is present only in the target cells. This
type of targeting has been used to target megakaryocytes via the promoter for integrin αIIβ (for a possible
treatment for platelet disorders) [87]. Targeting liver cells has been achieved by using the promoter for
liver-type pyruvate kinase and SV40 enhancer [88]. Expression-targeting has also been used to target an
entire class of cells (Cox-2 overexpressing cells), which could be an important technique in the treatment
of carcinomas or inflammation [89]. The use of two specific binding elements, a promoter/enhancer
combination, has been employed to deliver the suicide gene for thymidine kinase to prostate tumors [90].
Expression-targeted gene delivery could prove to be a valuable tool in clinical gene therapy, alone or in
conjunction with ligand-targeted systems.

14.6 Applications

14.6.1 In Vitro

In 1977, a chemically created somatostatin gene was fused to an Escherichia coli β-galactosidase gene
and introduced into a bacterium resulting in expression of the gene [91]. The alteration of both cells and
cellular functions has expanded greatly since then to produce many new experimental applications. In vitro
modeling is valuable in learning more about living systems without the involvement of animals, while
potentially leading to in vivo applications. For example, liposomal delivery of the gene for adenomatous
polyposis coli (APC), delivered to produce a potential anticancer agent, has produced excellent results in
diminishing a human duodenal cancer in the presence of bile in vitro [92].

The proliferation of cells in vitro not only serves as a model for in vivo studies but also serves as a
valuable component of most ex vivo applications. However, it is often the case that cell behavior differs
between in vitro and in vivo environments. Hematopoietic stem cells show this characteristic, displaying
substantial proliferation in vivo but dividing at a more conservative rate in vitro. Building on the retroviral
overexpression of the homeobox B4 gene, a 40-fold increase in in vitro growth has been observed in
mouse bone marrow cells [93]. However, the difference between cell behavior inside and outside the
living organism along with the involvement of a wider array of cell types and cellular proteins continue to
be significant barriers to scientific research, and are reasons why in vitro investigations are not enough to
produce treatments ready for the clinic. In vitro research is still important because it allows greater control
over experimental conditions for molecular studies and reduces the need for research animals.

In vitro gene therapy also has applications in the creation of regulation vehicles for the complexes
needed in vivo. The delivery of l-dopa and dopamine to the nervous system by genetically altered cells
can be regulated by embedding the cells in hydrogels, created and currently being tested in vitro, and
implanting these systems into the affected area [94]. Another regulation device has been created from
freeze-dried PEI/DNA complexes along with sucrose and PLGA to create a porous medium filled with
encapsulated transfection complexes [95]. In vitro, the use of this PLGA sponge has caused expression of
a reporter gene in adherent fibroblasts for 15 days.

Besides delivery regulation mechanisms there are in vitro transfection applications that treat cells as
microfactories to create pharmaceutical products. An example of using gene delivery to utilize cells as
manufacturing plants is the injection of engineered plasmids into silkworm eggs for the production of
type III procollagen [96]. This application is a useful way of producing protein-based polymers with
high sequence specificity and low polydispersity. This technology could be used to create scaffolds for
cell-seeding in tissue engineering applications.

14.6.2 Ex Vivo

Ex vivo gene therapy involves the methods of in vitro cell therapy coupled with the reintroduction of the
altered cells into an organism. Likely candidates for this approach are bone marrow progenitor cells of
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the adult (mesenchymal and hematopoetic) embryonic and adult stem cells. Delivery of the transfecting
(or transducing) gene can be accomplished via any of the methods mentioned previously in this chapter.
There has been much success with this application of gene therapy, which has progressed to the clinical
trial stage. Transplantation of nerve growth factor (NGF)-producing grafts of neural progenitor cells into
the septum and nucleus basalis of the rat cerebrum has been shown to diminish the atrophy of the brain
associated with aging [97]. Several more ex vivo investigations are outlined in Section 14.7 of this chapter.

14.6.3 In Vivo

To transport gene delivery complexes into living organisms, there exist several strategies that do not entail
surgery. The first method that might come to mind is injection via syringe. Injections can be very simple,
entailing introduction of complexes into a vein [98], into the peritoneum [99], or directly into a tissue such
as muscle [98] or tumor [100]. Even the blood–brain barrier can be circumvented via direct injection [101]
or injection into the jugular vein using the brain-specific promoter GFAP [102]. Additional approaches
for gene delivery to the central nervous system include injection into the cranial nerves for retrograde
transport of PEI/DNA complexes into the brainstem [103], and intraveneous administration of lipoplexes
conjugated with transferrin to effectively cross the blood–brain barrier via its transferrin receptors [104].
Permanent transfection via nonrandom integration has even been achieved via high-pressure tail vein
injection, in which plasmids coding for bacteriophage φC31 integrase were co-injected with plasmids
containing attB and a gene for human factor IX to yield site-specific genomic integration of the factor
IX gene in rat hepatocytes at native pseudo attP sites [105]. This concept could be applied to achieve
permanent transfection in many nonviral applications, which lend themselves to IV administration.

Another method of complex administration in vivo is through inhalation. Inhalation of aerosols is an
intuitive choice for gene delivery to the respiratory system. In mice, aerosol administration of a liposome–
DNA complex has yielded transfection results that persisted for 21 days [106]. More recently, aerosol
delivery of adeno-associated viral vectors through the nasal cavity produced positive transfection that was
apparent in the bloodstream in addition to that in the lungs [107]. Aerosol delivery is a logical method
of delivering transfection complexes to the lungs, while intravenous delivery might be better suited for
organs such as the spleen or liver, as demonstrated by results from a recent study that compared the two
delivery methods for PEI/DNA transfection complexes [108].

Mucosal administration of gene delivery complexes by oral or rectal routes is another option for in vivo
gene therapy. Mice that were fed chitosan-coated plasmid particles showed expression of the delivered
gene in the intestinal epithelium [109]. Another delivery method involves particle-mediated gene delivery
directly into the oral mucosa [110]. In the cited study, several marker and cancer-targeting genes were
delivered and shown to be expressed in the oral cavities of canines. Transrectal complex administration
(enema) has also been used to deliver genes to canines, where a recombinant adenovirus vector carrying
a marker gene (β-galactosidase) was used to demonstrate successful transduction in the colon [111].

14.7 Clinical Applications

To date, over 900 reported gene therapy clinical trials are underway worldwide; approximately 2% of these
are phase III investigations [112]. Well over half of the current trials utilize viruses as the gene delivery
vehicle. Physical and chemical (especially liposomal) delivery methods are also represented. Over half of
the current trials are cancer investigations [112]. Following is an overview of some of the more visible trials.

Severe combined immunodeficiency (SCID) was the first clinical application of gene therapy to go
into human trials, commencing in 1990. The treatment involved removing bone marrow stem cells,
altering them by exposure to healthy T-cells in culture, and then reintroducing the differentiated marrow-
derived cells to the host organism [113]. Another malady involving immunocompromise is the HIV
infection, a retrovirally caused disease that affects T-helper cells and can eventually lead to acquired
immunodeficiency syndrome (AIDS). Phase I, II, and III clinical trials are currently underway for several
applications of HIV-related gene therapy. Ex vivo manipulation of T lymphocytes with ribozymes, followed
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by reintroduction of the cells into the host, shows promise in that the T-cells have a greater survival time
and are clinically safe for the subject [114]. A separate study conducted on twins was completed in 2002,
and showed the safety and efficacy of ex vivo lymphocyte manipulation for expression of an anti-HIV gene
(revTD) [115].

Clinical investigations for tissue- or organ-related maladies are also underway. Ischemic heart disease
is the result of poor circulatory perfusion of cardiac muscle, commonly from coronary artery blockage.
The delivery of vascular endothelial growth factor (VEGF), first described as a tumor-produced vascu-
lar permeability factor, has been shown to stimulate angiogenesis in several tissues including cardiac
muscle [116]. Phase I studies have indicated that direct injection of naked [117] or adenovirally delivered
[118] plasmids encoding VEGF into cardiac tissue yields both safe and effective transfection/transduction.

Cystic fibrosis is another tissue/organ malady. The disease is the result of a mutation in a gene encoding
a cellular cAMP-mediated chloride channel, known as the cystic fibrosis transmembrane conductance
regulator (CFTR). With inadequate chloride transport capabilities, affected cells will develop an osmotic
gradient that is relieved by internalization of water from the extracellular environment. In cells that are
bathed in mucus, such as lung airway epithelia, the result is a loss of water from the coating mucus, raising
mucus viscosity and lowering the body’s ability to transport it via ciliary movement. Bacterial colonization
is often the result of such stasis. Clinical trials for the treatment of cystic fibrosis have been conducted
using different target administrations. A trial of liposome-mediated transfection for cystic fibrosis patients
showed the efficacy and safety of delivery of the CFTR gene to nasal epithelium cells [119]. Aerosolized
adenoviral particles carrying CFTR cDNA have also been used clinically for transduction in the lungs [120].

Neurologic disorders have also been the target of clinical gene therapy trials. A phase I study of
Alzheimer’s disease involved the removal of primary fibroblasts from subjects, effectively transducing
the harvested cells with nerve growth factor and reintroducing the cells into the brain [121] (also reviewed
in Reference 122). The use of nerve growth factor to target the cholinergic neurons was employed with
the aim of preventing neural degradation and elevating levels of acetylcholine transferase.

Gene therapy applications for cancer treatment are very well represented in the group of clinical trial
investigations. Phase I and II trials directed at malignant gliomas are using a modified herpes virus to
target glioma cells in order to cause an immune response to diminish the number of cancerous cells [123].
The referenced study is currently focused on drug dose amount in subjects with recurrent glioblastoma.
A phase II study of ovarian cancer commenced in the year 2000 to determine the safety and efficacy
of genetically altered herpes simplex thymidine kinase-producing cells (HSV-TK) delivered into cancer-
affected ovaries [124]. The amount of cancer research that is underway is too large to allow a proper
presentation of the area in sufficient detail here.

14.8 Summary

Gene therapy is a very diverse and rapidly growing field. Researchers in many areas, including biology,
chemistry, physics, engineering, and medicine can find new applications for their creations and discoveries
in gene therapeutics. Since molecular biology and genetic recombination laid the foundation for controlled
genetic alteration, the field of gene therapy has expanded dramatically. The ability to alter cellular function
through the introduction of exogenous genetic material has drawn considerable hope that this technology
can be used to discover new disease treatments as well as explicate some of the mysteries of life at the
level of basic science. As laboratory and clinical trials proceed and knowledge of the area becomes more
rational and objective within the general public, gene therapy should prove to deliver beneficial and lasting
advances from the world of biomolecular science.
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15.1 Introduction

The main goal of tissue engineering is the creation of artificial tissue having the ability to repair or simply
replace lost or damaged tissue. Common tissue engineering strategies involve the extraction of cells from
a small piece of tissue and their in vitro culture for later implantation using a carrier that allows the
formation of new tissue (Figure 15.1) [1]. Most approaches in this field are based on common bioactive
factors, consisting of cells (generally stem cells, or progenitor cells), a scaffolding material, and growth and
differentiation factors [2]. The in vitro creation of an efficient construct can be accelerated by applying
certain stimuli that can elicit specific responses to the cells. Stimulation can be done in two major ways:
chemically and electro/mechanically.

Chemical stimulation is carried out by using growth and differentiation factors specific for different
responses. Growth factors play a major role in cell division, matrix synthesis, and tissue differentiation
[3]. Examples of these proteins are: bone morphogenetic proteins (BMPs), which have been demonstrated
to induce the differentiation of mesenchymal stem cells into an osteoblastic lineage (BMP-2 and BMP-7),
and the vascular endothelial growth factor that greatly enhances angiogenesis [4,5]. The need for in vitro
mechanical stimulation in tissue engineering is drawn from the fact that most tissues function under
specific biomechanical environments in vivo. These environments play a key role in tissue remodeling and
regeneration. The stresses can be translated into different kinds of forces that range from load bearing to
hydrodynamic forces due to fluid flow [6]. Thus, the mechanochemical microenvironment that progenitor

15-1
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FIGURE 15.1 Basic steps in the process of tissue engineering: cells are harvested from the patient and proliferated
in a three-dimensional environment, followed by the application of mechanical and chemical stimuli in a bioreactor
prior to implantation.

cells grow into is expected to control the fate of these cells while undergoing differentiation toward different
lineages.

A bioreactor is generally defined as a device capable of creating the proper environment for the creation
of a certain biological product [21]. Therefore, a bioreactor is described as a simulator, a device in which
biological as well as biochemical processes can be carried out. In tissue engineering, bioreactors are used to
impart certain forces that imitate different electromagnetic and mechanical stimuli occurring in the body.
However, these devices are not limited to the sole application of electromechanical stimuli; they must meet
other requirements in order to create grafts that, when implanted, will lead to the regeneration of damaged
organs. A bioreactor must efficiently transport nutrients and oxygen to the construct, maintaining an
appropriate concentration in solution. In most tissue engineering applications, a scaffold is seeded with
cells and supports the formation of extracellular matrix (ECM). Consequently, the bioreactor has to induce
a homogeneous cell distribution throughout these structures in order to generate a uniformly distributed
ECM. Tissue engineering bioreactors can be used for cell seeding and long-term cultures.

This chapter describes some of the most popular bioreactor designs available for the engineering of dif-
ferent tissues. Hydrodynamic conditions and transport phenomena considerations are addressed, as well
as applications to functional tissues and unique devices for specific applications. Design considerations,
challenges, and new directions are also presented.

15.2 Most Common Bioreactors in Tissue Engineering

The choice of a bioreactor to cultivate three-dimensional constructs depends upon the tissue to be engin-
eered and its functional biomechanical environment. Emulation of physiological conditions is the main
objective when developing these kinds of systems, and this issue has been addressed in different ways. The
incorporation of convective forces has become a common characteristic among most bioreactors. In this
section, we describe some of the most common bioreactors found in the engineering of several functional
tissues such as bone, cartilage, and cardiovascular applications, among others.
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(a) (b)

(c) (d)

(e)

FIGURE 15.2 Common bioreactors used in tissue engineering. (a) Static culture, (b) spinner flask, (c) rotating wall,
(d) perfusion system, and (e) perfused column.

15.2.1 Spinner Flask

The spinner flask (Figure 15.2b) represents one of the simplest bioreactor models. It was first designed
with the idea to use convection in order to maintain a well-mixed system. The scaffolds are threaded
into needles connected to the cover of the flask, and submerged in the culture medium. Convection is
generated through the usage of a magnetic stir bar or a shaft that continuously mixes the media surrounding
the scaffolds, providing a practically homogenous distribution of oxygen and nutrients [7,8]. The fluid
dynamic environment at the external surface of the scaffolds is turbulent and characterized by the existence
of eddies that may enhance the transport of nutrients into the porosity, and locally expose cells residing at
the exterior of the construct to relatively high shear forces. The magnitude of the shear stresses can vary
significantly between different locations; therefore, not all the cells are exposed to the same shear stresses.
The presence of convective forces external to the scaffolds may not suppress concentration gradients
appearing deep inside large three-dimensional constructs, where diffusion is the controlling mechanism
of nutrient transport [9,25].

15.2.2 Rotating-Wall Vessels

Initially designed by NASA as a microgravity environment for cell culture, the rotating-wall bioreactor
(Figure 15.2c) is now widely used in the formation of engineered bone, cartilage, and other tissues
[7,8,10–12]. This device consists of two concentric cylinders whose annular space contains the cell culture
medium [13]. The inner cylinder is static and permeable to allow gas exchange for oxygen supply. The
outer cylinder, on the other hand, is impermeable and horizontally rotates at a speed that causes centrifugal
forces that can balance, if tuned properly, the gravitational forces; thus, generating a pseudo microgravity
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environment [7,13,14]. Unlike the spinner flask, in the rotating-wall vessel the fluid flow is mostly laminar
and the range of shear forces experienced by the cells at the outer surface is relatively narrow, with the
existence of a stagnation zone at the upstream edge. As reported by Williams et al. [15], shear stresses
decrease in the direction of flow and no significant variations from scaffold to scaffold are observed.
Medium can be recirculated between the annular space and an external gas membrane. A modification
of the original design, called rotating-wall perfused-vessel bioreactor, includes the rotation of the inner
cylinder. In this model, media is perfused from the vessel’s end cap to the pores of the inner cylinder [14].

The conditions of operation of a rotating-wall vessel must be carefully controlled. Large rotation speeds
of the outer wall will affect mass transport since most of the inlet fluid bypasses the vessel volume, whereas
an increase on the differential rotation enhances the radial and axial distribution of the fluid at low mean
shear stresses [14].

15.2.3 Perfusion Chambers and Flow Perfusion Systems

Flow perfusion bioreactors provide continuous flow through chambers were the scaffolds are located. The
perfusion column (Figure 15.2e) was one of the first designs of this kind of bioreactors. Culture medium
is continuously recirculated through the chamber, thus improving the transport of nutrients and oxygen
to the constructs [16,17,22]. Nevertheless, the flow of medium in these chambers is distributed between
the inner network of the construct and its surroundings, minimizing convective flow through the scaffold
[18]. To ensure that the flow of medium occurs exclusively through the porosity of the material, new
designs of flow perfusion bioreactors include the confining of the construct in chambers (Figure 15.2d).
In this way, a more controllable flow is achieved and nutrient transport limitations are virtually eliminated.
Internal flow can also expose the cells inside the scaffold to fluid shear forces that have been known to
be stimulatory for some cell types such as osteoblasts and endothelial cells [19,20]. A standard design
of this kind of reactors does not exist, but all of them are based on the same principle. A more detailed
description of a perfusion system is given later in this chapter.

15.3 Cell Seeding in Bioreactors

The first step to culturing cells in a three-dimensional environment is the seeding of scaffolds [21].
Along with the characteristics of the material, this process plays a crucial role in the development of
efficient constructs for tissue engineering. Seeding of scaffolds determines the initial number of cells in
the construct, as well as their spatial distribution throughout the matrix. Consequently, proliferation,
migration, and the specific phenotypic expression of the engineered tissue will be affected by the utilized
seeding technique [22]. In the case of tissues that require a fibrous or porous material, static seeding has
been the most widely used method of cell seeding (Figure 15.2a). Burg et al. [26] compared different
seeding techniques using rat aortic cells in polyglycolide fibrous meshes. Static seeding produced the
poorest cellular distribution. In addition to preventing a homogeneous spatial distribution of the cells,
static seeding also produces a low yield [23,26]. Holy et al. [23] reported a 25% efficiency of attachment
after seeding 0.5 to 10×106 cells on porous PLGA 75/25 scaffolds. A low yield diminishes the development
of specific functions related to cell–cell interactions and increases the required amount of cells; therefore,
the usage of new seeding techniques becomes imperative.

In order to address these issues, researchers have incorporated convection into the process of cell
seeding, suppressing some of the mass transfer limitations encountered in the static procedure. Spinner
flask bioreactors (Figure 15.2b) have been implemented to create convection and, thereby, hydrodynamic
forces that could help increase mass transport. Poly(glycolic acid) (PGA) scaffolds were threaded onto
needles and chondrocytes suspensions with a total number of cells between 2 × 106 and 10 × 106 were
used. A yield of 60% was obtained after 2 h of seeding. A more uniform distribution of the cells in the
scaffold was seen (compared to the static seeding); nonetheless, the concentration of cells in the outer layer
of the construct was 60 to 70% higher than that in the bulk [24]. This behavior may be due to the poor
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convection to the interior of the scaffold, making migration the only way for cells to reach the interior of
the scaffold.

It has been reported that, in the spinner flask, the shear forces at the external surface of the scaf-
fold are highly nonuniform. Such variability may influence the homogeneity of the seeded cells even
when considering only the external surface area [25]. To avoid such problem, Mauney et al. rotated
the scaffold every 2 h for the first 6 h of seeding so that each face of the construct could be exposed
to the flow field, reaching a homogenous distribution of the cells and a higher efficiency than that
of the static methodology. However, despite the high efficiency of seeding achieved with the spinner
flask bioreactor, a more homogeneous distribution of the cells throughout the construct volume is still
desired.

One way to guarantee mass transfer to the interior of the scaffold and a better distribution of cells is
by applying perfusion [26,27]. In this technique, the construct is press fitted into a chamber, and the cell
suspension is flowed through it (Figure 15.2c). Li et al. used a depth filtration system to seed poly (ethylene
terephthalate) matrices at a rate of 1 ml/min. The cell suspension was recycled to increase the yield. Cell
density increased along with the inoculation cell number, with an efficiency of about 65%, while with the
static seeding, the yield stayed constant and lower than that achieved with the perfusion [22]. Similarly,
Kim et al. seeded hepatocytes on polymeric matrices using a flow perfusion system. A suspension of rat
hepatocytes at a density of 5 × 106 cells/ml was pumped through decellularized bone matrices at a flow
rate of 1.5 ml/min for 4 h. A total of approximately 4.4× 106 cells were attached to the matrix, which was
considered successful. Furthermore, scanning electron microscopy and histology confirmed a uniform
distribution of hepatocytes throughout the scaffold.

Wendt et al. [27] monitored seeding efficiency and uniformity of static, spinner flask, and perfusion
systems. Using the same inoculation concentrations, there was not statistical significance among the
efficiencies of the static and perfused techniques, both producing a larger yield than the spinner flask.
Uniformity, however, was optimized by the perfusion apparatus, while the static and the spinner flask
generated cell-scaffold constructs with low spatial uniformity [27].

15.4 Bioreactor Applications in Functional Tissues

After being seeded with the specific type of cells needed for the application, scaffolds must be subjected
to longer periods of culture under the desired physical stimuli. The appropriate stimulation relies on the
mechanical, biological, and ultrastructural characteristics of the native tissue. Bioreactors for engineered
vascular grafts must mimic the natural fluid dynamic conditions of blood flow, including relatively high
flow rates and pulsatile flow [42]. Bone tissue has also been shown to be stimulated by fluid flow [19].
Engineered ligaments and tendons need mechanical loading to emulate the conditions that they normally
experience [87]. In this section we highlight some of the most important bioreactor applications in the
engineering of different tissues; different designs and their efficiency in the development of inductive
constructs are discussed.

15.4.1 Tissues of the Cardiovascular System

Several types of bioreactors have been used for the regeneration of tissues from the cardiovascular system.
Spinner flasks and rotating-wall vessels have been employed in the regeneration of heart tissue. Cardiac
myocytes were cultured on PGA scaffolds in a spinner flask, rotating-wall vessels and perfusion systems
[28,29]. After 14 days of culture, the medium in the rotating-wall vessels showed higher levels of oxygen.
The cell number in the spinner flask and rotating-wall reactor was larger than that of the static culture.
Likewise, the uniformity of extracellular matrix throughout the scaffold was more homogeneous in the
rotating-wall vessels. The engineered constructs had similar structural characteristics to that of the native
tissue, and the cultured cells secreted proteins related to mature cardiac myocytes (myosin, troponin-T,
tropomyosin, etc.). However, the cell density was always lower in the interior of the constructs [29].
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15.4.1.1 Vascular Grafts

The emulation of physiological conditions in tissue-engineered vascular grafts is extremely important.
Factors affecting the successful generation of a vascular graft include the selection of the appropriate
scaffolding material, the cell type (smooth muscle cells, endothelial cells, and fibroblasts), and the culturing
conditions [30,35]. Evaluation of mechanical properties is necessary to determine the quality of the
engineered construct. Mechanical strength is directly related to the matrix structure, especially to the
alignment of smooth muscle cells and collagen fibers [30,31].

Blood experiences rapid pulsating flow in the body with a velocity of about 33 cm/sec in the aorta and
0.33 mm/sec in capillaries [32]. Moreover, the conditions of flow will determine the differentiation path
and properties of endothelial cells [6,33]. The extracellular matrix organization and mechanical properties
of the graft, such as burst pressure and suture retention, are determinant factors of the graft quality [34].
Different systems with pulsatile flow have been designed in order to achieve these goals [35–38].

Static culture of endothelial cells seeded on different synthetic or natural polymers resulted in grafts with
poor mechanical properties and morphological characteristics different from that of the native tissue [39].
In an attempt to mimic the natural environment of blood vessels, fluid flow has been employed during
in vitro culture of smooth muscle cells seeded on PGA scaffolds. Incorporation of pulsation improved the
mechanical properties of the constructs and their histological appearance resembled that of native arteries.
It is important to point out that plain pulsation generated grafts with inferior mechanical properties [40].
The implementation of biomimetic bioreactors that utilize pulsatile flow in the physiological range appears
to stimulate the formation of an organized matrix similar to that of the native tissue [41,42].

An example of a pulsatile-flow bioreactor for vascular grafts is shown in Figure 15.3. This design, used
in the Laboratory of Cardiovascular Tissue Engineering at the University of Oklahoma, resembles the
shell and tube concept of some heat exchangers. Flow circuits are separated into shell-side and tube-
side to monitor (and control) system pressure and flow rates independently. Control valves downstream

Waste

Media
(Shell-side)

Pump

Compliance chamber

Tissue-engineered construct
within bioreactor

Pressure
transducers

Media
(Tube-side)

CPU

FIGURE 15.3 Shell–tube bioreactor for vascular grafts. (Courtesy of Dr. P. McFetridge from the School of Chemical
Engineering and Materials Science, University of Oklahoma Bioengineering.)
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of the bioreactor can be adjusted automatically in response to pressure variation. Typically, vascular
bioreactors require different cell types seeded onto each side of the construct; as such, the dual-circuit-
process flow allows different media types (endothelial and smooth muscle cell) to be run independently.
Media is recirculated until nutrients, antibiotics, and pH require correction to remain within physiological
parameters.

In another model designed by Thompson et al. [35], pressure is created by cyclical air inflow and the
amount of pressure introduced in the system is controlled by a check valve. The air comes into contact
with the culture medium in the so-called driving shaft. Tubing with medium is connected to the unit
where the constructs are placed; this unit is called the manifold. Constructs can be accommodated in
series or parallel, with a capacity of six scaffolds. Real-time flow and pressure can be monitored using an
in-line flow meter and pressure transducer [35]. Hoerstrup et al. [43] designed a similar system in which
the pulsatile flow is generated by the inflation/deflation of an elastic membrane.

Pulsatile flow, however, is not the only stimulation that has been used in the formation of tissue-
engineered blood vessels. Selitkar et al. [44] designed a bioreactor to apply cyclic strain to cell-seeded
scaffolds. After seeding aortic rat SMCs and culturing them for 8 days, circumferential orientation and a
homogeneous distribution was observed in the scaffold. Collagen fibers were also produced in an organ-
ized fashion, forming bound assemblies. Mechanical properties were improved compared to unstrained
constructs, achieving an ultimate stress of 58 kPa and modulus of 142 kPa, which are much greater than
those achieved without any stimulation (16 and 68 kPa, respectively) [44].

Different stimuli have also been combined in order to enhance the formation of the extracellular matrix
and mechanical properties. Peng et al. [45] used both cyclic stretching and pulsatile flow with perfusion
to culture vascular cells. Endothelial cells were grown in distensible silastic tubes and subjected to pulse
pressures and shear stresses comparable to the physiological values (up to 150 mmHg and 15 dyn/cm2).
Cells aligned in the direction of higher pulsation, almost parallel to the flow. Actin fibers showed a
peripheral longitudinal orientation at greater pulsatilities.

15.4.1.2 Heart Valves

The environment in which heart valves perform is mechanically complex. Heart valves must operate at
a frequency of approximately 1Hz, undergoing shear and bending stresses caused by blood flow [46,47].
Hoerstup et al. designed a pulsatile-flow system for the engineering of heart valves. This bioreactor basically
consists of two chambers with a silicone diaphragm between them. The lower chamber maintains air, while
the upper one is the culture medium chamber. Air is pumped, using a ventilator, into the lower chamber
to displace the diaphragm and create the pulsation. Pulsatile flows from 50 to 2000 ml/min and systemic
pressures from 10 to 240 mmHg can be achieved using this system [38]. Dumont et al. [37] designed a
similar bioreactor for the formation of engineered aortic heart valves. This apparatus consists of a left
ventricle (LV) made out of a silicone and an after-load with a compliance chamber and a resistance. The
stroke and frequency of the machine is controlled by a piston that compresses and decompresses the LV.
In this design, air is also incorporated in a compliance chamber, being pumped under conditions that
resemble the standard systolic and diastolic pressures. The tissue-engineered aortic heart valve is placed
between the left ventricle and the compliance chamber [37].

Schenke-Layland et al. [48] cultured endothelial cells and myofibroblasts on decellularized porcine
heart valves under static and pulsatile conditions. Increased cellularity, collagen and elastin content, and
mechanical strength were observed when the heart valves were cultured under pulsatile flow. The level
of pulsation is also a critical parameter in the formation of functional heart valves, as demonstrated by
Mol et al. [49].

15.4.2 Bone

Bone is a hard connective tissue that provides mechanical support to the human body and is a frame for
locomotion. Bone grafts have been generated under a wide variety of culturing conditions, including static
and dynamic systems. Among the most popular dynamic systems are spinner flasks, rotating-wall vessels,
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and perfusion systems [20,24,50,51]. As for every tissue, before deciding upon the kind of bioreactor
to be used, considerations concerning the carrier matrix, cells (osteoblasts, mesenchymal stem cells,
etc.), and growth factors must be taken into account. In the case of bone, the matrix to be used must be
osteoconductive, provide mechanical support, deliver cells and allow their attachment, growth, migration,
and osteoblastic differentiation [52]. Synthetic and natural polymers have been implemented. Among the
synthetic polymers poly-α-hydroxy esters, poly(ε-caprolactone), poly(propylene fumarate), poly(sebacic
acid), and their copolymers have been widely used. Materials such as ceramics and titanium have also been
used for bone replacement [53,54]. Cell number and calcium deposition are good markers to evaluate
the evolution of bone matrix. Furthermore, alkaline phosphatase activity (ALP) is used to assess early
differentiation activity of osteoblastic cells. Production of extracellular matrix proteins such as osteocalcin,
osteopontin, and bone sialoprotein is also taken into consideration [55].

As mentioned before, static culture was one of the first attempts to produce bone matrix. Ishaug et al.
[56] seeded marrow stromal cells on top of poly (dl-lactic-co-glycolic acid) (PLGA) foams of different pore
sizes at different densities. Cell proliferation was supported by the scaffold, and high level of ALP activity
and calcium matrix deposition were observed. It was found that the depth of mineralized tissue increased
over time, but the maximum penetration was only around 240 µm, resulting in a nonhomogeneous cell
and matrix distribution [56].

Improvement in the development of bone matrix in vitro has been achieved with the addition of
convection in the in vitro culture stage, which ultimately translates in a better transport of nutrients and
gases. After statically seeding 1× 106 marrow stromal cells on 75 : 25 PLGA scaffolds, Sikavitsas et al. [7]
cultured these constructs under three different conditions: statically, in a spinner flask and in a rotating-
wall vessel. The culture was carried out for 21 days, and samples were analyzed at 7, 14, and 21 days.
Scaffolds cultured in the spinner flask bioreactor showed the largest number of cells at all time points,
followed by the static culture. At the end of the culture period, constructs in the spinner flask presented
higher calcium contents than those encountered in the static and rotating-wall vessel [7].

Shea et al. [57] also utilized a spinner flask to culture poly(lactic acid) foams seeded with MC3T3-E1
preosteoblasts and evaluated their differentiation. Cells were seeded statically and cultured for 12 weeks.
Proliferation was observed over time; however, their distribution throughout the scaffold lacked homo-
geneity. Cells were densely located only at a thin layer of 200 µm near the scaffold’s surface. The density
dramatically decreased deeper into the construct. The same behavior was seen for the formation of
extracellular matrix and calcium deposition.

It has been shown that mechanical stimulation augments the production of alkaline phosphatase, osteo-
blast proliferation, and mineral deposition in osteoblastic cells seeded on different scaffolding materials
[58]. Osteoblastic cells have been shown to be responsive to shear stress induced by fluid flow. The stim-
ulatory effect of shear stresses has shown to induce an increase in the release of important regulatory
factors such as nitric oxide and prostaglandin E2 [59–61]. Interestingly, osteoblasts have been found to
be more responsive to fluid shear forces than mechanical strain [62]. A question arises then, what is the
physiological relevance of the stimulatory effect of fluid flow on bone cells? It has been hypothesized that
mechanical strains on bone tissue cause fluid flow in the lacunar–canalicular porosity of bone [63–65].
Consequently, the incorporation of fluid flow through the porous network is desired in order to stimulate
a faster and more efficient formation of bone matrix. This goal has been reached with the implementation
of flow perfusion bioreactors [20,66,67].

Bancroft et al. [8] developed a perfusion system (Figure 15.4) where medium is pumped through the
scaffold, thereby maintaining mechanical stimulation and transport of nutrients through the pores. The
scaffolds are tightly fit into cassettes in order to ensure fluid flow exclusively through the porous network.
Constructs are later placed in flow chambers that are capped and secured with o-rings to restrict the flow
around them (Figure 15.4a). The medium is pumped from a flask to the top of the chamber and sent to
another reservoir from the bottom. This direction of flow helps avoiding the entrance of air bubbles into
the flow chamber. Both flasks are connected so that the medium is in continuous recirculation. The main
body of the reactor consists of a total of six chambers and is made out of Plexiglas to allow the visualization
and monitoring of the flow inside the chambers. Each chamber corresponds to an independent circuit
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From pump

FIGURE 15.4 Schematics of a flow perfusion bioreactor. (a) Close up of the perfusion chamber where the scaffold is
press fitted. (b) Lateral view of the main body of the bioreactor.

using one of the heads of a peristaltic pump that produces flow rates from 0.1 to 10 ml/min (Figure 15.4b).
The tubing permits the exchange of carbon dioxide and oxygen with the atmosphere in the incubator.
A complete change of medium can be done due to the two-reservoir set up [18].

To study how the shear rate affects the growth of bone matrix in vitro, Bancroft et al. [19] varied
the flow rate when culturing titanium fiber meshes seeded with rat marrow stromal cells for 16 days.
Controls have been cultured under static conditions, and the flow rates used in the perfusion culture were
0.3, 1.0, and 3.0 ml/min. It was found that the deposition of calcium was greatly increased in the flow
perfusion culture as compared with the static conditions. It was also observed that increased medium flow
improves the distribution of extracellular matrix throughout the construct volume [19]. The increased
calcium deposition could have been due to the increased shear forces or increased chemotransport in the
porosity of the scaffolds when higher flow rates were employed. To isolate the effects of shear forces from
the mass transport effects, the shear forces were changed by varying the viscosity of the culture medium
under constant flow rate [68]. An increase in viscosity, which translates into greater shear forces, was
found to enhance the deposition of mineral matrix and the ECM distribution throughout the construct,
demonstrating the importance of fluid-flow induced shear forces on the creation of bone tissue-engineered
grafts.

Meinel et al. [67] cultured human mesenchymal stem cells on silk scaffolds for 5 weeks in a flow
perfusion chamber (at 0.2 ml/min) and a spinner flask. Scaffolds cultured under flow perfusion showed
a more homogenous distribution of the mineralized matrix throughout the construct although those
cultured in the spinner flask produced a greater amount of deposited calcium.

Other kinds of stimulation include mechanical strain and electrical current. A bioreactor was developed
that allowed the continuous exposure of cells to continuous cyclic stretching [69]. Primary osteoblast-like
cells were seeded on silicone rubbers and subjected to 1000 microstrains at 1 Hz either continuously or in
periods of 60 min. Cellularity and calcium deposition were enhanced under the presence of mechanical
strain and the intermittent procedure was the most efficient of them [70]. Another bioreactor that can
expose cells to mechanical load has been developed by Shimko et al. [71]. Unlike the previous study,
mechanical loading had a negative impact in the mineral deposition.
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Electrical current has been shown to stimulate bone regeneration and enhance its healing [72–75].
Bioreactors have been designed to electrically stimulate cells seeded on conductive surfaces [75]. After
culturing calvarial osteoblasts under an electric field with 10 µA and 10 Hz for 6 h/day, the cell number
was higher by 46% and the amount of calcium deposited was raised by 307% after 21 days, compared to
nonstimulated cells. Upregulation of mRNA expression for collagen type I was also observed.

As demonstrated by several studies, the usage of flow perfusion greatly enhances the formation of bone
matrix. By doing this, mechanotransduction mechanisms related to the differentiation of osteoblastic cells
are potentially activated. Great challenges are still encountered however. What are the actual mechanisms
that transduce the external shear forces and influence the cellular behavior? Currently, only estimates of the
shear rates at the interior of three-dimensional scaffolds have been provided, and detailed mathematical
modeling needs to be conducted. This will allow the determination of the actual values of the shear rate
inside the constructs and their spatial distribution.

Using larger scaffolds can represent another problem; is it possible to achieve a completely homogeneous
distribution of matrix in larger constructs? What would be the necessary culturing conditions to achieve
this? How long must the cells be cultured to produce an osteoinductive enough matrix? And how long
and under what conditions must the cells be precultured prior to the application of mechanical forces to
avoid their detachment?

15.4.3 Cartilage

Cartilage is a tissue with limited capabilities of regeneration when damaged. Between the two general types
of cartilage, articular cartilage is continuously exposed to mechanical forces and needs to dissipate loads
under physiological conditions. On the other hand, in other parts of the body the elastic properties of
the cartilage are more important. Cartilaginous tissue has been engineered using spinner flasks, rotating-
wall bioreactors, perfusion systems, and compression bioreactors that better mimic the physiological
environment of the cartilage tissue. The most widely used cell types for the regeneration of cartilage
are mesenchymal stem cells or primary chondrocytes. Regarding the scaffold, different materials have
been used; synthetic and natural hydrogels are among the most popular choices, including collagen, poly
α-hydroxy esters, and their copolymers. Fibrinogen-based and glycosaminoglycan (GAG)-based matrices
are also being employed [76,77]. Some of the markers used to evaluate the formation of cartilaginous
matrix are cellularity, production of collagen type II, and production of GAGs [8]. It has to be pointed
out that the synthesis of native cartilage dramatically varies in different locations of the body.

Vunjak-Novakovic et al. [10] compared the performance of different bioreactors (static, spinner flask,
and rotating wall) in the formation of cartilaginous matrix. Highly porous PGA scaffolds were seeded
with chondrocytes and cultured statically, in a spinner flask, and a rotating-wall vessel for 6 weeks. At
the end of the culture period, GAG and collagen type II levels were five times greater than the values
obtained in early culture. The spinner flask induced a larger production of GAGs and collagen type II;
however, an even greater difference was observed in the rotating bioreactor compared to the static culture.
Histomorphometric studies revealed the formation of tissue in the periphery of the constructs cultured
statically, while those in the spinner flask had an outer fibrous capsule in spite of the increment in
mass transport. Scaffolds cultured in the rotating-wall bioreactor, on the other hand, showed a better
distribution of the matrix, but a gradient in concentration of GAGs was observed in all the constructs.

Gooch et al. [78] studied the effect of shear stress on the formation of cartilage matrix in a spinner flask
and compared it with a static culture. Chondrocytes were dynamically seeded for 3 days on fibrous PGA
matrices with a fiber diameter of 13 µm using a spinner flask bioreactor. Cultivation was carried out for
42 days at different mixing intensities. Production of GAGs was greater in the spinner flask, and increased
along with the mixing intensity. Collagen production showed a similar behavior although no significant
difference was observed among the different mixing intensities.

The effect of shear stress has also been conducted in a rotating-wall vessel [11]. Variation of the rotation
speed of the mobile wall when culturing chondrocytes in poly(lactic acid) (PLA) foams for 28 days did
not cause a change in cell density among scaffolds cultured at different rotation rates although they were
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larger than those found in static conditions. However, the deposition of matrix GAGs decreased at higher
shear rates, whereas the collagen production showed a contrary behavior. The production of collagen
increased along with the shear rate and time of cultivation, showing a more dramatic dependence on the
rotation speed.

It is important to point out that the shear stress induced in a rotating-wall bioreactor occurs only at
the surface of the scaffold; therefore, perfused cartridges have been used to produce stress stimulation at
the interior of the construct. Pazzano et al. [79] cultured calf chondrocytes seeded on PGA matrices for
4 weeks under static and flow perfusion conditions. Not only did the perfusion system increase the amount
of GAGs by 180% compared with the static conditions, but it also created an organized, homogeneous
matrix. After the 4 weeks of culture, chondrocytes were aligned in the direction of flow, creating a structure
similar to that of some regions of native articular cartilage [80].

Native articular cartilage withstands up to 20 MPa due to compression in vivo; therefore, bioreactors
using this kind of stimulus have been implemented obtaining promising results [6,81–84]. Mizuno et al.
[85] used a culture system that consisted of a perfusion column and a pressurizer. Medium is peristaltically
pumped through the perfusion column were the scaffolds are kept. Downstream from the column there is a
back-pressure regulator. Cyclic pressure was controlled by using a needle valve and a computer-controlled
spring. Chondrocytes were statically seeded in porous collagen matrices for 3 days. Posteriorly, the sponges
were introduced in the perfusion chamber, and flow was started at the rate of 0.33 ml/min. The culture
conditions were pure perfusion, cyclic compression (0.015 Hz) 2.8 MPa, and constant compression at
2.8 MPa of hydrostatic fluid pressure. Production of GAGs and collagen type II were enhanced by the
application of pressure load even though there were no significant differences in cellularity. Hydrostatic
pressure produced about 3.1 times more sulfated GAGs than the controls, whereas the cyclic pressure
produced 2.7 times more sulfated GAGs than the controls. In addition, a native-like matrix was observed,
containing lacunae that entrapped the chondrocytes and a uniform spatial distribution [85]. Carver et al.
[86] had found similar results when comparing the influences of cyclic pressure, flow perfusion, and
culture in spinner flasks, in the formation of cartilaginous matrix. They found that the combination of
flow perfusion and intermittent pressurization seemed to accelerate the matrix formation. In agreement
with these findings, Hung et al. [84] reported the production of cartilage-like tissue after culturing
chondrocytes seeded on agarose gels for 8 weeks under physiologic deformational loading.

The variability in the synthesis and the mechanical properties of cartilage in different locations of the
body and zones of the same location introduces a great challenge in the regeneration of cartilage tissue. Is
the mechanical environment the controlling factor in the formation of zone and location-specific ECM?
Or in different locations of the body, are chondrocytes preprogrammed with different genetic information
to generate a specific type of extracellular matrix? How do chondrocytes in the growth plate cartilage
recognize a differentiation pattern that leads to bone formation? The elucidation of these questions will
provide valuable information to cartilage tissue engineers.

15.4.4 Anterior Cruciate Ligament and Tendons

Ligaments and tendons operate in the presence of various types and levels of mechanical strains that
are expected to influence the behavior of cells residing in these tissues. Mesenchymal stem cells (MSCs)
have been shown to preferentially differentiate into ligament fibroblasts in the presence of mechanical
forces when cultured in bioreactors that generated mechanical strains that resemble the native ligament
stretching conditions [87].

The most widely used material as scaffolding for the regeneration of anterior cruciate ligament (ACL)
and tendon is collagen; other materials such as polymeric fibrous matrices have been utilized [88].
However, the mechanical properties of collagen bundles are considerably inferior to those of the native
tissue. This problem can be partially overcome by preferentially orienting the collagen fibers of the matrix
through the seeding of cells and the application of mechanical strain [89].

The principle of a bioreactor that can mimic the biomechanical conditions of ligament and tendons is
shown in Figure 15.5. The construct is attached to a moving platform that produces mechanical strain
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Construct

Moving platform

FIGURE 15.5 Principle of cyclic strain bioreactor for ligament and tendon engineering.

through stretching. Langelier et al. [89] designed a cyclic traction device that can produce these mechanical
strains on cell-seeded constructs. This machine consists of an actuating unit that controls the cyclic motion
frequency (0.01 to 1 cycle/min) and amplitude (0 to 2 cm) for collagenous matrices with a length between
2 and 10 cm. A transmission unit connects the actuating unit to the testing unit, and its purpose is to
transmit motion to the testing unit through a rotating shaft. The testing compartment unit, shown in
Figure 15.4, is where the matrix is located. The two walls at both extremes are made out of stainless
steel, and the material chosen for the other surfaces was acrylic to allow visualization of the construct.
The top of the compartment is a removable acrylic plate screwed to the walls and is removed when the
scaffold needs to be manipulated. Generally, the collagen gel is formed over two bone anchors for adequate
mechanical attachment to the traction machine [89]. The construct can be subjected to cyclic stretching at
a frequency of up to 1 Hz and amplitude from 0 to 30 mm for any extended period of time. The system is
controlled via special software, and the experimental conditions of stretching and amplitude can be easily
changed [90].

MSCs seeded on collagen gels were cultured under translational and rotational strain concurrently.
After 21 days of culture, a ligament-like morphology was observed in the constructs, with elongated, well-
organized collagen types I and III in the longitudinal direction. Unlike the constructs cultured statically,
those under mechanical strain presented an ECM that contained tenascin-C, which is a marker of ligament
ECM [87]. A similar behavior was observed by Awad et al. [91] when MSC-seeded collagen scaffolds were
cultured under a continuously strained environment; formation of organized collagen bundles was also
observed.

Cyclic stretching has been also implemented in tendon tissue engineering and has demonstrated a
significant effect on the alignment of collagen bundles [92]. Avian tendon internal fibroblasts were incor-
porated into type-I collagen matrices at a rate of 2×105 cells per scaffold. Mechanical loading was applied
1 h per day with 1% elongation and 1 Hz for up to 11 days. Loaded constructs presented aligned cells that
spread throughout the matrix, with elongated nuclei and cytoplasmic extensions. Moreover, the modulus
of elasticity of the mechanically loaded constructs was 2.9 times greater than those of the nonstimulated
controls [92].

One of the challenges in tendon and ligament tissue engineering is the selection of cell source for their
repair. Although MSCs have been shown to have the ability to differentiate into tendon and ligament cells
in the presence of mechanical forces, the use of specific growth factor combinations that can initiate the
differentiation toward these phenotypes in regular cell cultures would minimize the time of tissue regen-
eration in bioreactors. In addition to that, the specific cellular mechanisms that transduce the mechanical
signals to these cells and control their behavior are not yet clearly understood.
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15.4.5 Other Tissues

Apart from the previously mentioned applications where bioreactors have been widely utilized, bioreactors
have been used for the culture of cell types involved in the regeneration of other tissues, including
hepatocytes and neuronal cells. The high metabolic requirements of hepatic cells make the use of perfusion
systems for their culture ideal. Powers et al. [93] cultured hepatocytes in the presence of continuous flow
perfusion and the cells remained viable for up to 2 weeks. The use of electromagnetic fields in neuronal
tissue regeneration has also provided elegant ways for the alignment of neuronal cells in the guided
regrowth of axons [94].

15.5 Design Considerations

When designing a bioreactor, the first factor that must be taken into account is the kind of stimulation to
be emulated. Therefore, the apparatus must be able to cause similar effects to those found physiologically
and at matching conditions, in addition to ensuring proper transportation of nutrients. A temperature of
37◦C and a humid atmosphere with 5% CO2 are required [95]. Other important factors are:

1. Easy handling and assembling, lowering risks of contamination
2. Sterilizability
3. Fit into an incubator and operate at the given conditions
4. Allow change of culture medium aseptically
5. Facilitate monitoring of tissue formation
6. Automatically operated in order to ensure reproducibility of operation conditions
7. Ability to produce several constructs at the same time
8. Ease of scaling up

15.6 Challenges in Bioreactor Technologies

Implementation of bioreactors in the process of tissue engineering has been driven by the need to mimic the
physiological conditions in which cells operate at different locations of the human body. Most bioreactors
in reality are biomimetic environments that induce morphological arrangements similar to those found
in native tissues. To a certain degree, the new technologies have been successful in achieving the initial
goals: creation of native tissue-like matrices; nevertheless, many obstacles are yet to be overcome in order
to produce efficient and practical constructs that can be used for the regeneration of damaged or lost
organs.

The transport of nutrients and oxygen still remains an issue in the processing of many tissues. Some cells
have a high metabolic demand; such is the case of hepatic tissue, thus requiring an efficient transportation
of these components to the place of growth. As discussed in this chapter, part of this problem has been
overcome by the utilization of perfusion systems. However, scaling up the size of the construct may pose
new challenges. When increasing the dimensions of the scaffolding, other interrogatives arise. Would it
still be possible to obtain a homogeneous distribution of cells and ECM throughout the scaffold? What is
the flow rate necessary to guarantee the delivery of oxygen and nutrients to the interior of the construct?

Cell source is a factor that has not been studied in detail. It is not clear, for the engineering of some
tissues, whether cells extracted from different locations could have different responses under identical
stimulation. In the case of bone the question arises, as to whether cells extracted from an area that is not
load bearing respond in similar fashion to those harvested from a load-bearing site like the femur? Similar
questions are unanswered for cartilage and ligaments.

Bone, cartilage, vascular grafts, and ligaments, among others, require potent mechanical properties
that have not been matched by the engineered constructs to this day. Establishing effective mechanical
properties depends not only on the biomaterial used but also in the bioreactor design and time of culture.
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Mechanical stimulations have proved to be the path to generate mechanically efficient implants, but not all
biomaterials can be exposed to mechanical strains without generating some degree of structural damage.

Standard criteria for the evaluation of the quality of the final construct are necessary from a mechanical,
chemical, biological, and morphological point of view. Large variations on the conditions of operation
and culture in different bioreactor designs to engineer a given tissue prevent the comparison of different
studies and thereby the drawing of definite conclusions regarding the optimization of these conditions.
In addition, histological evaluation of the regenerated tissue (or in vitro generated graft) should always be
complemented by appropriate mechanical tests.

Time also represents a significant concern when engineering tissue grafts. Given the fact that the
engineered constructs will ultimately be transplanted into diseased patients, the time of production
becomes a critical factor. The ultimate goal is to produce, in a short period of time, a construct that can
induce the formation of new tissue in vivo. It is obvious that the definition of a “short period of time”
depends upon the tissue being engineered and the urgency for a replacement. Some tissues like bone or
cartilage could offer some flexibility in the time of production depending on the type of injury, but in
life-threatening situations, such as failing heart valves, it is important to rapidly produce a construct.
Consequently, tissue engineering strategies should always attempt to minimize the time of production.

The answer to shortening the time of generation of engineered tissues may lie in the combination of
mechanical and chemical signals. Both principles have been studied separately; certain growth factors
such as bone morphogenetic proteins, vascular endothelial growth factor, and insulin like growth factors,
among others, have been shown to greatly help the formation of tissues in vitro and in vivo. Therefore, it is
expected that the combination of growth factors and mechanical stimulation in a bioreactor could generate
mature matrices at a faster pace. It is important as well to determine what the intracellular mechanisms
related to the signaling pathways are. A better understanding of the biological mechanisms involved in the
mechanosensing processes will give a new perspective in the design of new experiments and improvement
of those already existent. Moreover, new directions could be taken based on these mechanisms.
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16.1 Introduction

Animal models are an indispensable tool in tissue engineering research as they provide important inform-
ation that may lead to eventual development of clinically useful treatment of diseases. Current tissue
engineering strategies often involve three main components: cells, scaffolds, and bioactive factors for the
repair or regeneration of a specific tissue type. Research in animal models thus bridges the gap between
in vitro studies (such as scaffold degradation, cell–scaffold interactions, and scaffold toxicity) and human
clinical trials. Animal models have been and will continue to be used to develop an understanding of each of
the primary components separately, in combination, and ultimately in pathologic orthopedic conditions.

As an example, the appropriate sequence of studies for the development of a new biodegradable bone
regeneration material might be (1) biomaterial synthesis and structural characterization; (2) scaffold
fabrication and measurements of mechanical and degradation properties in vitro; (3) biocompatibility
and bone formation assessed by cell culture in vitro; (4) biocompatibility and degradation of the material
in vivo, typically by subcutaneous implantation in a lower-level animal model such as a rat; (5) if no
significant toxic effect is observed, the material is then evaluated for its intended application such as an
appropriate bone defect model in a higher-level animal such as a rabbit; (6) if the material functions well

16-1
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in small animals, then a well-controlled study in large animals such as primates may be considered before
human clinical trials.

In this chapter, we first discuss the general considerations when selecting an animal model and the most
commonly used animals in orthopedic research. Then, specific animal models for testing the biocompat-
ibility and biodegradation of tissue-engineered constructs are described. Well-established animal models
for the evaluation of osteogeneic or chondrogenic potential of these constructs are introduced. Finally,
the experimental design and evaluation methods involved in the animal studies are reviewed.

16.2 Animal Model Selection

Studies using animal models may be deemed necessary if there are no other in vitro alternatives, the
knowledge gained can be applied for the benefit of humans or animals, and the procedure does not cause
extreme pain or disability to the animals. In an ideal animal model, the anatomy and physiology should
be suitable for the specific study design, the pathogenesis and disease progression should parallel that of
humans, and there should be a similar histopathologic response to that seen in humans [1]. The preclinical
animal models in which the tissue-engineered constructs are tested should mimic the clinical situation as
closely as possible.

The use of animals in tissue engineering research has become a scientific as well as an ethical issue.
Generally, the use of invertebrates is preferred over vertebrates and the use of rats, rabbits, goats, and
sheep are preferred over dogs and cats due to their pet status. All animal protocols should be approved
by the researcher’s Institutional Animal Care and Use Committee to ensure that the experiments are
appropriately designed, the number of animals is justified, and the animal procedures comply with the
Animal Welfare Act.

From a practical perspective, animals of a particular species, strain, type, age, or weight should be easily
available for the entire experimental study [1]. It is preferable that the local animal research facility has
the capacity to house these animals. The animals should also be easy to handle in terms of transportation,
housing, peri-operative care, specimen handling, and disposal. The susceptibility of animals to disease
is also an important consideration especially for long-term survival studies. Finally, the costs of animal
purchasing, transportation, time for quarantine, housing, surgical supply, and special equipment should
be carefully calculated before the project begins. Generally, larger animals impose more housing and
handling difficulties than small animals such as rats and rabbits, and are more expensive.

16.3 Commonly Used Animals

Although a lower level vertebrate, the rat is among the most popular animal subjects in tissue engineering
orthopedic research and often the first to consider for a new study due to its low cost and easy care and
handling. Rats have a mean healthy life span of 21 to 24 months. After bone elongation ceases by the age
of 6 to 9 months, considerable useful lifespan remains for experimental evaluation [1]. Rats have been
used extensively in studies of biocompatibility [2], fracture [3], and bone defect repair [4]. The mouse,
also a small rodent, has gained popularity in tissue engineering research because its genome can be easily
manipulated and investigated. Both regular and immunocompromised nude mice have been widely used
for osteogenesis [5] and chondrogenesis [6] in subcutaneous tissue.

Rabbits are another commonly used animal in tissue engineering research. They are a relatively higher
vertebrate, with an appropriate size for surgical operation and analysis. Rabbits are suitable for studies of
bone defect repair [7], articular cartilage repair [8], ligament reconstruction [9], and spine fusion [10].
The dog, a higher-level vertebrate, has also played a dominant role in orthopedic research and has been
extensively used in studies of bone defect repair [11], cartilage repair [12], ligament reconstruction [9],
and meniscus repair [13].

Goats have become increasingly popular in tissue engineering research. They have been used for
studies of biocompatibility [14], bone repair [15], cartilage repair [16], meniscus repair [17], ligament
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reconstruction [9], and spine fusion [18]. Sheep are large animals similar to goats, but less literature is
available for their application in tissue engineering research. They have been used in studies of bone defect
repair [19], cartilage defect repair [20], meniscus repair [13], and ligament reconstruction [9].

Pigs have been used in studies such as osteonecrosis of the femoral head [21] and fractures of cartilage
and bone [22]. A miniature pig articular cartilage defect model has also been established [23]. Horses have
been used mainly for the studies of cartilage and joint conditions due to their rich cartilage tissue [24].
Primates would be ideal for tissue engineering research because they are the closest to humans; however,
due to lack of availability and high cost, they are only chosen when absolutely necessary as a step before
human clinical trials. They have been used in studies of bone repair [25], cartilage repair [26], and spinal
conditions [27].

Other animals in orthopedic research, though less frequently used, include hamsters for implant
infection, chickens for scoliosis and tendon repair, turkeys for bone remodeling, emus for osteonecrosis
of the femoral head, cats for osteoarticular transplantation, and guinea pigs for osteoarthritis [1].

16.4 Specific Animal Models

16.4.1 Biocompatibility

The biocompatibility study, as the first in vivo step of biomaterial evaluation, is typically performed by
subcutaneous or intramuscular implantation in rats or rabbits. The rat is more economical and offers about
a 15 month observation period, while the rabbit is used for longer-term evaluations of up to 6 months.
Discs of 10 mm in diameter and 1 mm in thickness are commonly inserted in the dorsal subcutaneous
tissue or back muscles (up to six implants per rat and eight to ten per rabbit) [28]. Alternatively, porous
discs, biomaterials with seeded or encapsulated cells, and biomaterials contained in a stainless steel wire
mesh cage have been studied [29,30].

The factors that determine the biocompatibility of a biomaterial include its chemistry, structure, mor-
phology, and degradation. Biomaterial implantation often induces an inflammatory response through
the activation of macrophages. The degree of fibrosis and vascularization of the tissue reaction dictate
the nature of the response [29]. For instance, a mature fibrous capsule was observed after 12 weeks sur-
rounding the implanted poly(propylene fumarate)/beta-tricalcium phosphate (PPF/beta-TCP) scaffolds
in rats. Photocrosslinked PPF scaffolds also elicited a mild inflammatory response in rabbits [31]. The soft
tissue response to oligo(poly(ethylene glycol)fumarate) (OPF) hydrogels was affected by the block length
of poly(ethylene glycol) in a rabbit model [32]. In a granular tissue reaction, fibrovascular tissue ingrowth
into porous poly(l-lactic acid) (PLLA) scaffolds was found to depend on the pore size [33].

A wide range of other biodegradable materials have also been assessed for their biocompatibility includ-
ing commonly used poly(lactic acid) (PLA), poly(glycolic acid) (PGA), and their copolymers [34], as well
as natural materials such as crosslinked gelatin [35] and hyaluronic acid [36].

16.4.2 Biodegradation

Biodegradable materials should be fully characterized for their degradation properties in vitro, but these
studies cannot substitute for in vivo evaluation of degradation. Often, the rate of material degradation is
significantly different in vivo compared to the in vitro condition. For example, poly(dl-lactic-co-glycolic
acid) (PLGA) foams [37] and injectable PPF/beta-TCP composites [2] were both found to degrade more
rapidly in vivo than in vitro. Differences in degradation rate in vivo vs. in vitro may be due to the extent
of perfusion, pH levels, enzymatic or inflammatory mechanisms, or mechanical loading. Moreover, the
apparent biocompatibility of a material may be confounded by greater toxicity of degradation products
or material fragments.

Initial in vivo biodegradation studies may be undertaken in models similar or identical to those
addressed in Section 16.4.1. Typically, discs, rods, foams, or other constructs are implanted in mice
or rabbits and evaluated at multiple time intervals for changes in dry mass, molecular weight, mechanical
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properties, dimensions, and geometry. Standardization of sample geometry and dimensions is desirable
to allow for comparison among research groups [28]. Samples may be implanted in various soft tissue
locations, including the subdermal or subcutaneous space, intramuscular regions, or in the mesentery or
intraperitoneal cavity.

Tests under loading conditions similar to the target tissue are ideal to include effects of mechanical
loading on material degradation. If the material in question will have contact with bone, soft tissue
evaluation must be followed or replaced by evaluation in bony tissue. Bone defect models are numerous
[28], and generally involve drilled or otherwise excised bone segments. For example, self-reinforced PLLA
and poly(dl-lactic acid) (PDLLA) [38] have been evaluated by implantation in mandibular bone or a
femoral cavity of Sprague-Dawley rats. Because bone naturally remodels, it exhibits great healing capacity,
and for this reason, critical sized defects are often necessary for long-term evaluation. These are defects
that will predictably not heal spontaneously.

The choice of animal model to evaluate biodegradation in vivo also depends on the duration of the bio-
degradation study. For 1 to 6-month implantation studies, mice, rats, or rabbits can be used. Subdermal
or subcutaneous implantation for up to 90 days in Sprague-Dawley rats has been used to evaluate bio-
degradation of poly(carbonate urethane), poly(ether urethane) [39], poly(ester amides) [40], poly(ether
carbonates) [30], and poly(tetrahydrofuran) [41]. However, for long-term implantation studies, larger
animals such as goats, sheep, or dogs should be used. As an example, sheep have been used as a model to
evaluate biodegradation of self-reinforced poly(l-lactide) screws for up to 3 years in vivo [42,43].

16.4.3 Osteogenesis

In bone tissue engineering applications, after promising in vitro cell culture results are revealed, it is
often a first step to use a heterotopic animal model for testing in vivo osteogenesis of the constructs. The
major heterotopic models include the subcutaneous model, intramuscular model, intraperitoneal model,
and mesentery model. Tissue-engineered constructs, either alone or placed in diffusion chambers can be
implanted in mice, rats, rabbits, dogs, pigs, goats, or primates [44]. The rat subcutaneous model is the most
frequently used. For example, bone formation was observed by marrow stromal osteoblast transplantation
in a porous ceramic [45]. Ectopic bone formation was also demonstrated by transplantation of PLGA
foams to the rat mesentery [46].

Although the heterotopic models are useful to provide some information helping to bridge the gap of
in vitro and in vivo studies, the results obtained may not be the same once the constructs are implanted
in actual bone defects. Therefore, further studies must be performed in bone defect models. Among
them, the rabbit calvarial defect model is a very popular and reproducible bone defect model [44]. The
calvarial bone is a plate which allows creation of a uniform defect that enables convenient radiographic
and histological analysis. The calvarial bone has an appropriate size for easier surgical procedures and
specimen handling. Because of the support by the dura and the overlying skin, no fixation is needed. This
model has recently been used to evaluate the osteogenicity of a composite scaffold of PPF and PLGA [47],
and growth-factor-coated PPF scaffolds [48].

Common long bone defect models include the rabbit radial model (most popular), rat femoral model,
and the dog radial model. A composite bone scaffold consisting of nano-hydroxyapatite, collagen, and PLA
was found to integrate the rabbit radial defect after 12 weeks [49]. The effect of bone morphogenetic protein
was evaluated in the rat femoral defect model [4]. It should be noted that the rat model requires either
internal or external fixation. In the dog model, ulnae fractures may occur, resulting in unexpected loss.

Due to the regenerative capability of bone defects, it is typical in tissue engineering research to consider
critical sized defects. The critical size of the defect (CSD), defined as the smallest size that does not heal
by itself if left untreated over a certain period of time, is 15 mm in diameter for adult New Zealand white
rabbit calvarial defect model. The rat calvarial model is also popular with a CSD of 8 mm in diameter.
A bone biomimetic device consisting of a porous biodegradable scaffold of poly(dl-lactide) and type I
collagen, human osteoblast precursor cells, and rhBMP-2 was shown to promote bone regeneration in
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this model [50]. The CSD of long bones is at least two times the bone diameter (e.g., 12 to 15 mm for
rabbit radial model and 5 to 10 mm for rat femoral model).

16.4.4 Chondrogenesis

Similar to bone tissue engineering, the first step to test the chondrogenic potential of tissue-engineered
cartilage constructs in vivo is to use heterotopic models by subcutaneous, intramuscular, or intraperitoneal
implantation in nude mice, syngeneic mice, rats, or rabbits. Among them, implantation of the constructs
in dorsal subcutaneous pouches of nude mice is the most popular. For example, constructs containing
genetically engineered chondrocytes were implanted into nude mice to demonstrate transgene expression
and synthesis of glycosaminoglycan [51].

Commonly used cartilage defect models include partial-thickness (chondral) and full-thickness (osteo-
chondral) defects in rabbits and dogs [52]. The rabbit distal femoral defect model is a well-established,
reproducible model. Creating a partial-thickness defect can be challenging because the cartilage thickness
in the rabbit femoral condyles is only 0.25 to 0.75 mm (compared to 2.2 to 2.4 mm in humans) [53]. The
dog distal femur defect model, by contrast, offers a larger defect size with which to work. Besides species,
the age of the animal is also an important consideration since the potential for cartilage repair as well as
the response to various treatments varies with different animals [53]. Skeletal maturity of the commonly
used New Zealand white rabbits typically occurs between 4 and 6 months.

Tissue-engineered articular cartilage is generally anchored to a defect by press fitting, suture, fibrin
glue, or by using a periosteal flap. The local mechanical environment is well known to influence chon-
drogenesis and tissue healing. In the rabbit knee model, a defect created on the distal femoral surface
is considered weight bearing, while a defect in the intercondylar groove is partial weight bearing [52].
The type of postoperative treatment should also be considered; the use of continuous passive motion
can enhance cartilage healing [54] whereas joint immobilization may lead to decreased articular cartilage
regeneration [55].

Many naturally derived and synthetic polymers are currently used as scaffolds for regeneration of
articular cartilage [56]. They function not only as a vehicle for the delivery and retention of chondrogenic
cells, but also as a substrate for cell attachment and matrix production. Natural polymeric materials
such as collagen, hyaluronic acid, alginate, and fibrin glue have been extensively studied, as well as many
synthetic polymers including PLA, PGA, and poly(ethylene oxide) (PEO) [53]. More recently, a new
synthetic hydrogel based on oligopolyethylene glycol fumarate (OPF) was developed for cartilage tissue
engineering [57].

16.5 Experimental Studies

16.5.1 Experimental Design

The experimental design includes the experimental groups to be used, sample size, sampling error, and
control groups. The number of animals depends on the intrinsic variability among the animals, the
consistency of the surgical procedure, the accuracy of the evaluation methods, and the choice of statistical
method for data analysis. The number of animals needed in a study can often be determined from the
results of a preliminary pilot study. For example, six to eight animals can be used in a preliminary study
with histomorphometry or mechanical testing as the evaluation methods [58,59]. From this preliminary
study, the standard deviation of the mean, coefficient of variation, and mean difference among the groups
are determined. The sample size is affected by the desired power, the acceptable significance level, and
the expected effect size. To reduce the interanimal variance, the animals should be of the same strain, sex,
age, and weight. Some of the experimental animal models such as Sprague-Dawley rats and New Zealand
white rabbits have identical genetic traits, but dogs and cats are relatively heterogeneous [60]. Therefore
larger numbers of animals are often required for studies employing dogs or cats. The number of animals
also depends on the evaluation methods.
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Sampling error reflects the inherent uncertainty of results about a population based on information
gained from sample data, which is a subset of the population. Two sampling procedures used in biomedical
research are random and stratified sampling [61,62]. In simple random sampling, each element of a
population has an equal probability of being included. In stratified sampling, the elements are divided
into nonoverlapping blocks, and specimens are chosen from each block by simple random sampling.
Stratified sampling provides greater control over the distribution of specimens.

Controls in an experimental study include normal controls, treatment controls, and time controls.
Unilateral, bilateral, unicortical, and bicortical bone models are being used in bone tissue engineering
studies. Because of more efficient comparison between control and experimental groups, bilateral models
are extensively used for evaluating biocompatibility and function of foreign materials in bones [63,64].
When major procedures are performed involving a joint, a unilateral model should be designed to allow
the animal to heal over time. The bilateral cortical model is a design that doubles the number of specimens
for testing if it is appropriate from animal use perspective [65,66].

16.5.2 Evaluation Methods

The evaluation method should be valid and capable of measuring the parameter of interest. The devel-
opment of new evaluation methods requires assessment of its accuracy. Sources of error in an evaluation
method are inadequate surgical procedures or specimen preparation, systemic error of testing systems,
and data collection error. Clinical evaluation, necroscopy, morphological or structural analysis, biochem-
ical evaluation, mechanical testing, and the use of specialized devices are used in orthopedic research for
evaluation. The most commonly used methods in orthopedic animal research are clinical observation,
radiography, histological evaluation, and mechanical testing [60].

One method of biocompatibility evaluation is the implantation of disk-shaped samples of the mater-
ial into the right and left epididymal fat pads or the right and left rear haunch subcutaneous tissue
[67]. The following are removed at autopsy: the implant with its surrounding capsule, skin and
subcutaneous tissue, the axillary and popliteal lymph nodes, heart, kidneys, lungs, liver, spleen,
brain, and aorta, as well as any macroscopically unusual findings in the stomach, bowels, and mes-
enteric lymph nodes [68,69]. For evaluation of bone growth in explanted skeletal specimens, the
total cross-sectional area of newly formed trabecular bone is determined on sequential longitud-
inal sections [70–72]. Confocal microscopy is utilized for cell visualization and morphology [73].
Alkaline phosphatase activity and calcium content are measured to assess the extent of mineraliza-
tion in newly formed bone [74,75]. Western analyses of the newly synthesized collagen types I, II,
and IX from the explanted samples are done using monoclonal antibodies and chemiluminescent
substrate [76,77].

The explanted bone samples should be tested intact to establish reference mechanical properties [78].
Loads should be applied in a manner that minimizes focal loading of the specimen, so that accurate,
representative material properties are measured. Preconditioning the specimens by cyclic loading, over
several complete load-unload cycles, to a peak compressive force of approximately one average body weight
(70 kg) is reasonable to do. This technique tends to smooth out variability in the data, and increases the
likelihood of obtaining reproducible data.
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17.1 Introduction

A critical step in translating tissue engineering research into product applications for the clinic and
marketplace is understanding the strategies developed by government agencies for providing appropriate
regulatory oversight. Since the eventual goal is the establishment of a global industry with the ability
of companies to market products across national boundaries, a harmonized international regulatory
approach would be ideal. However, while groups actively work toward that end, and, recognizing that
market acceptance can be influenced by local cultural, ethical, and legal concerns, it is essential to
recognize and appreciate the approaches of the regulatory agencies of those countries where engineered
tissue research is already moving into product development and clinical application. While the science in
the field is now worldwide in scope [1], we will limit our discussion to the regulatory approaches of the
United States, with attention to emerging trends in Europe and Japan.

The U.S. Food and Drug Administration (FDA) has recognized that an important segment of the
products it regulates arises from applications of new technology such as tissue engineering, and that,

17-1
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the product applications pose unique and complex questions. As a result, the agency has devoted
considerable resources, from the 1990s on, to the regulatory considerations of what have been termed
human cellular and tissue-based products (HCT/Ps).

In February 1997, FDA proposed a comprehensive approach (the “Proposed Approach”) for regulation
of these products, which was tier-based with the level of product review proportionate to the degree of
risk [2]. Tissues recovered and processed by methods which did not change tissue function or character-
istics (i.e., tissues which have not been more than “minimally manipulated”) did not require premarket
application review and approval. These “banked” human tissues, such as cornea, skin, umbilical cord
blood stem cells, cartilage, and bone would be regulated under Section 361 of the Public Health Service
(PHS) Act (42 USC §264), under which the agency is empowered to take action to prevent the spread of
infectious disease. All other products would be regulated as medical products for which clinical testing and
premarket applications would be required, with the expectation that most would be classified as either
biological drugs (“biologics”) (Section 351 of the PHS Act) [3] or medical devices (“devices”) [Food,
Drug and Cosmetic (FD&C) Act, 1976 Amendments] [4]. Specific jurisdiction over biologics and devices
is generally assigned within the FDA to the Center for Biologics Evaluation and Research (CBER) or the
Center for Devices and Radiological Health (CDRH), respectively, two of the agency’s internal medical
product review centers.

However, as these products typically consist of more than one component, such as biomolecules, cells,
or tissues combined with a biomaterial, they are considered “Combination Products” and regulated under
the jurisdiction of CBER, CDRH, or the FDA’s third medical product review center, the Center for Drug
Evaluation and Research (CDER). A determination of the product’s primary mode of action dictates the
jurisdictional authority for the product and the primary reviewing center; other centers act as consultants
in the review process.

The FDA followed its issue of the Proposed Approach with a series of proposed rules to begin the process
of translating its thinking about the regulation of HCT/Ps into law. In May 1998, the agency published
two proposed rules to implement aspects of the proposed approach which would (1) create a unified
system for registering establishments that manufacture HCT/Ps and for the listing of their products [5].
The following year it released a proposed rule to require most cell and tissue donors to be tested for
relevant communicable diseases [6]. A proposed rule to require compliance with current good tissue
practice by manufacturers of Human Cellular and Tissue-Based Products and to provide for inspection
and enforcement was issued in 2001 [7]. Over the last few years, FDA has converted these proposed rules
into final rules and new regulations having the force of law (Table 17.1). The last of these final rules,
regarding donor eligibility and current good tissue pracices, became effective as of May 25, 2005.

Because of the continuing concern of communicable disease transmission, the FDA is now in the
process of establishing a comprehensive new system for HCT/Ps formerly considered as “banked” human
tissue. New regulations would require manufacturers of HCT/Ps to follow current good tissue practices
(cGTP), such as proper product handling, processing, storage and labeling, as well as recordkeeping and
establishment of a quality program [7]. In addition, manufacturers would be subject to inspection and
enforcement activity by the agency.

17.2 FDA Regulation

Broad authority to control the distribution and sale of medical products in the United States has been
granted to the FDA under the federal Food, Drug, and Cosmetic Act (FD&C Act) and the Public Health
Service Act (PHS Act). The FD&C Act contains numerous provisions regarding the development and
distribution of medical products classifiable as “drugs” or “devices.” The PHS Act contains just two
sections of particular importance to FDA regulation of medical products, especially those derived through
tissue engineering: §351 prohibits the distribution of unlicensed “biological products” and establishes
criteria and procedures the FDA shall observe in issuing such licenses; and §361 empowers the FDA to
prevent the spread of communicable diseases.
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TABLE 17.1 Key FDA Documents Concerning Regulation of Human Tissue and Cell Therapiesa

1. FDA Notice: Application of Current Statutory Authorities to Human Somatic Cell Therapy
Products and Gene Therapy Products (58 FR 53248; October 14, 1993)
2. FDA Notice of Interim Rule: Human Tissue Intended for Transplantation (58 FR 65514;
December 14, 1993)
3. FDA Notice of Public Hearing: Products Comprising Living Autologous Cells Manipulated ex vivo
and Intended for Implantation for Structural Repair or Reconstruction (60 FR 36808; July 18, 1995)
4. FDA Final Rule: Elimination of Establishment License Application for Specified Biotechnology
and Specified Synthetic Biological Products (61 FR 24227; May 14, 1996)
5. FDA Notice: Availability of Guidance on Applications for Products Comprising Living Autologous
Cells … (etc.) (61 FR 26523; May 28, 1996)
6. FDA Guidance on Applications for Products Comprised of Living Autologous Cells Manipulated
of ex vivo and Intended for Structural Repair or Reconstruction (61 FR 24227; May 14, 1996)
7. FDA Proposed Approach to Regulation of Cellular and Tissue-Based Products (February 28, 1997)
8. FDA Notification of Proposed Regulatory Approach Regarding Cellular and Tissue-Based
Products (62 FR 9721; March 4, 1997)
9. FDA Final Rule: Human Tissue Intended for Transplantation (62 FR 40429; July 29, 1997)

10. FDA Notice: Availability of Guidance on Screening and Testing of Donors of Human Tissue
Intended for Transplantation (62 FR 40536; July 29, 1997)

11. FDA Guidance to Industry: Screening and Testing of Donors of Human Tissue Intended for
Transplantation (July 29, 1997)

12. FDA Guidance for Industry: Guidance for Human Somatic Cell Therapy and Gene Therapy
(March, 1998)

13. FDA Proposed Rule: Establishment Registration and Listing for Manufacturers of Human Cellular
and Tissue-Based Products (63 FR 26744; May 14, 1998)

14. FDA Proposed Rule: Eligibility Determination for Donors of Human Cellular and Tissue-Based
Products (64 FR 52696; September 30, 1999)

15. FDA Proposed Rule: Current Good Tissue Practice for Manufacturers of Human Cellular and
Tissue-Based Products; Inspection and Enforcement (66 FR 1508; January 8, 2001)

16. FDA Final Rule: Human Cells, Tissues, and Cellular and Tissue-Based Products; Establishment
Registration and Listing (66 FR 5447; January 19, 2001)

17. FDA Final Rule: Human Cells, Tissues, and Cellular and Tissue-Based Products; Establishment
Registration and Listing; Delay of Effective Date (68 FR 2689; January 21, 2003)

18. FDA Interim Final Rule: Human Cells, Tissues, and Cellular and Tissue-Based Products;
Establishment Registration and Listing (69 FR 3823; January 27, 2004)

19. FDA Final Rule: Eligibility Determination for Donors of Human Cellular and Tissue-Based
Products (69 FR 29786; May 25, 2004)

20. FDA Final Rule: Current Good Tissue Practice for Human Cell, Tissue and Cellular Tissue-Based
Product Establishments: Inspection and Enforcement (69 FR 68612; November 24, 2004)

aWith the exception of Document #1, each document listed here can be obtained through the FDA Web
site (www.fda.gov/cber). While provisions of the FD&C and PHS Acts and the Final Rules, codified as
part of the Code of Federal Regulations (CFR), promulgated thereunder by the FDA, have the force of
law and are binding on the agency, FDA guidance documents are not. Nevertheless, guidances are clearly
helpful in anticipating the agency’s response to particular marketing approval and other regulatory issues.

Exercising its authority under these statutes, the FDA has adopted a set of regulations that control vir-
tually every aspect of the development and marketing of a medical product according to the potential risk
of harm the product may pose to patients or the public health. Thus, the FDA regulates the introduction,
manufacture, advertising, labeling, packaging, marketing and distribution of, and record-keeping for,
such products.

As a rule, the FDA requires a sponsor of a new medical product to submit a formal application for
approval to market the product after the completion of preclinical studies and phased clinical trials that
demonstrate to the agency’s satisfaction that the product is safe and effective. The form and review of
that request to initiate human trials and the subsequent marketing application vary according to the
classification of the product with reference to categories established in the statutes granting regulatory
authority to the FDA.
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17.2.1 Classification of Medical Products

Under current federal law, every medical product is classifiable as a drug, device, biological product
(a “biologic”), or “combination product” (i.e., a combination device/drug, device/biologic, etc.). The
classification of the product determines the particular processes of review and approval the FDA may
employ in determining the safety and efficacy of the product for human use.

Under the FD&C Act (at §201(g)(1)), a “drug” is broadly defined as

[an article] intended for use in the diagnosis, cure, mitigation, treatment, or prevention of
disease … [or] … intended to affect the structure or any function of the body.

The FD&C Act (at §201(h)) defines a “device” largely by what it is not (i.e., neither a drug nor a biologic):

an instrument, apparatus, implement, machine, contrivance, implant, in vitro reagent, or other similar
related article … intended for use in the diagnosis of disease or other conditions, or in the cure, mitigation,
treatment or prevention of disease … or intended to affect the structure or any function of the body … and
which does not achieve any of its primary intended purposes through chemical action within or on the
body … and which is not dependent upon being metabolized for the achievement of any of its primary
intended purposes.[Emphasis added.]

Finally, the PHS Act (at §351(a)) defines a “biologic” as

any virus, therapeutic serum, toxin, antitoxin, vaccine, blood, blood component or derivative, allergenic
product, or analogous product” applicable to the prevention, treatment or cure of diseases or injuries.

Not surprisingly, the advance of medical technology has generated products not readily classifiable as
drugs, devices, or biologics as those terms have been defined by federal statute. To provide for the
expanding varieties of products expressing features of more than one of those classifications, the FDA has
been authorized to recognize “combination products.” A combination product is classified, assigned to a
particular center, and regulated as a drug, device, or biologic according to its “primary mode of action,”
as determined by the FDA. Disputes over the classification of a combination product between a sponsor
and the FDA or between centers are submitted to the FDA’s ombudsman in the Office of the Combination
Products for resolution. In fact, the FDA’s current approach to the regulation of engineered tissue products
began with the ombudsman’s consideration of the classification of the Carticel™ autologous cartilage
repair service developed by Genzyme Tissue Repair in 1995.

The Office of the Combination Products was established under the aegis of the Medical Device User Fee
and Modernization Act of 2002. This office has responsibilities over the regulatory life cycle of combination
products, and (1) assigns the FDA Center for primary review jurisdiction of the product; (2) works with
FDA Centers to develop regulatory guidance and clarify regulation of these products; and (3) serves as a
focal point for combination product-related issues for internal and external stakeholders.

With respect to engineered tissue products, the consequences inuring to the device and biologic classi-
fications deserve particular attention. First, and most importantly, a medical product cannot be a device
if its therapeutic or diagnostic benefit is obtained through metabolization, a limitation in the statutory
definition of a device that might appear to exclude any product incorporating and depending on the func-
tion of any living human tissues. Nevertheless, allogeneic skin products such as Organogenesis’s Apligraf
have been classified and granted market approval as devices. They were considered interactive wound and
burn dressings and, hence, classified as devices, since CDRH has regulating jurisdiction over wound and
burn dressings. As engineered tissue products become less “structural” and more “functional” that is,
more interactive with the host or require metabolism by the host, in nature, a “device” classification may
become more difficult to square with the current statutory definition.
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17.2.2 Special Product Designations

The FD&C Act recognizes that demand for all new medical products is not equally large or robust, such that
the cost of obtaining marketing approval for a given product may be prohibitive in view of the relatively
small size of the population it will benefit. To reduce the likelihood that a financial cost–benefit analysis
applied to rarer diseases will leave them untreated, the FDA is authorized to grant special considerations
and exceptions to reduce the economic burden upon developers of products under such conditions.
Thus, the FDA may be petitioned to grant a “humanitarian device exemption” for certain devices (FD&C
Act, §520(m)) or to recognize certain drugs or biologics as “orphan drugs” (FD&C Act, §525, et. seq.).
However, the significance or value of these designations — especially for sponsors of tissue products —
varies considerably according to the classification of the product in question.

Humanitarian use devices are those intended to treat a disease or condition that affects fewer than 4000
people in the United States. The FDA is authorized to exempt a sponsor from the obligation to demonstrate
the effectiveness of such a device to obtain marketing approval; however, the sponsor is precluded from
selling the product for more than the cost to develop and produce it.

Orphan drugs are those intended to treat a disease or condition affecting fewer than 200,000 persons
in the United States, or for which there is little likelihood that the cost of developing and distribut-
ing it in the United States will be recovered from sales of the drug in the United States. The orphan
drug designation was established through an amendment of the FD&C Act by the 1982 Orphan Drug
Act (ODA) prior to the creation of the humanitarian device exemption. In contrast to the humanit-
arian use device designation, the orphan drug designation could be important to sponsors of certain
engineered tissue products classifiable as biologics, illustrating the larger implications of the classifica-
tion process. An orphan drug is defined to include biologics specifically licensed under §351 of the PHS
Act, a distinction which may be relevant under the FDA’s proposed plan for regulating engineered tissue
products (see below). The FDA is empowered, under certain conditions, to grant marketing exclusivity
for an orphan drug in the United States for a period of seven years from the date the drug is approved
for clinical use; this exclusivity is stronger than and far less expensive to maintain than that provided
by a patent. Additional benefits of the orphan drug designation include: certain tax credits for clinical
research expenses; cash grant support for clinical trials; and waiver of the expensive prescription drug
filing fee. A petition for orphan drug designation must be filed before any application for marketing
approval.

17.2.3 Human Cellular and Tissue-Based Products

While a broad range of potential therapeutic applications for engineered tissues is being developed, they
fall into two general categories, those providing either a structural/mechanical or a metabolic function.
Structural/mechanical applications include approaches for skin, musculoskeletal, cardiovascular, and
central nervous systems, among them, while metabolic applications include therapies for conditions such
as diabetes and liver disease.

The FDA defines an HCT/P as a “product containing or consisting of human cells or tissue that is inten-
ded for implantation, transplantation, infusion, or transfer into a human recipient” and, in addition to
those indicated previously, includes cadaveric ligaments, dura mater, heart valves, manipulated autologous
chondrocytes, and spermatozoa [7]. Since determining the regulatory process for certain HCT/Ps may be
complicated, the agency will rely on the Tissue Reference Group (TRG) composed of representatives
from CBER, CDRH, and Office of Combination Products in the Office of the Commissioner to provide a
single reference point and make recommendations to the center directors regarding product jurisdiction
of specific tissue products.

Much of the regulatory framework for engineered tissues has been promulgated by the FDA through
formal, binding, rule-making procedures. Previously the FDA had issued a number of documents which,
while not binding upon the Agency, provide the public with a formal expression of its evolving thinking
regarding the future regulation of human cellular or tissue-based products (see Table 17.1). Of these
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documents, by far the most important has been the Proposed Approach to Regulation of Cellular and
Tissue-Based Products (“Proposed Approach”) that the FDA issued on February 28, 1997.

The Proposed Approach outlined a plan of regulatory oversight, which may include a premarket
approval requirement for such tissue products based upon a matrix ranking the products, classified by
certain characteristics, within identified areas of regulatory concern. These tissue products would be
classified according to the relationship between the donor and the recipient of the biological material
used to produce the tissue product; the degree of ex vivo manipulation of the cells comprising the tissue
product; and whether the tissue product is intended for a homologous use, for metabolic or structural
purposes, or is to be combined with a device, drug, or another biologic.

Since issuing the Proposed Approach more than seven years ago, the FDA has been working to formalize
its regulation of human tissue and cell therapies through a rule-making process to amend the U.S. Code
of Federal Regulations (“CFR”). This process was completed as of May 25, 2005, when the last of the
regulations implementing the proposed approach went into effect (see Table 17.1).

In introducing the February 1997 “Proposed Approach,” the FDA identified five areas of regulatory
concern raised by the development of new medical products derived from the manipulation of human
biological materials: communication of infectious disease; processing and handling; clinical safety and
efficacy; indicated uses and promotional claims; and monitoring and education (Table 17.2).

The FDA has proposed that autologous tissue that is banked, processed, or stored should be tested for
infection agents and it will require companies to keep appropriate records to assure that patient tissues are
not mismatched or commingled. The agency proposes that allogeneic tissue be tested for infection agents,
that donors be screened, and that appropriate records be kept. Periodic submissions to the agency showing
compliance with the testing or record-keeping requirements will not be necessary; the FDA assumes that
a company’s observation of these requirements will be assured through the accreditation they can be
expected to maintain with professional tissue banking or processing societies.

The extent of the FDA’s regulatory intervention in the areas of processing and handling and clinical
safety and efficacy according to the characteristics of the particular tissue product in question. To the extent
that a tissue product undergoes more than minimal manipulation in processing, is intended for a non-
homologous use, is combined with nontissue components, or is intended to achieve a metabolic outcome,
the agency will require a greater demonstration of safety and efficacy through appropriate clinical trials.

“Manipulation,” in the agency’s regulatory salience, is a measure of the extent to which the biological
characteristics of a tissue have been changed ex vivo. The FDA has stated it presently considers cell selection
or separation, or the cutting, grinding, or freezing of tissue, to constitute minimal manipulation. Cell
expansion and encapsulation are examples of more than minimal manipulation.

To the extent that the tissue product only undergoes minimal manipulation, is intended for a homolog-
ous application to achieve a structural outcome (or reproductive or metabolic outcome, as between family
members related by blood), and does not combine with nontissue components, the FDA will expect “good
tissue practices” to be observed but will not impose any reporting duties or, consistent with its authority
under §361 of the PHS Act, any product licensing or premarket approval requirements. Any other tissue
product requires submission of appropriate chemistry, manufacturing, and controls information and
BLA approval for any tissue product that does not incorporate nontissue components. Tissue products
that are combinations of tissue and devices or tissue and drugs may be regulated according to established
premarket approval (PMA or PDP) or new drug application (NDA) schemes.

Regulations now in effect compel the registration of sponsors and other persons engaged in production
and distribution of such products, to screen donors of tissues used to produce HCT/Ps, and to observe
Good Tissue Practices in their manufacturing or processing of such products.

17.2.4 Marketing Review and Approval Pathways

As discussed above, the particular program(s) of regulatory review applicable to a medical product are
predetermined according to its FDA classification. Thus, the FD&C Act requires a sponsor to submit a
device Pre-Market Application (PMA) or Product Development Protocol (PDP) to market a device, or
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FIGURE 17.1 Product approval pathways.

a new drug application (NDA) to market a drug. The PHS Act provides that marketing approval for a
biologic shall be obtained through the submission of a Biologics License Application (BLA). Certain drugs
or biologics may qualify for special designation as orphan drugs under the Orphan Drug Act.

In addition, the FDA requires that sponsors of regulated products must first obtain preliminary approval
for the clinical trials on humans that will support a subsequent application for full marketing approval.
Clinical trials in support of a PMA application or as part of a PDP for a device may be conducted
only after the FDA has issued an investigational device exemption (IDE); clinical trials in support of an
application for marketing approval of a drug or biologic cannot be initiated until the FDA has approved
an investigational new drug (IND) application (Figure 17.1).

17.2.4.1 Devices

The FDA has divided devices into three classes to identify the level of regulatory control applicable to them.
The highest category, Class III, includes those devices for which premarket approval is or will be required
to determine the safety and effectiveness of the device (21 CFR, §860.3(c); 21 U.S.C., §360c(a)(1)(C)).
Absent a written statement of reasons to the contrary, the FDA classifies any “implant” or “life-supporting
or life-sustaining device” as Class III (21 CFR, §860.93; 21 U.S.C., §360c(c)(2)(C)).

There are two primary pathways by which the FDA permits a medical device to be marketed: premarket
clearance by means of a 510(k) notification, or premarket approval by means of a PMA (“Premarket
Approval Application”) or PDP (“Product Development Protocol”) submission.

A sponsor may seek clearance for a device by filing a 510(k) premarket notification with the FDA, which
demonstrates that the device is “substantially equivalent” to a device that has been legally marketed or
was marketed before May 28, 1976, the enactment date of the Medical Device amendments to the FD&C
act. The sponsor may not place the device into commercial distribution in the United States until the
FDA issues a substantial equivalence determination notice. This notice may be issued within 90 days of
submission but usually takes longer. The FDA, however, may determine that the proposed device is not
substantially equivalent, or require further information such as additional test data or clinical data, or
require a sponsor to modify its product labeling, before it will make a finding of substantial equivalence.

If a sponsor cannot establish to the FDA’s satisfaction that a new device is substantially equivalent to
a legally marketed device, it will have to seek approval to market the device through the PMA or PDP
process. This process involves preclinical studies and clinical trials to demonstrate that the device is safe
and effective.

FDA regulations (21 CFR, §860.7(d)) provide that, based on “valid scientific evidence,” a device shall
be found to be “safe”

… when it can be determined … that the probable benefits to health from use of the device for its intended
uses and conditions of use … outweigh any probable risks[,]
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and that a device shall be found to be “effective”

… when it can be determined … that in a significant portion of the target population, the use of the
device for its intended uses and conditions of use … will provide clinically significant results.

Testing in humans to obtain clinical data demonstrating these qualities in support of a PMA or pursuant to
a PDP must be conducted pursuant to an investigational device exemption (IDE). The IDE is the functional
equivalent of the IND that governs clinical trials of drugs and biologics. As with other medical products,
clinical testing is typically conducted in multiple phases, with the earliest phases primarily intended to
demonstrate safety and later phases addressing both safety and effectiveness considerations. The sponsor
of the device must also demonstrate compliance with applicable current good manufacturing practices
(cGMPs, now also known as Quality System Regulations) before the FDA may approve the product for
marketing by granting the PMA or accepting the completion of the PDP.

17.2.4.2 Biologics

Until recently, permission to market a biologic required two applications: one to obtain a product license
application (PLA) for the biologic itself and another for approval of the facility where the biologic would
be prepared, that is, an establishment license application. The 1997 FDA Modernization Act amended the
PHS Act by eliminating the separate product and establishment license applications in favor of a single
biologics license application (BLA), which, like the PMA or PDP for devices, includes an evaluation of
compliance with appropriate quality controls and current cGMP as part of the assessment of the safety
and efficacy of the product in question.

§351 of the PHS Act directs the FDA to approve a BLA on the basis of a determination that the biologic
in question is “safe, pure, and potent.” Those terms are defined in FDA regulations promulgated to give
effect to that statutory authority:

safety means the relative freedom from harmful effect to persons affected, directly or indirectly, by a
product when prudently administered, taking into consideration the character of the product in relation
to the condition of the recipient at the time[;]

purity means relative freedom from extraneous matter in the finished product, whether or not harmful
to the recipient or deleterious to the product . . . [and] includes but is not limited to relative freedom from
residual moisture or other volatile substances and pyrogenic substances[;]

potency is interpreted to mean the specific ability or capacity of the product, as indicated by appropriate
laboratory tests or by adequately controlled clinical data obtained through the administration of the
product in the manner intended, to effect a given result.

Testing in humans to obtain clinical data demonstrating these qualities in support of a BLA must be con-
ducted pursuant to an investigational new drug application (IND). The IND is the functional equivalent
of the IDE that governs clinical trials of devices. As with other medical products, clinical testing is typically
conducted in multiple phases, with the earliest phases primarily intended to demonstrate safety, and later
phases intended to address both safety and efficacy considerations.

The emphasis given to process by the earlier requirement of a separate approval of the manufacturing
facility illuminates the dual nature of the regulatory authority created under the PHS Act and ultimately
exercised by the FDA. Besides assuring that only safe, pure, and potent biologics are marketed in the United
States, the FDA is also charged with a general duty to prevent the introduction, transmission, or spread of
communicable disease (PHS Act, §361(a)). While the BLA is an amalgam of product and process quality
criteria, a particular emphasis upon the authority to eliminate sources of dangerous infection reappears
in the context of the FDA’s proposed regulatory triage for engineered tissues.
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17.3 Regulation of Pharmaceutical/Medical Human
Tissue Products in Europe

Regulation of medical products incorporating viable human tissue products among or within the member
states of the European Union (EU) is marked by inconsistency but is presently the subject of substantial
discussion and debate. As part of the overall coordination of national laws and governmental activities
within the EU, the regulation of the marketing of certain medical products by national authorities is
being consolidated within designated EU agencies, especially the European Medicines Evaluation Agency
(EMEA). Within the scope of what medical products are considered pharmaceutical and regulated, there
are two broad subcategories, medicinal products and medical devices.

The EMEA was established in 1993 by the European Economic Community (EEC, now EU) Council
Regulation No. 2309/93 to implement procedures to give effect to a single market for “medicinal products”
among the member states. In conjunction with three directives adopted concurrently (Council Direct-
ives 93/39EEC, 93/40EEC, and 93/41EEC), the regulation authorized EMEA to manage a “centralized
procedure” for an EEC authorization to market medicinal products for either human or veterinary use.
The directives also established a “mutual recognition procedure” for marketing authorization of medi-
cinal products based upon the principle of mutual recognition of authorizations granted by national
regulatory bodies. These procedures came into effect on January 1, 1995, with a three-year transition
period until December 31, 1997. As of January 1, 1998, the independent authorization procedures of
the member states are strictly limited to the initial phase of mutual recognition (i.e., granting marketing
authorization by the “reference Member State”) and to medicinal products that are not marketed in more
than one member state. Consequently, sponsors seeking marketing authorization for medicinal products
throughout the EU are obliged to seek such approval through the centralized procedure administered
by EMEA.

The concept of a “medicinal product” in EEC legislation substantially predated the organization
of EMEA. Council Directive 65/65EEC of January 26, 1965, defined the term medicinal product
to include

any substance or combination of substances presented for treating or preventing disease in human beings
or animals.

[and]

any substance or combination of substances which may be administered to human beings or animals
with a view to making a medical diagnosis or to restoring, correcting or modifying physiological functions
in human beings or in animals … .

A “substance” is further defined to include ”[a]ny matter irrespective of origin which may be
human … animal … vegetable … [or] chemical” (Directive 65/65/EEC, Article 1). However, the direct-
ive also makes clear that its regulation of medicinal products (and, through amendments to the directive
recognizing the authority of EMEA, the “centralized procedure”) does not apply to products “intended
for research and development trials” (Directive 65/65/EEC, Article 2).

Sponsors of medical products derived through tissue engineering have reported substantial inconsist-
ency among the regulatory bodies of EU member states regarding the classification of such products
for purposes of determining the applicability of national or EU marketing authorization requirements.
A determination that engineered tissue products are “medicinal products” subject to the centralized pro-
cedure for authorization administered by EMEA will substantially clarify and rationalize the process by
which such products may be marketed throughout the European Community.

The EMEA has in place a Biotechnology Working Party that has considered, among other things, safety
issues in the delivery of human somatic cell therapies and a definition of a “cell therapy medicinal product”
(CPMP/BWP/41450/98 draft). This definition would consider engineered human tissues to be “medicinal
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products” within the meaning of Directive 65/65/EEC, provided the engineered tissue was the product of
both the following:

a. … an industrial manufacturing process carried out in dedicated facilities. The process encom-
passes expansion or more than minimal manipulation designed to alter the biological or physiological
characteristics of the resulting cells, and
b. … further to such manipulation, the resulting cell product is definable in terms of qualitative and
quantitative composition including biological activity.

Points to Consider on Human Somatic Cell Therapy, CPMP/BWP/41450/98 draft, page 3/9.
The Biotechnology Sector of EMEA is likely to have primary responsibility for considering the

authorization of engineered tissue products in the event they are classifiable as “medicinal products” [8].
Human tissue and cellular products may not be presently definable as “medicinal products” subject to

regulation, to the extent that they are the result of modest manipulation of autologous tissues in the course
of treating a fairly small patient population. Under these circumstances, the regulation of such cellular
products is more likely to remain with the competent authorities of the Member States (with substantial
variability in the classification and resulting regulation of such products, as outlined in Table 8.2 of book
titled “The Biomedical Engineering Handbook: Tissue Engineering and Artificial Organs, 3rd Edition).
Nevertheless, an EMEA decision to accept an engineered tissue product as a “medicinal product” could
occur in response to a petition from a sponsor of such a product. To be successful, such a petition
should probably stress the “industrial” nature of the fabrication process and the extent of manipulation of
the human biological material to develop the engineered tissue product. Assuming an engineered tissue
product could be established to be a “medicinal product,” there does not appear to be any EU rule that
could limit the ability of EMEA to grant market authorization according to the type or source of tissue
from which the product had been derived.

EMEA is aligned with Enterprise DG (formerly DG III; the department of the European Com-
mission primarily responsible for establishing and implementing rules promoting the Single Market
for products). A unit of Enterprise DG oversees application of EU directives regulating marketing
authorization of medical devices. Providing for engineered tissue products could require some recon-
sideration of the specific areas of responsibility of the units or agencies involved in regulating medical
products.

17.4 Regulation of Pharmaceutical/Medical Human
Tissue Products in Japan

It appeared at the time of the World Technology Evaluation Center (WTEC) panel’s visit to Japan that the
Government of Japan was only beginning to focus on codifying regulation of engineered human tissue
products within its scheme of regulating other medical products [1]. The WTEC panel was unable within
the scope of this study to provide an analysis of Japan’s medical product approval process as potentially
applied to engineered human tissue products. However, presented here is an outline of Japan’s process
and agencies responsible for regulation of medical products generally.

The Pharmaceutical and Medical Safety Bureau (PMSB) has primary responsibility within the Japanese
Ministry of Health, Labour and Welfare for administering the requirements established for the safety and
efficacy of medical products under Japan’s Pharmaceutical Affairs Law. This legislation was substantially
amended in 1996 (with the reforms made effective in April 1997) to provide for the present medical
product review and approval system.

Applications for approval of new drugs and medical devices are referred by PMSB to the Central
Pharmaceutical Affairs Council (CPAC) to obtain its recommendation. The CPAC, in turn, is advised by
the Pharmaceutical and Medical Devices Evaluation Center (PMDEC), an expert body organized in July
1997 to evaluate the quality, efficacy, and safety of medical products administered to humans. Specific
authority within PMSB to approve recommendations received from CPAC regarding the discrete aspects
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of the clinical testing, licensing, and use of new medical products is distributed among relevant divisions,
such as the Evaluation and Licensing Division (premarketing and supplemental application approvals)
and the Safety Division (adverse reaction measures). A regulatable medical product in Japan is classified
as either a medical device or a pharmaceutical.

Advice concerning the design and conduct of clinical trials, as well as the adequacy of applications for
approval of pharmaceuticals, is provided to PMDEC and to the product sponsor by the Drug Organization,
a quasi-governmental agency established in 1979 as a fund to support patients experiencing adverse drug
reactions. It is not clear whether the Drug Organization serves a similar function with respect to medical
devices, or if there exists an equivalent medical device organization. However, applications for approval of
“copy-cat” devices are referred to the Japan Association for the Advancement of Medical Equipment for a
determination of the equivalence of the new device to devices already approved for clinical use. For a more
detailed description of Japan’s general medical product approval process, see, for example, Hirayama [9]
and Yamada [10].

17.5 Other Considerations Relevant to Engineered Tissues

17.5.1 FDA Regulation and Product Liability

Protection from product liability lawsuits, in the form of an immunity from such litigation, may come
from satisfying the federal regulations which govern the design and manufacture of, as well as the warnings
to be supplied with, medical products.

By virtue of the Supremacy Clause of the Constitution, the federal government is permitted to regulate
certain affairs free of state interference. State civil litigation is a form of regulation, so it is a form
of interference. If Congress elects to exclusively regulate certain conduct, then litigation under state
law regarding the same conduct is prohibited, as it may produce inconsistent or conflicting standards
regulating that conduct.

The public policy arguments in favor of federal preemption with respect to the regulation of medical
products are readily discernible: while both state and federal regulation would have the enhancement of
public health and safety as their goal, the establishment of nationwide labeling and design criteria for
medical products will promote uniformity and regularity in the interpretation of applicable regulations
and will ensure enforcement of these regulations is conducted in the public interest, rather than through
isolated lawsuits that may produce inconsistent results. In addition, the natural preeminence of a federal
administration administering such regulations will simplify and improve communication between the
regulators and the medical product sponsors. Federal preemption, then, is not a shield for bad medical
products; rather, it protects a process of reasoned, scientific inquiry.

Congressional and FDA silence on the question of preemption in statutes and regulations governing
drugs and biologics going back to the earliest federal Food and Drug Acts has meant that sponsors of
these products have been left to argue only “implied” or “conflict” preemption with largely inconsistent
— though often disappointing — results.

The situation for sponsors of devices would seem to be decidedly different. When Congress passed
the 1976 Medical Device Amendments to the FD&C Act, it explicitly authorized preemption of any state
requirement as to the safety or effectiveness of a medical device in favor of FDA regulations governing the
same product. Because of the high degree of scrutiny to which Class III devices are subjected through
the FDA’s premarket approval (PMA) process, courts have shown a general willingness to recognize
that personal injury litigation regarding these devices has been preempted. However, the FDA may also
permit the marketing of devices which have been shown to be “substantially equivalent” to devices either
previously approved or marketed before the enactment of the Medical Device Amendments in 1976. This
“510(k)” clearance involves significantly less regulatory review of the device than would have been given
to a PMA application.
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In Medtronic v. Lohr, though, the U.S. Supreme Court concluded that the apparent preemption language
of the Medical Device Amendments does not actually preclude product liability actions against sellers
of “510(k)” devices. The court reasoned that the 510(k) premarket clearance process did not involve
a comprehensive, in-depth analysis of the safety, efficacy, and labeling of a medical product prior to
clinical use. While a number of justices suggested they might not reach the same conclusion regarding
“PMA” devices, the Lohr decision has weakened — but certainly has not obliterated — a major defense
of those engineered tissue products which may be classified and regulated as devices. Indeed, to the
extent the further viability of the preemption defense is predicated upon the degree to which the FDA
has given specific attention to and approval of the design of the device in question, premarket approval
by means of the PDP process would seem to offer the greatest chance of immunity from product liability
litigation.

17.5.2 Ownership of Human Tissues

While critical to the general advance of medical research, access to human tissues for research or product
development is highly sensitive to public disclosure of practices where tissues are taken or used without
consent or under circumstances suggesting a commercial market in body parts. The absence of compre-
hensive federal or state legislation governing “research” tissues deprives the biomedical community of
clear, consistent guidelines to follow in acquiring and using tissues, while simultaneously representing a
legislative vacuum that may be filled with substantial adverse unintended consequences if done suddenly in
response to some public outcry. Absent effective coordination, the initiatives of individual federal agencies
to establish policies for research involving human tissues or subjects may impose conflicting requirements
or expectations.

Significant advances in medical research over the past several years has contributed substantially to
the commercial utility of human biological materials. Consequently, the source of such materials used in
the creation of engineered tissue products may become important for reasons beyond — and certainly
removed from — the possible transfer of adventitious agents or the management of immunological
responses. Simply put, the use of allogeneic materials raises issues of ownership, donation, and consent
not to be found with respect to autologous tissues.

The common law of the United States recognizes a severely restricted property interest in human bodies
or organs. In a broad sense, a “property interest” in something may be thought of as a “bundle of rights”
to possess, to use, to profit from, to dispose of, and to deal in that thing. Courts have granted next of kin
nothing more than a “quasiproperty” right — or right of sepulcher — in a decedent’s body for the purposes
of burial or other lawful disposition. In place of an exegesis of the religious or cultural prohibitions against
recognizing a property interest in a dead body, it is clear that the limited right which has been fashioned
by the courts has been intended to offer nothing more than that some interested person may ensure the
remains are disposed of with dignity.

Organ transplantation has certainly created the conditions for a market for human body parts. In
response, Congress and state legislatures have enacted statutes prohibiting the sale of any human organ.
The National Organ Transplant Act was passed to regulate the availability of organs for transplantation
through voluntary donation exclusively by explicitly prohibiting organ purchases. The same prohibition
has been passed into law by the 15 states, to date, which have adopted the Uniform Anatomical Gift Act
(1987) [11]. Other state statutes have imposed criminal penalties for the purchase of organs or tissue from
either living or cadaveric providers.

These federal and state statutes effectively banning purchases of human organs were enacted in the
mid-1980s in immediate response to the prospect of a widespread trade in these body parts to supply the
growing demand for transplant material. The vision of a vendor selling livers and kidneys — or worse, a
patient harvesting one of his or her own organs for money clearly hovered over the debate leading to the
passage of this legislation. But that vision imagined people selfdismantling for cash; it did not really allow
for a trade in renewable body parts, especially cells.
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17.6 Conclusion

No part of the process of bringing new biomedical products from the laboratory to the patient occurs in
isolation from or independent of all of the other aspects of organizing and maintaining that technology
development effort: including intellectual property protection and financing market and end user accept-
ance, and public perception just to mention a few. While FDA premarket approval is the most obvious
form of external control over the introduction of new medical products in the United States, it is
not the only one; healthcare reimbursement under U.S. centers for Medicare and Medicaid Services
(CMS) regulations and private insurer practices is critical, and the evidence necessary to secure reim-
bursement should be considered in planning clinical trials for FDA approval. The approach to FDA
regulatory oversight itself requires careful analysis of product classification (including special designa-
tion) options. The novelty, variety, and potential complexity of forms of tissue engineering compel
strategic analysis of external controls over the commercial development of human cellular and tissue-based
products.

The FDA has adopted a cooperative approach across appropriate FDA Centers and the Office of
Commissioner in developing its regulatory strategies for engineered tissue products. These strategies
have attempted to simplify and facilitate the administrative process for evaluating products and for
resolving product regulatory jurisdiction questions. However, it is apparent that, just as the science
continues to evolve, so too must the regulatory approaches. As new and different research directions
are pursued, such as the apparent shift toward the use of stem cell technology [12] new and differ-
ent products will be developed, with the expectation of unique product-specific issues. The FDA, given
its legislative authority and regulatory responsibility will certainly continue to build on current initiat-
ives, apply lessons learned from previous products as applicable, and look to the best scientific minds
and methods to achieve innovative, flexible, and appropriate resolutions that are transparent to the
research and industrial community as well as the public. The challenge for the tissue engineering com-
munity is to maintain awareness of the regulatory landscape in the United States and abroad and to
be an active voice for articulating issues in order to maintain a productive dialogue with the regu-
latory agencies and consumers so that engineered tissue products find their proper place in clinical
medicine.
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18.1 Introduction

The field of tissue engineering has grown in response to the many medical needs for tissue replacement.
For the skin, two distinctly different types of wounds have stimulated the development of various tissue-
engineered skin substitutes. On one end of the spectrum are burn wounds, which represent an acute
injury to the skin. Over 1 million burn injuries occur annually, resulting in over 50,000 acute hospital
admissions and more than 5,000 deaths [1]. Partial-thickness wounds have the capacity to heal without
the need for tissue replacement from stem cells present in skin appendages. However, full-thickness burn
wounds require grafting of skin to replace the destroyed tissue. The grafting of split-thickness autologous
skin has been the prevailing standard for permanent closure of excised full-thickness burn wounds. This
can be accomplished in patients with relatively small wounds, but in patients with massive burns involving
a large total body surface area (TBSA), permanent wound closure is problematic because of the lack of
donor sites for skin autografting. Delayed wound coverage increases the likelihood of infection and sepsis,
major causes of burn mortality [2].

On the other end of the spectrum are chronic wounds, which tend to involve a relatively small area
of skin, but represent a major medical need because they affect a large population of patients. The most
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common chronic wounds include pressure ulcers and leg ulcers, which are estimated to affect over
2 million people in the United States alone [3]. This figure may be expected to rise as the average age of the
population increases. In some patients, wound closure can be enhanced with topical agents, such as growth
factors to stimulate healing and antimicrobial agents to minimize infection. However, a large percentage
of patients require grafting for permanent closure of chronic wounds. Autograft may not be a feasible
option in these patients due to underlying deficiencies in wound healing, which compromise healing of
donor sites.

The need for timely wound closure in these diverse clinical settings has led to the development of
skin substitutes as alternatives to split-thickness or full-thickness autograft. Although none of the skin
substitutes currently available can replace all of the structures and functions of native skin, they can be
used to provide wound coverage and facilitate healing of both acute and chronic wounds. Further, the
technologies that have yielded skin substitutes for grafting have also been used to produce materials for
in vitro irritancy and toxicology studies.

18.2 Objectives of Skin Substitutes

Normal human skin performs a wide variety of protective, perceptive, and regulatory functions that help
the body maintain homeostasis. The outermost layer of the skin, the epidermis, is comprised mainly
of keratinocytes, which provide the barrier function of the skin. Other epidermal cells and structures
include adnexal cells that comprise the glands, hair, and nails; melanocytes, which contribute pigment;
Langerhans cells of the immune system; and sensory structures of nerves. The epidermis contains only very
small amounts of extracellular matrix, predominantly carbohydrate polymers and stratum corneum lipids
that form a barrier to permeability of aqueous fluids [4–6]. In contrast, the underlying dermis consists
mainly of extracellular matrix molecules, including collagens, elastin, reticulin, and polysaccharides, that
give mechanical strength to the skin. Dermal cells include fibroblasts, which synthesize collagen and other
matrix components; vascular components, such as endothelial cells and smooth muscle cells; nerve cells;
and mast cells of the immune system.

To be useful in a clinical setting, the primary goal for any skin substitute is restoration of skin barrier,
normally a function of the epidermis, which helps to minimize protein and fluid loss and prevent infection
[7]. As outlined in Table 18.1, there are many products that meet this need, but most provide only
temporary wound coverage or partial skin replacement. Currently, limitations of bioengineered skin
substitutes, compared with native skin grafts, include: reduced rates of engraftment, increased microbial
contamination, mechanical fragility, increased time to healing, increased requirement for regrafting, and
very high cost [59–63]. These complications may increase, rather than decrease, the risks to patients and
delay recovery. Therefore, the use of skin substitutes may be suitable as an adjunctive therapy in cases
without other alternatives, such as very large burns or chronic wounds that have failed to respond to
conventional treatments.

Ideally, skin replacements should promote permanent engraftment without the need for regrafting;
allow rapid healing to replace both dermal and epidermal layers; be ready to use when needed; achieve
acceptable functional and cosmetic outcome; and be free from risk of disease transmission and immun-
ological reaction [2]. These many goals have not yet been satisfied by any skin substitute, but ongoing
research in biomedical and genetic engineering may someday make an “off-the-shelf” skin replacement
a reality.

18.3 Composition of Skin Substitutes

Skin substitutes currently available vary in complexity, ranging from temporary synthetic wound dressings
to permanent skin replacements, either with or without incorporation of cultured skin cells (Table 18.1).
Some of the acellular materials have components that incorporate into the wound bed and may become
populated with dermal cells from the host. These dermal substitutes replace the dermal component of the
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TABLE 18.1 Bioengineered Skin Substitutes

Skin substitute Dermal component Epidermal component Indications for use Refs.

AlloDerm®
(LifeCell Corp.)

Allogeneic acellular
human dermis

None Burn wounds; repair of
soft tissue defects

[8–11]

Apligraf® (Novartis) Collagen gel with
allogeneic fibroblasts

Allogeneic keratinocytes Burn wounds; chronic
foot ulcers; venous leg
ulcers; epidermolysis
bullosa

[12–20]

Biobrane® (Bertek
Pharmaceuticals)

Nylon mesh coated with
collagen

Semipermeable silicone
membrane

Partial-thickness burn
wounds and donor sites

[21–24]

Cultured Skin
Substitutes (Univ.
Cincinnati/Shriners
Hospitals

Collagen-based polymer
with autologous
fibroblasts

Autologous keratinocytes Burn wounds; congenital
nevi; chronic wounds
(using allogeneic cells)

[25–29]

Dermagraft® (Smith
and Nephew)

Polyglactin mesh scaffold
with allogeneic
fibroblasts

None Chronic/diabetic foot
ulcers

[30–32]

Epicel® (Genzyme
Biosurgery)

None Autologous keratinocyte
sheet

Burn wounds; congenital
nevi

[33–36]

Epiderm™(MatTek
Corporation)

Collagen coated cell
culture insert

Allogeneic keratinocytes In vitro assessment for
irritancy and toxicology
testing

[37–40]

EpidermFT™ (MatTek
Corporation)

Allogeneic fibroblasts on
cell culture insert

Allogeneic keratinocytes In vitro testing model for
assessment of
dermal–epidermal
interactions

Epidex™ (Modex
Therapeutics)

None Autologous keratinocytes
with silicone membrane
support

Chronic leg ulcers [41,42]

Integra® (Integra Life
Sciences)

Collagen-chondroitin-6-
sulfate matrix

Silicone polymer coating Burn wounds [43–49]

Melanoderm™(MatTek
Corporation)

Collagen coated cell
culture insert

Allogeneic keratinocytes
and melanocytes

In vitro testing model for
assessment of
pigmentation

OrCel® (OrTec
International)

Collagen sponge with
allogeneic fibroblasts

Allogeneic keratinocytes Donor sites in burn
patients; epidermolysis
bullosa

[50,51]

SkinEthic® (SkinEthic
Laboratories)

Cell culture insert Allogeneic keratinocytes
(without or with
melanocytes)

In vitro testing model [52–54]

SureDerm (Hans
Biomed)

Allogeneic acellular
human dermis

None Burn wounds; repair of
soft tissue defects

TranCell (CellTran
Limited)

None Autologous keratinoctyes
on acrylic acid polymer

Chronic diabetic foot
ulcers

[55]

TransCyte® (Smith
and Nephew)

Nylon mesh with dermal
matrix secreted by
allogeneic fibroblasts
(cells nonviable at
grafting)

None Burn wounds [56–58]

skin, but may require grafting of autologous epidermis in a second surgical procedure. Skin substitutes that
contain allogeneic cells have greater similarity to native skin at grafting than acellular materials, but these
are considered temporary skin substitutes [64]. The allogeneic cells are eventually replaced by host-derived
cells [7]. Allogeneic skin substitutes containing cells can secrete extracellular matrix and growth factors
that improve healing, and can provide wound coverage until autograft is available. For small wounds,
such as chronic wounds, allogeneic skin substitutes may stimulate healing from the wound bed and
margins, without further grafting. These characteristics, coupled with essentially immediate availability,
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are advantages of the allogeneic skin substitutes. However, for permanent closure of large wounds grafting
of autologous skin or engineered skin containing autologous cells is required. A disadvantage of bioengin-
eered skin substitutes containing autologous cells is the increased time required for cell culture and graft
preparation [65]. However, they can act as permanent skin replacements once engraftment is achieved.
Therefore, the increased time required for preparation may be offset by a reduction in the number of
surgical procedures required for permanent wound closure [66].

Skin replacements can be used as adjunctive therapies in patients who are also receiving conven-
tional skin grafts to facilitate wound closure [25–27,67,68]. By increasing availability of skin grafts, skin
substitutes can provide several advantages over conventional therapy, including reduced donor site area
required to close wounds permanently, decreased number of surgical procedures and hospitalization time,
and reduced scarring [66,69].

18.3.1 Acellular Skin Substitutes

Biobrane, an acellular biocomposite dressing, has been used for over two decades for treatment of partial-
thickness burn wounds [21,70]. It has been shown to control pain and reduce frequency of dressing
changes, decrease the length of hospitalization, and improve healing times [21,23,70]. Biobrane is com-
posed of a collagen peptide-coated nylon mesh material attached to a semipermeable silicone membrane.
It is applied to clean, debrided wounds with the mesh side down; the mesh adheres to the wound, and
the material is removed after the underlying tissue has healed. Integra is also a synthetic acellular skin
replacement, but one that combines both temporary and permanent components. It consists of a cross-
linked collagen–glycosaminoglycan membrane as a dermal matrix, and a silastic coating that provides
a synthetic epidermal structure for barrier replacement [43,44]. It has been widely used for coverage of
excised burn wounds. The artificial dermis does not contain cells at the time of grafting, but within a
few weeks it becomes populated with cells from the wound bed and is vascularized. Thus, the dermal
component incorporates into the wound, generating a neodermis; the temporary silastic coating can then
be removed and replaced with a thin sheet of split-thickness skin [45,46].

Another example of a bilayer temporary skin substitute is TransCyte, which has been used for coverage
of partial-thickness wounds during re-epithelialization, or for full-thickness wounds prior to autograft
placement. Transcyte is comprised of a synthetic semipermeable epidermal layer, and a dermal nylon
mesh layer seeded with allogeneic human fibroblasts [56–58]. The fibroblasts are allowed to proliferate
within the synthetic dermal construct, where they secrete extracellular matrix components and growth
factors that can facilitate wound healing. Prior to grafting, the material is frozen, without cryoprotection
of the cells. Thus, at the time of grafting, Transcyte does not contain any viable cells.

AlloDerm is an acellular dermal matrix derived from donated human skin [8]. The skin is processed
to remove cells, circumventing tissue rejection but preserving much of the dermis’s three-dimensional
dermal structure. Vascular channels with basement membrane are present, even though the cells have been
destroyed, facilitating graft vascularization [10]. It has been most useful for soft tissue replacement, such
as abdominal wall reconstruction [10]. For treatment of burn wounds, it has been used in conjunction
with split-thickness autograft to yield results similar to split-thickness grafts of greater thickness [8].

18.3.2 Allogeneic Cellular Skin Substitutes

Other temporary wound covers, such as Dermagraft, Apligraf, and OrCel, contain viable cells at the time
of grafting. Because the cells are allogeneic, typically isolated from donated human neonatal foreskin, these
products are considered temporary skin substitutes rather than permanent skin replacements. Dermagraft
is composed of a polymer mesh scaffold seeded with allogeneic fibroblasts [30–32]. Apligraf and OrCel
both contain allogeneic keratinocytes and fibroblasts, coupled with a biopolymer consisting of either a
bovine type I collagen gel or collagen sponge, respectively [12,13,51]. Grafts that contain allogeneic cells
provide wound coverage and supply growth factors that facilitate wound repair, but the allogeneic cells
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do not persist on the patient after healing is complete. It is generally believed that allogeneic cells are
replaced within 1 to 6 weeks after grafting by the patient’s own cells.

Cultured skin models containing allogeneic cells have been developed for in vitro testing purposes
[37,40,52–54]. SkinEthic Laboratories has developed a Reconstituted Human Epidermis model, com-
prised of stratified epidermal keratinocytes supplied on cell culture inserts, for in vitro test applications
[52–54]. In addition, several tissue-specific models of Reconstructed Human Epithelium have been pre-
pared. These include models of oral, vaginal, corneal, and alveolar epithelium. Similar models designed
for in vitro toxicology testing include EpiDerm, a differentiated model of human epidermis, and Melan-
oderm, a stratified coculture of human melanocytes and keratinocytes [37]. EpiDermFT (EpiDerm “Full
Thickness”) is comprised of neonatal foreskin-derived fibroblasts and keratinocytes grown on cell culture
inserts. These skin models closely parallel human skin at the ultrastructural level, and can be reproducibly
manufactured, offering attractive alternatives to in vivo animal testing for irritancy, toxicology, and gene
expression studies.

18.3.3 Autologous Cellular Skin Substitutes

Autologous keratinocytes and fibroblasts have generally been derived from biopsies of the patient’s
uninjured skin [71–73]. Recently, keratinocytes have been isolated from the outer root sheath of plucked
hair follicles [41,42]. The cells can be expanded in culture and used to populate skin substitutes in vitro.
Grafted as epithelial sheets or as composites of biopolymers and cells, these are theoretically permanent
skin substitutes once engraftment is achieved [25–27,33,41].

Relatively few commercial skin substitutes contain autologous cells. Epicel was the first commercial
product comprised of cultured autologous cells for wound transplantation. It is indicated for use in burn
patients with very large deep partial-thickness or full-thickness wounds and in congenital nevi patients
[33,36,74]. Also referred to as cultured epithelial autograft (CEA), Epicel consists of a sheet of autologous
keratinocytes that are grown in culture and transplanted to patients with a petrolatum gauze backing.
The keratinocytes are isolated from a full-thickness biopsy of the patient’s uninjured skin, and grafts
are generally ready within 3 weeks time [74]. Epicel can be grafted on top of vascularized allogeneic
dermis or directly onto debrided wounds; however, engraftment is higher when used in conjunction
with allodermis [34,74]. A major problem encountered with Epicel has been epidermal blistering. Small
blisters may resolve spontaneously, but larger blisters result in graft failure [34]. This phenomenon has
been attributed to absence of dermal–epidermal junction components at grafting. Despite this limitation,
the availability of Epicel has provided a much needed treatment option for patients with massive burns
where donor skin for autograft is extremely limited [34].

A similar product, EpiDex, is a cultured epidermal sheet graft that is indicated for the treatment of
small chronic wounds. The unique aspect of EpiDex is that the keratinocytes are not cultured from skin
biopsies, but from scalp hair follicles [42]. For preparation of grafts, hair is plucked from the patient
and the outer root sheath cells are placed in explant culture [42]. The keratinocytes that are cultured in
this fashion are highly proliferative, apparently regardless of donor age [41]. After approximately 5 weeks
of cell expansion, a secondary culture is initiated for preparation of epithelial sheet grafts. These are
transplanted to wounds as discs measuring approximately 1 cm diameter, attached to a silicone backing to
facilitate handling. Early clinical results have been favorable, though the wound areas treated with EpiDex
are relatively small [41].

A limitation of these autologous skin replacements is that they contain only keratinocytes, and thus
they supply only an epidermal layer. For large full-thickness wounds, such as burns, replacement of both
dermal and epidermal layers is beneficial, to reduce scarring and improve the functional and cosmetic out-
come. This can be accomplished by combining dermal substitutes and epidermal skin replacements, but
this generally requires multiple surgical procedures. A composite cultured skin substitute (CSS) that con-
tains both autologous keratinocytes and fibroblasts in vitro is currently in clinical trials [26,27,67,68,75].
CSS are comprised of bovine collagen-glycosaminoglycan sponges that are populated with autologous
fibroblasts and keratinocytes (Figure 18.1) [76,77]. The most extensive experience with autologous CSS



mikos: “9026_c018” — 2007/4/9 — 15:51 — page 6 — #6

18-6 Tissue Engineering

(b)(a)

(d)(c)

FIGURE 18.1 Histological comparison of native skin and cultured skin substitute prepared for treatment of pediatric
burn patient. (a) Native human skin. (b) Cultured skin substitute in vitro, shown after 6 days of incubation. Graft
was transplanted to patient after 10 days of in vitro incubation. (c),(d) Healed autograft (c), and healed cultured skin
substitute (d), biopsied 3 weeks after grafting to excised full-thickness burn wounds. Scale bars = 0.1 mm.

has been in the treatment of patients with burns affecting greater than 50% TBSA. In these patients, donor
sites for autografting are extremely limited and adjunctive treatments for wound coverage are required.
For preparation of CSS, primary cultures of keratinocytes and fibroblasts are isolated using standard
techniques from a small split-thickness skin biopsy that is usually taken during a patient’s first autograft-
ing procedure [26,27,71,72,78,79]. Selective in vitro culture of keratinocytes and fibroblasts stimulates
exponential increases in cell numbers, resulting in very large populations of cells in only 2 to 3 weeks
of culture [78]. Grafting to patients can generally be performed within 2 weeks of inoculation of CSS,
which corresponds to 4 to 5 weeks after the initial patient biopsy. Because the CSS contains both dermal
and epidermal layers and develops a functional basement membrane in vitro, grafting of CSS can replace
both skin layers in a single surgical procedure (Figure 18.1) [80]. Culture of CSS at the air–liquid interface
promotes development of a stratified epidermal layer with functional barrier properties in vitro, providing
protection of the wound immediately after grafting [68,80,81]. CSS have been used with favorable results



mikos: “9026_c018” — 2007/4/9 — 15:51 — page 7 — #7

Skin Substitutes 18-7

as an adjunctive treatment for the healing of large burn wounds, and have been shown to significantly
reduce the requirement for autograft and shorten the number of surgical procedures needed for definitive
wound closure [27,67,68]. CSS have also been used to a limited extent for treatment of chronic wounds
and congenital giant nevi [28,29].

18.4 Clinical Considerations

Multiple clinical factors can determine whether treatment of wounds with engineered skin substitutes
will result in skin repair. Modifications of care protocols for wounds must be used to compensate for the
anatomic and physiologic deficiencies in engineered skin. Currently available skin substitutes are avascular,
tend to heal more slowly than skin autograft, and may be mechanically fragile. Factors that affect the clinical
outcome with bioengineered skin replacements include, but are not limited to: composition at the time
of grafting; wound bed preparation; control of microbial contamination; dressings and nursing care; and
survival of transplanted cells during vascularization of grafts.

Attachment of cultured epithelium to a dermal substitute in vitro is advantageous because both epi-
dermal and dermal components can be applied in a single procedure, similar to skin autograft. Culture
conditions can be optimized to promote deposition of basement membrane proteins at the dermal–
epidermal junction prior to grafting, thereby eliminating the problem of blistering that is frequently
observed after grafting of epithelial sheets [33,80]. Alternatively, dermal and epidermal components of
skin substitutes may be applied in two stages: first, application of a dermal substitute followed by vascu-
larization; and second, grafting of an autologous epidermal substitute [45,82,83]. This two-step approach
increases the density of blood vessels and extracellular matrix in the wound bed, and has been reported
to improve engraftment of cultured keratinocyte sheets. However, it requires two surgical procedures to
achieve permanent wound closure.

The lack of a vascular plexus is a major limitation of all skin replacements currently available. Split-
thickness skin contains a vascular plexus and adheres to debrided wounds by coagulum. Inosculation of
vessels in the graft to vessels in the wound occurs within 2 to 3 days [84]. In the absence of microbial
contamination or mechanical damage, autograft skin is generally engrafted and reperfused within 1 week
after transplantation. In contrast, current clinical models of engineered skin substitutes are avascular,
requiring reperfusion from de novo angiogenesis. The time required for perfusion is proportional to the
thickness of the dermal component of the skin substitute, and is longer than perfusion of split-thickness
skin. Vascularization can be accelerated by secretion of angiogenic factors from engineered skin containing
keratinocytes and fibroblasts, but growth factors alone cannot compensate for the lack of a vascular plexus
prior to grafting [85,86]. The additional time required for vascularization may contribute to epithelial
loss from microbial destruction and nutrient deprivation.

Due to the delayed vascularization of skin replacements, control of contamination is critical for engraft-
ment. Topical antimicrobials are more effective for control of wound contamination than parenteral agents
[87]. Topical treatments must provide effective coverage of a broad spectrum of microorganisms, but must
have low cytotoxicity to allow healing to proceed. It is also important to avoid overlap of topical agents
with parenteral drugs used for treatment of sepsis, which could facilitate development of resistant organ-
isms. Several studies have identified individual agents, and mixtures of multiple agents, which are effective
against common wound organisms but are not inhibitory to proliferation of keratinocytes and fibroblasts
[88–90].

An additional limitation of engineered skin substitutes is mechanical fragility, which contributes to
graft failure due to shear and maceration. For delicate grafts, a backing material can facilitate handling
and attachment to the wound. For example, CEA are routinely attached to petrolatum-impregnated gauze
for surgical application [91]. However, this material may not be compatible with wet dressings used to
manage infection. CSS may be handled and stapled to wounds with a backing of N-Terface™, a relatively
strong, nonadherent, highly porous material [25,26]. Porous dressings do not interfere with the delivery
of topical solutions and permit drainage of wound exudate.
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An important practical obstacle to the routine clinical use of skin substitutes, as with any engineered
tissue, remains the high cost of their preparation and care. Estimates for the cost of keratinocyte sheets
range from $1,000 to $13,000 for each percent of absolute TBSA [63,92]. If a dermal substitute is also
included, the cost can be expected to approximately double [8,45]. Therefore, expense can become
a limiting factor for treatment of very large wounds, such as those seen in severely burned patients.
Unfortunately, these are the patients most in need of skin substitutes. Although the use of skin substitutes
can theoretically reduce the number of surgeries required to heal large burns, which should decrease the
total time of hospitalization, there are currently no studies that clearly demonstrate a decrease in costs by
use of skin substitutes of any kind. Engineered skin grafts remain an important adjunct to conventional
skin grafting, particularly in the treatment of burns, but cannot be used as a primary modality of wound
closure except in the most extreme cases [61].

18.5 Assessment

The outcome after treatment of wounds with bioengineered skin substitutes must be measured to determ-
ine whether the benefits justify any risks associated with the therapy. Qualitative outcome, which relies
heavily on the trained eye of the clinician, can be assessed through clinical evaluation integrating multiple
properties of the wound. For example, the Vancouver Scale is used for assessment of burn scar by trained
clinicians, and provides an ordinal score for properties of skin including pigmentation, vascularity, pli-
ability, and scar height [93]. Such scales assign quantitative values to qualitative measurements and can
provide a relative comparison for evaluation, but they are inherently subjective and dependent on the
examiner.

Objectivity may be increased by use of noninvasive instruments to measure biophysical properties
of skin, including vascular perfusion, epidermal barrier, pliability, color, and surface pH. Quantitative
assessment of skin substitutes can highlight deficiencies compared to normal skin or split-thickness
autograft, or can be used to assess the advantage of skin substitutes to the patient without interfering
with recovery. Although no single biophysical property is definitive, multiple measurements can provide a
general assessment for evaluation of outcome. For example, measurements of surface electrical capacitance
(SEC) can be used to define the degree of skin barrier development [94]. SEC is measured using a dermal
phase meter, an instrument that is easily used in a clinical setting, with minimal pain or discomfort for the
patient [95]. Pigmentation of grafted wounds treated with engineered skin substitutes can be measured
using a chromameter. Multiple parameters of skin function must be measured to quantify overall benefit
from treatment with skin substitutes.

18.6 Regulatory Issues

In the United States, it is the responsibility of the Food and Drug Administration (FDA) to protect the
public from health risks associated with new medical therapies. FDA approval requires that new therapies
be safe and effective, and that the probable benefits to health outweigh the probable risks of the therapy
or of the untreated disease or condition [96]. Safety considerations for engineered skin substitutes must
take several factors into account, including media composition, tissue acquisition, graft fabrication and
storage, and sterility testing of the final product [96]. For example, cell culture media must be of the
highest purity and free from toxic contaminants. Cells derived from allogeneic donors must test negative
for transmissible pathogens. Autologous cells must be handled carefully as well. Because autologous tissues
are not routinely screened for pathogens, universal precautions to protect laboratory personnel must be
practiced. Xenogeneic components, such as bovine collagen, must not only be free from pathogens that
can cross species boundaries, but must also be nonimmunogenic. If xenogeneic cells, such as irradiated
3T3 mouse fibroblasts, are used to facilitate initiation of keratinocytes cultures, compliance with safety
standards for xenogeneic transplantation must be assured [97]. Although these common cells are generally
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thought to be free from risk of disease transmission, unknown risks may exist, and hence patients are
excluded from future donation of blood or body parts [36,98].

Bioengineered skin substitutes may be regulated as either devices or biologics, depending on their
composition and “primary mode of action.” Skin substitutes consisting of autologous cells only, or an
acellular human tissue matrix, may not require collection of effectiveness data for regulatory approval.
Living autologous cell populations intended for structural repair are considered to be inherently efficacious
[99]. However, if no effectiveness data are collected, no claims of effectiveness can be made. Skin substitutes
that combine cells with biopolymers are currently considered class III (significant risk) devices that require
demonstration of effectiveness in addition to safety [96].

18.7 Future Directions

Despite encouraging clinical results with bioengineered skin for the adjunctive treatment of burns, chronic
wounds, and other skin deficiencies, skin substitutes containing just two cell types are limited by anatomic
and physiologic deficiencies compared to split-thickness skin autograft. Several areas of preclinical invest-
igation suggest that skin substitutes can be further engineered to increase homology to native human skin.
These include the incorporation of additional cell types to improve functional and cosmetic outcome, and
the use of genetically modified skin cells to enhance performance after grafting.

18.7.1 Pigmentation

Normal skin pigmentation results from the appropriate epidermal distribution and function of melano-
cytes. The most critical function of melanocytes is protection from ultraviolet irradiation, but they have
psychological importance as well, as a patient’s body image and personal identity can impact recovery from
massive skin injury [100–102]. Pigmentation of cultured skin may result from transplantation of “passen-
ger” melanocytes, which may persist in selective cultures of epidermal keratinocytes [67,79]. Melanocytes
can survive under conditions used for keratinocyte culture, though they proliferate at slower rates and are
depleted upon serial passage or cryopreservation [103–105]. In CSS grafted to excised burns, pigmented
areas resulting from passenger melanocytes have been observed as individual foci within two months after
transplantation [79]. By 1 to 2 years after healing, the foci increase in area, occasionally fusing together
to form larger pigmented regions. Uniform pigmentation was demonstrated in preclinical studies with
CSS deliberately populated with selectively cultured human melanocytes [106–108]. Future studies will
be needed to address regulation of the level of pigmentation in uniformly pigmented cultured skin.

18.7.2 In Vitro Angiogenesis

The absence of a vascular plexus in bioengineered skin necessitates vascularization to occur de novo, rather
than through inosculation of the graft with the wound, increasing the time of nutrient deprivation and
susceptibility to microbial contamination after grafting. This limitation can be indirectly addressed in a
clinical setting by irrigating the graft with solutions of nutrients and antimicrobial agents for several days
after transplantation [27,67,109]. A direct approach would be to initiate angiogenesis in the skin substitutes
in vitro, prior to grafting. This would permit vascularization to occur through both inosculation of existing
vessels and also neovascularization, as occurs for grafted split-thickness skin [84].

Initiation of angiogenesis in vitro requires the addition of endothelial cells to the engineered skin.
Endothelial cells may organize into vascular structures in culture with the aid of biomaterial supports and
coculture with accessory cells. For example, engineered blood vessels have been constructed in vitro using
mixed cultures of fibroblasts, human umbilical vein endothelial cells (HUVEC), and vascular smooth
muscle cells in a collagen matrix [110]. In preclinical studies, transplantation of engineered blood vessels
constructed by culture of HUVEC in three-dimensional collagen/fibronectin gels has been reported [111].
More recently, a composite cultured skin containing HUVEC and keratinocytes in a human dermal matrix
was reported, which displayed evidence of perfusion after grafting to mice [112]. These studies illustrate
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the feasibility of grafting synthetic vessels in cultured skin, but overexpression of Bcl-2 through retroviral
modification was required to promote survival of the transplanted endothelial cells [111]. In addition,
another potential limitation of these studies that will impede their clinical application is the reliance on
nondermal or nonautologous endothelial cells. Ideally, multiple cell types (keratinocytes, fibroblasts, and
human dermal microvascular endothelial cells, or HDMEC) could be derived from a single autologous skin
sample. Transplantation of HDMEC in a composite skin substitute containing isogenic keratinocytes and
fibroblasts was demonstrated in an athymic mouse model, though perfusion was not observed [113]. The
transplantation of HDMEC in a clinically relevant cultured skin model showed the feasibility of preparing
autologous cultured skin containing HDMEC, but future studies must demonstrate inosculation of vessels
in the graft with vessels in the wound bed to yield improved performance after grafting.

18.7.3 Cutaneous Gene Therapy

Keratinocytes and fibroblasts are amenable to genetic modification in vitro by a variety of methods.
Genetically modified cells can be used to populate engineered skin substitutes. This is termed “ex vivo”
gene therapy because cells are removed from the body and genetically modified in culture before being
transplanted back to the recipient. There has been a great deal of interest in the use of genetically modi-
fied skin substitutes for the treatment of cutaneous diseases. For example, preclinical studies suggest that
ex vivo gene therapy can be useful for treatment of lamellar ichthyosis, a condition characterized by defect-
ive epidermal barrier, and the blistering skin disease junctional epidermolysis bullosa (JEB) [114–116].
Theoretically, genetically modified keratinocytes can be transplanted for secretion of circulating factors
to treat systemic diseases. Keratinocytes have been genetically modified to secrete human growth hor-
mone and clotting factor IX, but therapeutic protein levels have been difficult to obtain after grafting
[117–121].

Another application of cutaneous gene therapy is the regulation of wound healing. Hypothetically,
genetic modification may be used to overcome anatomic limitations or to enhance their biological activ-
ity. For example, keratinocytes modified to overexpress the mesenchymal cell mitogen Platelet Derived
Growth Factor-A (PGDF-A), seeded on an acellular dermal matrix, showed increased cellularity, vascu-
larization, and collagen deposition after grafting to mice, suggesting improved function due to PDGF-A
overexpression [122]. In other studies, keratinocytes were genetically modified by retroviral transduc-
tion to overexpress the angiogenic cytokine Vascular Endothelial Growth Factor (VEGF) [85,86]. After
transplantation to athymic mice, skin substitutes containing fibroblasts and VEGF-modified keratinocytes
showed enhanced and accelerated vascularization, decreased contraction, and increased engraftment com-
pared to control grafts containing unmodified cells [85,86]. Thus, genetic modification of keratinocytes
can hypothetically be used to overcome the lack of a vascular plexus in engineered skin grafts.

A particularly promising avenue of research involves the genetic modification of cells in cultured skin
grafts to reduce or eliminate immune rejection. Preclinical studies have shown that reduced expression
of major histocompatibility complex (MHC) class I and II antigens can prolong engraftment of skin
grafts in mouse allograft models [123]. In one study, fetal skin was used because it exhibited substantially
reduced MHC class I and II expression compared with neonatal skin. In another study, keratinocytes
were genetically modified to overexpress indoleamine 2,3-deoxygenase (IDO), a tryptophan-catalyzing
enzyme that functions to prevent fetal rejection during pregnancy [124]. Increased IDO expression in
keratinocytes led to a down-regulation of MHC class I expression. These studies suggest a possible
mechanism for preparation of allogeneic skin substitutes that would escape immune rejection, and may
someday lead to universal donor cultured skin grafts.

18.8 Conclusions

Technological advances in the fabrication of biomaterials and the culture of skin cells have permitted
the production of bioengineered skin substitutes. These have provided improved therapeutic options for
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patients suffering from acute or chronic wounds, and offer the promise of new treatments for inherited
cutaneous diseases. Continued research will be needed to identify more efficient methods to utilize pre-
cious autologous tissue, which will provide greater amounts of skin substitutes for grafting as well as
shorten the time required for their preparation. Increasing the complexity of skin substitutes, from acellu-
lar biopolymers to composite materials with multiple cell types, will result in continued improvements in
anatomy and physiology, working toward greater homology to native human skin. These improvements
will lead to enhanced performance of engineered skin grafts, greater clinical efficacy, and reduction of
morbidity and mortality for patients with wounds or cutaneous disease.
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19.1 Introduction

The nervous system of the adult mammal is divided into two main components: the peripheral nervous
system (PNS) and central nervous system (CNS). The PNS, consisting of cranial and spinal nerves and their
associated ganglia, has the intrinsic ability for repair and regeneration. However, the adult mammalian
central nervous system (CNS), consisting of the brain and spinal cord, is viewed as largely incapable of self-
repair or regeneration of correct axonal and dendritic connections after injury [1–3]. When a peripheral
nerve is injured and the nerve retracts, or tissue is lost, preventing an end-to-end repair, grafting is a
commonly performed. Grafting methods, involving autografts and allografts, provide trophic factors and
guidance for regenerating axons [4,5]. However, there are major limitations to grafting including multiple
surgeries, lack of donor tissue, and immune rejection. The CNS is a more complex environment that
proves to be not as amenable to healing as the PNS. Adult CNS injury is typically followed by neuronal
degeneration, cell death, and the breakdown of synaptic connections. It is established that fish, amphibia,
mammalian peripheral nerves as well as developing central nerves respond differently to injury than the
adult mammalian CNS. In these systems, functional axons can regrow after they have been damaged [1].
However, currently, in the mammalian CNS, there is no treatment for the restoration of human nerve
function due to the intricate series of events that must take place in order for regeneration to occur.

19-1
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Growth across the PNS–CNS transition zone has not been successful in many regeneration attempts [6].
The limitations with current strategies for repair of the PNS and CNS can eventually be minimized using
tissue-engineering applications to restore biological function by providing a permissive environment for
regeneration. The purpose of this chapter is to review recent research applications involving guidance
and molecular and cellular strategies for nerve repair that have demonstrated the use of neural tissue
engineering to achieve therapeutic goals for nervous system regeneration.

19.2 Neural Regeneration

Injured axons in the PNS are capable of regenerating long distances and have the capacity to establish
connections with their targets. In adult mammals, injury to the CNS does not usually result in regeneration.
When nerve damage occurs, the portion of the axon isolated from the cell body is referred to as the distal
segment. The portion connected to the cell body is the proximal segment. The response of the native
environment surrounding these segments following injury is the key reason behind the inherent capacity
of the PNS for regeneration, which is not characteristic of the CNS.

19.2.1 Peripheral Nervous System

Nerve injury results in a characteristic chain of degenerative and regenerative events. Complete transection
of a nerve is the most severe PNS injury. At the site of nerve damage, the myelin and axons break up, trig-
gering the migration of phagocytic cells, Schwann cells and macrophages, into the PNS to clean up debris.
After an axon is transected, the proximal segment of the nerve swells and experiences retrograde degener-
ation near the wound site. After myelin is cleared and the Schwann cells and macrophages remove debris,
the proximal end begins to sprout axons and growth cones emerge [7]. After transection, Wallerian
degeneration occurs distal to the injury within hours. The axons and myelin degenerate completely but
the endoneurium is left intact forming natural conduits [8]. The endoneurial channel directs the axon
regrowth in the reparative phase, and axons of surviving neurons grow into the endoneurial tube. Axons
of the proximal segment can regenerate back to previous synaptic sites as long as their cell bodies remain
alive and the proximal axons have made successful contact with neurolemmocytes in the endoneurial
channel. The proliferation of Schwann cells at this time retains the endoneurial tube structure as these
cells form ordered columns. Neurotrophic factors are also produced by Schwann and macrophages, and
growth-promoting substances are upregulated providing an optimal environment for axon growth. In
humans, regeneration proceeds at approximately 2 mm/d in the smaller nerve and 5 mm/d in the larger
nerve. Functional reinnervation only occurs when axons find the Schwann cell column and reach their
distal target or effector organ. Successful axonal regeneration depends on the distance of the lesioned
site from the cell body, the nature of the injury and axonal contact with neurolemmocytes in the distal
segment. For additional reviews on peripheral nerve regeneration, refer to Fawcett and Keynes [9].

19.2.2 Central Nervous System

CNS axons do not regenerate due to a lack of support by the endogenous environment following injury. In
the CNS of mammals, axonal regeneration is limited by inhibitory influences of the glial and extracellular
environment [10]. The CNS environment is inhibitory in nature making axonal regrowth from adult
neurons nearly impossible. Myelin-associated inhibitors of neurite growth, astrocytes, oligodendrocytes,
oligodendrocyte precursors, and microglia migrate to the injury site making the environment nonper-
missive for axonal growth. In the distal axonal segment, degeneration is slower in the CNS compared
to the PNS, and inhibitory myelin and axonal debris are not cleared away as quickly. The axons that
survive axotomy are surrounded by unfavorable glial reactions at the lesion site, known as the glial scar.
Neurons cannot regenerate beyond the glial scar where axonal outgrowth is essentially stopped [11].
Proximal axons initially demonstrate a spontaneous attempt to regenerate, but the surrounding environ-
ment rapidly hinders growth [12]. Consequently, regenerating axons in the CNS cannot reach synaptic
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targets and reestablish their original connections. Mechanisms for removing or neutralizing the inhibitory
components of cellular debris cannot be found in the CNS. However, severed mammalian CNS axons
will regrow in more permissive environments [13–15]. They are able to recognize target areas and to
re-establish functional synapses with target neurons [16,17]. There has been much recent evidence that
suggests that the mature CNS is a less hostile environment for regeneration than was previously thought.
If the axons can transverse the injury site, there is possibility of regrowth in the unscarred areas and of
functional recovery [18,19]. The use of scaffolds [18,20–23], cell implantation and replacement therapies
involving neural stem [20,24], Schwann [25,26] and olfactory ensheathing cells [27], as well as delivery of
growth factors [28,29] have provided greater potential for production of new neurons and the repair of
injured CNS regions. For additional reviews on central nervous system regeneration, refer to Fry [3] and
Schwab [30].

19.3 Guidance Strategies for Regeneration

For successful regeneration, damaged axons must be prevented from dying, the sprouting axons from
the proximal nerve stump must extend axons toward their targets, across the injury site, into the distal
nerve stump and make synaptic connections to the correct target regions. Common repair techniques
facilitating regeneration include grafting using natural materials and entubulization using nerve conduits
or scaffolds. These methods connect proximal and distal nerve stumps using a synthetic or biologically
derived conduit. Such conduits optimize regeneration by allowing for both physical and chemical guidance
and reducing cellular invasion and scarring of the nerve. Entubulization minimizes unregulated axonal
growth at the site of injury by providing a distinct environment, and allows for diffusion of trophic factors
emitted from the distal stump to reach the proximal segment, which enhances physiological conditions
for nerve regeneration. The transplantation of tissue engineered nerve conduits based on polymers and
alternative methods to engineer an artificial environment to mimic natural physical and chemical stimulus
promotes nerve regeneration and minimizes difficulties associated with grafting.

19.3.1 Autografts

A nerve autograft (or autologous tissue graft) is the transfer of nerve segments from an uninjured part
of the body to another. This graft tissue provides endoneurial tubes that enable guided regeneration of
axons. Autologous nerve grafts are currently used in the treatment of peripheral nerve injuries where the
gap of a transected nerve is large [31]. This method for restoring tissue results in partial deinnervation
of the donor site to repair the injury site. Tissue availability is a concern as well as the need for multiple
surgeries and potential differences in size and shape leading to difficulties with scale-up.

The capacity of the CNS axons to regrow in a permissive environment has been demonstrated using
autologous PNS tissue grafts to bridge the adult rat medulla oblongata and the spinal cord following injury
to the CNS. Axons from neurons at the medulla and spinal cord levels grew along the bridge. However, the
axons did not re-enter the host tissue [14]. So and Aguayo [32] also demonstrated that transected axons
of retinal ganglion cells could regrow into autologous PNS segments grafted directly into the rat retina.
Regenerating axons were able to recognize target areas and re-establish functional synapses with target
neurons [16,17]. Such autologous PNS grafts provide essential components for the facilitation of growth
and functional recovery that are not found in the native CNS.

19.3.2 Allografts and Acellular Nerve Matrices

Allografts involve the transfer of nerve tissue from donor to recipient. These nerve grafts make use of
allogenic and xenogeneic tissues to replace lost function. Allografts eliminate the need for harvesting
patient tissue. However, tissue rejection involving an undesirable immune response and lack of donor
tissue are two major disadvantages of using allografts. Disease transmission is also a risk. Using allografts
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with immunosuppression has been considered. However, results obtained with allografts have not matched
the performance observed with autografts [33].

Acellular nerve matrix allografts have also been observed as useful biomaterials for nerve regeneration
[34]. These allografts preserve extracellular matrix (ECM) components and, therefore, mimic the ECM of
peripheral nerves mechanically and physically. In this way, acellular nerve matrices aid in the reconstruc-
tion of the peripheral nerve. However, decellularization techniques, such as thermal decellularization,
can damage the ECM structure and fail to extract all cellular components leading to inflammation upon
implantation [35].

19.3.3 Entubulization Using Nerve Conduits

Current limitations with autografts and allografts have led to exploration of possible alternatives for
the repair of nerve injury. Tissue-engineered nerve conduits based on polymers have been created for
implantation mimicking the three-dimensional and biological environment that is necessary for enhanced
regeneration. While bridging the gap between nerve segments, these conduits can preserve neurotropic
and neurotrophic communication between the nerve stumps, repel external inhibitory molecules, and
provide physical guidance for the regenerating axons similar to the grafts (Figure 19.1) [36]. The spatial
cues provided by conduits also induce a change in tissue-architecture cabling cells within the microconduit
[37]. Polymers are being extensively investigated to help facilitate nerve regeneration and provide physical
and chemical stimulus to regenerating axons [38,39]. These materials vary in composition from entirely
synthetic to naturally derived biomaterials. Synthetic conduits are fabricated from metals and ceramics,
biodegradable (i.e., poly(esters), such as poly(lactic acid) [40–42], poly(lactic-co-glycolic acid) [42,43],
and poly(caprolactone) [44,45], or polyhydroxybutarate [46]) and nonbiodegradable (i.e., methacrylate-
based hydrogels [47], polystyrene [48], silicone [49,50], expanded poly(tetrafluroethylene) or ePTFE
(Gore-Tex®: W.L. Gore & Associates, Flagstaff, AZ) [51,52] or poly(tetrafluroethylene) (PTFE) [53])
synthetic polymers. These materials are especially advantageous because specific chemical and physical
properties can be readily changed depending on the application for which they are used. Such properties
include microgeometry, degradation rate, porosity, and mechanical strength. Biologically derived mater-
ials include proteins and polysaccharides (i.e., ECM-based proteins including fibronectin [54], laminin
[55] and collagen [56,57], fibrin and fibrinogen [58–60], hyaluronic acid derivatives [61], and agarose
[62]). Collagen has been the most widely used natural polymer [57]. These natural materials are biocom-
patible and enhance migration of support cells [33]. However, batch-to-batch variability needs to be
considered when using biological materials such as these. Selecting the appropriate material for a par-
ticular application is an essential part of the scaffold design. There are also certain physical properties
and that are most desirable for nerve conduits (Figure 19.2) [63]. General requirements for scaffold
design are typically followed, which include being biocompatible, having a high surface area/volume ratio
with sufficient mechanical integrity and having the ability to provide a suitable environment for axonal
growth that can integrate with the surrounding neural environment. These biomaterial-based (synthetic
or natural) conduits can also be environmentally enhanced with chemical stimulants, such as laminin and
nerve growth factor (NGF), biological or cellular cues such as from neural stem cells as well as Schwann
cells and astrocytes, the satellite cells of the peripheral and central nervous systems, and lastly, physical
guidance cues.

19.4 Enhancing Neural Regeneration Using Entubulization
Strategies

Providing a permissive environment for damaged neural tissues that have suffered trauma is essential
for the regeneration of the injured nervous system. In order to generate an environment that supports
regeneration, physical, chemical, and biological manipulations must be made. Guidance cues must be
presented that aid in control of nerve outgrowth and navigate neuronal growth cones to distant targets
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FIGURE 19.1 Silicone-chamber model showing the progression of events during peripheral-nerve rgeneration. After
bridging the proximal and distal nerve stumps, the silicone tube becomes filled with serum and other extracellular
fluids. A fibrin bridge containing a variety of cell types connects the two stumps. Schwann cells and axons processes
migrate from the proximal end to the distal stump along the bridge. The axons continue to regenerate through the
distal stump to their final contacts. (Reproduced from Heath, C. and Rutkowski, G.E. Trends Biotechnol., 16, 163–168,
1998. With permission.)

in vivo. “Intelligent” nerve conduits having the appropriate combination of such cues will provide insight
into the mechanisms behind axon growth and regeneration in nervous system. These scaffolds can enhance
regeneration and help repair severed or injured neural tissue.

19.4.1 Physical Modifications

19.4.1.1 Microtexturing

Scaffolds are extremely useful for evaluating nerve regeneration processes for many reasons. Among these
is that the properties of these conduits can be physically altered to optimize nerve regeneration. The
microtexture of the surface of the lumen within the conduit affects the outgrowth of neurons and regu-
lates regeneration. Smooth inner surfaces allow the formation of an organized, discrete nerve cable having
many myelinated axons. In contrast, inside rough inner surfaces, nerve fascicles are dispersed throughout
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FIGURE 19.2 Properties of the ideal nerve conduit. The desired physical properties of a nerve conduit include
(clockwise from top left): a biodegradable and porous channel wall; the ability to deliver bioactive factors, such as growth
factors; the incorporation of support cells; an internal oriented matrix to support cell migration; intraluminal channels
to mimic the structure of nerve fascicles; and electrical activity. (Reproduced from Hudson, T.W., Evans, G.R.D., and
Schmidt, C.E. Clin. Plast. Surg., 26, 617, 1999. With permission.)

the lumen and unorganized resulting in little regeneration. When comparing expanded microfibrillar
poly(tetrafluroethylene) (Gore–Tex®: W.L. Gore & Associates, Flagstaff, AZ) tubes having different inter-
nodal distances (1, 5, and 10 µm) to smooth-walled, impermeable PTFE tubes, it was discovered that
rougher the texture of the surface, the greater the spread of nerve fascicles [64]. Furthermore, the molecu-
lar and cellular makeup of the regenerating tissue is affected the stability of the wall structure [41] and
channel geometry [65].

19.4.1.2 Micropatterning

In addition to texture, scaffolds can exert control over other aspects of the neural environment. The
structure of these scaffolds can be precisely defined for a particular application. Relying on knowledge of
structure and function of cells and tissues in the nervous system, specific biomaterial “architecture” can be
created and applied to the reconstruction of tissue function. The susceptibility of a cell to topographical
structure is determined by the organization of the cytoskeleton, cell adhesion, and cell-to-cell interac-
tions [66]. Cell growth can be controlled at the cellular level through the fabrication of microgrooves
and other patterns on substrate surfaces [67]. The development of microfabrication and nanofabric-
ation techniques involving photolithography and reactive ion etching has allowed precise control over
patterned features using a variety of materials. Recent developments in manufacturing techniques have
included the move from silicon-based fabrication to polymer-based biomaterial scaffolds and the creation
of three-dimensional constructs based on success with two-dimensional fabrication methods. Isolating
large numbers of individual cells and having control over their shape and distribution is extremely valuable
in the analyzing functional changes in individual cells and their relationship with their environment in
culture. Fabrication techniques producing substrates with various feature shapes and dimensions are used
to study cell behavior and morphology in vitro before integrating similar techniques into a scaffold design.
In the recent past, micropatterned biodegradable and nonbiodegradable substrates have been developed
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using microfabrication and transfer patterning techniques [48,68–70]. Microcontact printing techniques
involving elastomeric polydimethylsiloxane (PDMS) stamps have been used to create adhesive islands for
the control of cell shape, growth, and function [71,72]. Microfluidic patterning has also been used for
developing topographical cues on substrates [73]. The effects of the microenvironment on cell behavior
has been studied on different substrate materials, including Perspex [66,67,74], silicon wafers [75–77],
quartz [78,79], and polymers such as polystyrene [48,80] and biodegradable polymers, including poly
(lactide-co-glycolide) and poly(dl-lactide) [69,70].

Cell adhesion and proliferation has also been examined using various shapes and feature sizes with sev-
eral neural cell types. Rectangular shapes [68,81], hexagonal [76], as well as circular features [82] have been
successful in controlling cellular behavior. In experiments using lithographically patterned quartz, hip-
pocampal neurites grew parallel to deep, wide grooves but perpendicular to those that were shallow and
narrow. Neurites also grew faster in the favored direction of orientation and turned through large angles
to align on grooves [81]. The shape and expression of a differentiated phenotype of retinal pigment
epithelium (RPE) was controlled using octadecyltrichlorosilane (OTS)-modified glass micropatterned
substrates [82]. Webb et al. [79] demonstrated that rat optic nerve astrocytes aligned on surface features
as small as 100 nm depths with 260 nm pattern spacing on quartz discs. The oligodendrocyte lineage
displayed a high degree of sensitivity to topography as well [79]. Schwann cell and neurite alignment has
been demonstrated on micropatterned biodegradable substrates with evidence that groove depth affects
the proportion of neurites aligned. Deeper grooves have a stronger effect on cellular behavior [68,70].
Furthermore, these micropatterned biodegradable polymer films were inserted inside poly(d,l-lactide)
(PDLA) conduits. The micropatterned surfaces were pre-seeded with Schwann cells in order to provide
guidance to axons at the cellular level. Over 95% alignment of the axons and Schwann cells was observed
on the micropatterned surfaces with laminin selectively attached to the microgrooves [68]. Mechanisms
of contact guidance as well as the intracellular distribution of cytoskeletal elements such as microtu-
bules, microfilaments, intermediate filaments, and adhesive structures on cells as they respond to various
geometric configurations, including pillars, columns, and spikes, has been analyzed on microfabricated
substrates [73,83].

19.4.2 Biochemical Modifications: Creating an “Active” Nerve Conduit

Eliciting a desirable reaction from the host tissue after nerve injury has a profound influence on the
regenerative capacity of the nervous tissue. It has been determined that the response of the host tissue is
related to not only the mechanical and physical properties of the implanted biomaterial but the chemical
properties also play a strong role in promoting a beneficial response from the native environment [38].
Manipulating the natural repair process of the nervous system by engineering a specific biochemical
response from the matrix within the conduit or through delivery of growth and neurotrophic factors is
an attractive strategy for enhanced nerve regeneration.

19.4.2.1 Chemical Patterning

Providing an adhesive substrate for cells and neurites to grow on is an important mechanism for guidance.
To control cell adhesion, migration as well as tissue growth and repair, scaffolds for neural tissue engineer-
ing incorporate specific bioactive chemicals. Several studies have been performed using different methods
for generating patterns of adhesive domains on various materials. These studies have largely consisted
of two-dimensional substrates where adhesive areas are patterned adjacent to nonadhesive areas. How-
ever, chemical patterning of three-dimensional substrates has also been demonstrated. The techniques
developed for these in vitro studies are then applied to create precise patterns of adhesive domains in con-
duits [84] to be used in in vivo experimentation. Patterning techniques manipulating surface chemistry
and using photolithographic photomasks have aided in the reproducible creation of desired patterns of
biological molecules on surfaces. Microstamping hexadecanethiol on gold in a self-assembled monolayer
(SAM) has been used to create islands of various shapes that support the adsorption of many proteins
[72]. Similar methods have been used to print poly-l-lysine, laminin, and bovine serum albumin directly
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on surfaces using texturized silicone stamps dipped in protein, dried, and transferred onto chemically
modified substrates [85,86]. Microfabrication techniques have also been used in the photolithographic
patterning of organosilanes to silicon wafers [75,76], quartz, and standard glass [82,87]. Several chemicals
and proteins have been employed to create regions of two-dimensional patterns of adhesive domains:
laminin [88]; nerve growth factor [89]; fibronectin; collagen; albumin; and laminin paired with other
chemicals including laminin–denatured laminin, laminin–albumin, polylysine-conjugated laminin [90],
and laminin–collagen [91]. Results from cell experimentation have suggested that biochemical patterning
might play a stronger role in inducing cellular response (i.e., attachment, spreading, and alignment) than
topography. Therefore, efforts have been made to combine multiple guidance cues by chemically pattern-
ing three-dimensional substrates [48,69,70]. For more information on the topographical and biochemical
patterning of scaffolds see Flemming et al. [92]; Curtis and Wilkinson [93]; Craighead et al. [73]; and
Bhatia and Chen [84].

19.4.2.2 Matrices Within Polymer Conduits

Neural tissue-engineering applications focus on mimicking the nerve and the supporting extracellular
matrix (ECM) in order to repair or regenerate axons following damage or disease. Experimentation
with ECM molecules [94] and the tailoring of matrices within conduits has led to support of axonal
regrowth following injury. Evidence has been presented that the basement membrane protein laminin
provides pathways of adhesiveness in both peripheral and central nervous system tissues [95]. This ECM
protein is capable of initiating and supporting neurite extension on glass and biodegradable polymers
of poly (lactide-co-glycolide) and poly(dl-lactide) [68,87] as well as glial cell outgrowth on polystyrene
[48] (Figure 19.3). Agarose gels derivatized with laminin oligopeptides have enabled three-dimensional
neurite outgrowth in vitro from cells containing receptors to the laminin peptides [96]. Regeneration of
transected peripheral nerves was enhanced using agarose gels having specific laminin peptides inside the
scaffold lumen [97,98]. These gel matrices provide support, create an environment that supports growth
and incorporate materials that alter surface area. Collagen, fibronectin, and fibrin have also been used to
enhance cell-substrate interaction [55–57,99–103]. Gels using magnetic fields have been shown to orient
fibers of collagen within the gels. Compared to randomly oriented fibers, these gels promoted neurite
extension both in vitro and in vivo [56]. Magnetically aligned fibrin gels (MAFGs) having different fibril
diameters but similar alignment (Figure 19.4) resulted in drastic changes in the contact guidance response
of neurites. In gels formed in 1.2 mM Ca2+ and having a smaller fibril diameter, there was no response
from chick dorsal root ganglia. However, a strong response in gels formed in 12 and 30 mM Ca2+ with
a larger fibril diameter enhanced neurite length twofold [103]. Inosine, a purine analog that promotes
axonal extension, was loaded into PLGA conduits for controlled release during sciatic nerve regeneration.
Inosine-loaded PLGA foams were fashioned into cylindrical nerve guidance channels using a novel low-
pressure injection molding technique. After ten weeks, a higher percentage cross-sectional area composed
of neural tissue was found in the inosine-loaded conduits compared with controls [104]. Furthermore,
nerve conduits can be filled with specific bioactive molecules to elicit new axonal growth following injury.
Such molecules including axon guidance and pathfinding molecules (netrins, semaphorins, ephrins, Slits)
[105], cell adhesion molecules (CAMs) that promote neurite growth (NCAM, L1, N -cadherin, tenascin)
[106,107], as well as proteins involved in synaptic differentiation (agrin, laminin beta 2, and ARIA) [108]
have numerous applications for nerve regeneration in vivo.

Synthetic hydrogels have served as artificial matrices for neural tissue reconstruction, for the delivery of
cells and for the promotion of axonal regeneration required for successful neurotransplantation. Cultured
neurons were found to attach to hydrogel substrates prepared from poly (2-hydroxyethylmethacrylate)
(PHEMA) but grow few nerve fibers unless fibronectin, collagen, or nerve growth factor was incorpor-
ated into the hydrogel. This provides a mechanism to provide controlled growth on hydrogel surfaces
[109]. Hydrogels have been created with bioactive characteristics for neural cell adhesion and growth
[110]. Arg–Gly–Asp (RGD) peptides were synthesized and chemically coupled to the bulk of poly
(N -(2-hydroxypropyl) methacrylamide) (PHPMA) based polymer hydrogels. These RGD-grafted poly-
mers implanted into the striata of rat brains promoted and supported the growth and spread of glial tissue
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FIGURE 19.3 Astrocytes cultured on a laminin (LAM)-coated (0.01 mg/ml in EBSS) PS substrate. On the 10/20/3µm
LAM-PATTERN/LAM–NO PATTERN substrate, astrocytes are aligned in the direction of the groove on the patterned
side (grooves at 90◦; right of the arrows) while astrocytes were oriented randomly on the nonpatterned side (left of the
arrows) of the substrate. Astrocytes were stained with CFDA SE in cell suspension prior to seeding. Images were taken
from PS substrate fixed 24 h after seeding. Scale bar = 30 µm. (Reproduced from Recknor, J.B. et al. Biomaterials, 25,
2753–2767, 2004. With permission.)

(a) (b) (c)

FIGURE 19.4 Confocal fluorescence images of aligned fibrin gels for varied Ca2+ concentration. Representative
confocal images are shown along with the calculated fibrin fibril alignment parameter for magnetically aligned fibrin
gels (MAFGs) formed for three different Ca2+ concentrations used in the fibrin-forming solution: (a) 1.2 mM ,
(b) 12 mM , and (c) 30 mM . Fibril diameter and inter-fibril spacing (porosity) is seen to increase with increasing Ca2+
concentration. (Reproduced from Dubey, N., Letourneau, P.C., and Tranquillo, R.T., Biomaterials, 22, 1065–1075,
2001. With permission.)
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onto and into the hydrogels [111]. Cultured Schwann cells, neonatal astrocytes or cells dissociated from
embryonic cerebral hemispheres were also dispersed within PHPMA hydrogel matrices and found to pro-
mote cellular ingrowth in vivo [112]. These polymer hydrogel matrices were found to have neuroinductive
and neuroconductive properties and the potential to repair tissue defects in the central nervous system
by promoting the formation of a tissue matrix and axonal growth by replacing lost tissue [47,113–115].
Furthermore, in the injured adult and developing rat spinal cord, these biocompatible porous hydrogels
(NeuroGels) promoted axonal growth within the hydrogels, and supraspinal axons migrated into the
reconstructed cord segment [116].

19.4.2.3 Neurotrophins

Neurotrophins are proteins in the nervous system that regulate neuronal survival and outgrowth, synaptic
connectivity and neurotransmission. These growth-promoting factors are used to functionalize guidance
conduits and create a desired response from the regenerating neural environment. Manipulation of
polymer conduits for growth factor administration may be a useful treatment for neurodegenerative
diseases, such as Alzheimer’s disease or Parkinson’s disease, which are characterized by the degeneration
of neuronal cell populations. There is also much potential for overcoming severe tissue loss using growth
factors released from nerve conduits in cases where there is a large gap as a result of axotomy. Various
neurotrophic factors, including nerve growth factor (NGF), brain- derived neurotrophic factor (BDNF),
neurotrophin-3 (NT-3), and neurotrophin-4/5 (NT-4/5) as well as other important growth factors and
cytokines, including ciliary neurotrophic factor (CNTF), glial cell line-derived growth factor (GDNF),
and acidic and basic fibroblast growth factor (aFGF, bFGF), have been “trapped” inside polymer conduits
that control their release. For further information on these neurotrophic factors and their effects on neural
regeneration, refer to Blesch et al. [117]; Jones et al. [119]; Terenghi [118]; Stichel and Muller [120].

Nerve growth factor (NGF) was one of the earliest neurotrophic factors identified and is one of the
most thoroughly studied neurotrophins. In early experiments incorporating NGF into silicone chambers,
the effects of NGF on nerve regeneration were positive but limited. This was attributed to the rapid
decline in NGF concentrations in the conduit due to degradation in aqueous media and leakage from
the conduit [121]. The method of delivery of these factors is a challenge and such limitations were
overcome by providing controlled release of NGF. Controlled-release polymer delivery systems may be
an important technology in enabling the prevention of neuronal degeneration, or even the stimulation
of neuronal regeneration, by providing a sustained release of growth factors to promote the long-term
survival of endogenous or transplanted cells [122]. Polymeric implants providing controlled release of
NGF for one month were developed and found to improve neurite extension in cultured PC12 cells [123].
Continuous delivery of NGF has been shown to increase regeneration in both the PNS [124,125] and
the CNS [126,127]. Furthermore, in an effort to readily provide for prolonged, site-specific delivery of
NGF to the tissue, without adverse effects on the conduit, biodegradable polymer microspheres of poly
(l-lactide) co-glycolide containing NGF were fabricated. Biologically active NGF was released from the
microspheres, as assayed by neurite outgrowth in a dorsal root ganglion tissue culture system [128–130].
NGF co-encapsulated in PLGA microspheres along with ovalbumin was found to be bioactive for over
90 days [131]. Sustained release of NGF within nerve guide conduits has also been tested. NGF release from
biodegradable poly(phosphoester) microspheres produced using a double emulsion technique exhibited
a lower burst effect but similar protein entrapment levels and efficiencies when compared with those
made of PLGA [132]. These NGF-loaded poly(phosphoester) microspheres were successfully implanted
to bridge a 10 mm gap in a rat sciatic nerve model. Furthermore, the exogenous NGF had long-term
morphological regeneration effects in the sciatic nerve [133].

Basic fibroblast growth factor (b-FGF) has been shown to enhance the in vitro survival and neurite
extension of various types of neurons including dorsal root ganglia. One of the earliest studies involved
controlled release of b-FGF and alpha-1 glycoprotein (α1-GP) from synthetic nerve guidance channels
fabricated using the dip molding technique. After an initial burst in the first day, linear release was obtained
from the conduits for a period of at least 2 weeks afterward. Only the tubes releasing b-FGF or b-FGF
and alpha 1-GP displayed regenerated cables bridging both nerve stumps, which contained nerve fascicles
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with myelinated and unmyelinated axons [134]. Biodegradable polymer foams modified with a-FGF and
used for controlled release and the provision of a permissive environment for spinal cord regeneration
were formed using freeze-drying techniques [135]. Furthermore, evidence has been shown that a-FGF
and b-FGF promote angiogenesis and may aid in the repair of damaged nerves [136].

Other neurotrophic factors such as GDNF, BDNF, and NT-3 have been released from synthetic guidance
channels. In an effort to study facial nerve regeneration, the effects of the cytokine growth factor, GDNF,
and NT-3 on nerve regeneration were assessed after rat facial nerve axotomy. Nerve cables regenerated
in the presence of GDNF showed a large number of myelinated axons while no regenerated axons were
observed in the absence of growth factors, demonstrating that GDNF, as previously described for the
sciatic nerve, a mixed sensory and motor nerve, is also very efficient in promoting regeneration of the facial
nerve, an essentially pure motor nerve [137]. Exogenous BDNF and NT-3 were delivered simultaneously
into Schwann cell-grafted semipermeable guidance channels by an Alzet minipump to test the ability of
these neurotrophins to promote axonal regeneration. This novel experiment elegantly demonstrated that
BDNF and NT-3 infusion enhanced propriospinal axonal regeneration and enhanced axonal regeneration
of specific distant populations of brain stem neurons into grafts in the adult rat spinal cord [138].

A pharmacotectonics concept, in which drug-delivery systems were arranged spatially in tissues to
shape concentration fields for potent agents, has been presented. NGF-releasing implants placed within
1 to 2 mm of the treatment site enhanced the biological function of cellular targets, whereas identical
implants placed approximately 3 mm from the target site of treatment produced no beneficial effect [139].
Due to certain limitations with controlled-delivery systems, alternatives such as the encapsulation of cells
that secrete these factors are discussed in the next section.

19.4.3 Cellular Modifications

Due to certain limitations with the control of growth factor delivery systems, cells have been manipulated
for the direct delivery of certain neurotrophic factors using a variety of therapeutic strategies. Genetic
engineering has been used to modify cells for neurotrophic factor delivery [140]. (For a review of gene
therapy, refer to Tresco et al. [141] and Tinsley and Eriksson [142]) Cells that produce specific neuro-
trophic and growth factors have been encapsulated using polymeric biomaterials. Other experiments have
involved the direct seeding of cells known to secrete neurotrophic factors, such as Schwann cells, olfactory
ensheathing cells (OECs) and neural stem cells (NSCs), into nerve conduits.

19.4.3.1 Cell Encapsulation

Implanting polymer-encapsulated cells for secreting growth and neurotrophic factors has been used
for treatment for neurodegenerative disorders and to promote nerve regeneration. As an experimental
therapy for Parkinsonian patients, enhanced benefit from neural transplantation can be provided through
the combination of grafting with trophic factor treatment. This strategy ultimately results in improved
survival and growth of grafted embryonic dopaminergic neurons. It has been demonstrated that the
implantation of polymer-encapsulated cells genetically engineered to continuously secrete glial cell line-
derived neurotrophic factor to the adult rat striatum improves dopaminergic graft survival and function.
This shows that polymer encapsulation of cells can be used as an effective vehicle for long-term trophic
factor supply [143]. A number of proteins have specific neuroprotective activities in vitro; however, the
local delivery of these factors into the central nervous system over the long term at therapeutic levels has
been difficult to achieve. Direct administration at the target site is a logical alternative, particularly in the
central nervous system, but the limits of direct administration have not been defined clearly. For instance
NGF must be delivered within several millimeters of the target to be effective in treating Alzheimer’s
disease [139]. Cells engineered to express the neuroprotective proteins, encapsulated in immunoisolation
polymeric devices and implanted at the site of lesions have the potential to alter the progression of
neurodegenerative disorders. The polymers used for encapsulation should allow transport of nutrients
and oxygen to the cells, but also afford immunoprotection. Long-term cell viability in vivo in these
constructs due to diffusional limitations has been the major drawback of this approach.
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Ciliary neurotrophic factor (CNTF) decreases naturally occurring and axotomy-induced cell death and
has been evaluated as a treatment for neurodegenerative disorders such as amyotrophic lateral sclerosis
(ALS) and Huntington’s disease [144]. Effective administration of this protein to motoneurons has been
hampered by the exceedingly short half-life of CNTF, and the inability to deliver effective concentration
into the central nervous system after systemic administration in vivo. BHK cells stably transfected with a
plasmid construct containing the gene for human or mouse CNTF were encapsulated in polymer fibers
and found to continuously release CNTF and slow down motoneuron degeneration following axotomy
[145]. Implantation of polymer-encapsulated cells genetically engineered to continuously secrete GDNF
to the adult rat striatum was found to improve dopaminergic graft survival and function [143]. Therefore
cell encapsulation is a potentially important method in nerve regeneration, and can be used alone or
in conjunction with other methods such as entubulization. For a review on the microencapsulation of
neuroactive compounds and living cells producing these substances, see Maysinger and Morinville [146].

19.4.3.2 Cell Implantation

19.4.3.2.1 Schwann Cells
Schwann cells play an important role in supporting axonal regeneration after damage or disease. These
cells clean debris from the injury site and secrete regulatory proteins that aid in neuronal survival and
axonal growth. In the PNS and CNS, Schwann cells organize the regenerating environment through the
myelination of axons, production of ECM, CAMs, and neurotrophins as well as aiding in the guidance of
regenerating axons. The use of PNS grafts in the CNS by David and Aguayo [14] in the early 1980s distin-
guished Schwann cells as essential for CNS repair [14]. Conduits incorporating these cells have enhanced
PNS regeneration [147]. CNS regeneration has also been induced after implantation of the semipermeable
polyacrylonitrile/polyvinylchloride (PAN/PVC) and Matrigel conduits seeded with Schwann cells into the
transected rat spinal cord [26,148]. Poly (α-hydroxy acids) with seeded Schwann cells or Schwann cell
grafts were also found to be effective candidates for spinal cord regeneration [22,149]. However, limited
regeneration has been demonstrated between the implant and the distal end of the host spinal cord [150]
and myelination beyond the injury site has not been observed [151]. Recent research has shown that
rolled Schwann cell monolayer grafts implanted into the transected rat sciatic nerve increased functional
regeneration compared to acellular controls [152]. Research applicable to human applications has demon-
strated that implantation of human Schwann cells in the nude (T cell deficient) rat spinal cord allowed
axonal growth across the graft and re-entry into the spinal cord. For reviews of these and other Schwann
cell therapies, see Jones et al. [119] and Bunge [150].

19.4.3.2.2 Olfactory Ensheathing Cells
Olfactory bulb ensheathing cells (OECs) are the primary glial cells found in both the PNS and CNS
of the olfactory system. This system differs from other CNS tissues in that axons continue to grow
throughout adulthood. These cells share characteristics with astrocytes of the CNS and Schwann cells
from the PNS. Like astrocytes, these cells express glial fibrillary acidic protein (GFAP), yet they ensheath
and myelinate axons and support axonal regrowth, which are features of Schwann cells. Most work in
this area has involved OEC transplantations performed to promote remyelination of demyelinated rat
spinal cord axons [153,154] and foster regeneration of damaged axons in the mature CNS [27,155–157].
Incorporating OECs into conduits has promoted axonal regeneration in both the PNS [158] and CNS [156]
using Schwann cell-filled guidance channels. The results from these transplantations have demonstrated a
distinct advantage of these cells over Schwann cells in creating a regenerative environment within the CNS.

19.4.3.2.3 Neural Stem Cells
Neural stem cells (NSCs) that have the potential to produce new neurons and glia are present in the mam-
malian CNS. These cells can remain in certain regions of the adult CNS after development even though
neurogenesis no longer occurs in most areas after birth. Neural stem cells are described as generating neural
tissue or being derived from the neural system, having capacity for self-renewal, and they are multipotent
or possess the ability to adopt a variety of cellular fates. Neural progenitors with more limited capacities
in terms of growth and differentiation have been known to proliferate throughout life in a variety of
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FIGURE 19.5 (a) Schematic of the scaffold design showing the inner and outer scaffolds. (b) and (c) Inner scaffolds
seeded with NSCs. (Scale bars: 200 and 50 µm, respectively.) The outer section of the scaffold was created by means
of a solid–liquid phase separation technique that produced long, axially oriented pores for axonal guidance as well as
radial pores to allow fluid transport and inhibit the ingrowth of scar tissue. (d) Scale bar, 100 µm. (e) Schematic of
surgical insertion of the implant into the spinal cord. (Reproduced from Teng, Y.D. et al., Proc. Natl Acad. Sci. USA,
99, 3024–3029, 2002. With permission.)

mammalian species, including humans [159,160]. NSCs were seeded into a dual scaffold structure made
of biodegradable polymers to address the issues of spinal cord injury. Unique biodegradable polymer scaf-
folds were fabricated where the general design of the scaffold was derived from the structure of the spinal
cord with an outer section that mimics the white matter with long axial pores to provide axonal guidance
and an inner section seeded with neural stem cells for cell replacement and mimic the general character of
the gray matter (Figure 19.5) [161]. The seeded scaffold improved functional recovery as compared with
the lesion control or cells alone following spinal cord injury. Implantation of the scaffold-neural stem
cells unit into an adult rat hemisection model of spinal cord injury promoted long-term improvement in
function that was persistent up to one year in some animals, relative to a lesion-control group [18].

Human embryonic stem (hES) cells hold promise as an unlimited source of cells for transplantation
therapies [162]. However, control of their proliferation and differentiation into complex, viable 3D tissues
is challenging. Combining physical support with chemical cues created a supportive environment for the
control of differentiation and organization of hES cells. Langer et al. developed biodegradable poly(lactic-
co-glycolic acid)/poly(l-lactic acid) polymer scaffolds to promote hES cell growth and differentiation and
formation of 3D structures. Complex structures with features of various committed embryonic tissues
were generated in vitro using early differentiating hES cells and using the supportive three-dimensional
environment to further induce differentiation. Growth factors such as retinoic acid, transforming growth
factor β activin-A, or insulin-like growth factor directed hES cell differentiation and organization within
the scaffold resulting in the formation of structures with characteristics of developing neural tissues,
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cartilage, or liver as well as the formation of a 3D vessel-like network. These constructs were transplanted
into severe combined immunodeficient mice and continued to express specific human proteins in defined
differentiated structures. This recent study presents a novel mechanism for creating viable human tissue
structures for therapeutic applications [20]. For a review on stem cells in tissue engineering, refer to
Bianco and Robey [163].

19.5 Conclusions

Engineering regeneration in the nervous system presents many challenges. Many strategies that may
enhance regeneration in the PNS cannot be applied directly to the CNS due to the complexity of the envir-
onment. Novel tissue-engineering strategies and mechanisms, including the use of three dimensional
polymer constructs with or without biological components (i.e., cells) and products fabricated for the
induction of specific responses (i.e., regeneration), and the manipulation of biological cells in vitro (i.e.,
stem cells or cells for neuronal support), hold much promise for the enhancement of functional repair
and replacement of tissue function. The successful use of polymeric nerve conduits in facilitating peri-
pheral nerve regeneration has been demonstrated and polymers have shown great promise in addressing
spinal cord injuries as well. This regeneration process, with various polymers, both degradable as well as
nondegradable, has been enhanced further by promoting directed growth and by the addition of chemical
cues such as ECM molecules, nerve growth factors and neurotrophins and other agents incorporated in
the conduits to be released in a controlled fashion. Polymers have also played an important role in encap-
sulating cells and in the transplantation of neuronal support cells that release factors to promote nerve
regeneration. Multidiscliplinary tissue-engineering approaches involving such biomaterials to mimic the
native neural environment of the body have resulted in significant progress in gaining some understanding
of the systems and signals involved in nerve regeneration. Incorporating multiple guidance cues and exper-
imental strategies will allow further opportunities to elucidate the mechanisms behind nerve regeneration
and specific considerations for the efficient repair of the nervous system.
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20-2 Tissue Engineering

20.1 Introduction

Recent discoveries in cell biology have significantly advanced our knowledge of disease mechanisms.
Newly developed techniques, coupled with advances in cell biology and polymer chemistry, are enabling
the evolvement of novel tissue engineering approaches for the treatment of various disorders. Surgeons,
who have traditionally used the tools of excision and reconstruction to treat patients, may now act as
surgical gardeners who create microenvironments conducive to tissue regeneration. Our research team
has isolated a novel population of muscle-derived stem cells (MDSCs) that display enhanced regener-
ative capability due to their multipotency, self-renewal ability, and immune-privileged behavior. This
paper presents evidence supporting the existence of MDSCs and reviews some current MDSC-based gene
therapy and tissue engineering applications designed to improve the healing of various musculoskeletal
tissues, including skeletal muscle, bone, and intra-articular tissues. This review updates readers on the
foundational principles and current advances in muscle-based gene therapy and tissue engineering for the
musculoskeletal system.

20.1.1 Tissue Engineering

“Tissue engineering” refers to the science of creating living tissue to replace, repair, or augment diseased
tissue. The engineered tissue may be created in vitro and subsequently implanted into the patient or
the tissue may be created entirely in vivo. Regardless of the technique, tissue engineering requires at
least three components: a growth-inducing stimulus (induction), a scaffold to support tissue formation
(conduction), and responsive cells (production). The mechanical stimulation that occurs after the appro-
priate tissue engineering constructs have been introduced also strongly influences the remodeling of the
newly regenerated tissue.

20.1.2 Growth Factors and Gene Therapy

“Growth factors” are soluble proteins that promote cell division, maturation, and differentiation. Recom-
binant DNA techniques have increased our understanding of the function of these proteins, which
influence various tissue regeneration and repair processes. These techniques also have enabled the pro-
duction of large quantities of growth factors for use in experimental investigations. Currently, a great
deal of research is focused on the identification of optimal growth factors for particular applications.
After identifying the ideal growth factor, scientists must determine the optimal method for delivering
the growth factor within the surgical microenvironment. Direct application of a particular recombinant
protein is the most straightforward means of delivering growth factors in situ. Research conducted during
the 36 years since the discovery of bone morphogenetic proteins (BMPs) has demonstrated that one of the
most important factors for in vivo healing is the presence of high, sustained doses of growth factors. Most
growth factor proteins have half-lives of minutes and are cleared rapidly by the bloodstream. Even when
the protein is bound to a collagen scaffold, its half-life is limited to several days. Although microgram
doses are sufficient for in vitro manipulation of cells, milligram doses typically are required for in vivo
regional regeneration. Researchers thus have turned to regional gene therapy for the sustained delivery of
a growth factor to a local site in vivo.

One common gene therapy approach involves the transfer of a gene encoding a desired protein into
cells via viral or nonviral vectors. The transduced cells subsequently secrete the desired protein into the
microenvironment. Gene therapy generally assumes one of two forms: in vivo or ex vivo (indirect). The
in vivo approach, which involves the direct injection or implantation of a gene-carrying vector into a
recipient or patient, is attractive due to its technical simplicity. However, when using in vivo gene-therapy
techniques it is impossible to perform in vitro safety testing on the transduced cells. In the ex vivo approach,
cells are isolated from a tissue biopsy, expanded, and then transfected or transduced in vitro. Before being
introduced into the recipient or patient, the genetically altered cells can be tested in vitro to assess the
efficiency of gene transfer or to identify any abnormal behavior.
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Clinical application of a particular gene therapy or tissue engineering technique requires identification
of the protein required for proper tissue function, the gene that expresses this protein, and a reproducible
method by which to deliver the protein to the diseased or injured tissue in sufficient quantities with
adequate persistence. During the last few years, muscle cells have emerged as promising vehicles for gene
therapy and tissue engineering in the musculoskeletal system. Several attributes make muscle an ideal tissue
for tissue engineering such as, (1) Obtaining a muscle biopsy or tissue harvest involves a simple surgical
procedure that can be repeated without compromising patients’ health; (2) Muscle-derived cells tolerate
ex vivo manipulation well and it is possible to obtain a large number of muscle-derived cells rather
quickly (within 1 to 2 weeks) via expansion [1,2]; (3) After reinjection in vivo, these cells naturally fuse
to form permanent postmitotic myotubes that allow for long-term expression of the desired protein;
(4) Muscle cells can be transduced easily by a variety of viral vectors [3–6]; and (5) Muscle tissue contains
a population of muscle stem cells that display an enhanced regenerative capacity when used in tissue
engineering applications [1,2,7,8].

Because of the aforementioned characteristics, muscle cells have been used extensively as vehicles
in gene therapy protocols for various muscle-related diseases, including Duchenne muscular dystrophy
(DMD) [9–12]. Researchers also have used these cells as vehicles in many nonmuscle-related gene-therapy
applications, such as the transfer and expression of factor IX for hemophilia B [13]; systemic delivery of
human growth hormone for growth retardation [14]; gene delivery of human adenosine deaminase
for the adenosine deaminase deficiency syndrome [15]; gene transfer of human proinsulin for diabetes
mellitus [16]; expression of tyrosine hydroxylase for Parkinson’s disease [17]; expression of FasL to
prevent immunorejection of pancreatic islet cell transplants [18]; and injection of muscle cells into the
joint (i.e., the meniscus, synovium, and ligament) for the treatment for arthritis and improvement of
intra-articular tissue healing (see the sections that follow in this chapter) [19–21].

20.1.3 Isolation of Muscle-Derived Stem Cells

Muscle is composed of a heterogeneous population of cell types. Skeletal muscle contains satellite cells,
which are resting, mononucleated, myogenic precursor cells capable of fusing to form postmitotic, mul-
tinucleated myotubes and myofibers. Skeletal muscle also contains stem cells. These unique cells are
identifiable based on their capacity for protracted renewal; production of daughter cells, which may pro-
ceed toward lineage commitment and terminal differentiation; multipotency; and the ability to exhibit
such behaviors throughout life [7]. Accordingly, muscle-derived stem cells produce populations of daugh-
ter cells that can undergo terminal differentiation into muscle cells, some of which subsequently can
differentiate into myofibers while others remain undifferentiated [22]. These stem cells do not express
markers of mature muscle tissue, but are capable of prolonged production of progeny and are multipotent
[7,8,23–25]. Of the various cells that constitute any given postmitotic muscle sample, approximately 1%
are committed satellite cells; the percentage of muscle-derived stem cells is substantially lower — roughly
1% of the number of satellite cells [7,8].

Researchers have used a variety of techniques to isolate stem cells from skeletal muscle digest. These
cells can differentiate into myogenic, hematopoietic, osteogenic, adipogenic, chondrogenic, neural, and
endothelial lineages [7,26–33]. Importantly, these stem cells also appear to display distinct marker pro-
files that distinguish them from satellite cells. Expression profiles for satellite cells vary depending on the
activated state and the degree of differentiation. In our laboratory, we have used the preplate tech-
nique to isolate a novel population of highly purified MDSCs [7,8]. These cells express both early
myogenic markers (e.g., desmin, c-met, MNF, and Bcl-2) and stem cell markers (e.g., Sca-1, Flk-1,
and CD34) [7,8]. Because these cells can differentiate into various lineages (mesodermal, endodermal,
and ectodermal) in vitro and in vivo and display an enhanced ability to regenerate various tissues, they
constitute ideal cellular vehicles for gene therapy and tissue engineering applications. During the last
few years, we have investigated the use of this technology to improve the healing of different com-
ponents of the musculoskeletal system, including skeletal muscle, bone, and various intra-articular
structures.
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20.2 Skeletal Muscle

20.2.1 Muscle Disease: Duchenne Muscular Dystrophy

Patients with DMD lack the dystrophin protein in the sarcolemma of the muscle fiber; its absence dis-
rupts the integration of the cytoskeleton with the extracellular matrix, a process normally controlled
by the dystrophin associated proteins (DAPs), and consequently renders muscle fibers more susceptible
to damage after contraction. Intensive efforts have been made to develop an effective cell therapy for
DMD [9–12]. Although myoblast transplantation can transiently deliver dystrophin and improve the
strength of injected dystrophic muscle, this approach is hindered by immune rejection, poor cellular
survival rates, and limited dissemination of the injected cells. Animal and human clinical trial results have
demonstrated that myoblast transplantation, although feasible, is rather inefficient [10–12]. In animal
experiments, immunodeficient animals and immunosuppressive regimens, preirradiation of the injected
muscle, or myonecrotic agents have been used extensively to improve the efficiency of this technique
[34–43]. Although these approaches have ameliorated the restoration of dystrophin in mdx mice, success
remains quite limited. More importantly, these attempts to improve myoblast transplantation in mdx
mice are not applicable to human DMD patients and are therefore clinically irrelevant.

Our research team has used a modified preplate technique to isolate a novel population of MDSCs that
display an improved transplantation capacity when injected into skeletal muscle [8]. These cells can be
expanded in vitro for more than 30 passages while preserving their phenotype (Sca-1[+], CD34[low/−],
c-kit[−], CD45[−]) and their ability to differentiate into various lineages both in vitro and in vivo. The
transplantation of these MDSCs, in contrast to transplantation of other myogenic cells such as satellite
cells, improved the efficiency of muscle regeneration and dystrophin delivery to dystrophic muscle in mice.
The number of dystrophin-positive myofibers observed 90 days after injection of these MDSCs was not
significantly different than the high number observed 10 days after transplantation, despite the fact that
the mdx mice used as recipients in this experiment were not immunosuppressed and the injected muscles
were not preirradiated or injured with a myonecrotic agent. Examination at 30 and 90 days after cell
transplantation revealed that the injection of these MDSCs resulted in ten times more dystrophin-positive
myofibers in the injected muscle than did the transplantation of satellite cells, although the same number
of cells was injected in both groups. The ability of these MDSCs to proliferate in vivo for an extended
period of time — combined with their strong capacity for self-renewal, their multipotency, and their
immune-privileged behavior — reveals, at least in part, a basis for the benefits associated with their use
in cell transplantation [8].

Although the above results show that allogeneic transplantation of normal MDSCs can restore dys-
trophin within dystrophic animals, autologous transplantation of MDSCs genetically engineered to
express dystrophin may be more suitable for DMD patients. Our research group currently is investig-
ating such autologous transplantation of genetically engineered MDSCs to determine the feasibility of this
technology.

20.2.2 Sports-Related Muscle Injuries

Muscle injuries, particularly pulls and strains, pose a challenging problem in traumatology and are among
the most common and most frequently disabling injuries to afflict athletes [44,45]. Although injured
muscles can heal, such healing occurs very slowly and often results in incomplete functional recovery
[44,45]. The regeneration initiated in injured muscle shortly after injury is inefficient and hindered by
fibrosis, that is, scar tissue formation [44,45]. The scar tissue that often replaces the damaged myofibers is
a potential contributing factor in the tendency of strains to recur.

We have identified various growth factors with the ability to enhance muscle regeneration by increasing
myoblast proliferation and differentiation. The delivery of these growth factors via genetically engineered
muscle cells improves the regeneration of injured muscle, but fibrosis still impedes full recovery [46–48].
The overexpression of transforming growth factor (TGF)-β1 in various injured tissues has been identified
as the major cause of fibrosis in animals and humans [49]. We have observed that TGF-β1 plays a central
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role in skeletal muscle fibrosis [50] and, more importantly, that the use of antifibrotic agents that inactivate
this molecule (e.g., decorin, suramin, γIFN, and relaxin) can reduce muscle fibrosis and consequently
improve muscle healing to near-complete recovery levels [51–53].

The overall goal of our research on sports-related muscle injuries is the development of biological
approaches to improve muscle healing after common muscle injuries. Because the development of muscle
fibrosis has greatly hindered our attempts to improve muscle healing by enhancing muscle regeneration,
the prevention of such fibrosis has become the major emphasis of our ongoing research. Although numer-
ous studies have demonstrated the involvement of TGF-β1 in fibrosis in various tissues, very few have
examined the significance of fibrosis or the role played by TGF-β1 in the scarring process in injured skeletal
muscle. As described above, our recent data show that TGF-β1 plays a central role in skeletal muscle fibrosis
and that the use of antifibrotic agents (e.g., decorin, suramin, γIFN, and relaxin) to inactivate this molecule
can reduce muscle fibrosis and consequently improve muscle healing to near-complete recovery levels. We
believe that the ultimate approach to improving muscle healing after sports-related muscle injuries may
involve the transplantation of muscle cells genetically engineered to express antifibrotic agents in order to
block scar tissue formation while promoting muscle regeneration.

20.3 Bone Healing

20.3.1 The Problem of Bone Healing

Fracture healing constitutes a fundamental problem in orthopaedic surgery. Although the majority of
fractures heal well, difficulty in the form of delayed healing or nonunions can be devastating. Fractures
in anatomically compromised locations (e.g., the talar neck or scaphoid), with inadequate fixation or
infection, resulting from high-energy-type injuries with soft tissue stripping or segmental bone loss,
or occurring in poor bone stock (osteoporosis) often result in delayed healing. According to a recent
review, 5 to 10% of the 5.6 million fractures that occur annually in the United States exhibit delayed
or impaired healing [54]. Treatment options for the orthopaedic surgeon confronted with these com-
plex fractures, particularly fractures involving segmental bone loss, include bone autograft, vascularized
bone grafting, allograft supplemented with osteogenic proteins, bone transport, or amputation [55,56].
Unfortunately, patients generally must endure a lengthy recovery period, numerous procedures, potential
donor site morbidity, and, often, a less-than-satisfactory end result [57]. Similar difficulties are associated
with closure of the residual bony defects in craniofacial reconstruction and oncology or trauma surgery.
Consequently, research directed toward improving fracture treatment and the development of optimal
bone substitutes continues to garner intense interest.

20.3.2 The Use of Muscle-Derived Cells to Improve Bone Healing

We have demonstrated that a population of MDSCs isolated from mouse skeletal muscle produced alkaline
phosphatase in a dose-dependent manner after stimulation with recombinant human BMP-2 and BMP-4
[1,2,7,58,59]. After being genetically engineered to express the osteogenic proteins BMP-2 and BMP-4
and injected into skeletal muscle, these mouse muscle-derived cells induced and participated in ectopic
bone formation [1,2,7,58,59]. These MDSCs were also able to differentiate toward the osteogenic lin-
eage and consequently improve bone healing in calvarial defects in both immunodeficient mice and
immunocompetent mice [1,2,7,58,59].

Although angiogenesis is integral to normal bone development, it remains largely unknown whether
bone regeneration can be further improved by the use of angiogenic factors, either alone or in combination
with BMPs — the most promising growth factors for inducing bone formation. To address this question, we
transduced MDSCs to express human BMP-4, vascular endothelial growth factor (VEGF), or both growth
factors. VEGF significantly improved the efficacy of BMP-4-elicited bone formation and regeneration by
enhancing angiogenesis, but VEGF alone did not improve bone regeneration. We have also character-
ized the mechanism by which VEGF accelerates the bone formation mediated by genetically engineered
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MDSCs expressing BMP-4. In addition to improved vasculature, we observed increased mesenchymal cell
infiltration and cartilage formation, decreased cell apoptosis at the injured site, earlier cartilage resorp-
tion, and a subsequent increase in mineralized bone formation within the regenerated bone that had been
treated with the combination of BMP-4 and VEGF compared to that treated with BMP-4 alone [58]. Thus
VEGF appears to enhance BMP-4-induced endochondral bone formation by influencing steps before and
after cartilage formation. Intriguingly, we have also demonstrated that the beneficial effect of VEGF on the
bone healing elicited by BMP-4 requires proper dosing, with high doses of VEGF leading to detrimental
effects on bone healing [58]. These findings open a new avenue by which to improve bone repair based
on the synergistic effects of osteogenic and angiogenic factors delivered via MDSCs.

20.3.3 Can We Isolate Human Muscle-Derived Stem Cells That Display
Similar Osteogenic Behavior?

To translate this research to the clinical setting, our research group is pursuing the isolation of a similar
population of MDSCs from human skeletal muscle. We have recently evaluated whether muscle-derived
cells isolated from the skeletal muscle of humans (∼50 years of age) via the preplate technique can be
used in gene therapy and tissue engineering applications to support bone regeneration and repair. We
have explored the use of primary human muscle-derived cells (isolated via the preplate technique) for
ex vivo gene therapy to deliver BMP-2 and produce bone in vivo. Our findings indicate that certain
cells isolated from a primary cell culture taken from human skeletal muscle responded to BMP-2 by
differentiating into osteogenic cells, which suggests that these cells possessed osteocompetence [60]. Using
ex vivo gene transfer, we were able to transduce these cells to secrete BMP-2 at levels sufficient to induce
radiographically detectable ectopic bone formation within skeletal muscle [60]. Histological assessment
of the injected, transduced, human muscle-derived cells suggests that the cells may have responded to the
secreted BMP-2 in an autocrine fashion by becoming osteoblasts, thereby contributing to the induction
of bone formation [60].

We also have used adenoviral and retroviral constructs to genetically engineer these freshly isolated
human skeletal muscle cells to express human BMP-2. We implanted these cells into nonhealing bone
defects (skull defects) in severe combined immunodeficient (SCID) mice and monitored the closure of
the defect grossly and histologically. Mice implanted with BMP-2–producing human muscle-derived cells
displayed full closure of the defect by 4 to 8 weeks after transplantation [61]. Remodeling of the newly
formed bone was histologically evident during the 4 to 8 week period [61]. Analysis by fluorescent in situ
hybridization (FISH) revealed a small fraction of the injected human muscle-derived cells within the
newly formed bone in the location where osteocytes normally reside [61]. These results indicate that
genetically engineered human muscle-derived cells enhance bone healing primarily by delivering BMP-2,
although a small fraction of the cells seems to differentiate into osteogenic cells. We are investigating
whether this small fraction of human muscle cells is the human counterpart of the mouse MDSCs that
display osteogenic behavior.

20.3.4 Can We Regulate the Expression of Osteogenic Proteins and the
Resultant Bone Formation?

Regulated therapeutic gene expression has become increasingly important to the success of various gene
therapy applications — particularly stem cell-based ones — due to the potential long-term persistence
of genetically engineered cells within the body. To develop a system by which to regulate the expres-
sion of osteogenic proteins, we first investigated the use of antagonist proteins to limit bone formation.
Heterotopic ossification (HO) of muscles, tendons, and ligaments is a common problem encountered
by orthopaedic surgeons. We evaluated the ability of noggin, a BMP antagonist, to inhibit HO in vari-
ous mouse models. First, we developed a retroviral vector carrying the gene encoding human noggin
and used this vector to transduce MDSCs. MDSCs transduced with BMP-4 were implanted into both
hind limbs of mice along with 100,000, 500,000, or 1,000,000 noggin-expressing MDSCs (treated limb)
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or with an equivalent number of nontransduced MDSCs (control limb). The mice were sacrificed and
radiographed 4 weeks after implantation to look for evidence of HO. In a second set of experiments,
80 mg of human demineralized bone matrix (DBM) was implanted into the hind limbs of SCID mice
along with 100,000, 500,000 or 1,000,000 noggin-expressing MDSCs (treated limb) or nontransduced
MDSCs (control limb). The mice were sacrificed and radiographed 8 weeks after cell implantation. In a
final set of experiments, immunocompetent mice underwent bilateral Achilles tenotomy along with the
implantation of 1,000,000 noggin-expressing MDSCs (treated limb) or nontransduced MDSCs (control
limb). The mice were sacrificed and radiographed 10 weeks after surgery.

Our in vitro results showed that the MDSCs expressed noggin at a high level (280 ng/million cells/24 h)
[62]. Four weeks after implantation, we found that the BMP-4-expressing MDSCs combined with the three
varying doses of noggin-expressing MDSCs had formed 53, 74, and 99% less HO in a dose-dependent
manner (p < .05) [62]. Similarly, DBM formed 91, 99, and 99% less HO when combined with the three
varying doses of noggin-expressing MDSCs (p < .05) [62]. Additionally, all 11 animals that underwent
Achilles tenotomy developed HO at the site of injury in the control limbs, whereas the limbs treated
with the noggin-expressing MDSCs exhibited 84% less HO formation; 8 of the 11 animals exhibited no
radiographic evidence of HO formation (p < .05) [62]. These findings suggest that the delivery of noggin
mediated by MDSCs can inhibit HO in three different animal models. Gene therapy to deliver noggin
may consequently serve as a powerful method to inhibit HO and perhaps regulate the amount of bone
formation mediated by osteogenic proteins delivered by MDSCs [62].

We have also developed a retroviral vector that appears to be suitable for regulated gene therapy to
improve bone healing. To date, one of the most intensively studied inducible gene expression systems
comprises the tetracycline (tet)-controlled gene and its corresponding synthetic promoter [63]; research-
ers have used this system for either tet-on (gene expression activated by the presence of tet) or tet-off
(gene expression activated in the absence of tet) applications. Scientists have developed retroviral vectors
containing tet-on- or tet-off-controlled therapeutic genes with varying degrees of success [64]. We tried
to optimize the most promising design to date — the self-inactivating (SI) tet-on retroviral vector — to
develop a retroviral vector suitable for regulated gene therapy to improve bone healing. After extensive
investigation, we identified and optimized a retroviral vector that confers a high level of inducible trans-
gene expression (i.e., BMP-4 expression) to transduced, muscle-derived stem cells (MDSCs) [65]. This
novel retroviral vector also enables us to regulate the amount of bone formation elicited by the transduced
cells after transplantation [65]. We believe that the findings generated by this study could be translated to
a wide variety of other gene-therapy applications that require stringent regulation of a transgene’s thera-
peutic effect, such as the codelivery of inducible VEGF and its specific antagonist to achieve regulated
angiogenesis.

20.3.5 Is the Bone Regenerated by BMP-Producing Muscle-Derived Cells
Biomechanically Relevant?

We have evaluated the ability of muscle-derived cells transduced with retroBMP4 to heal a long bone defect
both structurally and functionally. Primary muscle-derived rat cells were genetically engineered to express
BMP-4 and implanted into 7-mm rat femoral defects; muscle-derived cells transduced with retroLacZ were
used as the control. Bone healing was monitored via radiography, histology, and biomechanical testing.
Our results indicate that 78.6% of the defects treated with muscle-derived cells expressing BMP-4 formed
bridging callous by 6 weeks after surgery, and 12 of the 13 femora exhibited radiographically evident union
12 weeks after implantation. Histological analysis at the 12-week time point revealed that the medullary
canal of the femur was restored and the cortex was remodeled between the proximal and distal ends of
each BMP-4-treated defect. In contrast, nonunions were observed at all tested time points in the defects
treated with muscle-derived cells expressing β-galactosidase (a marker gene). The maximum torque-to-
failure in the treatment group (BMP-4–producing cells) indicated up to 73% strength of the contralateral
intact femur, while the torsional stiffness and energy-to-failure were not significantly different between
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the treated and the intact limbs. This study demonstrates that retroBMP4-transduced muscle-derived cells
can elicit both structural and functional healing of critical sized segmental defects in rat femora [66].

20.4 Articular Disorders

Various articular disorders, including arthritis, chondral and osteochondral defects, meniscal tears, and
damaged ligaments, are potential candidates for novel treatment using gene therapy and tissue engineering
applications.

20.4.1 Articular Cartilage

Articular cartilage defects and progressive osteoarthritis are among the most frequent and challenging
conditions encountered in orthopaedics. In contrast to bone, articular cartilage heals poorly. Current
repair techniques include cartilage debridement and resurfacing [67,68], subchondral drilling [69], arth-
roscopic abrasion, and microfracture. Common to these techniques is the disruption of subchondral
bone to allow osteochondral progenitors from the marrow to gain access to and participate in repair of the
cartilage defect. The repaired cartilage, however, is structurally inferior to native cartilage and contains
significantly less proteoglycan [70]. Newer strategies for cartilage repair seek to provide an alternate source
of cells to stimulate healing. Strategies have included the use of autologous chondrocyte transplantation
[71] and transplantation of cartilage plugs [72]. Although adult or embryonic chondrocytes may be used
for transplantation, the limiting factor is chondrocyte supply. Other researchers have tried to overcome
this limitation by generating chondrocytes from mesenchymal stem cells [73]. These cells then are induced
to become osteochondral progenitor cells in culture before reimplantation.

Partly because muscle-derived cells are easily accessible, we have explored their capacity for repair-
ing articular defects. The ability of muscle-derived cells to promote cartilage formation/restoration and
bone formation through an endochondral pathway (see earlier sections) further justifies the evaluation
of their potential use for articular cartilage repair. For these reasons, we have investigated the utilization
of transplanted allogeneic muscle-derived cells embedded in collagen gels for the repair of full thickness
articular cartilage defects [74]. The results were compared to chondrocyte transplantation and control
(nontreated) groups. Although grafted cells were found in the defects only up to 4 weeks after transplanta-
tion, histological assessment at 12 and 24 weeks after transplantation revealed that the tissue repaired with
muscle-derived cells or chondrocytes displayed comparably higher levels of healing than observed in the
control groups [74]. Notably, at 24 weeks the repaired tissues in the muscle-derived cell and chondrocyte
groups were composed primarily of type II collagen, indicating the presence of hyaline articular cartilage
[74]. These results demonstrated that allogeneic muscle-derived cells could be used as both gene-delivery
vehicles and a cell source to promote full-thickness cartilage repair. The implantation of muscle-derived
cells appeared to improve the healing of the defects with an efficiency equivalent to that of chondrocyte
cartilage transplantation. Muscle-derived cell transplantation is a particularly attractive option given the
fact that the muscle biopsy required to obtain muscle cells is less invasive than the arthroscopy required
to obtain chondrocytes [74].

20.4.2 Meniscus

Allograft meniscal transplantation is one of the few available treatment options after menisectomy. Despite
acceptable early results, considerable controversy exists due to the subsequent poor graft regeneration,
shrinkage, and biomechanical failure of transplanted menisci. Meniscal injuries are promising candidates
for treatment via gene therapy and tissue engineering applications. The possible in vitro creation of a cus-
tom, replacement meniscus by using scaffolds, cells, and gene therapy for subsequent in vivo implantation
is intriguing. Alternatively, gene therapy could be used to genetically engineer meniscal cells in order to
promote the healing of certain injuries. Meniscal cells are amenable to gene transfer of both marker genes
and various growth factor genes via either direct or ex vivo gene therapy, with gene expression persisting
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for up to 6 weeks [75]. Successful ex vivo gene transfer to the meniscus has been accomplished using either
muscle-derived cells [20] or meniscal cells [75]. Identification of the growth factors that best promote
meniscal healing, techniques to improve long-term gene expression, and the optimal scaffold required to
create de novo menisci is the focus of ongoing research.

We have recently investigated the feasibility of using gene transfer in meniscal allografts in rabbits to
eventually deliver specific growth factor genes that may improve the regeneration of meniscal allograft
[76]. Four different viral vectors encoding marker genes, including LacZ, luciferase, and green fluor-
escence protein, were used to investigate viral transduction in 50 lapine menisci for 4 weeks in vitro.
Subsequently, 16 unilateral meniscus replacements were performed with ex vivo retrovirally transduced
meniscal allografts; the expression of the LacZ gene was examined histologically at 2, 4, 6, and 8 weeks after
transplantation. Gene expression in the superficial cell layers of the menisci was detected for up to 4 weeks
in vitro, but the level of gene transfer declined over time [76]. The retrovirally transduced cells displayed
more persistent transgene expression and penetrated the menisci more deeply after implantation [76].
In vivo, declining numbers of β-galactosidase-positive cells were detected in the retrovirally transduced
allografts for up to 8 weeks. Transduced cells consistently were found at the meniscosynovial junction of
the transplants and in deeper layers of the menisci. There was no evidence of cellular immune response
in the transduced transplants. This investigation demonstrates the promise of growth factor delivery in
auto- and allografts. We will conduct additional experiments to assess the potential of vectors expressing
therapeutic proteins (e.g., growth factors) to improve remodeling and healing of meniscal allografts [76].

20.4.3 Ligaments

Researchers also are investigating the use of gene-therapy techniques for treatment of injured ligaments.
LacZ gene transfer to ligaments via either direct or ex vivo adenoviral or retroviral approaches has proven
feasible in animal models. Ex vivo gene transfer to ligaments has been achieved using either ligament
fibroblasts or skeletal muscle-derived cells [21]. Many growth factors, such as basic fibroblast growth factor
(bFGF), platelet-derived growth factor (PDGF), VEGF, insulin-like growth factor (IGF)-1 and -2, TGF-β,
and BMP-12, are believed to possibly play roles in ligament healing. Data suggest that PDGF stimulates
cell division and migration, whereas TGF-β and the IGFs promote extracellular matrix synthesis [77]. Use
of a viral-liposome conjugate vector for the direct gene transfer of PDGF-β into rat patellar ligaments was
found to initially improve angiogenesis and subsequently enhance extracellular matrix synthesis [78].

The integration of tendon grafts typically used for anterior cruciate ligament replacement continues
to be unsatisfactory and may be associated with postoperative anterior–posterior laxity. We have evalu-
ated whether BMP-2 gene transfer can improve the integration of semitendinosus tendon grafts at the
tendon–bone interface after anterior cruciate ligament reconstruction in rabbits [79]. Anterior cruciate
ligament reconstruction using autologous double-bundle semitendinosus tendon grafts was performed in
46 adult rabbits. The semitendinosus tendon grafts were genetically engineered in vitro with adenovirus–
luciferase, adenovirus–LacZ (AdLacZ), or adenovirus–BMP-2 (AdBMP-2); untreated grafts served as
controls. The anterior cruciate ligament grafts were examined histologically 2, 4, 6, and 8 weeks after
surgery. In an additional series of experiments, the structural properties of the femur–anterior cruci-
ate ligament graft–tibia complexes were investigated in 10 untreated controls and 10 specimens with
AdBMP-2-transduced semitendinosus tendon grafts. The animals were sacrificed 8 weeks after anterior
cruciate ligament surgery, and the femur–anterior cruciate ligament graft–tibia complexes were tested
under uniaxial tension. The stiffness (N/mm) and ultimate load at failure (N) were determined from
load-elongation curves.

Our results indicate that genetically engineered semitendinosus tendon grafts expressed reporter genes
and BMP-2 in vitro [79]. The AdLacZ-infected anterior cruciate ligament grafts showed two different
histological patterns of transduction. Intra-articular, infected cells were mostly aligned along the surface
and decreased in number during the 6 weeks after surgery. In the intra-tunnel portions of the anterior
cruciate ligament grafts, the number of infected cells did not decrease during the observation period.
Moreover, we observed a high number of transduced cells in the deeper layers of the tendons. In the
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control group, granulation-type tissue at the tendon–bone interface showed progressive reorganization
into a dense connective tissue, and subsequent establishment of fibers resembling Sharpey’s fibers.

In the specimens receiving AdBMP-2-infected anterior cruciate ligament grafts, a broad zone of newly
formed matrix resembling chondro-osteoid was observed at the tendon–bone interface 4 weeks after
surgery. This area had increased by 6 weeks after surgery, showing a transition from bone to mineralized
and nonmineralized cartilage. In addition, in the BMP-2-treated specimens, the tendon–bone interface
in the osseous tunnel was similar to that of a normal anterior cruciate ligament insertion. The stiffness
(29.0 ± 7.1 vs. 16.7 ± 8.3 N/mm) and the ultimate load at failure (108.8 ± 50.8 vs. 45.0 ± 18.0 N) were
significantly enhanced in the specimens with BMP-2-transduced anterior cruciate ligament grafts when
compared with controls. This study demonstrated that BMP-2 gene transfer significantly improves the
integration of semitendinosus tendon grafts in the tunnels after anterior cruciate ligament reconstruction
in rabbits [79]. Before introducing gene transfer as a therapeutic method in orthopaedics, however,
researchers must answer questions regarding safety and regulatory issues.

20.5 Summary

This paper summarizes the current knowledge and most recent achievements in gene therapy and tis-
sue engineering for the musculoskeletal system; many of these advances are attributable to or strongly
influenced by the research findings of our laboratory. Although this review focuses on a population of
muscle-derived stem cells isolated by our research team, we are not excluding the possible use of altern-
ative cell populations, including stem cells from various sources (e.g., hematopoietic cells, mesenchymal
stem cells, or fat-derived cells) for future applications. Bringing tissue engineering technology to clinical
fruition, however, will require multidisciplinary collaboration to identify and optimize the appropriate
cell type, growth factor, and scaffold construct for each application. Future investigations should elaborate
upon the utility of stem cells derived from various adult tissues in autologous, allogeneic, or perhaps xeno-
geneic settings. Details regarding these cells’ proliferative potential, susceptibility to genetic engineering,
and immunogenic potential remain to be characterized. Furthermore, researchers must learn to combine
stem cells with growth factors in a viable spatiotemporal relationship in order to re-create the in situ
microenvironment. Much work remains before the regeneration of tissue for healing the musculoskeletal
system — a complicated endeavor with vast potential applicability — becomes a clinical reality.
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21.1 Biology of the Bone

Bone is a complex living tissue that provides internal support for all higher vertebrates. It develops by
osteogenesis, the process of ossification, starting out as a highly specialized form of connective tissue.
Two major players in the formation of bone are the bone cells called osteoblasts (bone-forming) and
the osteoclasts (bone-resorbing). During the process of ossification, osteoblasts secrete type I collagen,
in addition to many noncollagenous proteins such as osteocalcin, bone sialoprotein, and osteopontin.
Osteoblast-secreted extracellular matrix may initially be amorphous and noncrystalline, but it gradually
transforms into more crystalline forms [1]. Mineralization is a process of bone formation promoted by
osteoblasts and is thought to be initiated by the matrix vesicles that bud from the plasma membrane [2]
of osteoblasts to create an environment for the concentration of calcium and phosphate, allowing crys-
tallization. Collagen serves as a template and may also initiate and propagate mineralization independent
of the matrix vesicles [3,4]. Eventually, some osteoblasts are surrounded by the bone matrix that they
help to form and are called osteocytes. Despite their location, osteocytes are not metabolically inactive;
they dissolve and resorb some bone mineral though osteolysis [5]. Bone resorption is in fact the primary
function of another bone cell, the osteoclast, which can also digest calcified cartilage and is then called the
chondroclast. Formation by the osteoblasts and resorption by the osteoclasts maintains bone in constant
renewal as a dynamic tissue.

Bone formation in the developing embryo occurs by two developmental processes: intramembranous
and endochondral ossification. Intramembranous ossification is the direct differentiation of osteoblasts
from mesenchymal cells. Several craniofacial bones and parts of the mandible and clavicle develop by
intramembranous ossification [6]. Most other bones are formed by endochondral ossification. In this
process of bone formation, mesenchymal cells condense and differentiate into cartilage. The cartilage
anlage matures, undergoes hypertrophy, mineralizes, and subsequently becomes invaded by blood vessels
as well as osteoprogenitor cells [7,8].

21-1
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Woven and lamellar bone are the two types of bone observed at the microscopic level. Woven bone
is a disoriented arrangement of collagen fibers [9] and is the first bone formed in the embryo. After
birth, woven bone is gradually replaced by lamellar bone except in a few places (e.g., tooth sockets).
Lamellar bone is highly organized and has collagen bundles oriented in the same direction [9]. Structural
organization of woven and lamellar bone is in two categories:

1. Trabecular bone (spongy, cancellous)
2. Cortical bone (compact)

The inherent architecture of bone is influenced by the mechanical stresses. The structure–function
relationship of bone was described in 1892 by Wolff ’s law [10], which states that mechanical stress
is responsible for the architecture of the bone. Bone undergoes adaptive changes in response to the
demands of mechanical stress from the environment [5]. It has been shown that bone formation is
upregulated in response to increased load application [11,12] and that bone tissue is removed from
the skeleton in response to reduced loading as in microgravity [13,14]. The mechanical signals to the
osteoprogenitor cells of the bone are also important in determining the formation of the tissue that forms
during development and healing [14]. Several noninvasive techniques are currently used to evaluate
bone mechanical properties in the clinic such as quantitative computer tomography (QCT), magnetic
resonance imaging (MRI), ultrasound, and dual-energy x-ray absorptiometry (DEXA) [15–17]. In a
laboratory setting several bone marker genes are used to evaluate differentiation into the osteoblast
phenotype and formation of bone. Among these marker genes are: alkaline phosphatase (alp), type I
collagen (type I col), osteopontin (opn), osteocalcin (ocn) and bone sialoprotein (bsp). Alp and type I col
are induced earlier in differentiation, whereas ocn and bsp are considered to be late markers. Techniques
such as conventional and quantitative real-time PCR and northern blot allow the detection of these genes
at the RNA level. For genome wide analysis microarray technology can be used for the analysis of a large
sample population.

Alkaline phosphatase (Alp) is an enzyme that catalyzes the hydrolysis of phosphate esters at an alkaline
pH. It has several different isoforms: tissue nonspecific, placental, and intestinal [18]. Three isoforms
exist for the tissue nonspecific isoenzyme including bone, liver, and kidney. The skeletal isoform is a
glycoprotein on the cell membrane of osteoblasts [19]. Alp is important in bone matrix mineralization
and its activity is recognized as an indicator of osteoblast function.

Type I collagen (type I col) is the major organic component of bone matrix. Collagen has a basic
structure of repeating primary amino acid sequence of -gly-X-Y. Osteoblasts synthesize type I collagen
molecules to form fibrils, which give the characteristic cross-banding pattern. Collagen secretion by
osteoblasts promotes their differentiation into a more mature phenotype [20].

Osteopontin (Opn) is a noncollagenous, acidic, sialic acid-rich phosphorylated glycoprotein; it binds
to hydroxyapatite and is abundant in the mineral matrix of bones [21].

Osteocalcin (Ocn) is the most abundant noncollagenous protein in bone, comprising approximately
2% of total protein in the human body. It is important in bone metabolism and its recently revealed
structure indicates a negatively charged protein surface that places calcium ions in positions complement-
ary to those in hydroxyapatite. Ocn could potentially modulate the crystal morphology and growth of
hydroxyapatite [22].

Bone sialoprotein (Bsp) is a noncollagenous protein that promotes RGD (ARG-GLY-ASP) dependent
cell attachment via integrins. Bsp is thought to be involved in the nucleation of hydroxyapatite for
mineralization of bone [23].

The restoration of skeletal tissue to its normal state and function, also known as fracture repair, is
dependent on the careful arrangement of the action of several factors. A number of growth factors,
cytokines, and their receptors are present around the fracture site to start the repair process. Whereas
many of these components are expressed in the skeletal tissue at all times, several other molecules are
released from the inflammatory cells at the site of injury. Fracture repair has been discussed in several
reviews and some of the factors and signaling pathways involved in this process are illustrated in Figure 21.1
[24,25]. In Section 21.2 we will overview some of the signaling molecules in bone formation and repair.
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BMPs Growth factors

ECM

MAPK signaling/other pathwaysSmad dependent or independent
signaling

Bone-specific gene expression → mineralization → bone

FIGURE 21.2 Growth factors, ECM proteins, BMPs exert their effects on cells to promote osteoblastic differentiation
and bone formation.

21.2 Signaling Molecules for Bone

21.2.1 Growth Factors

Bone formation and development is the arrangement of the actions of a wide variety of signaling molecules
(Figure 21.2). These signaling molecules include growth factors, hormones, vitamins, and cytokines.
Hormones may be several categories including amino acid derivatives, peptides, steroids and fatty
acid derivatives. Growth factors are peptide hormones, which induce cellular proliferation. Cytokines,
which are also peptide-based can affect inflammatory and immune responses of the metabolism. The
orchestration of these factors regulates mitogenesis, cell shape, movement, differentiation, and apoptosis.

Growth factor effects are concentration-dependent and are exerted through their receptors on the cell
surface. A secreted growth factor may bind to matrix molecules, carrier molecules, or binding proteins to
regulate its activity and stabilization [26]. Growth factors can associate with specific binding proteins that
limit access to their receptors to control the bioavailability of the growth factor (e.g., IGF-I, IGF-II, TGFβ,
BMPs) [27–29]. The conversion of a growth factor to a bioactive state requires an activation event. Using
IGF-I as an example, greater than 99% are bound by IGFBPs (IGF binding proteins) in fluid and solid phase
[26,30] and requires protease activation to release IGF-I. This mechanism of sequestration allows temporal
and spatial regulation. For tissue engineering applications it is crucial to control the concentration and
physical placement and sequestration of a growth factor. Several methods are available for controlling the
physical placement of a growth factor including, but not limited to microfluidics, microencapsulation,
entrapment and release from polymeric systems, and nonspecific adsorption to matrices [26,31]. Growth
factors can also be immobilized to engineered matrices to localize delivery [32], but spatial patterning
remains a challenge.

The design of a tissue engineering application requires an appreciation of the mechanism by which a
factor elicits its signal and the downstream effect originating from this signal. In this section we will briefly
overview some of the factors involved in bone formation and regulation.

21.2.1.1 Insulin-Like Growth Factors

The putative functions of insulin-like growth factors (IGF-I and IGF-II) include embryonic and natal
growth, bone matrix mineralization, cartilage development and homeostasis [33,34]. IGFs can stimulate
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collagen production and prevent collagen degradation by reducing collagenase synthesis [35]. IGF-I is
known to activate osteocalcin expression [36] inside the cell. It has been reported to be important for
maintaining bone mass and promoting longitudinal bone growth [37].

The IGFs transduce their signals via two different receptors known as IGF-I and IGF-II receptors [38].
IGF-II mediates its signal through the type II IGF receptor although it can tissue-specifically activate the
type I IGF receptor. IGF-I is a single chain peptide with a structure similar to proinsulin, but consisting
of four domains (insulin contains three domains) [39]. During posttranslational modification of the
molecule, one of the peptide domains is cleaved from the rest of the domains and the rest are joined to one
another by forming disulfide bonds [39,40]. Growth hormone induces IGF-I synthesis [41]. The kidney,
muscle, and bone also contribute to the circulating IGF-I levels [41].

IGF-II has 60% homology to IGF-I and acts independent of growth hormone [41,42]. It appears
to be more important during fetal growth than in postnatal growth [43,44]. In a study where it was
systemically administered to rats, IGF-II was found to be less potent than IGF-I in stimulating skeletal
growth [45]. A study on chimeric mice carrying one inactivated IGF-II allele indicated that these mice were
smaller than their wild type littermates [46] indicating the significance of IGF-II on the skeleton during
early stages of growth. More studies have been conducted on IGF-I than IGF-II for tissue engineering
applications. Studies in rats suggest that IGF-I increases intramembranous ossification [47], improves the
effects of age-related osteopenia [48,49], and accelerates functional recovery from Achilles tendon injury
[50]. IGF-I has also been used for spinal fusion application in sheep, giving a successful outcome when
delivered via poly-(D, L-lactide) (PDLLA)-coated titanium [51]. In another study, IGF-I was delivered
via polyacetate (PLLA) microspheres to metacarpal defects in calves of pigs and showed enhancement of
bone formation [52].

21.2.1.2 Fibroblast Growth Factors

Fibroblast growth factors FGF-1 and -2, also known as acidic and basic FGF, respectively, belong to
a family of growth factors with heparin binding domains. FGFs regulate mitogenesis, differentiation,
protease production, receptor modulation, and cell maintenance [53]. FGF-2 (also called basic FGF or
bFGF) is produced by the osteoblasts and stored in skeletal tissues [54]. FGF-1 has been associated with
chondrocyte proliferation [55].

The FGF-1 and FGF-2 systemically and locally administered to ovariectomized rats increased new bone
formation and bone density [56,57]. Systemic delivery of FGF-1 appeared to be effective in restoring
the microarchitecture of bone and preventing bone loss associated with estrogen withdrawal [56]. In a
rabbit ulcer model, FGF-1 delivery within a modified fibrin matrix stimulated angiogenic and fibroblastic
responses in addition to an increased epithelialization rate [57]. Several studies indicated that scaffold
mediated delivery rather than direct injection of FGF-2 was more effective in improving bone healing in
rats [58], rabbits [59], and dogs [49,60]. Local infusion of recombinant FGF-2 increased bone ingrowth
in a rabbit tibia model in the presence of polyethylene particles [61].

21.2.1.3 Vascular Endothelial Growth Factors

Vascular endothelial growth factors, of which there are six different isoforms [62], are vascular cytokines
that promote angiogenesis, increased vascular permeability, and vasodilation [62]. Prosthetic vascular
grafts that were coated with VEGF supported endothelial cell proliferation and migration [63]. Several
studies indicated increased capillary density and vasodilator-induced blood flow in response to VEGF
treatment [64–66]. Synergistic effects of VEGF and FGF-2 have also been demonstrated in the pro-
duction of new blood vessels [67]. Macroporous scaffolds with poly(lactide-co-glycolide) which were
designed to release VEGF increased the generation of mineralized tissue due to an increase in vascu-
larization, but did not increase osteoid formation [68]. VEGF is a crucial factor for tissue engineering
due to its role in angiogenesis; it is the main provider of nutrients and growth factors to the wound
repair site.
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21.2.1.4 Transforming Growth Factor-ß

Transforming growth factor-ß family consists of five members, bone morphogenetic proteins (BMP),
growth and differentiation factors (GDF), activins, inhibins, and Mullerian substance [69]. Osteoblasts
and chondrocytes express TGFß receptors [70,71]. Mainly found in bone, platelets, and cartilage TGFß
triggers growth, differentiation, and extracellular matrix synthesis [72]. TGFß is thought to be a coupler
between bone formation and resorption. Studies on the use of TGFß as a therapeutic reagent have been
difficult to assess due to the use of different isoforms and superphysiological doses of TGFß.

21.2.1.5 Bone Morphogenetic Proteins

Bone morphogenetic proteins are members of the TGFß superfamily. These proteins are highly conserved
with sequence homology across species. BMPs play a critical role in embryonic development and regulate
a wide range of cellular activities including cell proliferation, differentiation, cell determination, and
apoptosis. At the cellular level BMPs bind to their transmembrane receptors and initiate a cascade of
phosphorylation events which transduces the signal to upregulate downstream genes. BMPs elicit their
signals through phosphorylation of Smad molecules, which translocate to the nucleus when activated
and regulate the transcription of specific target genes. Recently Hassel et al. [73] have demonstrated that
a Smad independent pathway is activated if the BMP-2 signaling pathway is initiated via BMP-2 induced
signaling receptor complexes instead of preformed receptor complexes (see Figure 21.3). Several studies on
animals have demonstrated the osteoinductive (inducing bone formation) properties of BMPs in healing
nonunions and enhancing spinal fusion. Recombinant human BMP-2 protein delivered to diaphyseal
defects in dogs was able to achieve union (heal a fracture) [74]. A similar study in dogs also showed
promising results using BMP-7 [75]. BMP-7 has been shown to enhance spinal fusion in rabbits [76] and
sheep [77]. Recombinant human BMP-2 successfully healed critical-sized defects in sheep [78], rabbit
[79], and rat [80].

Since their discovery by Dr. Marshall Urist, BMPs have been used in a number of human clinical
trials as well. BMP-7 was effective in healing critical sized defects in the fibula [81] whereas BMP-2
promoted lumbar interbody fusion [82]. Transgenic BMP-2 produced by human mesenchymal stem
cells was effective in bone regeneration [83]. Currently, only BMP-2 is available for clinical use. BMP-7
(rhOP-1) may be approved to treat long bone nonunions secondary to trauma. BMP-2 is approved for
tibial nonunions and in a spinal fusion construct which consists of a spinal fusion cage and rhBMP-2 on
a type I collagen scaffold [84].

21.2.1.6 Platelet Derived Growth Factors

Platelet derived growth factor (PDGF) is composed of two polypeptide chains that may exist as a
homodimer (PDGF-AA, PDGF-BB) or heterodimer (PDGF-AB) [85]. Several reports have indicated
that PDGF-AA and PDGF-BB can enhance wound repair [86], support angiogenesis [87–90], and stim-
ulate cell proliferation in the fetal rat calvarial system and in cultures of osteoblast-like cells derived from
adult human bone explants [91,92]. The PDGF A and B genes act as regulators of cell growth and have been
shown to be chemotactic [88,89,91]. PDGF-BB has been reported to be the most potent PDGF isoform
in skeletal and nonskeletal cells [93]. As a consequence of its role in cell growth, PDGF may exert its effect
by increasing the number of collagen synthesizing cells, although it does not increase collagen synthesis
on a cellular basis [93]. The role of PDGF in osteoblast differentiation may be to increase the number of
cells that can progress into osteoblastic lineage and express the osteoblast phenotype [93]. PDGF expres-
sion at fracture sites in addition to its mitogenic effects indicates a role for PDGF in wound healing and
fracture repair. Systemic administration of PDGF in an osteoporotic animal model demonstrated that
it could stimulate bone formation and improve mechanical strength in long bones and vertebrae [94].
Howes and colleagues showed that subcutaneously implanted demineralized bone matrix augmented
with PDGF could enhance bone healing in a rat model [95]. Locally administered recombinant human
PDGF-BB (rhPDGF-BB) delivered with an injectable collagen gel to rabbit tibial osteotomies enhanced
fracture repair and stimulated osteogenesis [96]. Currently, PDGF-BB is approved by FDA for soft tissue
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FIGURE 21.3 Smad dependent and independent BMP signaling pathways. (Reprinted from Schmitt J.M., Hwang K.,
Winn S.R., and Hollinger J.O. 1999. J. Orthop. Res. 17: 269–278. With permission from the Orthopedic Research
Society.)

healing and remains as a compelling agent for tissue engineering applications especially in the treatment
of osteoporotic fractures.

Despite the indispensable roles of these factors in osteoblast differentiation and bone formation, there
are a number of concerns about their use in human patients. For instance, one concern with the injection
of a growth factor like IGF-I is hypoglycemia, as reported in a study [97]. Another concern has been the
use of superphysiological doses of these factors in order to trigger a response from the host. In the case of
BMP-2, milligram doses (1.7 to 3.4 mg/dl) have to be used in patients due to diffusion from the wound site
and instability in vivo [98,99]. Another reason for the rapid degradation of BMPs may be the presence of
its natural inhibitors such as noggin and chordin at the fracture site [100,101]. Excessive bone formation
remains a concern due to the risk of bony overgrowth leading to inadvertent fusion of adjacent levels or
compression of the neural elements [102]. The potential side effects also need to be studied in longer time
course experiments and trials for a fair assessment of the outcome.

21.2.2 Stem Cells and Gene Therapy

Mesenchymal stem cells (MSCs) are a population of self-renewing, undifferentiated cells. They can pro-
gress into a number of different cell fates, for example, adipocytic, osteogenic, chondrogenic, fibroblastic.
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Stem cells can be harvested from fat, muscle, and bone marrow and can be genetically engineered to
express bone signaling molecules [103–105]. Bruder et al. [106] implanted human bone marrow MSCs
seeded on a ceramic carrier into the critical-sized defects of the femora of adult athymic rats and observed
evidence for bone formation within 8 weeks. Parietal bone defects in adult sheep were repaired with MSCs
added to a calcium alginate composite [107].

Gene therapy is the process by which genetic material is transferred into a cell’s genome. A gene of
interest can be delivered with the use of nonviral or viral carriers into targeted cell lines. Nonviral delivery
methods include the use of naked plasmid DNA, liposomes, or gene gun. Examples of viral vectors include
adenovirus, adeno-associated virus, lentivirus, herpes simplex virus, Moloney murine leukemia virus and
retrovirus [108]. A method known as ex vivo gene therapy allows the viral infection of the cells to take place
outside the body, thus increasing control over the system. A number of ex vivo studies have been performed
to treat various bone defects in mouse, rabbit, and rat [109]. Human MSCs genetically engineered
with an adenoviral construct expressing BMP-2 were able to form bone and cartilage and regenerate
nonunion fractures in a mouse radius model [53]. An adenoviral construct carrying the BMP-2 gene
was able to achieve spinal fusion in athymic rats [110]. However, the same research group also reported
an immune response with adenoviral BMP-2 delivery into immunocompetent rats rather than athymic
rats [111,112]. Furthermore, FDA has placed a hold on certain gene therapy applications due to safety
concerns.

One method used to improve the efficacy of the delivery of signaling molecules is to use matrix scaffolds.
In Section 21.3 we will overview the importance of biomaterials in tissue engineering and some current
developments in this field.

21.3 The Ideal Scaffold

Autograft bone remains as the gold standard treatment of bone defects in the clinic due to its capability
of providing cells, differentiative factors, and a reliable matrix required for fusion. Autograft bone is
usually isolated from the iliac crest of the patient and can lead to a number of complications including
chronic pain, infection, and fracture. One other option is to use allograft bone in the clinic; however,
in this case immune response and disease transmission remain major concerns. The inadequacies of the
current treatment methods have generated a need for alternative therapeutics for the treatment of bone
defects.

Delivery of an osteoblast-specific gene or a signaling molecule remains a desirable option, but the
therapeutic molecule requires an osteoconductive scaffold for its delivery. The ideal scaffold should
encourage cell attachment, promote and support vascularization, and resist soft tissue forces [113]. The
scaffold needs to be osteoinductive, osteoconductive, and biodegradable; this means that it needs to have
the ability to induce bone formation at a nonbony site, the ability to provide a scaffold for new bone
formation at the delivered site, and the ability to decompose without any toxic components to the cells
and tissues, respectively.

Biomaterials for scaffold design can be classified under two major groups: acellular and cellular systems.
Absorbable filter materials that can promote bone formation without a cellular component are called
acellular systems. Cellular systems have cells embedded in the matrix to guide bone development [112].

Naturally derived matrices are derived from primary components of bone matrix and have natural
affinity to growth factors as well as other osteoinductive factors; however they are difficult to sterilize
and can trigger immune response from the host. Examples include hyaluronic acid, chitosan, and col-
lagen matrices [69,113,114–117]. Inorganic materials include hydroxyapatite, porous coralline, calcium
phosphate cements, and calcium sulfate. Their major advantage is the resemblance to bone structure,
they can be resorbable or nonresorbable, but they are difficult to mold and are brittle [115,118–121].
Synthetic polymers are easy to manufacture and sterilize and they can be designed with controlled release
parameters; however, they may degrade into toxic components and may be difficult to get recognized
by the cells. Examples of synthetic polymers include poly (α-hydroxy acids), polypropylene fumarate,
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polyanhidrides, polyphosphazenes, polyethylene glycol, and poloxamers [115,122–128]. Ceramics such
as tri-calcium phosphate and hydroxyapatite are biocompatible and display osteoconductivity [129–132];
however, resorption and porosity remain as concerns in these types of matrices. Oxidized cellulose and
oxidized cellulose esters are also biocompatible polymers and have application in surgically implantable
materials [133,134].

New biomaterial composites are being created to overcome the limitations of the different types of
scaffolds mentioned above. Tsuchiya et al. [135] reported that they achieved osteogenesis with the
design of a web-like structured biodegradable hybrid sheet composed of PLGA sheets containing col-
lagen microsponges in their openings when seeded with bone marrow stem cells. These biodegradable
hybrid sheets could be laminated or rolled into any shape. Photoencapsulation of hydrogels in different
layers may help to mimic zonal organization of tissues which may be crucial in tissue engineering of
the cartilage [136]. Recent fabrication techniques allow the synthesis of biomaterials that contain signal
recognition ligands such as RGD domains to enable molecular and cellular responses.

Biocompatible and biodegradable polyurethane scaffolds have also been prepared for bone tissue engin-
eering applications [137–144]. Polyurethanes are prepared by reacting diisocyanates with diols, whereas
polyureas are the reaction product of diisocyanates with diamines (Figure 21.4). To be useful as resorb-
able scaffolds, conventional diisocyanates, such as methylene bis diphenylisocyanate (MDI) and toluene
diisocyanate (TDI), which degrade to carcinogenic and mutagenic compounds [145], cannot be used. To
avoid the toxicity problems associated with aromatic diisocyanates, aliphatic diisocyanates, such as lysine
ethyl ester diisocyanate (LDI), and 1, 4-diisocyanatobutane (BDI), have been reacted with polyether and
polyester polyols to synthesize resorbable polyurethanes [139,146–148].

Diisocyanates react with water to form a disubstituted urea and carbon dioxide gas, which acts as
blowing agent [149]. The water reaction is exploited commercially to manufacture flexible and rigid
polyurethane foams. Zhang et al. [139,140] have prepared porous scaffolds by adding water to an
isocyanate-terminated prepolymer (i.e., the low molecular weight reaction product of a diisocyanate
with a polyol). By varying the concentration of water added, the pore size distribution was con-
trolled to support the growth and proliferation of rabbit bone marrow stromal cells. Porous scaffolds
for the knee-joint meniscus have also been prepared by the solvent casting/salt leaching technique
[150,151].

Bioactive molecules can be incorporated into polyurethanes through the reaction of diisocyanate with
primary amine and hydroxyl groups. Following this approach, Zhang et al. [141] have recently synthesized
a bioactive polyurethane scaffold from lysine ethyl ester diisocyanate (LDI), glycerol, polyethylene glycol
(PEG), water, and ascorbic acid [142]. As the polyurethane degraded, ascorbic acid was released to the
extracellular matrix and stimulated both cell proliferation and type I col and Alp synthesis in vitro. Other
degradation products included lysine and PEG, which are biocompatible. Polyurethanes are potentially
useful biomaterials for preparing bioactive porous scaffolds from both high (e.g., proteins) and low
(e.g., signal recognition ligands) molecular weight bioactive molecules.

In the previous sections, we overviewed some of the required components for bone tissue regeneration:
signaling molecules, cells, and scaffolds. In Section 21.4, we will summarize applications for reconstructive
medicine in a clinical setting. We will review some of the current techniques applied to augment bone
deficits.

21.4 Clinical Reconstruction of Bone Defects

Physical deformities caused by missing or defective tissues affect people of all ages. Most often they are
due to cancer, trauma, or congenital abnormalities. Each year over 500,000 reconstructive procedures
to correct these deformities are performed by plastic surgeons in the United States [152]. There are
two fundamental types of deformities. One is when all tissue elements are present but not according to
normal anatomy. An example is a fracture that heals with bone segments in improper orientations (i.e.,
fracture malunion). The second type is when the tissues are significantly impaired or absent altogether.
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FIGURE 21.4 Reactions of isocyanates with (a) alcohols to form urethane groups, (b) amines to form urea groups,
and (c) water to form disubstituted ureas.

An example is damage caused by cancer radiotherapy (i.e., osteoradionecrosis) or massive trauma (e.g., a
shotgun blast). When a deformity contains all essential elements, repair is possible by rearranging or
augmenting the local tissues. On the other hand, when useful tissues are absent then new tissue must
be supplied. Ideally, tissue replacements should be readily available, easily implanted, reliably incor-
porated into the surrounding normal tissues. This is the goal of tissue engineering for reconstructive
surgery.

It is important to understand current clinical techniques of reconstructive surgery in order to develop
practical new methods. Repairing every deformity involves similar steps of planning, tissue manipulation,
and patient care. During the planning phase, the clinician will assess the defect to determine the exact
form and amount of the deficient tissue. Conventional radiographs and computed tomography (CT)
scanning are the most useful diagnostic tools for the osseous component. Magnetic resonance imaging
(MRI) best demonstrates the soft tissue component. It is important to always consider both elements.
A bone defect due to trauma may have the same anatomic appearance as one caused by cancer, but
the best reconstructive method may be different in each case because of the health and stability of the
surrounding soft tissues. After characterizing the defect, the next step is to select a source of replacement
tissue. The clinician must balance the tissue requirements with the potential morbidity related to harvest.
After considering all of these issues, the clinician and patient discuss them and agree upon a plan for
surgery.

Repairing deformities by tissue replacement is a two-step process that first involves tissue transfer
followed by tissue modification [153]. In the transfer step, tissue is harvested from an uninjured location
(i.e., tissue donor site) and moved into the defect (i.e., recipient site). It is important to understand the
principles that govern this manipulation in natural tissues because they also apply to engineered tissues.
Living tissue may be transferred either as a surgical graft or a surgical flap. Grafts derive a blood supply
from the tissues that surround them in the new location. Except for cartilage and thin pieces of skin, only
small amounts of tissue can be transferred as grafts because survival of the cellular elements by simple
diffusion of oxygen and nutrients is limited to volumes of less than 0.3 cm3 [154,155]. Success depends
on the potential for angiogenesis and specialized tissue formation that exists in the tissues surrounding
the graft in the new location. During the initial 48 h after transfer, the graft must survive by diffusion
alone [156]. Afterward, blood vessels arising from the tissues surrounding graft begin to align with
and make connections to remnants of blood vessels found in the graft [157]. It takes up to 5 days for
revascularization to occur, depending on the grafted tissue and condition of the tissue bed into which it
is placed. This far exceeds the time during which most whole tissues can survive without a blood supply.
Skeletal muscle tissue, for example, undergoes degeneration within 4 h after being deprived of blood
supply. As new vessels penetrate the graft there is cell-mediated destruction of the degenerating muscle
fibers. The basal laminae and some of the satellite cells appear to be the only elements of the muscle
tissue persists [158]. Bone grafts are unique, however. They essentially are porous, calcified, degradable
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scaffolds that guide tissue formation (i.e., osteoconduction) and deliver a set of bioactive molecules to
induce new bone formation (i.e., osteoinduction). Only a limited number of cellular elements survive and
contribute to healing because of diffusion limitations [159,160]. The surviving cells are mostly located
on the surfaces of the calcified matrix and appear to consist mainly of endosteal lining cells and marrow
stromal cells [161,162]. Even though most cellular components do not survive transfer, bone grafts still
contribute to bone healing because they supply the other essential components of tissue repair. Bone
grafts must be completely replaced over time in order to achieve healing. This can require up to 2
years. They have limited utility for defects greater than 6 cm in length and are avoided when there is
significant local tissue impairment due to significant bacterial contamination, poor vascularity, unstable
soft tissues, or radiation injury in the area of the defect [163]. Tissue engineered bone created without a
capillary system ex vivo in a bioreactor can be expected to perform clinically in a way analogous to a bone
graft.

In contrast to grafts, surgical flaps are tissues transferred with a blood supply independent of the tissues
surrounding the defect. They are called flaps because originally they were actual flaps of skin elevated with
an attachment at the base and rotated into an adjacent area. Over time the definition broadened to include
any unit of skin, muscle, fat, bone, or viscera (e.g., small intestine) that has a discreet vascular source
permitting surgical isolation from the donor site and transfer to a distant recipient site. The most advanced
method of transfer is by detaching the flap completely and reestablishing the blood supply by suturing
the blood vessels of the flap to vessels adjacent to the defect. This is called microvascular surgery because
it involves operating on blood vessels less than 5 mm in diameter using an operating microscope. Bone
transferred in this way allows survival of all tissue elements and yields the most reliable healing. Bone flaps
incorporate more rapidly than grafts and do not require resorption and replacement before achieving
full strength [161]. They are the treatment of choice in circumstances with large defects, significant
soft tissue deficits, or impaired local tissues due to severe trauma, infection, or exposure to radiation
[163–166]. The ultimate goal of bone tissue engineering for reconstructive surgery is to fabricate surgical
bone flaps.

After transfer, the tissue must then be modified to simulate the missing parts. Bones have a complex
three-dimensional shape and must tolerate powerful deforming forces. The relative importance of shape
and load bearing differs based on the anatomic site. The long bones of the extremities function primarily
as load bearing members. Minor shape discrepancies are tolerable as long as there is no significant loss
of strength. On the other hand, craniofacial bones have a limited load bearing function. Their shape
is critical to support and protect the complex and delicate soft tissue structures of the head and neck.
They also determine human facial appearance and play a major role in psychosocial health [168,169].
Therefore, bone replacements in the craniofacial skeleton must maintain a durable shape. In addition,
craniofacial bones have thin soft tissue coverage, and they are located in close proximity to heavily bacteria-
contaminated surfaces of oral and nasal cavities. The oral cavity is one of the most heavily contaminated
areas of the body with numerous bacterial species present including aerobes, anaerobes, fungi, viruses, and
protozoa [170]. The paranasal sinuses are normally not sterile, although the bacterial load appears much
less [171]. It is impossible to perform tissue implantation surgery in this area without a high probability of
bacterial contamination. Therefore, the tissue replacement must be compatible with the thin soft tissues
to avoid erosion and have an intrinsic resistance to infection. These features of the craniofacial skeleton
make fabricating replacements by tissue engineering particularly challenging.

After the surgery is complete, the patient requires special care to recover. The reconstructed areas
must be protected from disruption and infection. Grafted tissues must be stably fixed to prevent shearing
motion at the interface with the tissue bed, which slows the process of revascularization. Flaps must be
closely monitored to rapidly detect thrombosis and occlusion of the blood vessels that supply the tissues.
After complete healing and tissue incorporation, the final step is often a period of rehabilitation to ensure
maximum restoration of function. Finally, additional surgery may be required to make revisions and
improve minor deficiencies that are not able to be avoided during the primary reconstruction or which
may have appeared later due to scar contracture, for example. The entire process can require many months
to completely restore the patient (Figure 21.5a,b and Figure 21.6a–d).
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(a)

(b)

FIGURE 21.5 Panoramic radiographs of a patient after right mandible reconstruction with only a titanium recon-
struction plate showing appearance after surgery (a) and appearance several months later after fracture of the plate
due to metal fatigue (b).

21.5 Conclusion

Tissue engineering may offer a new dimension of therapeutic care for patients. The design and devel-
opment of the tissue engineered therapeutics must be guided by basic, fundamental biological pathways
targeting specific clinical applications. Targeted clinical performance standards for the tissue engineered
therapeutic must be achieved in the design, validated by the appropriate standardized characterization
protocols (e.g., ASTM, ISO 10993), preclinical and clinical phase I–III studies. To fulfill stringent clinical
requirements for a tissue engineered bone therapeutic, specific clinical targets must be identified. Is the
target a nonload bearing or load bearing bone? Is the target a fracture in the tibia of a healthy, young male?
Or is the clinical target a distal radius fracture in a postmenopausal osteoporotic?

In this chapter, we have briefly reviewed the pathways of bone formation and some of the key signaling
molecules cuing discrete outcome events. Tissue engineered products must integrate into their design
fundamental biological elements consistent with bone formation pathways. Many of the key temporal and
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(a)

(b)

FIGURE 21.6 Appearance of a young woman treated with surgery for a tumor involving the right mandible. The
entire mandible on the right was removed and replaced using a bone flap harvested from the fibula. Appearance before
surgery (a),(b) and 1 year after surgery (c),(d). Although surgery resulted in a durable reconstruction, note the changes
in appearance due to the difference in the shape of the fibula and native mandible.

spatial aspects of bone formation (developmental, homeostatic, healing) remain a mystery. Unless these
key aspects are elucidated, rational, effective tissue engineered therapeutics will not develop.

A broad understanding by tissue engineers of the complex anatomical and physiological issues chal-
lenging surgeons and patients will provide tissue engineers with an important foundational head start
for robust design options that may include uniquely engineered compositions of cells, genes, and biomi-
metic extracellular matrices (e.g., bioactive matrices). The biomimetic extracellular matrix was especially
emphasized in this chapter to stress the importance of spatially and temporally directing the process of
tissue regeneration. Matrix design is the pivotal tissue engineering challenge.

We provided some clinical examples where bone tissue engineering will benefit craniofacial recon-
struction. The craniofacial surgeon faces different clinical challenges than the orthopedic surgeon. Tissue
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(c)

(d)

FIGURE 21.6 Continued.

engineering must emphasize a regional-anatomic and physiological approach to design and development.
A single platform treatment for a tibial diaphyseal fracture in the healthy adult male may be inadequate
for the patient with an avulsive bone wound of the oral–antral complex.

There are significant opportunities for the tissue engineer to improve the quality of patient care. The
bedrock underscoring tissue engineering is basic biology, clinical performance standards, and patient
application focus.
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22.1 Introduction

This chapter provides a review of important developments in the field of cartilage tissue engineering, with
an emphasis on articular cartilage. Clinical significance of cartilage repair is discussed and the necessity of
using tissue engineering approach to solve this problem is presented. Structure, function, and biochemical
components of cartilage are described. This chapter will compare and contrast the various options available
for cartilage tissue engineering. Four major components of tissue engineering in relation to cartilage are
discussed including cells, scaffolds, growth factors, and mechanical stimuli.

Cartilage is a highly specialized connective tissue consisting of dispersed chondrocytes embedded in
a rich extracellular matrix [1]. The matrix, primarily composed of proteoglycans, collagen, and water,
is directly responsible for the unique functional properties of cartilage and provides shape, resilience, and
resistance against compression and shear [2,3]. Despite the relatively simple structure, cartilage has little
capacity for repair and regeneration due to many factors such as lack of vascularity and progenitor cells,
a sparse and highly differentiated cell population, and a slow matrix turnover [4–6].

There are three types of cartilage: hyaline cartilage, fibrocartilage, and elastic cartilage. Each type of
cartilage has different functional properties and hence different biochemical contents. Hyaline cartilage is
rich in Type II collagen and proteoglycans and is found mainly on the articular surface of joints where it
serves as a shock absorber. Elastic cartilage consists of elastic fibers, not exclusively collagen. The elastic
fibers give this type of cartilage the ability to be deformed and return to shape. Examples of elastic cartilage
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include external ear, epiglottis, and upper portion of larynx. Fibrocartilage is rich in Type I collagen and
is found in tissues that are subject to tensile forces such as the intervertebral disk.

More than 1 million surgical procedures in the United States involve cartilage replacement. Conven-
tional therapies include drilling and debriding, autologous cartilage transplantation, and implantation of
artificial polymers or metal prostheses [7]. Drilling and debriding may provide immediate relief of symp-
toms but usually result in the production of a fibrocartilaginous tissue with poor long-term outcome.
Transplantation can be an effective treatment for patients with small cartilage defects, but its application
is limited due to insufficient donor tissue supply, donor site morbidity, and technical difficulties to shape
host cartilage into desired, delicate three-dimensional shapes. Artificial prostheses can be a source of infec-
tion, unwanted protein deposition, and immune responses without being able to adapt to environmental
stresses.

22.1.1 Prospects for Tissue Engineering

Given the clinical significance of cartilage injury and the poor outcomes of the conventional therapies out-
lined above, investigators have been motivated to seek other approaches for improving cartilage treatment.
One possible solution is to create new cartilage using tissue engineering strategies. Tissue engineering is
an interdisciplinary area that combines biology, material sciences, and clinical medicine to regenerate
or restore tissue structure and function that is lost due to trauma, disease, or congenital abnormalities.
Cartilage contains only one cell type and has no blood supply. This relatively simple cartilage structure
has allowed significant progress in the area of cartilage tissue engineering [8,9].

22.2 Cells

Cells are the building blocks of tissues and the fundamental source of extracellular matrix that forms
tissues. Identification and creation of a suitable cell population is the first critical step toward cartilage
tissue engineering and often requires a large number of cells. Numerous cell types have been explored
including chondrocytes [10,11], bone-marrow derived mesenchymal stem cells (MSCs) [12,13], stem
cells isolated from adipose tissue [14], from muscle [15], and embryonic stem cells [16,17]. All these
cell types have been shown to exhibit a chondrogenic potential under appropriate culture conditions.
When choosing the optimal cell type, it is important to consider the cell proliferative capacity, phenotype
stability, and immunogenicity.

22.2.1 Chondrocytes

Chondrocytes, the major cell type that is present in differentiated cartilage, is the most obvious cell option
for cartilage tissue engineering. Thus far, autologous chondrocyte transplantation (ACT) is the only Food
and Drug Administration (FDA) approved cartilage repair product in the United States. This procedure
uses in vitro expanded autologous chondrocytes, harvested from a biopsy, combined with a periosteal
membrane to repair a cartilage defect (Figure 22.1).

The ACT was first used in humans in 1987 and results of the first pilot study was published in 1994
[10]. Since then more than 950 patients have been treated with this technique with 2 to 10 years follow-
up [11]. Histology of the repair tissue shows that this technique gives stable long-term results with a
higher success rate in femoral condyle (84 to 90%) than in other locations (average 74%). Despite the
encouraging results that ACT has shown, several problems remain with the approach. First, the age
or disease state of the patient may limit the availability and function of desired chondrocytes. In vitro
expansion is also limited due to replicative senescence that chondrocytes exhibit. More importantly,
once removed from their extracellular environment and expanded in monolayer, chondrocytes would
rapidly lose their differentiated phenotype, characterized by transforming into a fibroblastic morphology,
decreasing expression of Type II Collagen and aggrecan with an increase in Type I Collagen expression
[18,19]. Studies have shown that chondrocyte phenotype can be retained or reexpressed by suspending
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FIGURE 22.1 Flow diagram for ACT articular chondrocyte harvest and implantation. (From Brittberg, M.,
Lindahl, A., Nilsson, A., Ohlsson, C., Isaksson, O., and Peterson, L. N. Engl. J. Med. 1994; 331: 889–895. With
permission.)

chondrocytes in a three-dimensional environment such as agarose gel [20], alginate beads [21], and
collagen gel [22]. Optimal combinations of monolayer and three-dimensional cultures for cartilage tissue
engineering are currently being investigated [23]. Challenges remain for patients who do not have healthy
cartilage where autologous cell transplantation cannot be used and alternate cell sources need to be
explored.

22.2.2 Mesenchymal Stem Cells

Mesenchymal stem cells are multipotent progenitor cells that have the capacity to differentiate into a vari-
ety of connective tissue cells including bone [24], cartilage [25], and adipose tissue [12] both in vitro and
in vivo. MSCs are present in various tissue types during human development and are prevalent in adult
bone marrow. As a readily available source, MSCs can be isolated, expanded in culture, and differentiated
into chondrogenic cells under appropriated tissue conditions. Numerous studies have shown that trans-
forming growth factor-beta (TGF-β) plays an important role in inducing undifferentiated MSCs into
the chondrogenic pathway. In the presence of TGF-β, MSCs will gradually transform from a fibroblastic
morphology to a mature chondrocyte morphology, accompanied by a production of cartilage-specific
extracellular matrix proteins including Type II collagen, glycoaminoglycan, and proteoglycans. Unlike
osteogenesis, which can be induced in monolayer culture, chondrogenesis of MSCs can only be achieved
in micromass pellet culture [25] or high density suspension in a three-dimensional environment [26].
This close cell–cell contact requirement resembles the natural environment of embryonic cartilage devel-
opment, which suggests that MSCs are undergoing a similar pathway. These results indicate that successful
tissue-engineered cartilage repair based on MSCs can be achieved by recapitulating aspects of embryonic
tissue formation. Studies so far demonstrated the great potential of using MSCs for cartilage regeneration
as an alternate resource, which may eliminate the need harvest cartilage from the patient. More in vivo
studies on cartilage regeneration using MSCs will occur as they reach clinical application.
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22.2.3 Other Cell Sources

The discovery of human embryonic stem cells (hESCs) capable of indefinite replication and the ability
to differentiate into all somatic cells of the body brings optimism that great progress will be made to
cell transplantation therapies [27,28]. Theoretically, hESCs can be used to generate any desired cell or
tissue for the treatment of degenerative diseases. So far, very few studies have been performed inducing
hESCs into chondrogenic lineage [16,17]. Challenges with hESCs include potential of undesired growth,
difficulty to achieve homogeneous differentiation in vivo, and related ethics issues. Other potential cell
sources were found by Mizuno [29], who demonstrated that human dermal fibroblasts seeded onto Type I
collagen sponges containing demineralizd bone matrix can be stimulated to produce a cartilaginous tissue
expressing Type II collagen. Also, Lorenz [30] recently reported that human adipose tissue derived cells
can also be induced into chondrogenic pathway in vitro.

22.3 Scaffolds

Although some approaches to cartilage tissue engineering use cells alone (i.e., ACT), most studies indicate
that the scaffold is helpful for promoting desired cell phenotypes and regeneration of cartilage. Ideally,
the scaffold serves as a structural support for cells at the early stage of tissue development and degrades
into nontoxic products at a rate related to the formation of a functional extracellular matrix. Numer-
ous scaffolds and matrices have been explored for cartilage tissue engineering including both natural
and synthetic polymers. Natural polymers are usually porous, biocompatible, and can degrade without
immunogenicity. Problems related to naturally derived scaffolds include batch-to-batch quality variance
and weak structural properties. By contrast, synthetic polymers provide a more consistent quality and
more control over the material properties such as degradation rate, mechanical properties, and surface
biology. When choosing a scaffold, tissue engineers must decide which genre of materials, or combination,
is more appropriate depending on the specific purpose and location of use.

22.3.1 Natural Polymers

As a major component of cartilage extracellular matrix, collagen was the first natural material explored as
scaffold for cartilage tissue engineering. Collagen can be easily extracted from tissues such as tendon and
can be readily processed into multiple forms including sponges or meshes. Collagen is liquid at 4◦C
and can be polymerized by raising the temperature. Further crosslinking after gelation introduces extended
degradation times and greater mechanical strength [31]. Chondrocytes have been shown to maintain
their morphology and phenotype when seeded in collagen gels [32–34]. Grande et al. [35] showed that
collagen sponges stimulate collagen synthesis while bioabsorbable polymer such as polyglycolic acid (PGA)
enhanced proteoglycan synthesis.

Hyaluronan comprises 1 to 10% of the cartilage glycosaminoglycan (GAG) and plays an important role
in many biological processes such as cell attachment, hydration, and matrix synthesis. HYAFF® 11 (Fidia
Advanced Biopolymers, Abano Terme, Italy) is a semisynthetic derivative of Hyaluronan by esterification
of carboxyl groups of the glucuronic acid with benzyl alcohol. This processing greatly improves the
originally poor ductility of hyaluronan, enabling HYAFF® 11 to be processed into multiple forms such as
fibers, membranes, or microspheres. HYAFF and ACP, two hyaluronan-based biomaterials with different
degradation profiles, were tested as chondrogenic delivery vehicles for rabbit MSCs and compared with a
well-characterized porous calcium phosphate ceramic delivery vehicle [36]. Results showed that HYAFF
11 sponges incorporated twice as many cells and produced a 30% increase in the relative amount of bone
and cartilage per unit area.

Agarose and alginate are examples of natural materials that are based on linear polysaccharide polymers
that are extracted from seaweed [37]. These polymers are highly water-soluble due to a large number of
hydroxyl groups. Agarose gels can be easily formed by pouring a warm liquid solution of the polymer
into a mold, which gels as the solution cools to room temperature. Benya et al. [38] demonstrated that
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dedifferentiated rabbit articular chondrocytes can survive and redifferentiate during suspension culture
in firm agarose gels. Recently, it has also been shown that dynamic pressure transmission through agarose
gel was complete and immediate, which validates the use of agarose gels in studies employing dynamic
pressurization in cartilage tissue engineering [39].

Alginate is a block copolymer of alternating residues of M (d-mannuronic acid) and G (l-guluronic
acid). Alginate forms a gel in the presence of divalent ions such as calcium or magnesium. Alginate
has been widely used as scaffold in cartilage tissue engineering because its solubility, gelation rate, and
mechanical properties can be adjusted by the G/M ratio in the polymer backbone. Hauselmann showed
that human chondrocytes cultured in alginate formed a similar matrix to native human articular cartilage
[40]. When exposed to reduced oxygen tension (5%), chondrocytes encapsulated in an alginate gel has
been shown to upregulate aggrecan and Type II collagen gene expression while downregulating Type I
collagen expression [41].

22.3.2 Synthetic Polymers

No single existing polymer can meet the demands of all tissue-engineering applications, given the unique
biochemical and mechanical requirements for different tissues or sites of implantation. Poly(lactic acid,
PLA), PGA, and poly(lactic-co-glycolic acid, PLGA) are among the earliest synthetic polymers that were
investigated for cartilage tissue engineering [7]. Originally designed for use as biodegradable surgical
sutures, these polyesters can form highly porous lattice structures that allow cell encapsulation and
proliferation with effective nutrient and waste transfer. A number of cell types, such as chondrocytes and
bone-marrow derived MSCs have been seeded [42,43] in these polyester materials and cartilage matrix
production have been achieved both in vitro and in vivo. Most studies involve implantation of cell-seeded
polymer constructs into subcutaneous pockets in nude mice. Grande has shown neocartilage formation
when implanted a chondrocyte-PGA construct into the rabbit knee defects [44]. PGA and PLA scaffolds
are also biodegradable via nonspecific hydrolytic cleavage at the ester linkage site. Although polyester
scaffolds have been widely used, they too have drawbacks such as poor cell attachment, difficulty in
molding, and mild inflammatory reaction once implanted in vivo.

Injectable hydrogels are a genre of scaffolds that can be administered to fill defects of any shape and
polymerize in situ with precise temporal and spatial control in a minimally invasive manner. Sims ini-
tially investigated the utilization of polyethylene oxide, a linear polyether-(CH2CH2O)n as encapsulating
polymer scaffolds for delivering large numbers of isolated chondrocytes via injection [45]. New cartilage
formation was observed as early as 6 weeks, with specimens exhibiting a white opalescence and histological
characteristics consistent with those of hyaline cartilage.

Moreover, polyethylene oxide gels can be modified by adding acrylate end group that can potentially
allow the transformation from a liquid to a solid with a defined structure in the presence of ultraviolet
light. Elisseeff demonstrated that this transdermal photopolymerization technique can be used to implant
the chondrocyte-seeded scaffolds, allowing simple exposure of the skin surface to light to induce gelation
of scaffolds injected subcutaneously in nude mice [46,47] (see Figure 22.2). Williams et al. [26] has
further shown the feasibility of applying photopolymerizing poly(ethylene glycol)-based hydrogels for
chondrogenesis of adult goat MSCs, in the presence of growth factors. Pluronics is a commercially
available copolymer of poly-(ethylene oxide) and poly-(propylene oxide) (Pluronics; BASF Corporation;
Mount Olive, NJ). Pluronics forms a gel through physical crosslinks by hydrophobic group association at
body temperature [48]. The main limitation of hydrogels for cartilage tissue engineering is the relatively
weak mechanical properties when compared to other solid fibrous scaffolds. Mechanical properties of
hydrogels may be improved by creating composite materials that incorporate a solid and hydrogel.

Ideally, polymers used in tissue engineering should be not only biocompatible, but also bioresponsive
and biodegradable. The common feature of early polymers in biomedical applications was their biological
inertness. Research in the past decade has been focusing more on the development of bioresponsive
polymers that can respond to the local biological and physical microenvironment and elicit a controlled
action and reaction. To enhance the interaction between the scaffold and the encapsulated cells, various
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calf femoropatellar groove

Polymer solution Polymer exposed to light
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FIGURE 22.2 Schematic of procedure for cartilage tissue engineering by using transdermal photopolymerization
depicting (1) isolation of bovine chondrocytes from the femoropatellar groove and combination with polymer (10 to
20% poly[ethylene oxide]-dimethacrylate) to form (2) a polymer/chondrocyte suspension. The polymer/chondrocyte
suspension is subsequently (3) injected subcutaneously on the dorsal surface of a nude mouse, and (4) photopoly-
merized by placement of the mouse under an ultraviolet A lamp for 3 min. (From Elisseeff, J., Anseth, K., Sims, D.,
McIntosch, W. et al. Plast. Reconstr. Surg. 1999; 104: 1014–1022. With permission.)

biological signals such as cell adhesion peptides (i.e., RGD — arginine–glycine–aspartic acid), and growth
factors have been incorporated into scaffolds. Enhanced cell attachment and extracellular deposition was
achieved using scaffolds with biological activity [49–52]. As tissue mass increases and more extracellular
matrix is deposited, it is also very important for the scaffold to degrade in a similar rate to allow effective
diffusion and space for the newly formed tissue. Also, biodegradable scaffolds can play an important role
as delivery vehicles for sustained growth factor release [53].

22.4 Mechanical Stimuli

Cartilage, especially articular cartilage, is a tissue that is accustomed to mechanical stimulation. During
joint loading, articular cartilage undergoes compression and a plowing motion, and chondrocytes imbed-
ded in the cartilage thus experience direct compressive deformation, shear, and hydrostatic pressure [54].
To understand the mechanotransduction pathway, various bioreactors have been designed to mimic the
conditions necessary for functional cartilage tissue engineering. Freed and Vunjak-Novakovic [55] have
demonstrated that dynamic stimuli is critical for cartilage matrix production by chondrocytes seeded on
a PGA scaffold. Under static conditions, cell growth rates on the PGA scaffolds decreased due to limited
diffusion caused by increased cell mass and new matrix deposition. Therefore, to engineer cartilage tissue
that is clinically useful in size, it is essential to improve the in vitro culture conditions [42,56,57]. Carver
and Heath [58] examined the effect of intermittent pressure on chondrocytes seeded on PGA scaffolds
using a semiperfusion bioreactor. It was found that intermittent pressure increased the GAG content to
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native levels but the compressive modulus of the construct, though increased, did not reach the native
level. This suggested that although ECM synthesis has been increased, matrix organization may be incom-
plete. Therefore, a current challenge in engineering functional cartilage tissue using bioreactor approach
includes not only upregulation of ECM synthesis, but also its retention in the matrix and reorganization to
restore the native-level mechanical function. More work is still needed to determine the type of mechanical
forces, amplitude, and duty cycle that would induce the chosen cell type to form a functional cartilage
tissue.

22.5 Growth Factors

Research advances in the fields of embryonic development, molecular and cellular biology have identified a
variety of proteins that can affect cell chondrogenic differentiation and phenotypic expression, including
transforming growth factor TGF-βs, insulin-like growth factor (IGF-1), bone morphogenetic proteins
(BMPs), fibroblast growth factors (FGFs), and epidermal growth factor (EGF) [59]. These molecules
have a broad range of activities, including proliferation induction, increasing the synthesis and deposition
of cartilage extracellular matrix by chondrocytes, and inducing chondrogenesis by MSCs. Transforming
growth factor (TGF-β) superfamily, including TGF-βs 1–3 and insulin-like growth factor-1 (IGF-1),
stimulate GAG synthesis while chondrocyte synthesis of collagen II is strongly stimulated by IGF-1.
It has also been demonstrated that MSC cultures exposed to TGF-βs show increased cell density, nodule
formation, GAG, and Type II collagen synthesis [26,60].

The majority growth factor studies have been in vitro and focused on simply adding a soluble growth
factor to the medium [26]. However, for clinical application, a continuous and stable effect of growth
factors is a challenge. This challenge may be overcome by several possible approaches. Growth factors can
be tethered to the scaffold by chemical modification and being released as the scaffold degrades [51]. They
can also be encapsulated in polymer microspheres to achieve a sustained release [61]. The major limitation
of both the above methods is that growth factors are proteins that can easily denature and it is challenging
to retain biological activities during relative harsh chemical synthesis or microsphere suspension process.

Advances in gene transfer technology provide another novel alternative to achieve sustained and loc-
alized presentation of growth factors or gene products [62]. A variety of cDNAs have been cloned to
stimulate biological processes that could promote chondrogenesis. Direct injection of a vector or genetic-
ally modified cells into the defect is conceptually the simplest approach to gene transfer. Besides the growth
factors mentioned above, this method can also be applied to deliver chondrogenesis-related transcrip-
tional factors such as Sox-9, signal transduction molecules such as SMADS [63]. Since these molecules
function intracellularly and cannot be delivered to cells in a soluble form, gene transfer is a unique method
for translation of these technologies in a clinical setting.

22.6 Zonal Organization

Articular cartilage is comprised of three zones that exhibit significant differences in their metabolic
rate, matrix synthesis, and response to mechanical stimuli [54]. As opposed to current tissue engineer-
ing strategies where chondrocytes from all zones are seeded homogeneously, isolation of chondrocyte
subpopulations from specific cartilage zones and their organization into a scaffold to mimic the native
organization may provide engineered cartilage with enhanced structure and functional properties [64].
The superficial zone has a relatively low glycoaminoglycan content and compressive modulus, which facil-
itates the conformation of superficial zone to the opposing interface and allows stress distribution under
compressive conditions. Klein isolated chondrocytes from the superficial and middle zones of immature
bovine cartilage and cultured in alginate for 1 to 2 weeks. Analysis indicated that chondrocyte subpopu-
lations play an important role in determining the structure, composition, metabolism, and mechanical
function of tissue-engineered cartilage constructs [65]. Sharma has demonstrated the feasibility of using
multilayered photopolymerizing hydrogel to recreate the zonal organization of articular cartilage [66].
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Chondrocytes from the upper, middle, and lower zones of bovine articular cartilage were isolated and
photoencapsulated in a trilayered poly(ethylene oxide)-diacrylate, PEODA, hydrogel. Cell tracking and
viability assay showed that cells remained in their respective polymerized layer and cell viability was com-
parable throughout all three layers. Biochemical analysis further demonstrated that distinct metabolic
characteristics are maintained when the chondrocytes are cultured in the layers, suggesting that this mul-
tilayer culture system may provide a native tissue mimicking environment that promotes regulatory signal
molecules exchange.

22.7 Conclusion

Advances in tissue-engineering research provided an alternative possible therapeutic approach to restore
lost tissue and function. Many researchers have focused on cartilage tissue engineering with encouraging
results that will continue to motivate research efforts to engineer cartilage tissue with biological and
mechanical properties similar to native tissue. The zonal organization of cartilage can be recreated using
layered scaffolds, allowing a better mimic of the native cartilage tissue. Further development of cartilage
tissue engineering is also closely related to the advances in polymer science to synthesize bioactive and
biodegradable polymer with suitable biocompatibility. More research is required to achieve a sustained
delivery of biological signals such as growth factors and transcriptional factors to promote tissue devel-
opment in vivo. Identifying and providing suitable mechanical stimuli may also help engineering tissue
to produce cartilage-specific biochemical compositions in an organized manner and hence acquire the
mechanical properties that would meet the physiological needs of clinical application.
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23.1 Introduction

Tissue engineering of the temporomandibular joint (TMJ) is very much in its infancy. Similar to efforts
directed at the replacement of other diseased joints, tissue engineering of the TMJ requires a detailed
understanding of anatomy, normal joint activity and various pathologies. The body of knowledge available
for the TMJ is relatively incomplete compared to other joints, which accounts for many of the problems
encountered in previous reconstructive attempts. To date, very little is known about the manner in which
the joint functions and the environment most conducive to its physiology. Even less is known about
the impact of skeletal morphology and the presence or absence of a dentition. However, it is believed
that both these parameters affect the type and range of motion as well as the forces created during
joint function. The manner by which disease affects the TMJ has been derived largely from orthopedic
and rheumatology studies of other diarthrodial joints. As various investigators attempt to apply basic
tissue engineering techniques to produce replacement components for the TMJ, aggressive efforts are
also underway to characterize its normal and abnormal behavior. These studies will provide an essential
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basis for the development of successful and lasting tissue engineering techniques for the reconstruction of
the TMJ.

23.2 Gross Anatomy and Function of the TMJ

Movement of the lower jaw, or mandible, can occur through three planes of space as the result of rotation
around a transcranial axis (vertical opening and closure), translation relative to the skull base (protrusion,
retrusion, and side-to-side motion), or a combination of the two actions. These movements are possible,
because of the presence of paired joints that separate the lower jaw from the skull base on either side of
the cranium. The joints are named for the two bones that provide the articulating surfaces, namely the
temporal bone (temporo) which houses the superior articulation in an area known as the glenoid fossa
and articular eminence, and the mandible (mandibular), whose condylar processes provide the inferior
portion of the articulation.

The TMJs are diarthrodial structures, which is to say that within the joint, a complete interpositional
disc creates separate superior and inferior joint spaces. While this nomenclature suggests that the disc is
isolated from its superior and inferior relationships by true “spaces,” under normal functional conditions,
the separations are extremely small and filled with synovial fluid. Conceptually, it would be more accurate
to characterize these areas as potential spaces, with superior and inferior volumes approximating 1.0 and
0.5 ml, respectively [1]. This arrangement allows the fibrocartilaginous disc to fill the void between the
condylar head and the glenoid fossa, promoting congruity between two dissimilarly shaped and sized
structures [2] (Figure 23.1). Alterations in discal properties as a result of disease, improper position, or
perforation are common precursors to degeneration of the articular surfaces of the joint, as mechanisms
for the dissipation of normal physiological loads are lost. These degenerative conditions provide ample
reasons for employing tissue engineering techniques to fabricate replacements for damaged discs [3] as
well as condylar and fossa surfaces.

The disc sits astride the condylar head and together with its peripheral attachments and surrounding
joint capsule, produces a closed space separating intra- and extra-articular environments. Three morpho-
logical zones have been described for the disc [4] and these are best appreciated in a sagittal view of the
joint (Figure 23.1). The thickest region of the disc is the posterior band, followed by the anterior band.
The intermediate zone represents the thinnest portion of the disc. The junctions between the zones are
indistinct by gross examination and appear to blend with each other. In sagittal section, the disc has been
described as a biconcave structure (Figure 23.1), but this is not a true depiction of its morphology. Instead,
the disc resembles a cap attached along its entire peripheral margin to both the condylar neck and the
skull base through a variety of different connective tissues. The superior attachments are less tenuous and
allow the condylar head to slide forwards and from side to side in relation to the fossa during translatory
movements of the joint. These attachments are composed of reflections of the superior surface of the disc,
in association with the synovial membrane anteriorly and the superior laminar of the retrodiscal tissue
(bilaminar zone) posteriorly. The synovial membrane in turn attaches to the skull base anterior to the
articular eminence while the superior laminar of the retrodiscal tissue inserts into the petrous portion of
the temporal bone. Medially and laterally, the superior surface of the disc turns inferiorly, blending with
fibers of the capsule producing medial and lateral gutters. The inferior surface of the disc is more closely
adapted to the condylar head, especially in its medial and lateral aspects. This relationship promotes
rotary movements of the condyle in relation to the disc and glenoid fossa. Anteriorly, inferior reflec-
tions of the disc are interspersed with tendinous insertions of the superior head of the lateral pterygoid
muscle, which attach to a concavity in the condylar head termed the pterygoid fovea. Posteriorly, the disc
attaches to the inferior lamina of the retrodiscal tissue, which contains elastic fibers and blood vessels
(Figure 23.2). As a result of these attachments, rotation occurs in the inferior space while translation of
the joint occurs primarily involves the superior joint space. The different movements of the jaw rely upon
the contraction of the lateral pterygoid muscle and its angle of attachment to the mandibular condyle
(Figure 23.3).
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FIGURE 23.1 Superior, sagittal, and coronal views of the TMJ disc. The TMJ disc divides the joint into superior and
inferior spaces. From a superior view, the disc displays an ellipsoidal shape, being thicker in the mediolateral dimension
than anteroposteriorly. In a sagittal view of the disc, thicker anterior and posterior bands and a substantially thinner
intermediate zone (central regions of the disc) can be appreciated. In coronal sections, the disc presents a similar
biconcave shape, with thicker medial and lateral regions compared with the intermediate zone. However, regional
variations in thickness are less obvious in the coronal plane.
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FIGURE 23.2 Ligament and capsule attachments in the TMJ. The TMJ capsule and various mandibular ligaments
serve to guide and constrain mandibular movement. The capsule also separates intra- and extra-articular environments
and produces a closed space containing synovial fluid, which serves both metabolic and lubricative functions. Various
specialized neural elements within the capsule provide sensory input to guide joint position and movement.
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FIGURE 23.3 Lateral pterygoid attachment. Rotary opening and translatory movements of the mandible are the
result of contraction of the superior and inferior bellies of the lateral pterygoid muscle. This muscle originates from
the lateral surface of the lateral pterygoid plate and inserts into the pterygoid fovea, a depression in the anterior surface
of the condylar head.

While the mouth is capable of opening widely, an interincisal opening of greater than 40 mm is the
result of condylar rotation and translation. Most physiological opening movements are the result of smaller
rotations of the condylar head. Under normal conditions, these movements produce complex compressive
loads between the anterior surface of the condyle and the posterior slope of the articular eminence [5].
In the presence of a normally positioned disc, forces in this region are reduced and dissipated by the
interposed intermediate zone of the disc along with the lubricating actions of synovial fluid. Only with
excessive opening are shear forces generated at the interface of the superior surface of the disc and the
glenoid fossa–eminence complex. The temporomandibular joints’ tissues, particularly the TMJ disc,
appear to have been designed to distribute both tensile and compressive forces during jaw movement.

The TMJ is enclosed by a fibrous capsule, which encloses the joint on its medial and lateral aspects. Lat-
erally, the capsule is reinforced by the temporomandibular ligament. As described previously, attachments
between the capsule and disc produce closed superior and inferior joint spaces (Figure 23.2). The capsule
and ligament are highly innervated structures, containing a significant number of receptors which are cap-
able of detecting stretch and pressure. Pacinian corpuscles, Ruffini nerve endings, Golgi tendon bodies,
and free nerve endings have all been identified in the joint capsule [6]. These receptors provide important
proprioceptive signals that guide the position of the mandible through neural relays with the muscles of
mastication. While joint sensation is commonly ascribed to the auriculotemporal nerve, the role of other
neurological mechanisms governing joint motion and mandibular position are not well understood. This
lack of characterization contributes to the morbidity associated with reconstructive procedures.

The inner surfaces of the capsule are lined by the synovial membrane, a specialized structure containing
cells and vessels responsible for both the phagocytosis of foreign particles and potentially pathological
organisms and the production of synovial fluid. Synovial fluid serves two principal functions within
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a joint. As a lubricating fluid, synovial fluid is extremely effective exhibiting a coefficient of friction
of approximately 0.00001. The lubricating action of synovial fluid is complex in itself and involves the
interaction of multiple proteins [7]. Synovial fluid also acts a medium for the transmission of nutrients
and the removal of metabolic waste from the cells present within the joint. As a dialysate of plasma,
it contains all the components of plasma with the exception of large coagulation proteins. This com-
position suggests that synovial fluid is capable of performing most of the physiological functions of
blood and is essential to the viability of joint structures. Tissue engineering products aimed at recon-
struction of the TMJ or its components must be coupled with efforts to restore the functions of the
synovium.

Potential movement of the mandible through three planes of space has already been described.
Of interest is the considerably larger bulk of musculature responsible for closing movements as opposed
to opening and excursive actions. Closure of the mandible is under the influence of the masseter, tempor-
alis, and medial pterygoid muscles. These muscles form a robust sling around and above the mandible
that generate a considerable amount of force. In contrast, opening movements are produced through
the relatively small contractions of the superior head of the lateral pterygoid and (possibly) suprahyoid
muscles (Figure 23.4). This muscular arrangement suggests that under normal conditions, opening move-
ments constitute relatively passive actions through smaller ranges, while closure of the mandible invokes
a power stroke to resist loads imposed by gravity and the presence of a bolus of food between the teeth.
Consideration of the functional loads imposed upon the TMJ is critical in the design of tissue-engineered
constructs [3]. Constructs must survive joint loading conditions, especially if protective neuromuscular
controls are compromised by disease or surgical reconstructive procedures.

FIGURE 23.4 Muscles of mastication. In contrast to opening and side-to-side movements, mandibular closure is
produced by contraction of three large muscles: the temporalis muscle (B), masseter muscle (C), and medial pterygoid
muscle (D). These muscles, along with the lateral pterygoid (A), are collectively referred to as muscles of mastication
since their principal activity is associated with eating.
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23.3 Microscopic Anatomy of the TMJ Disc

Extensive histological studies of the TMJ utilizing light and scanning electron microscopy have been
conducted in both human [8,9] and animal specimens [10,11]. Unlike most diarthrodial joints, the artic-
ular surfaces of the TMJ appear to be formed by nonvascularized and noninnervated fibrous connective
tissue instead of hyaline cartilage, but these structures have not been completely characterized. The inter-
positional disc, on the other hand, is the subject of considerable interest in both human and animal models
and these studies confirm that the disc is composed of fibrocartilage with an organic matrix composed
primarily of collagen fibers enclosing a mixed fibroblastic and chondrocytic cell population [12–14].
In studies using porcine disc specimens, the ratio of fibroblasts to fibrochondrocytes is approximately
7 : 3 [14]. The presence of true chondrocytes, which are characteristic of hyaline cartilage, is debatable and
indicative of the difficulty in phenotyping cells on the basis of their light microscopic appearance, espe-
cially when artifactual errors are taken into consideration. Using collagen typing, which provides strong
evidence of the type of cell present based on its secretory product, a predominance of type I collagen in
the TMJ disc [12,13,15] implies that the major cellular constituent is derived from a fibroblastic lineage.
Trace amounts of type II collagen and a procollagen precursor have also been detected in human discs
near the superior and inferior surfaces [16]. The cellular population of the disc appears to vary with age
and also with the animal model studied. This is not surprising considering the different functional loads
applied by various dietary patterns present in old and young ruminants and carnivores alike, and suggests
that discal cells possess the ability to differentiate (or dedifferentiate) according to function. In general,
higher cell numbers have been identified in the anterior and posterior bands relative to the intermedi-
ate zone [14]. The population of cells in the intermediate zone, subjected to greater compressive forces,
appears to be more chondrocytic than the anterior and posterior bands [14]. In the anterior and posterior
attachment regions, fibroblasts and fibrocytes predominate [14]. Smaller amounts of elastin fibers and
other noncollagenous matrix proteins complete the organic structure of the disc [17].

The histological organization of the collagen fibers in the disc shows considerable regional variation
between the intermediate zone and peripheral attachment regions [18]. In the central area of the inter-
mediate zone, the collagen fibers are oriented primarily in an anterior–posterior direction. In areas where
the disc attaches to the condylar neck and skull base, the fibers assume a ring-like structure (Figure 23.5).
The distribution of the elastin fibers also appears to follow a circumferential pattern [17] with smaller

FIGURE 23.5 Collagen fiber alignment in the TMJ disc. The collagen fibers of the TMJ disc are arranged in a
ring-like structure around the periphery of the disc. In the intermediate zone, the fibers are predominantly aligned
in an anterior-posterior direction. In transition regions between the intermediate zone and the anterior and posterior
bands, the collagen fibers curve medially, laterally, inferiorly, and superiorly.
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FIGURE 23.6 GAG content and distribution in the TMJ disc. Chondroitin sulfate is the predominant GAG in the
TMJ disc, followed by dermatan sulfate. Keratan sulfate and hyaluronic acid GAGs are also found in the TMJ disc.
Regionally, the medial portion of the disc appears to possess the largest concentration of GAGs followed by the anterior
region. (Data from Detamore, M.S., et al. [2004] Matrix Biol. 24, 45–57. With permission.)

amounts of elastin present near the center of the disc and larger numbers of fibers in the posterior
band [19]. By characterizing the disc according to the orientation of fibers, a different functional view
of the disc is derived. Instead of dividing the disc into the intermediate zone and anterior and posterior
bands, the disc can be regarded as possessing a central zone surrounded by peripheral attachment regions.

The collagen fibers also vary in appearance between the superior and inferior surfaces of the disc. Fibers
within the inferior surface of the disc exhibit a more wavy appearance than those closer to the superior
surface. This arrangement supports the need to dissipate larger compressive forces within the inferior
joint space as opposed to tensile forces in the superior joint space.

At the molecular level, the presence, type, and distribution of glycosaminoglycans (GAGs) helps determ-
ine the response of articular tissue to function. The literature is not entirely in agreement regarding the
total amount of GAGs present, the type and relative proportion of GAG, and the zonal distribution of
each GAG [10,20–24]. The variable observations may be the result of differences in the animal model
selected as well as different analytical techniques, which have included inhibition ELISA assays, ion
exchange chromatography, electrophoresis, high-performance liquid chromatography, and colorimetric
analysis [10,20–24].

Most studies suggest that GAGs represent between 0.5 and 10% of the dry weight of the TMJ disc
[10,20–25]. The predominant GAG appears to be either chondroitin sulfate or dermatan sulfate, with
small amounts of keratan sulfate and hyaluronic acid also detected [22,26]. Similar to the knee meniscus,
water content of the disc is high, approximately 70% [27]. Antero-posteriorly, the highest concentration
of chondroitin sulfate and keratan sulfate is found in the intermediate zone [10]. Medio-laterally, a higher
concentration of GAGs is found in the medial regions [10]. The approximate values of GAG content in
the TMJ disc are presented in Figure 23.6.

23.4 Biomechanical Behavior and Failure of the Disc

The TMJ disc under tension and compression exhibits significant anisotropy [28–31]. This behavior is
believed to be directly related to the heterogeneous structure and organization of its cellular and molecular
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components. Furthermore, the disc appears to have much more tensile integrity than compressive; tensile
moduli are 100- to 1000-fold larger than compressive moduli [28,29]. The bands of the disc also show
a larger capacity to resist compressive loading than the central portions of the disc [28]. While the disc
experiences both tensile and compressive loading, its role in the joint appears to be primarily compressive,
yet its material properties under compressive loading are much smaller than other compressive tissues such
as articular cartilage. The material properties of the TMJ disc support the hypothesis that the TMJ disc
operates in a “trampoline-like” fashion. As the disc experiences increased levels of tensile deformation, the
mesh-like collagen fiber network increases its resistance to deformations from the mandibular condyle.

The TMJ disc’s material properties vary regionally [28–31]. The posterior and anterior bands appear to
possess the largest resistance to instantaneous compressive loading, while the medial portions of the disc
exhibits a significant relaxed resistance [28]. Under antero–posterior loading, the TMJ disc demonstrates
considerable stiffness in all regions, however, the lateral portions of the disc appear to be less stiff than
the central and medial portions [29]. Under medio-lateral tension, the disc behaves very differently. The
anterior and posterior bands each display large resistance to tensile deformation, but the intermediate
zone appears to be much weaker and consequently, more prone to deformation. From this account, we see
strong correlations between a disc’s tensile properties and its collagen fiber alignment [29]. Correlations
between the disc’s compressive properties and its matrix constituents are less defined. While GAG content
is believed to increase the hydrostatic pressure within a matrix, and thus its compressive stiffness, the
GAG content of the TMJ disc may not be large enough to account for significant variations throughout
the tissue. Other factors, such as the specific type of GAGs or the size of collagen fibers present, account
for the regional variations [28].

23.5 Common Conditions Affecting the TMJ

Within the context of clinical disease, four categories of pathology have been recognized to affect the TMJ
to the extent that treatment is required. Internal derangement of the TMJ is a condition characterized by
incoordinate movements of the disc relative to the condyle. It is believed to be the result of several inter-
related pathological processes, including softening (chondromalacia) which produces either a deformed
or malpositioned disc (most commonly in an anteromedial direction), disc perforation as a result of
functional loads applied to diseased tissue, intra-articular reparative processes which limit joint and disc
motion (adhesions or scar bands), and an alteration of synovial fluid properties which affect lubrication
and metabolism (synovitis). When a disc is displaced from its normal position, a variety of responses occur
depending on the extent and duration of the displacement. Minimally displaced discs that are capable of
reduction often provoke adaptive responses within a joint, consisting of remodeling of the articular surfaces
and discal tissue. However, if the disc is displaced significantly for a prolonged period, degeneration occurs
as the result of unfavorable loading forces and the consequences of reduced mobility [32].

Degenerative joint disease represents a different state where catabolic loss of articular tissue exceeds
anabolic attempts to restore joint structure. Various etiologies are capable of producing degeneration
and these include excessive and repetitive loading patterns (osteoarthritis) and autoimmune conditions,
where inflammatory antibodies against joint matrix proteins destroy the structural organization of the
joint (rheumatoid and psoriatic arthritis). The etiology of osteoarthritis is unknown, but the interaction
of several factors such as heredity, prolonged loading, trauma to a joint, immobility, obesity, joint
instability, and advanced age appear to affect the normal mechanism by which cartilage cells replenish
matrix macromolecules responsible for cartilage integrity [33]. The capacity for internal remodeling of
both the discal and articular cartilage diminishes as a result of changes in matrix composition, biosynthetic
activity of cartilage cells, and responsiveness of these cells to stimulation.

The cause of rheumatoid arthritis is also unknown, and while a strong genetic predisposition has been
suggested by the presence of the HLA-DR4/DR1 epitope in over 90% of patients, the concordance of
disease in monozygotic twins is between 15 and 20%, suggesting the significant influence of nongenetic
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factors. Macroscopic hallmarks of disease include synovial proliferation (rheumatoid pannus) and uncon-
trolled inflammation, reflected on a microscopic level by synovial cell hyperplasia and endothelial cell
proliferation. The inflammatory process is also associated with activation of various cells of the reticulo-
endothelial system, including CD4 T lymphocytes, B cells, phagocytes, and neutrophils. Fibroblast and
osteoclast activation result in both cartilage and bone resorption and thickening of the periarticular
tissue.

Both internal derangement of the TMJ and degenerative joint disease can produce a reduction in the
range of motion of a TMJ. These conditions may also be associated with significant pain. The origins of pain
remain controversial, often because of the difficulty in localizing the sources of pain. Activation of nerve
endings by inflammatory mediators and stimulation of neural elements present within the capsule, TMJ
ligament, synovial membrane, and retrodiscal tissue by distortion or compression have been implicated.
In addition, compromised joint function is capable of altering the normal behavior of the mandibular
musculature. This sequela of joint disease produces reactive muscular responses and the phenomenon
has been characterized as myofascial pain dysfunction (MPD), a condition which includes myospasm
and muscle fatigue. The combination of pain derived from multifactorial origins and reduction in joint
mobility produces the principal signs and symptoms associated with temporomandibular dysfunction
(TMD), a clinical syndrome associated with pain and an inability to achieve normal mandibular motion.

The third category of TMJ disease differs from the preceding conditions, because it reflects a disorder
of bone metabolism, rather than cartilage. Here, the local intra- and extra-articular environment favors
the formation of heterotopic bone. When the dystrophic bone bridges the joint space (temporal–condyle
interphase), complete immobility of the joint (and mandible) occurs. This condition is referred to as
ankylosis of the TMJ.

The last category of conditions affecting the TMJ consists of different neoplasms or cysts that affect
the mandible. These diseases rarely affect the joint without involvement of the adjacent mandibular bone
and as such, will not be considered in this discussion on tissue engineering of the TMJ, because the defect
requiring reconstruction usually extends beyond the confines of the joint.

The successful application of tissue engineering strategies to reconstruct either individual joint com-
ponents or the entire joint mandates a full appreciation of the pathological condition(s) responsible for
the destruction of the joint in the primary instance. Ignoring the etiology of joint disease may result in a
diminished capacity for successful implementation of an engineered construct and an inability of tissue
engineering to fulfill its promise as a reconstructive modality.

23.6 Current Methods for TMJ Reconstruction

Reconstruction of the TMJ can involve the replacement of a disc, reconstruction of the superior artic-
ulation (hemi-arthroplasty), or replacement of the superior and inferior articulating surfaces (total joint
reconstruction). A variety of autogenous and alloplastic materials have been used for joint reconstruction
with varying and conflicting results. It is beyond the scope of this chapter to discuss comparative outcomes
from these procedures. Analyzing the relative success and failure of each technique or material is com-
plicated by an inability to fully appreciate the normal function of a particular patient’s joint, which has
lead to difficulty in gauging outcomes. Criteria used to evaluate treatment of patients with TMJ pathology
usually include a comparison between the mandibular range of motion and pain levels before and after
surgery, which are imprecise measurements fraught with subjective error.

Removal of a diseased or severely displaced disc (discectomy or meniscectomy) is a procedure employed
when repositioning maneuvers of the malposed disc fail or are not possible because of advanced degener-
ation of the disc. Following removal, treatment alternatives include leaving the joint empty, replacement
of the disc with an autogenous fat, fascia (e.g., fascia lata), cartilage (e.g., auricular cartilage), dermal
graft, or rotating a fascia flap (e.g., temporalis fascia) into the defect. Whichever modality is selected, it
appears that the formation of an interarticular scar band either through a de novo process or metaplastic
transformation of grafts and flaps into fibrous tissue provides a common endpoint.
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Experiences with different alloplastic materials for discal replacement have been characterized by a
number of significant failures resulting in severe joint resorption, alteration of mandibular skeletal rela-
tionships, compromised motion, pain, and allegations of systemic immune compromise. These surgical
disasters and the resultant lawsuits have unfortunately tainted all forms of TMJ surgery and discouraged
many surgeons from seeking alternative methods to reconstruct the joint. Before the controversy surround-
ing the implantation of medical-grade silicone developed, silicone (Silastic) interpositional implants were
available for disc replacement. As permanent replacements, these devices were capable of fragmentation,
but when used as a temporary interpositional implant (“pull-out” technique), they were observed to
provoke the formation of a dense fibrous tissue capsule, which served as an interarticular cushion. Their
relatively successful use following discectomy might be attributed to this reaction.

One of the most litiginous experiences associated with the alloplastic replacement of a disc occurred
with the use of a Teflon–Proplast implant in the late 1980s and early 1990s. Produced by the Vitek®
Corporation, fragmentation of the implant under functional and parafunctional loads was associated
with an exuberant foreign body giant cell response and significant osteoclastic activity, resulting in the
resorption of condylar and fossa surfaces and severe local inflammatory events. The lessons learned
from this experience are essential, and include the significance of characterizing the loading patterns
within a joint, and the importance of recognizing the effects of degradation products upon the local joint
environment.

The TMJ hemi-arthroplasty was a procedure popularized by Christensen and Morgan in the 1960s, in
which the superior articulation of the joint was replaced with an implant fabricated out of chrome–cobalt
alloy. The Christensen implant reconstructed both the fossa and articular eminence while the Morgan
implant covered the eminence only. Concerns over accelerated degeneration of the natural condyle artic-
ulating against a less-deformable surface eventually resulted in the replacement of the hemi-arthroplasty
with total joint reconstructive procedures utilizing both prosthetic fossa and condylar components. Several
systems are currently licensed by the Food and Drug Administration (FDA) (ca. 2004) for implantation
into patients, though limitations have been imposed on surgeons wishing to use these devices and the
selection of patient candidates. Stringent follow-up of patients treated with these implants form the basis
of various clinical trials designed to test not only the ability of the procedure to improve a patient’s
condition, but also the integrity of the devices over time.

As an alternative to prosthetic devices, autogenous grafting techniques are available. Reconstruction of
the TMJ with autogenous tissue involves the harvesting of a costochondral graft (fourth to sixth rib) and
attaching the graft to the remaining mandibular ramus following removal of the diseased joint. The rib is
usually placed on the lateral surface of the ramus and fixated with multiple transcortical screws or a bone
plate (Figure 23.7). The rib may also be placed on the posterior border of the ramus so that its widest
dimension occupies the fossa, but fixation with either bone plates or screws becomes a little more difficult.
When the disc is removed along with the condyle, alternatives for discal reconstruction are similar to
those following discectomy and range from leaving the interarticular space empty to using some form of
autogenous soft tissue to fill the void.

In general, reconstruction following joint removal for neoplastic or cystic disease enjoys a higher
rate of success than similar procedures performed in patients with temporomandibular dysfunction.
Several reasons have been proposed for this dichotomy, including persistence of parafunctional load-
ing of the articulation, excessive scarring from multiple operations, the physical and psychological
consequences of chronic illness, and degenerative disease states which are directed against bone and
cartilage.

The principal indications for considering an alloplastic total joint over an autogenous costochondral
graft include the treatment of joints where heterotopic bone formation is a concern (e.g., ankylosis of the
TMJ), joints affected by a resorptive inflammatory process (e.g., rheumatoid arthritis or joints affected
by a foreign body response to previously implanted alloplasts), and multiply operated patients where the
soft tissue bed is excessively scarred and relatively avascular. Under these adverse conditions, autogenous
grafts may be compromised by further disease or conditions which do not favor graft survival. The ability
to customize an alloplastic device is also useful for correcting a skeletal discrepancy that may occur in
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FIGURE 23.7 Autogenous reconstruction of the joint with a costochondral graft.

patients with severe degenerative joint disease, where retrusion and rotation of the mandible is the result
of decreased posterior vertical support (Figure 23.8a,b).

Customized prosthetic devices involve complex surgical techniques. In order to accurately reproduce
the skeletal bases to which the devices will be attached, two separate surgeries are ideally required. During
the first procedure, the diseased joint (or failed implant) is removed and the area derided. A temporary
alloplastic space maintaining implant is used to reduce the amount of soft tissue in-growth into the
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(a)

(b)

FIGURE 23.8 Mandibular retrusion secondary to bilateral condylar resorption. (a) Profile view of patient with
severe, bilateral rheumatoid degeneration of the mandibular condyles. Retrusion of the mandible can be appre-
ciated from the posterior position of the chin; (b) stereolithographic model of the same patient demonstrating
the resulting malocclusion created by loss of condylar height. Correction of mandibular skeletal position with
bilateral alloplastic total joint reconstruction. (c) Patient with bilateral degenerative rheumatoid disease of the
mandibular condyles following surgical reconstruction of the joints with alloplastic total joint prosthesis. Note restora-
tion of mandibular projection; and (d) Postero-anterior (PA) skull radiograph demonstrating bilateral alloplastic total
joints.
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(c) (d)

FIGURE 23.8 Continued.

resulting space. Following this surgery, a thin-cut Computerized Tomography (CT) scan is obtained
using a protocol devised by companies specializing in the fabrication of stereolithographic models. The
anatomically accurate model is sent to a joint fabrication company where CAD–CAM technology is used
to produce a prototype of the final device. Each device is composed of a prosthetic fossa and eminence as
well as a condylar head attached to a ramus component. The prototype is returned to the surgeon who
confirms that the surgical defect has been correctly reconstructed. At this time, minor modifications to
the skeletal defect may be proposed to better accommodate and fit the implant. Once the customized
implant has been completed, the patient undergoes a second surgery during which time, the surgical
sites are adjusted to match the defect created on the stereolithographic model before the prosthetic fossa
and condyle are attached to their bony bases. The entire process is time-consuming and expensive, but
justification for its use lies in the magnitude of the problem requiring correction (Figure 23.8c,d).

Single surgery reconstruction of a joint is also possible with custom devices. In this procedure, a
stereolithographic model of the diseased joint is prepared. If an alloplastic device is already in place,
digital subtraction technology is employed to artificially remove the prosthesis. Otherwise, the surgeon
creates the anticipated surgical defect on the model and the device is fabricated. Minor adjustments to the
skeletal remnants can be made at the time of implantation to promote a close adaptation of the device to
the defect.

The Christensen total joint system has been available since 1965, though the current device, which
employs a Vitallium fossa articulating against a chrome–cobalt condylar head, is significantly modified
from the original design which used a metallic fossa matched with a condylar head composed of poly-
methylmethacrylate (PMMA) (Figure 23.9a). Concerns over the development of a giant cell mediated
foreign body response to particulate PMMA prompted this change. Both the fossa and condylar pros-
thesis are fixated to the temporal bone and mandibular ramus, respectively, with screws (Figure 23.9b).
Both patient-specific implants, customized according to computerized tomographic data, as well as stock
devices with different sizes and shapes for the fossa and condyle are available.

Another system currently available is offered by TMJ Concepts® (Figure 23.10). This system utilizes a
chromium–cobalt–molybdenum condylar head attached to a ramus framework made out of titanium alloy
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(a)

(b)

FIGURE 23.9 Christensen® total joint prosthesis with (a) acrylic condyle and (b) metal condyle.
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FIGURE 23.10 TMJ Concepts® total joint prosthesis.

(6AL–4V) and a fossa component composed of ultra-high molecular weight polyethylene (UHMWPE)
with a nonalloy titanium mesh backing. The respective components are customized to the individual
patient’s anatomical defect and are produced with advanced CAD–CAM technology. After fabrication,
the condyle and fossa are attached to their respective skeletal components with multiple screws (titanium
alloy) placed in a nonlinear fashion to promote maximum stability. There are no stock components
available for this system.

The third device is currently available only to surgeons who are formally registered to participate
in an FDA-sanctioned clinical trial for the Lorenz-Biomet prosthetic total joint. The fossa consists of
a UHMWPE articular surface mounted on a metallic base which is used to secure the prosthesis with
screws to the lateral margins of the glenoid fossa. Since this is a stock device available in three sizes,
the patient’s anatomy requires preparation to conform with the prosthetic contours. This is achieved in
part by removing most of the articular eminence and if indicated, filling the space between the fossa and
device with orthopedic cement (e.g., Simplex P). A significant difference between the design of this fossa
prosthesis and those used in the Christensen or TMJ Concepts systems is the thickness of the articular
surface. The Lorenz-Biomet total joint system attempts to shift the center of rotation of the reconstructed
joint inferiorly to simulate translatory movements by increasing the thickness of the UHMWPE to a
minimum of 4 mm. The condylar portion of this device is composed of a cobalt–chromium–molybdenum
alloy and is available in 45, 50, and 55 mm lengths to accommodate various ramus heights. Several design
features have also been incorporated including augmenting the peripheral margin of the fossa prosthesis
to reduce the likelihood of re-ankylosis and the in-setting of the condylar head so that it articulates against
the middle of the fossa instead of the lateral aspect.

23.7 Tissue Engineering Strategies for TMJ Reconstruction

23.7.1 Tissue Engineering Motivation and Philosophy

The motivations for tissue engineering in the TMJ are abundant [3,34]. While surgical removal of diseased
articular surfaces or a pathologically affected disc with or without reconstruction remains a viable treat-
ment option, the resulting articulation is left without the benefit of physiologically adaptive tissues. Tissue
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FIGURE 23.11 Developmental approach toward tissue engineering. The combination of cells, scaffolding, and
signals provide the foundations for the creation of a tissue engineered construct. However, before designing such an
implant, the material characteristics of the native tissue should be fully characterized and incorporated into the design.

engineering offers the potential to replace tissues that have been destroyed and removed [3]. Laboratory
fabricated biological constructs would be capable of immediate structural reconstruction, reproducing
normal joint physiology, and reducing the need for multiple surgical procedures. Current tissue engineer-
ing efforts in the TMJ are focused on the replacement of bony, cartilage, and fibrocartilage structures as
separate components. There are currently no documented efforts to reconstruct the capsule or synovium,
which places the field at a considerable distance from the engineering of a true total joint system.

The tissue engineering approach to articular reconstruction combines cells, a scaffold, and biological
agents that control the formation and maintenance of tissue with properties comparable to native struc-
tures [3]. Several variations to this general approach include the use of different cell lineages [35], various
scaffold materials and shapes [36], and the methods by which biological signals are applied [37]. In order
for engineered constructs to succeed, characterization of the native tissue properties (cellular, biochem-
ical, and mechanical) must first be conducted, such that tissue engineering efforts may be designed to
create constructs which emulate the native tissues’ functions [18]. Figure 23.11 summarizes the progres-
sion and philosophy associated with tissue engineering efforts. Each level of tissue characterization, as
well as general efforts to engineer joint components, is the focus of active research. A comprehensive
understanding of the challenges in these research areas will lead to the development of viable, implantable
tissue engineered construct for TMJ reconstruction.

23.7.2 Cellular Issues

Cells are the factories responsible for the formation and maintenance of replacement tissues. Through the
action of proteins responsible for creating or degrading the surrounding extracellular matrix, cells produce
and remodel tissue structure to comply with functional requirements. Cells for TMJ tissue engineered
constructs are derived from one of three sources: native cells isolated from healthy mature tissue, undiffer-
entiated progenitor cells isolated from a variety of autogenous sites, and cells which infiltrate a noncellular,
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implanted scaffold from the surrounding tissue in vivo. Each cell source is associated with distinct advant-
ages balanced against phenotypical limitations. The selection of an appropriate cell source is therefore
based upon the requirements of a particular tissue engineering application.

Several issues govern the selection of cells for tissue engineering in the TMJ. For example, the pres-
ence of a healthy native cell source may be impossible due to joint pathologies. Also, these mature cells
may have fewer propensities to produce ECM proteins. For these reasons, the promotion of an undif-
ferentiated cellular phenotype has been suggested as a possible cell source for diseased joints. However,
this promotion may be unnecessary if healthy, native cells which have retained their phenotype are
available.

Further complicating the selection of the cell source is a tissue’s phenotypic nature. In the case of
the TMJ disc, a heterogeneous group of cells are found throughout the disc, thus native cell harvesting
techniques may yield the best approximation of the disc’s cellular constituency. Mature cells could have a
reduced ability to produce extracellular matrix proteins, but these effects may be a result of other factors
such as passaging effects. In addition to these issues are the multiple phenotypic origins which may assist
in TMJ development. Cell populations in the TMJ have been shown to possess origins associated with
mesenchymal and neural crest derivatives. These lineages may play very different and interrelated roles in
TMJ development [38].

When a reconstruction aims to replace the entire TMJ and not the disc alone, multiple cell lines,
scaffolds, and molecular factors have to be considered. In the most extensive form of joint reconstruction,
it may be necessary to replace bone, cartilage, fibrocartilage, capsule, and synovium simultaneously.
The concurrent regeneration of these different tissues in a single scaffold with multiple cell lines and
specialized molecular signals may prove extremely difficult. An alternative approach would attempt to
engineer components of the joint separately and to combine these elements after they have been formed,
in a process similar to the use of current alloplastic devices.

To complete the reconstruction, an implantable construct may require the incorporation of a neural
network capable of mediating joint neuromuscular responses as well as a vascular supply to support various
metabolic requirements of the reconstructed joint. Current tissue engineering studies are not sufficiently
developed to handle this level of complexity and ultimately, this effort might prove unnecessary if the
capsule, synovium, and temporomandibular ligament are preserved and re-attached after the implantation
of the construct. Currently, the focus of TMJ tissue engineering is the separate regeneration of the major
tissue constituents of the joint, namely bone, cartilage, or fibrocartilage, but success in this area does not
necessarily translate into a successful reconstruction of the total joint.

23.7.3 Scaffold Issues

The scaffold is used to support cells while they produce a three-dimensional biological matrix. The choice
of material for the scaffold is based upon how the construct will be utilized. Important considerations
include the characteristics of the tissue being regenerated, the mechanical environment to which the
scaffold is subjected, interactions between cells and the scaffolding material, the biocompatibility of the
scaffold and its degradation products, and the ability of a scaffold to convey various biological signals.
The scaffold should also elicit a minimal immunogenic response to reduce rejection and facilitate the
formation of biological tissue. Current TMJ tissue engineering efforts have focused on scaffolds composed
of hydrogels and meshes fabricated from different natural and synthetic materials [39].

Hydrogels are scaffolds used in current tissue engineering applications for bone, cartilage, and fibrocar-
tilage regeneration. Some of the advantages of hydrogels include controlled rates of degradation, the ability
to be injected, photopolymerization capabilities, and the assembly of protein sequences conducive to cell
attachment [40,41]. Specific hydrogels such as oligo(poly(ethyleneglycol)fumarate) (OPF) have shown
promise in the regeneration of bone and might prove effective in the promotion of cartilage regenera-
tion [35]. Alginate hydrogels have also been used in the regeneration of the TMJ disc using porcine TMJ
disc fibrochondrocytes [39]. However, the cellular population of the construct was not stable and observed
to decrease with time [39]. The importance of a scaffold to the production of bone and cartilage from cells



mikos: “9026_c023” — 2007/4/9 — 15:52 — page 18 — #18

23-18 Tissue Engineering

has been well documented. When cells remain unattached, tissue formation is absent, while suspension
in hydrogels can promote both bone and cartilage formation [42].

Meshes can be made from degradable or nondegradable synthetic materials. Natural porous meshes,
such as coral hydroxyapatite have also been utilized as scaffolds [43]. Nonwoven meshes of polyglycolic
acid (PGA) and polylactic acid (PLA), used alone or as copolymers, are popular in tissue engineering,
because they have already received approval from the FDA for medical implantation into humans [39].
These materials can be formed into complex shapes by polymerizing or fashioning the material within
anatomic molds. The rate of degradation of the copolymeric scaffolds can also be adjusted by chan-
ging the ratio of the copolymers. While complete hydrolysis of many polymeric meshes will occur,
acidic degradation products may incite an inflammatory response which can adversely affect the form-
ation of bone or cartilage. Nonwoven meshes have already demonstrated their ability to support TMJ
disc fibrochondrocytes [39], osteoblast-like cells [44], and chondrocytes [45] in vitro. These studies
demonstrate the promise of these materials for the reconstruction of an interpositional disc and articular
cartilage.

23.7.4 Signals and Stimulation Issues

Molecular signals and nonbiological stimuli may be used to induce positive and negative gene expression,
and thus biosynthetic responses, in cells. These modulators can take a variety of forms such as growth
factor application, mechanical stimulation, the use of adhesion peptides, and the generation of oxygen
gradients, electrical currents, and sonic stimulation. The effects of these agents can be direct or synergistic
and may produce single or inter-related responses. By varying parameters, such as the bioactivity of
growth factors and proteins, the size and frequency of mechanical and sonic stimulations, the length of
stimulations, and dosage and saturation effects, the regeneration of tissue can be optimized.

Several studies have investigated the effect of growth factors, mechanical stimulation, and oxygen
on tissue engineered constructs. Each stimulant, acting through the modulation of the local envir-
onment, is capable of producing tissue-like ECM proteins. However, the formation of an organized,
three-dimensional tissue array with biochemical and biomechanical properties similar to native tissue
will probably require a combination of signals. One method for creating a multisignal environment
employs bioreactors to supply mechanical stimulation, such as hydrostatic pressure, in combination with
a variety of other signals such as growth factors. Bioreactors capable of perfusion are also able to deliver
molecular signals more efficiently by dispersing the biochemical agent throughout the tissue engineered
construct.

23.7.5 Specific Issues Related to Joint Reconstruction

Since a tissue engineered construct is composed of biological tissue, consideration must be given to the
original disease process or joint loading patterns that initially produced a dysfunctional joint. If parafunc-
tional forces exist, strategies to decrease joint loading must be employed. These include the use of dental
orthotic devices, which reduce forces generated by the muscles of mastication and provide protective
responses through neuromuscular afferent signals from the periodontium surrounding the teeth.

Another challenge is the maintenance of construct viability following implantation. In order to survive,
cells require nutrients diffusing from the surrounding vasculature and a method to remove metabolic
waste. Establishing a vascular supply in a tissue engineered construct is critical, especially for vascu-
lar tissues like bones. Fortunately, fibrocartilage has even lower metabolic requirements, an advantage
where TMJ reconstruction is concerned. A separate concern involves the creation and connection of the
nervous system in a tissue engineered construct to guide the complex movements of the joint and provide
proprioceptive input to the neuromuscular system. Meeting this requirement is important for the return
of normal function to the reconstructed joint. It may be possible to utilize native tissue for these two
functions, if efforts are made at the time of joint or disc removal to preserve the capsule, synovium, and
vascular supply from the bony resection margins. When these structures are compromised, such as the
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case with multiply operated patients, the success of any reconstruction diminishes. Avoidance of multiple
surgeries should therefore be part of the overall strategy for using tissue engineering to provide improved
results compared to current modalities.

There are also concerns with the immunogenicity of tissue engineered constructs if nonautologous cells
and a synthetic matrix are used for the construct. This is especially significant if xenogeneic sources are
employed. Possible sources for TMJ cells include the contralateral joint, provided that it is not also diseased.
Alternatively, fibroblasts and fibrochondrocytes, the lineages found in TMJ tissue, may be harvested from
another fibrocartilaginous joint such as the sternoclavicular joint. It should be kept in mind that biological
tissue is capable of varying degrees of adaptation according to the local environment. While this tenet has
not been explored in tissue engineering reconstruction of the TMJ, it would not be unreasonable to expect
that an engineered construct composed of cells from other diarthrodial joints or cartilaginous structures
are capable of phenotypical transformation into cells more closely resembling those of the native TMJ. The
successful use of such unrelated tissues as scar bands, fascia, auricular cartilage, costochondral cartilage,
dermis, and fat support this contention.

The time required to create a viable tissue engineered construct for the reconstruction of a disc or total
joint must also be considered. At this stage, an estimation of the period necessary for the population
of an implant with sufficient cells of the desired lineage with properties suitable for handling, surgical
implantation and attachment, is unknown. While TMJ reconstruction is generally an elective procedure,
it would be unreasonable to consider tissue engineering techniques requiring more than several months
as viable alternatives to current modalities.

Another important concern focuses on the ability to stabilize a construct within the joint. Even after the
successful creation of replacement tissue, the implant must be anchored to existing structures. To facilitate
this process, the implant must possess sufficient bulk, surface area, strength, and tenacity to attach it to the
remaining skeleton. Current methods for repositioning a disc include the use of sutures threaded through
holes made in the adjacent bone or attaching it to bone anchors such as the Mitek® device inserted into
the condylar head. Single point attachment of structures which usually require circumferential fixation
for positional anchorage are inherently unstable. Methods for providing multiple attachments of a disc
replacement need to be developed for successful function to be restored. This is especially true when the
zonal differences and functional properties of each zone are considered. Attachment of a condylar or fossa
engineered implant is a little easier, provided that the construct possesses sufficient bulk and strength.
Bone plates and screws are currently available for the fixation of skeletal structures and these could be
used for a tissue engineered construct.

With the reconstruction of a joint, lubrication of the articulating surfaces must be considered. This
function is normally performed by the synovial fluid, but the effects of disease or surgery may compromise
the normal secretion and composition of the fluid available. Synthetic adjuvants, such as hyaluronic acid
substitutes, may be used in conjunction with joint replacement procedures to protect the implant from
unwanted forces, while the synovium heals.

The last issue concerning the successful application of tissue engineering techniques for the reconstruc-
tion of TMJ components concerns the unavoidable consequences of any surgical maneuver, specifically
the development of intra-articular scars. Steroid injections can help reduce this natural consequence of
surgery, but perhaps the most effective results are seen through the fastidious employment of postoperat-
ive physical therapy exercises. These maneuvers promote the formation of long vs. short, scars. They also
encourage the necessary plasmatic diffusion of fluids responsible for joint nutrition and metabolism.

23.7.6 The Future of Tissue Engineering in the TMJ

The challenges associated with tissue engineering are immense, but the benefit of utilizing tailored bio-
logical constructs without the morbidity of an autogenous donor site, are obvious. Tissue engineered
initiatives for the reconstruction of the TMJ and disc avoids the problems associated with the implant-
ation of prosthetic devices or tissues dissimilar from natural joint components. Efforts toward tissue
engineering in the TMJ are relatively new, however, emergent technologies and studies add promise to the
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goal of tissue engineering TMJ replacement tissues. Along the way, characteristics about TMJ tissues are
revealed and our comprehension of this complex joint’s function and structure increases. Solutions for sev-
eral challenges facing biomedical engineers will be developed with each progressive study. Currently, TMJ
tissue engineering is in its formative years. Only four original studies on tissue engineering of the TMJ disc
had been published at the date of this article’s submission. However, the future promises new knowledge
and innovative technologies which may yet allow for the creation of viable, implantable tissue engineered
constructs.
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24.1 Introduction

Tissue engineering has emerged over the past two decades to address the growing need for biological
substitutes to restore or replace damaged tissues and organs [1]. Current approaches to organ repair rely
primarily on transplantation of whole or partial organs and tissues from autogeneic, allogeneic, and less
frequently, xenogeneic sources. The imbalance of need versus availability of organs poses as a significant
and inherent limitation to this method [2]. Tissue engineering promises an alternative via rebuilding
tissues or organs from targeted cell populations, often with the participation of matrices that guide tissue
regeneration while providing specific instructions with signaling molecules.

Diseases related to the malfunction of cardiovascular, gastrointestinal and urinary tissues account for
millions of deaths annually [1], and smooth muscle (SM) tissue has a critical role in the structure and
function of a number of these tissues. In blood vessels of the cardiovascular system, the smooth muscle
cell (SMC) component (medial layer) provides mechanical strength and elasticity. SM tissue plays a key
role in the gastrointestinal system through its ability to drive the transport of solids and liquids, and
malfunction of these tissues typically result in malnutrition. The SM in the intestinal tract, in contrast to
SM tissue in blood vessels, is organized in two layers of opposing orientation, and provides for propulsive
movements of food through peristalsis. The SM of the bladder also regulates the reservoir function of this
tissue, as it controls the storage and release of urine. In all of these tissues, the SMCs contain a highly
organized structure of actin and myosin filaments that allow the cells to efficiently modulate and respond
to a mechanically dynamic environment and regulate the operation of the organ. A functional smooth
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muscle component will be critical to the success of engineered tissues intended to replace any of these
tissues or organs.

24.2 Cell Source

A critical question in the engineering of smooth muscle tissues is the appropriate source of the SMCs that
will comprise the tissue. The majority of research to date has utilized smooth muscle procured from the
tissue of interest. However, the isolation of smooth muscle progenitors may allow for a less invasive and
destructive approach. In addition, it may be possible to directly recruit SMCs to the site at which one
wants a tissue to form.

24.2.1 Differentiated SMCs

The most direct approach to form smooth muscle tissues is to utilize SMCs obtained from the tissue
that one desires to engineer. In this approach, smooth muscle containing tissue is typically explanted
and dissociated into individual cells. The cells are then directly transplanted or expanded in culture, and
subsequently transplanted (Figure 24.1a,b). Direct transplantation may be advantageous as it bypasses
in vitro culturing, which can alter the contractile phenotype of SMCs. In contrast, culture of SMCs prior
to transplantation may lead to phenotypic changes [3,4], but this approach allows one to greatly expand
the cell population. This may allow a relatively small explant to ultimately yield sufficient cells to engineer
a large tissue. The phenotypic changes noted in SMCs, as they revert to a synthetic phenotype [5] may be
reversed or prevented through appropriate culture conditions (i.e., cyclic mechanical loading) [6].

Although smooth muscle tissues characteristically contain contractile apparatus and form the muscular
components of visceral structures, there are differences between SM in various tissues [7]. These likely
relate to the specific microenvironment and physiology of each tissue type. For this reason, SM biopsies
are typically procured for the specific type of tissue being engineered. The artery is the most commonly
excised tissue for vascular regeneration [8–11] primarily because it is the largest blood vessel, and hence
contains the thickest medial layer. Current methods for bladder replacement require a biopsy to obtain

EC/SMC/progenitors Cell expansion

scaffold

(a)

(b)

(c)

FIGURE 24.1 Scheme of approaches to engineer SM tissue. (a) The direct cell transplantation approach first involves
the procurement of the appropriate cell types for the tissue of interest (e.g., EC, SM, or progenitor cells). The cells are
typically expanded in culture, and induced to differentiate into SMCs before implantation if necessary. (b) Alternatively,
the expanded cells may be seeded onto a scaffold, and subsequently implanted as a cell–matrix construct. (c) Third,
acellular matrices may be implanted without seeded cells, and in this situation one relies on the recruitment of
neighboring SMCs or progenitors to infiltrate scaffold and form the new SM tissue.
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a small specimen of the donor or host bladder tissue, which is then used to expand separate cultures
of urothelial and SMCs [12]. Ureter or renal pelvis cells can be similarly harvested. Regeneration of
gastrointestinal organs, specifically the stomach and the intestine, has most commonly utilized organoid
units which contain SM precursors [13,14].

Differentiated SMCs have shown tremendous utility for the successful regeneration of SM tissues.
However the invasive nature of this cell procurement, the inherent limited proliferation capability of
primary cells, and maintenance of smooth muscle phenotype are all limitations to this cell source.

24.2.2 Smooth Muscle Progenitor Cells

Smooth muscle progenitors may potentially be isolated using minimally invasive techniques, and sub-
sequently induced to differentiate down a smooth muscle lineage. Cells isolated from bone marrow are
termed bone marrow stromal cells (BMSCs), or mesenchymal stem cells (MSCs) depending on the mode
of cell purification selection in vitro.

Bone marrow can be obtained easily from the medullary canals of long bones or the cancellous cavities
[15], and the resultant BMSC can be readily expanded in culture. BMSCs have demonstrated the ability to
differentiate into multiple mesenchymal cell lineages, and offer an alternative source of SMCs [7,16–23].
Recent studies have shown that BMSCs are inducible down a smooth muscle pathway, and this process
is regulated by an interplay between stimulatory molecules [24,25], with TGF-β and PDGF as the main
modulators [24]. Mechanical stimulation has also been shown to effect differentiation of bone marrow
stromal cells [26]. However, the mechanism of this effect is still unclear. SM progenitors can also be
derived from embryonic stem cells [27,28], circulating blood [29,30], bone marrow [31,32], and other
tissues [33].

24.2.3 Recruitment of SMCs

The recruitment of SMCs or progenitors from a surrounding tissue to an engineered tissue provides an
alternative to SM transplantation (Figure 24.1c). Signaling molecules such as PDGF and TGF-β have
chemotactic effects on SMCs [34], and growth factors (Figure 24.2) released by endothelial cells (ECs)
can also induce the migration of MSCs and their subsequent differentiation into SM like cells [35,36].
Similarly, myoblast recruitment can be modulated by a gradient of a chemotactic agent [37]. This recruit-
ment approach greatly simplifies the process of SM tissue engineering, as it eliminates the isolation and
expansion of cells in vitro. In addition, this approach could have utility in applications such as blood

FIGURE 24.2 Sustained and localized delivery of PDGF can lead to the recruitment of SMCs to nascent blood vessels.
Photomicrograph of tissue section stained using standard immunohistochemical techniques to detect (brown stain)
cells containing α-SMA (SMCs) associating with blood vessels. (Photomicrograph was taken from Richardson, T.P.
et al., Nat. Biotechnol., 2001, 19: 1029–1034 used with permission from the Nature Publishing Group.)
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vessel repair where direct placement of smooth cells in the lumen could cause a thrombogenic effect. The
use of signaling molecules to recruit circulating progenitor cells may provide a useful alternative in this
situation.

24.3 Extracellular Signaling

The extracellular environment plays a pivotal role in SM tissue engineering by providing instructions to the
SMCs. Both signaling molecules and mechanical stimuli similar to that found in the native extracellular
environment of SM tissues may be used to induce specific SM responses.

Mitogenic factors that have shown to possess a significant effect on SMCs in culture include platelet
derived growth factor (PDGF), TGF-β, angiopoietin, and to a lesser extent, heparin-binding epidermal
growth factor (HB-EGF) and fibroblast growth factor-2 (FGF-2) [38,39]. PDGF has been shown to have
potent effects on proliferation, migration, and matrix production by SMCs [27,28,34,35,37,40–42] and
potentially has a significant role in cell transplantation where SMC proliferation is necessary. An increase
in the synthesis of SM extracellular proteins is stimulated by TGF-β and these matrix components provide
mechanical integrity to engineered SM tissues [34,36,43–48]. Particularly in strategies where SM recruit-
ment is important, angiopoietin and HB–EGF have both shown to mediate EC and SMC interactions
[39,49–51]. However, SM tissue engineering strategies that utilize growth factors must consider the mode
of delivery. Polymeric encapsulation of growth factors is a common approach to deliver the molecules to
the developing SM tissues in a controlled and sustained manner [52].

Mechanical signals modulate the phenotype of SMCs [40,53,54] and enhance the development and
function of engineered tissues [55–57]. Cyclic mechanical strain of engineered SM tissues [53,56] result
in an increase of matrix production and increased mechanical strength. These mechanical signals are
transmitted intracellularly though various signaling pathways that initiate at the transmembrane receptors
known as integrins [58], which link the extracellular matrix to the cytoskeleton [59,60]. Integrins activate
mitogen activated protein kinase (MAPK) cascades via signaling through extracellular signal-regulated
kinase (ERK) [60–63], either through focal adhesion kinases (FAKs) or through coactivation of growth
factor receptors (GFRs). Cyclic mechanical strain increases levels of focal contact components [64], which
may increase integrin clustering [61], and provide a potential mechanism for the role of mechanical
signals in activation of FAKs. It is currently unclear whether these pathways act synergistically with
growth factor stimulation, but optimal development and function of engineered SM tissues will likely
require appropriate chemical and mechanical signals.

24.4 Synthetic Extracellular Matrix

Tissue engineering utilizes synthetic extracellular matrices (ECMs) to provide an infrastructure for the
formation of tissues by providing a predefined space to localize tissue growth and the mechanical support
necessary to facilitate this growth. Synthetic ECMs may also provide specific signals to the SMCs. Two
general designs of synthetic ECMs for SM tissue regeneration are being pursued, one involving a biological
approach where the matrix is assembled by the resident cells and the other utilizing predefined polymeric
structures.

24.4.1 Self-Assembly

SMCs maintained for extended times in culture will synthesize, secrete, and assemble an ECM with
sufficient mechanical integrity to allow a sheet of confluent SMCs to be manipulated and formed into
a three-dimensional tissue [65]. This technique is attractive for tissue engineering because it eliminates the
need for exogenous biomaterials, and thereby eradicates any potential inflammatory issues related to the
material [66,67]. Self-assembly approaches have focused on engineering vascular grafts by individually
culturing cellular sheets to model the defined layers of the blood vessel. A sheet of SMCs is used to
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form the medial layer, which is subsequently wrapped with a sheet composed of fibroblasts to form the
adventitial layer, and finally seeded with endothelial cells to create the lumen. Initial studies on tissues
formed utilizing this approach reported poor mechanical strength [68,69], which is indicative of a deficient
medial and, or adventitial layers. A revised approach increased the mechanical strength of tissues formed
with this approach [65]. However, a limitation to this approach is the extensive time required to form the
cellular sheets.

24.4.2 Polymer Scaffolds: Synthetic and Naturally Derived

Most approaches to engineer SM tissues have utilized three-dimensional, biodegradable polymeric scaf-
folds. Polymeric scaffolds formed from exogenous biomaterials provide mechanical stability and can
deliver signaling molecules or adhesion peptides to induce appropriate tissue development. These poly-
meric biomaterials are fabricated from either synthetic or naturally derived materials. Synthetic polymers
typically used for engineering SM tissues include several forms of polyesters, elastomeric polymers, and
hydrogels. The most common used naturally derived polymer used to engineer SMC is type I collagen.

24.4.2.1 Synthetic Polymers

The most prevalent synthetic polymers used to engineer smooth muscle tissues are the polyesters
poly(glycolic acid) (PGA) (Figure 24.3a), poly(l-lactic acid) (PLLA), and poly (lactic-co-glycolic acid)
(PLGA). Advantageous features of these polymers include their reproducible and readily altered mech-
anical properties and degradation rates [70,71]. These polymer scaffolds provide temporary mechanical
support [72] sufficient to resist cellular contractile forces in vitro [73–76], and scaffolds exhibiting par-
tial elastic properties under cyclic strain enabled induction of a more contractile, differentiated smooth
muscle phenotype from attached SMCs [56]. In addition to structural stability, appropriate signals may
be required to guide the development of smooth muscle tissues. Synthetic polymers can be modified
to incorporate signals to alter cellular function, including cell adhesion molecules [77–79] and growth
factors [80,81].

Hydrogel forming polymers have also been investigated for engineering SM tissues. Polyethylene glycol
(PEG) hydrogels intrinsically resist protein adsorption and cell adhesion [82] and this characteristic

(a) (b)

FIGURE 24.3 Scanning electron photomicrographs of typical polymeric scaffolds utilized for engineering SM tissue.
(a) PGA fiber based scaffold, and (b) type I collagen scaffold. (Photomicrograph was taken from Kim, B.S. and
D.J. Mooney, J. Biomech. Eng., 2000, 122: 210–215; Kim, B.S. and D.J. Mooney, J. Biomed. Mater. Res., 1998, 41:
322–332, and used with permission from John Wiley & Sons and ASME, respectively.)
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offers advantages for studying the effects of specific bioactive ligands or peptides presented from the
scaffold [83,84]. Studies utilizing surface modified PEGs have demonstrated that a number of cellular
functions, including adhesion [83], migration [85], and matrix production [46] can be regulated by
ligand presentation. In general, hydrogels are an appealing scaffold material because they are structurally
similar to the highly hydrated ECM of many tissues [86]. However, the use of hydrogels is often constrained
by their limited range of mechanical properties.

The elasticity provided by elastin in SM tissues has motivated the development of elastomeric scaffolds
that can similarly provide this property to engineered SM. Elastomeric polymers can recover from extensive
deformation [87–89] and are designed to resemble the incompressible nature of the ECM [90]. This
property of biomaterials may be ideal to engineer functional SM tissues that require transduction of
mechanical signals from the extracellular environment in order to elicit and activate key cellular functions
[40,53,54]. This type of biomaterial resolves the limitations of lack of pliancy that limits many synthetic
polymer scaffolds (i.e., poly[lactic acid] [PLA]).

24.4.2.2 Naturally Derived Biomaterials

Type I collagen (Figure 24.3b) has been frequently used to create polymer scaffolds for engineering SM
tissues [56,73,91,92]. Naturally derived collagen is an attractive biologic material because collagen is
the primary constituent of the ECM [58], and contains adhesion ligands that facilitate cell attachment.
Although type I collagen does not require additional surface modification to promote tissue formation,
glycosaminoglycans (GAGs) [93] and growth factors [45] can be incorporated to improve mechanical
properties and to induce specific cellular functions. Type I collagen matrices used to engineer SM tissues
have demonstrated partial elasticity and are capable of withstanding cyclic stain [56]. The high tensile
strength of type I collagen can be attributed to its molecular structure, while the elasticity is conferred
by the intermolecular cross-linking. The degradation of type I collagen scaffolds is dependent on the
extent of cross-linking, pore structure and the apparent density, which are variables that can be readily
altered to meet a desired target. Although type I collagen is typically extracted from xenogeneic sources,
it is considered biocompatible and exhibits low immunogenic responses, likely due to the similarity of
this molecule between species [94]. However, naturally derived materials may suffer from batch to batch
variations.

Another collagen based biomaterial, small intestinal submucosa (SIS), has also been widely used in
tissue engineering research [95–97]. This xenogeneic matrix is harvested from the submucosal layer of
the intestine. SIS may provide functional growth factors [98]. that contribute to SM tissue formation.
In addition, SIS matrices maintain elasticity and high strength [99]. SIS has typically been obtained from
porcine sources, but isolation from rats [100] and canines [101] has also been attempted. SIS has been
used to promote regeneration of several SM tissues, in the blood vessels [102,103] and in the bladder
[99,101,104].

24.5 Engineered Smooth Muscle Tissues

A number of studies to date have utilized a combination of scaffolding technologies and cells to reconstruct
the smooth muscle component of cardiovascular, gastrointestinal, and urinary tissues. The two primary
tissue-engineering approaches used to regenerate tissues are cell transplantation and cell recruitment
from surrounding tissue. Cell transplantation requires an initial step of procuring cells, often via biopsy
from the host, followed by dissociation and expansion in vitro. The cells are then seeded onto a scaffold
and implanted as a cell–matrix construct. Alternatively, an implanted acellular matrix may be implanted
to promote the recruitment of neighboring SMCs and possibly other cell types of interest (e.g., ECs,
urothelial cells). Work to date in engineering SM tissues is briefly summarized in this section.

A great deal of research has been performed with the goal of developing blood vessel substitutes, due
to the large impact this advance would have on the millions of patients that annually suffer from diseases
of blood vessels [105]. Strategies to engineer blood vessel must provide adequate mechanical properties,
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(a) (b)

FIGURE 24.4 Engineered blood vessel substitutes. (a) Self-assembly approach to blood vessel formation relies on
the ability of sheets of cells to form their own ECM, and multiple cells sheets can subsequently be combined to form
tissues (b) Cyclic mechanical strain can play a prominent role in the development of engineered vascular tissues, as it
can lead to alignment of cells, as shown in this photomicrograph, and also leads to an increase in tissue mechanical
properties. (Photomicrograph was taken from Kim, B.S. et al., Nat. Biotechnol., 1999, 17: 979–983; L’Heureux, N. et al.,
FASEB J., 1998, 12: 47–56, and used with permission from FASEB and the Nature Publishing Group, respectively.)

to avoid catastrophic failure in this mechanically demanding site, and appropriate cellular components to
form the complex vascular wall. An early approach to engineer the blood vessels involved the culture of
different vascular cell populations in collagen gels to form three distinct layers, resembling the three layers
of native blood vessel [68]. However, this model did not lead to tissues with adequate mechanical strength.
A later approach exploited the ability of fibroblasts and SM cells to synthesize and secrete their own ECM
and form self assembled sheets. These sheets were subsequently wrapped around a mandrel to form distinct
layers of the native vessels [65] (Figure 24.4a). This method led to tissues with much greater mechanical
strength, comparable to that of human vessels [69]. The increased mechanical strength of these tissues
my be partially attributed to paracrine effects between ECs and SMCs [35,39,51] that contribute to the
stability of nascent blood vessels by increasing matrix production. Also, implantation of a decellularized
SIS with additional type I bovine collagen into a rabbit artery led to the formation of a blood vessel
characterized by reasonable burst strength, cell and matrix organization [102].

Several groups have utilized externally applied mechanical stimulation to improve the mechanical
integrity of engineered SM tissues (Figure 24.4b). Blood vessel substitutes formed from allogeneic vascular
SMCs and ECs cultured on biodegradable PGA scaffolds were maintained under pulsatile stress, and this
resulted in an increased matrix production [57]. These engineered constructs were subsequently implanted
into swine for seven weeks and the explanted vessels exhibited adequate burst pressures and histology.
Several studies document that one can improve the properties of constructs engineered using collagen
through the use of mechanical stimulation [55,106]. The significance of mechanical stimulation was also
demonstrated by studies where synthetic SMCs cultured with ECs on collagen gels were found to undergo
a phenotypic reversion under contractile forces [5,107].

Currently, a common approach to replace or repair bladder tissue utilizes gastrointestinal segments,
but this method can result in mucus production, stone formation, and other abnormalities that may be
attributed to the different physiologic role of each tissue type. These complications have motivated invest-
igation into new methods for bladder replacement utilizing tissue engineering techniques. One common
acellular approach to engineer bladder tissue utilizes SIS membranes, as SIS membranes grafted during
partial cystectomy of canines have displayed development of all three layers of the bladder (urothelium,
SM, and serosa) [95]. Additionally, these regenerated tissues demonstrated contractile nerve regenera-
tion. Acellular biomaterial extracted from rat bladder also resulted in a well integrated construct when
implanted, but one that developed a compromised SM layer [108]. While these studies utilizing acellu-
lar scaffold implantation resulted in bladder regeneration, but function of the resultant tissues was not
reported. In contrast to this approach, PGA–PLGA scaffolds seeded with autologous canine cells led to
formation of a new tissue (Figure 24.5) that regained bladder function [12].
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FIGURE 24.5 Engineered bladder formed from autologous cells cultured on polymeric scaffolds in vitro. The neo-
bladders can be implanted to replace lost bladder tissue. (Photomicrograph was taken from Oberpenning, F. et al.,
Nat. Biotechnol., 1999, 17: 149–155, and used with permission from the Nature Publishing Group.)

FIGURE 24.6 Photomicrographs of histologic section of engineered intestinal tissue. Epithelial organoid units were
isolated, seeded onto polymeric scaffolds, and implanted. Ultimately, the transplanted cells differentiate and form
new tissue. (Photomicrograph was taken from Vacanti, J.P., J. Gastrointest. Surg., 2003, 7: 831–835., and used with
permission from Elsevier Inc.)

A number of studies suggest it may be feasible to engineer functional gastrointestinal tissues. Isolated
crypt cells implanted on PGA tubes formed epithelial-lined tubular structures lacking in a SM component
[109] (Figure 24.6). The transplantation of intestinal organoid units, in place of individual cells on PLGA
scaffolds led to the development of a neomucosa layer [14] and SM layers [109]. However, the neomucosa



mikos: “9026_c024” — 2007/4/9 — 15:52 — page 9 — #9

Engineering Smooth Muscle 24-9

may have been lacking in its ability to control nutrient. SIS patch implantation, without cells, into canines
led to formation of both the epithelial and SM layer. However, a large percentage of animals died and a large
number of inflammatory cells were found in explanted SIS patches. One study utilized transplantation of
precursor cells derived from bone marrow in the place of differentiated SMCs [110], but the engineered
tissues did not regenerate a functional muscle layer, potentially due to a lack of appropriate extracellular
signals to induce the differentiation of the mesenchymal stem cells into SMCs.

24.6 Conclusion/Future Directions

Impressive progress has been made to date in SM engineering, and these tissues may have significant clinical
impact and provide models to study basic biological processes. However our current understanding of the
complex interplay of factors that modulate the SM function are far from comprehensive, and advances
in this knowledge will likely translate to improved systems for engineering functional SM tissues. One
important issue yet to be addressed is whether approaches that successfully regenerate one type of SM tissue
will necessarily be successful for other organ systems. Physiologically, there are distinct differences between
the SM in cardiovascular, gastrointestinal, and urinary tissues. Similar approaches have been utilized to
date in most SM engineering approaches. However, inherent differences exist in the microenvironment
of different SM tissues that may have a significant effect on the developing SM tissue. The substratum to
which SMCs adhere also plays an important role in the presentation of paracrine signals and that may
regulate SMC phenotype [35,37,111]. An ideal cell source is also currently lacking, but stem cells may fill
this need. BMSCs contain a population of SM progenitors, but the difficulties in reproducibly isolating
and regulating the differentiation of these cell populations pose as an obstacle to their use. Embryonic stem
cells may provide a more homogeneous population of pluripotential cells, but these cells have not yet been
demonstrated to form functional SM tissue. In addition, for engineered SM tissues to be truly functional,
they must also be innervated and vascularized. Current research in the therapeutic angiogenesis field may
provide methods to induce formation of vascular networks [81]. However, development of fully functional
SM tissues will also require a means to transduce neural signals critical for blood vessel vasoactivity.
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25.1 Medical Need/Clinical Problem

The esophagus, a muscular/mucosal tube connecting the mouth and pharynx to the stomach, is critical for
life (and good quality of life) (Figure 25.1). This seemingly simple organ is surgically challenging to repair
or replace. There are a number of conditions where surgical repair of the esophagus is indicated. These
include accident and trauma, congenital defects such as esophageal atresia (incomplete formation of the
esophagus) and tracheoesophageal fistulas and cancer. In 2003, roughly 14,000 people in the United States
were diagnosed with esophageal cancer. The prevalence of esophageal cancer in the general population
can be 10 to 100 times higher in Iran, China, Singapore, India, and South Africa. Worldwide, cancer of
the esophagus is the seventh leading cause of cancer death.

Surgical removal of a section of the esophagus and reconnection with the stomach, the most common
strategy for more advanced cancers, leads to complication rates as high as 40%. Strictures, dilation,
leakage, and infection are often observed. Attempts to use synthetics such as polyethylene, polypropylene,
teflon, or elastomers have also met with very limited success, problems being stenosis, leakage, infection,

25-1



mikos: “9026_c025” — 2007/4/9 — 15:52 — page 2 — #2

25-2 Tissue Engineering

Esophagus

Pharynx

Superior laryn-
geal nerve

Vagus nerve

Internal
jugular vein
Trachea
Inferior
thyroid artery

Recurrent
nerve
Subclavicular
artery
Right cephalic
trunk

Vagus nerve

Azygos vein

Bronchial
artery

Right pul-
monary vein

Right lung

Inf vena cava

DiaphragmAzygos vein

Pleura

Vagus nerve

Pleura
Thoracic duct

Left bronchus

Left lung

Left
opulmonary

artery

Pleura

Aorta

Pleura

Common
carotid
artery

Thyroid
body

Internal
carotid
artery

Superior
cervical

ganglion

FIGURE 25.1 Diagram illustrating the anatomical location of the esophagus. (From Gray’s Anatomy.)

scarring, ulceration, and migration [Leininger et al., 1970; Watanabe and Mark, 1971; Sato et al., 1997;
Ure et al., 1998; Fuchs et al., 2001]. A living, nonimmunologic esophageal replacement could make a
significant contribution to medical practice and patient treatment.

Tissue engineering, using healthy cells supplied by the patient, offers the possibility of a normal
esophageal reconstruction after surgery, trauma, or for congenital repair. In recent years, the tissue
engineering approach has been investigated as an alternative treatment of esophageal diseases [Natsume
et al., 1993; Miki et al., 1999; Badylak et al., 2000; Yamamoto et al., 2000; Kajitani et al., 2001].
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FIGURE 25.2 A cross-sectional histological section of the esophagus.

25.2 Anatomy and Physiology of the Esophagus

The esophagus is a thick-walled muscular tube extending from the pharynx to the stomach. It descends
through the posterior mediasternum, passes through the diaphragm at the esophageal hiatus, and joins the
stomach at the T9 level [Kumar, 1993]. Its length in adults is typically between 9 and 10 in. (225 to 250 mm).
It consists of three main layers, the mucosa, submucosa, and muscularis. The esophagus has no serosa
[Gray, 1995; Goyal and Sivarao, 1999; Ergun and Kahrilas, 1997; Wood, 1994].

Innervation: Sensory and motor function is supplied by branches of cranial nerves V, VII, IX, X, XI,
and XII [Wood, 1994; Ergun and Kahrilas, 1997; Goyal and Sivarao, 1999]. Neural networks lie between
the longitudinal and circular muscle layers (Auerbach’s or myenteric plexus) and the circular muscle and
submucosa (Meissner’s or submucosal plexus) [Wood, 1994; Ergun and Kahrilas, 1997]. Swallowing and
esophageal peristalsis come under the control of both the somatic and enteric nervous systems, with signal
conduction primarily through the vagus nerve.

Vasculature: Blood supply to the esophagus is via shared vasculature. Along its length, branches of larger
vessels including the thyroid artery, esophageal aortic arteries, and left gastric and splenic arteries supply
blood to the arterial network around the esophageal lumen [Gershon et al., 1994; Ergun and Kahrilas,
1997]. Capillaries within the tissues drain into deep intrinsic and adventitial veins. Blood is transported
back to the heart via the extrinsic serosal and periesophageal veins, which drain into the left gastric veins
and azygos vein [Ergun and Kahrilas, 1997].

Structure: A cross-sectional diagram of a rat esophagus is shown in Figure 25.2. The layer closest to the
lumen is typically composed of stratified squamous epithelium [Burkitt et al., 1993]. Acid reflux may cause
Barrett’s esophagus, where the stratified squamous epithelium is transformed into columnar epithelium
[Goyal and Sivarao, 1999]. Lying beneath this layer is a thin lamina propria and a thin layer of smooth
muscle, the muscularis mucosa [Burkitt et al., 1993].

The submucosa is a layer of highly vascularized and relatively loose connective tissue, which allows
distension. Within the submucosa are small mucous glands for lubrication [Burkitt et al., 1993].

The muscularis layer is normally classified as two sublayers according to the orientation of the muscle
cells. Closest to the submucosa is the circular muscle layer, where the myocytes are aligned tangentially to
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the esophageal lumen. The next layer is the longitudinal muscle, where the myocytes are aligned parallel
to the esophageal axis [Burkitt et al., 1993; Ergun and Kahrilas, 1997].

The muscle type varies along the length of the esophagus. In the cervical esophagus, the muscularis
layer is made up, almost exclusively, of skeletal muscle, and in the distal third (closest to the stomach), the
muscularis layer consists of smooth muscle. The middle third is composed of a mixture of skeletal and
smooth muscle.

Contraction of the skeletal muscle in the cervical esophagus may be initiated voluntarily or reflexively.
The initial stage of swallowing occurs as the tongue pushes a bolus of masticated food into the oropharynx.
This initiates the involuntary pharyngeal stage of swallowing, as the bolus of food stimulates receptors
in the oropharynx, which then sends impulses to the deglutition center of the medulla oblongata and
lower pons [Ergun and Kahrilas, 1997].

The bolus of masticated food is then pushed through the esophagus by peristaltic contraction of the
muscularis layer. Peristaltic contraction may be initiated by either extrinsic or intrinsic neural pathways
[Wingate, 1993]. Longitudinal muscles ahead of the bolus contract to widen the esophagus while the
circular muscles behind the bolus of food contract to push it toward the stomach. Food normally passes
through the esophagus within 10 sec [Ergun and Kahrilas, 1997]. The junction between the esophagus
and the stomach is not a true sphincter and in certain conditions, matter may pass from the stomach into
the esophagus [Kumar, 1993].

25.3 Criteria for a Tissue-Engineered Esophagus

Based upon the above anatomical description, and from an engineering and biology standpoint, what
are the criteria that must be met before a practical and functional surgical alternative through tissue
engineering is in place? The following demands challenge us in the development of a tissue-engineered
living prosthesis:

Radially elastic/longitudinally rigid: The normal biomechanical behavior of the esophagus must be
duplicated in a surgical replacement. First, this mechanically strong and compliant tube must expand
radially to permit ingestion of a bolus of food or liquid, yet it should exhibit relatively little elasticity
longitudinally. The organization of collagen and elastin within the structure, along with its convoluted
luminal cross section can account for these mechanical properties.

Muscular: The esophagus is a highly muscular organ. Smooth muscle cells and skeletal muscle cells
are present with proportions varying along the length of the tube. Muscle laminae in the walls of the
esophagus are organized orthogonally to one another. The act of swallowing produces a peristaltic pulse
along the esophagus to drive contents to the stomach. This peristaltic process must be replicated in a
tissue-engineered construct.

Mucosal lining: The epithelial cell lining of the lumen of the esophagus generates a mucosal exterior
layer that lubricates and also protects the air–tissue interface. This lining enables the esophagus able to deal
with the range of “chemicals” and insults it must tolerate including hot foods, strong alcoholic beverages,
abrasive foods, and acidic foods.

Innervation: A nerve network in the esophagus coordinates the peristaltic action.
Angiogenesis: The esophageal wall is a relatively thick tissue (>1 mm) and requires its own blood vessel

network to sustain the core muscle tissue and remove cell wastes.
Cell sources: Since we do not know how to deal with the immunological issues associated with allogeneic

cell sources, a practical surgical prosthesis will probably be comprised of autologous cells. Cell harvesting
from a biopsy should not be a problem. However, sterility issues, cell separation, expansion, and seeding
on a scaffold are all challenges to address.

Scaffolds: A scaffold will be used to give anatomical shape and biological signals to the growing cells
forming the new tissue. The criteria for scaffolds are many. Of course, it should be nontoxic (nominally
“biocompatible”). The esophageal scaffold should have a shape and form similar to the organ to be
replaced (including the puckered or invaginated form of the lumen). It should separate epithelial and
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muscular lamina, but allow biological communication between them. It should give cells the proper
signals for attachment, growth, and orientation. This scaffold should be elastomeric as opposed to stiff.
It should allow or even encourage angiogenesis and integration into the anatomical site. Finally, it should
biodegrade without a trace after the living tissue has gained sufficient strength to support itself and
function anatomically.

Bioreactor issues: The seeded cells will be cultured in vitro until the evolving tissue is adequate for trans-
plantation into the patient. A bioreactor must sustain the cells with oxygen and nutrients, remove wastes,
provide an appropriate mechanical environment to condition the cells, provide a sterile environment, and
also create the air–tissue interface necessary for proper development of the epithelial cell–mucosal layer.

Surgical issues: Finally, the growing tissue engineered construct must be taken from the bioreactor and
implanted. What is the optimal period of in vitro development before in vivo implantation? How should
it be sutured? How should it be implanted to optimize angiogenesis? What patient management issues are
needed pre and post surgery?

The following sections illustrate research efforts underway at the Nanyang Technological University
and the University of Washington to take an engineering systems approach to the esophageal replacement
problem and address the demanding criteria for a tissue-engineered esophagus.

25.4 Scaffold Possibilities

25.4.1 Background

Currently two main approaches to tissue/organ regeneration are in vivo and in vitro tissue engineering.
In vivo tissue engineering uses noncell-seeded biomaterials, which include decellularized tissues such
as the acellular small intestinal submucosa, amniotic membranes, and pig-heart valves [Badylak et al.,
1995; Khan et al., 2001]. In contrast, in vitro approaches involve the manipulation of cells on biomaterial
scaffolds in vitro prior to implantation. Despite these obvious differences, both approaches involve the
use of biomaterial scaffold and rely on the body’s ability to regenerate.

The scaffold plays a crucial role in tissue engineering of the esophagus. The growth of the anchorage-
dependant esophageal cells requires a suitable scaffold for attachment in order to proliferate and function.
These scaffolds are three-dimensional biodegradable structures that provide spatial cellular signaling
environment necessary for the regenerative processes. These signaling processes are responsible for
triggering the expression or repression of genes that regulate cell division, production of extracellular
matrix (ECM), differentiation, proliferation, migration, and even apoptosis [Peters and Mooney, 1997;
Bottaro and Heidaran, 2001]. In essence, a scaffold is a temporary biodegradable structure containing
the appropriate cells that, through various biological remodeling processes, will eventually form vital
tissues/organs.

A suitable tissue engineered scaffold for esophageal replacement must closely mimic the host tissue
it replaces with respect to mechanical, surface, structural, and biological properties. Some of these
considerations necessary for esophageal tissue engineering include (i) materials selection, (ii) scaffold
design, and (iii) choice of fabrication techniques.

25.4.2 Materials Selection

The esophagus is a highly elastic and muscular organ, and one of the main considerations is to identify
materials that are mechanically compatible. This criterion limits the choice to only polymeric biomaterials.
These polymers must be biocompatible, biodegradable, mechanically compliant, and have suitable surface
chemistry. In addition, the polymers must be amenable to fabrication and sterilization techniques without
altering their biocompatibility and properties. Some of these biodegradable polymers used in tissue
engineering applications have been comprehensively reviewed elsewhere [Pachence and Kohn, 2000;
Langer and Tirrell, 2004].



mikos: “9026_c025” — 2007/4/9 — 15:52 — page 6 — #6

25-6 Tissue Engineering

The three groups of polymeric biomaterials commonly used in tissue engineering applications include
(1) naturally derived polymers, that is, alginates, chitosan, hyaluronic acid; (2) biologically derived
materials such as the decellularized tissues, that is, collagens, small intestinal submucosa, urinary bladder
matrix, and amniotic membranes; and (3) synthetic polymers, that is, poly(lactic acid), poly(glycolic
acid), and poly(lactic-co-glycolic acid), poly(hydroxybutyrate-valerate). Some of the recent developments
in biomaterials for tissue engineering applications include self-assembly nanofibers [Huang et al., 2000;
Hartgerink et al., 2002], and elastic protein-based polymer systems [Urry et al., 1991; McMillan and
Conticello, 2000].

Many materials have been evaluated for esophagus repair and reconstruction. These include collagens
[Natsume et al., 1993], poly(glycolic acid) [Shinhar et al., 1998, Miki et al., 1999], urinary bladder matrix
[Badylak, et al. 2000]; elastin biomaterials obtained from porcine aorta [Kajitani et al., 2001], and Allo-
derm®[Isch et al., 2001]. All the above materials showed promise, especially the collagen and acellular
matrices, but the problem of stenosis remained. The acellular matrices appear to show better cell–matrix
interactions than synthetic ones. This may be due to the fact that these acellular matrices, being the
ECM materials, contain a complex mixture of structural and functional proteins, glycoproteins, and pro-
teoglycans arranged in a unique, tissue-specific three-dimensional ultrastructure [Badylak, 2002]. How-
ever, cell adhesion to degradable synthetic polymers can be improved by modifying the surfaces with RGD
peptide for cell surface adhesion receptors [Glass et al., 1994; Cook et al., 1997; Schmedlen et al., 2002].

Our research group is currently evaluating the interactions between the esophageal epithelial and
smooth muscle cells on various materials including chitosan, various blends of biodegradable poly-
mers with chitosan, collagens; and decellularized porcine matrices such as urinary bladder matrix, small
intestinal submucosa, and esophagus.

25.4.3 Scaffold Design

With the exception of the acellular matrices, all other scaffolds using synthetic polymers or pure collagen
must be fabricated. As such, important structural features of the scaffold design must be considered.
The ideal scaffold should direct the biological process of tissue formation and regeneration. One of
the principal objectives in tissue engineering is to mimic the ECM in terms of their surface chemistry,
mechanical properties and structure. In addition to the choice of biomaterials, to provide suitable surfaces
for cell attachment and recognition, the physical structure of the scaffold plays an equally important
role. The effects of pore size, morphology, microgeometry, and scaffold thickness are known to influence
cellular adhesion, tissue organization, angiogenesis, and matrix deposition [Wake et al., 1994; Brauker
et al., 1995; Zeltinger et al., 2001; Ward et al., 2002; Rosengren and Bjursten, 2003].

Pore size and total porosity, for example, are also known to influence fibrovascular tissue invasion and
extent of fibrosis [Mikos et al., 1993]. In the case of the esophagus, fibrosis reaction must be minimized in
order to maintain its mechanical performance. Conceptually, the scaffold for esophageal tissue should
have a range of pore sizes. On the outer surface of the scaffold, the pore size should be large (ranging
from 50 to 200 µm) to facilitate cell seeding, and transport of nutrients and waste. There should also
be smaller pores (ranging from 35 to 70 µm) necessary to promote angiogenesis [Marshall et al., 2004].
The luminal surface, in order to mimic the basal membrane in the esophagus, should be dense (in the
range of several microns in size). This barrier layer is to facilitate diffusion of signaling molecules and
nutrients but prevents cell migration across the surface. An example of such a scaffold structure with
varying pore sizes is shown in Figure 25.3a,b [Chian, 2003].

Another important aspect of the esophageal scaffold is the need for pores with specific orientation. The
muscularis mucosa of the esophagus consists of a single layer of longitudinally oriented smooth muscle
fibers, whereas the muscularis externa has an inner circular and outer longitudinal muscle layers. It is
therefore advantageous to have channels in the scaffold that can provide directional guidance for these
muscular tissues. Examples of such scaffolds with porous channels are shown in Figures 25.4a,b [Chian,
2003]. Our research effort is currently underway to study if these channels in the scaffold are effective in
guiding these smooth muscle cells in culture.
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(a)

(b)

FIGURE 25.3 Chitosan scaffold showing a graded pore structure that may be suitable for replicating features found
in the natural esophagus (a) Scaffold showing a dense basement membrane-like surface. (b) Scaffold showing highly
interconnecting porous structure.

However, it must be noted that the features designed into the scaffold are only important in the initial
stages of cell attachment and proliferation. As these scaffolds are biodegradable, the porous features and
mechanical strengths are only transient. In an ideal situation, it is hoped that as the implanted cells interact
suitably with the scaffold material, ECM produced by the cells will be laid down to replace the scaffold
materials as they degrade. Therefore it is very important to select a suitable biomaterial as scaffold material
that has a degradation timescale similar to the tissue forming process, which ranges from seconds to weeks.

25.5 Fabrication Processes

The methods of producing porous scaffolds for tissue engineering are well reviewed elsewhere [Thomson
et al., 2000; Atala and Lanza, 2002]. Many of these processes used in scaffold fabrication are adapted from
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(a)

(b)

FIGURE 25.4 Examples of chitosan scaffolds with channel structures that may be useful for aligning muscle cells.
(a) Porous surface of scaffold. (b) Cross section of a chitosan scaffold.

textile [Summanasinghe and King, 2003] and membrane technologies. Some of the common scaffold
fabrication process that have been widely evaluated and reviewed [Sachlos and Czernuszka, 2003] include
the following: Fiber bonding [Mooney et al., 1996], solvent casting and particulate leaching [Mikos et al.,
1994; Wake et al., 1996], membrane lamination [Mikos et al., 1993], melt molding [Thomson et al., 1995],
extrusion [Widmer et al., 1998], solid free-form methods [Giordano et al., 1996; Park et al., 1998], gas
forming [Mooney et al., 1996], freeze drying [Whang et al., 1995], and phase inversion [Lo et al., 1995].

In this chapter, we will highlight some of the newer methods that are currently being explored for
fabricating tissue engineering of tubular scaffolds. These include (i) electrostatic spinning, (ii) cryogenic
molding, and (iii) rapid freeze prototyping.

25.5.1 Electrostatic Spinning

Electrostatic spinning is a well-established method for producing porous materials [Formhals, 1934;
Amato, 1972; Bornat, 1982]. More recently, this technique has been adapted for producing biodegradable
scaffolds from a range of polymers and collagens [Stitzel et al. 2000; Bowland et al., 2001; Matthews et al.,
2002; Li et al., 2002; Wnek et al., 2003; Chu et al., 2004]. In an electrostatic spinning process, a high-voltage



mikos: “9026_c025” — 2007/4/9 — 15:52 — page 9 — #9

Esophagus: A Tissue Engineering Challenge 25-9

Pneumatic
pressure
control

High-voltage
control

+
–

X–Y
axis

control

Mandrel rotation
control

Polymer

Needle
Spray

FIGURE 25.5 An electrostatic spinning system (a) apparatus for electrostatic spinning. (b) Porous nanofibers
of PLA.

field is created between the polymer solution/melt and a collector. The polymer solution/melt is usually
contained in a syringe and the needle is connected to an electrode. The oppositely charged electrode is
connected to a collector, which can be either a stationary plate or a rotating mandrel. Typically, a high-
voltage source of up to 30 kV is required for this process. Figure 25.5a shows a schematic diagram of a
typical electrostatic spinning system. In order to form the electrostatic spray, the electric field between
the end of the needle and the collector must increase until the mutual charge repulsion overcomes the
surface tension of the polymer solution [Doshi and Reneker, 1995]. Increasing the electric field results
in a charged stream of polymer fluid ejecting from the tip of the Taylor cone [Yarin et al., 2001]. The
ejecting solution undergoes a whipping process [Shin et al., 2001], wherein the solvent evaporates leaving
a charged polymer fiber randomly laid onto the grounded collector. The electrostatic spinning system
offers many advantages over conventional methods of scaffold manufacture, and these include (i) the
ability to produce varying fiber size, from nanometer to micron size, (ii) fabricating composite scaffolds,
(iii) good porosity control, and (iv) the process is amenable to a wide range of synthetic and biological
polymers. Figure 25.5b shows this use of this technique to produce nanofibers of polylactic acid with
porous surfaces [Leong et al., 2004]. We are exploring further the potential of this method to fabricate
scaffolds with various biodegradable polymers.

25.5.2 Cryogenic Molding

Another method for forming the esophageal scaffold that we are currently evaluating is the cryogenic
molding process. In this process, the polymer solution is injected into a metal mould and allowed to freeze
completely. The mould is then opened and the frozen polymer removed for freeze-drying or coagulated
immediately. We have used this method successfully to produce a tubular scaffold made from chitosan
solution. Figure 25.6 shows esophageal scaffolds that were made using this cryogenic molding process.
This process offers the advantages of (i) reproducible scaffolds, (ii) it is amenable to a wide range of
polymers, (iii) low cost, and (iv) it provides good porosity control, comparable to other phase separation
methods commonly used in forming tissue engineering scaffolds.
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FIGURE 25.6 A cryogenically molded tubular chitosan scaffold.

25.5.3 Rapid Freeze Prototyping

The various forms of rapid prototyping techniques have been successfully used in producing
three-dimensional scaffolds for hard tissue implants [Giordano et al., 1996; Levy et al., 1997; Mat-
suda and Mizutani, 2002]. Attempts to produce scaffolds using the rapid prototyping technique for soft
tissue engineering applications from agar hydrogels [Landers et al., 2002], fibrin hydrogels [Landers et al.,
2002], chitosan, or chitosan-hydroxyapatite [Ang et al., 2002] have also been reported.

A new method was recently developed by our research group for producing scaffolds for soft tissue
engineering application that is suitable for a wide range of polymers and biological materials. The method
is adapted from the rapid freeze prototyping process that uses water to build ice prototypes. This process
is capable of and has been successfully used to generate three-dimensional ice objects by depositing and
rapidly freezing water layer by layer [Zhang et al., 2001; Chao et al., 2002]. However, in our adapted
system, we used a robotic dispensing system to dispense chitosan solution onto a cold stage where it
is allowed to freeze. The layers are built by repeatedly dispensing chitosan solution onto the previously
frozen structure. When the required frozen structure is formed, it can be either freeze-dried or coagulated
in alkaline solution to form the porous scaffold. Figure 25.7 shows samples of chitosan scaffolds fabricated
using the adapted rapid freeze prototyping process.

The challenges in scaffold technology are many. The combination of selecting or developing a suitable
material and utilizing a suitable fabrication method is often difficult. As cells have specific interactions
with a substrate, a synthetic scaffold may eventually need to be a structure made from different materials,
and with different pore size and surface chemistry. As we learn more about cell–material interactions, the
closer we get to understanding, and enhancing our ability to mimic, the complex scaffold structure that
nature can provide so readily. More research needs to be done in understanding the biological processes
involved in tissue regeneration, and to develop novel and ingenious methods for fabricating scaffolds that
replicate nature’s ECM structures.

25.6 Cell Possibilities

25.6.1 Epithelial Characteristics

The epithelial lining of the esophagus is composed of stratified, squamous epithelial cells. In the
human esophagus, these cells are nonkeratinizing, whereas in the rat they form a stratum corneum
(see Figure 25.8) [Leeson and Leeson, 1981]. This epithelium is organized into distinct cellular layers, dis-
tinguished by appearance and protein expression. As the epithelial cells advance from the basal layer to the
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(a)

(b)

FIGURE 25.7 Samples of chitosan scaffolds fabricated using the rapid freeze prototyping process.
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FIGURE 25.8 Esophageal epithelial morphology. (a) Nonkeratinizing human esophageal epithelium. (b) Keratiniz-
ing rat esophageal epithelium (H&E, bar = 50 µm).
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(a) (b)

FIGURE 25.9 Esophageal epithelial cells in serum-free culture. (a) Human esophageal epithelial cells. (b) Rat
esophageal epithelial cells (bar = 100 µm).

lumen, their appearance becomes flatter and more elongated. In nonkeratinizing epithelium, the various
layers consist of the basal layer, prickle-cell layer, intermediate layer, and superficial layer (see Figure 25.8a)
[Squier et al., 1976]. A keratinized esophagus shows a slightly different morphology and the epithelial lay-
ers are termed basal, prickle-cell, granular, and keratinized (see Figure 25.8b) [Squier et al., 1976]. As the
cells progress toward the lumen, they become more differentiated and lose proliferative potential. In this
manner, there is constant turnover and shedding of the epithelial cells. The turnover time for the epithelial
lining is relatively short: 21 days in humans [Squier and Kremer, 2001] and 7 days in mice [Eastwood, 1977].

Epithelial stem cells reside in the basal layer of the esophagus and serve to replenish the lining [Seery
and Watt, 2000]. Upon division of the stem cell, the daughter cells can either remain in their primitive
state or enter the differentiation pathway [Seery and Watt, 2000]. This entrance into differentiation results
in the development of a so-called transit-amplifying cell that is capable of further division, but quickly
loses proliferative potential and becomes terminally differentiated [Seery and Watt, 2000]. The option
between differentiation and proliferation has shown to be influenced by various factors, including calcium,
phorbol esters, retinoic acid, vitamin A, air–liquid interface, and vitamin D3 [Fuchs and Green, 1981;
Watt, 1984; Asselineau et al., 1985, 1989; Dotto, 1999]. The state of differentiation is spatially defined
within the esophagus: cells residing in the basal layer are in a more primitive state, whereas differentiation
progresses as the cell moves toward the lumen [Squier and Kremer, 2001]. Cytokeratin (intermediate
cytoskeletal filaments) expression also varies spatially and provides a means to monitor differentiation of
the epithelial cells. For example, within the human esophageal epithelial lining, cytokeratin 14 is expressed
exclusively in the basal cells, whereas cytokeratin 13 is expressed in suprabasal cells [Takahasi et al., 1995].
Cytokeratin expression is closely tied to function and abnormal cytokeratin expression in other tissues
has been associated with carcinomas and genetic diseases, such as epidermolysis bullosa [Takahasi et al.
1995; Fuchs, 1996].

The in vitro culture of esophageal epithelial cells has been well established [Compton et al., 1998; Oda
et al., 1998; Okumura et al., 2003]. The majority of isolations involve an enzymatic digestion to allow for
easy separation of the epithelium and underlying lamina propria. The epithelium is then trypsin-treated
to obtain a single cell suspension. These cells can either be grown using a 3T3 feeder layer [Rheinwald and
Green, 1975; Compton et al., 1998] or in a serum-free keratinocyte growth medium [Oda et al., 1998;
Miki et al., 1999; Okumura et al., 2003], and propagated in culture for multiple passages (see Figure 25.9).

25.6.2 Epithelial Cell Source for Tissue Engineering

Attempts at engineering a replacement esophagus have exclusively employed the use of esophageal epi-
thelial cells, rather than epithelial cells isolated from other tissues. Most likely, this stems from ease of
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isolation and physiological relevance. The most extensive research has been done by Kitajima and associates
[Sato et al., 1993, 1994, 1997; Miki et al., 1999]. Originally, their work focused on seeding human esopha-
geal epithelial cells on a collagen gel or poly(glycolic) acid (PGA) mesh embedded within a collagen gel.
Using these scaffolds, they were able to obtain two to five layers of epithelial cells prior to implantation in the
latissimus dorsi of a rat or mouse [Sato et al., 1993, 1994]. In vivo, the number of cell layers did increase and
after 2 weeks, the epithelium was comparable to normal esophagus [Sato et al., 1993, 1994]. More recent
studies have investigated the effect on epithelial cells of fibroblasts embedded in the collagen gels [Miki
et al., 1999]. These fibroblasts serve a similar function as a 3T3 feeder layer used in monolayer culture. They
reported a positive correlation between the number of dermal fibroblasts embedded in the collagen and the
number of epithelial cell layers. At 8×105 fibroblasts/ml, the authors were able to obtain greater than 18 epi-
thelial cell layers after 21 days of in vitro culture [Miki et al., 1999]. For in vivo studies, they seeded human
esophageal epithelial cells with human esophageal fibroblasts in a collagen gel embedded within a PGA
matrix. After implantation in the latissimus dorsi of a rat for 2 weeks, they observed approximately 20 layers
of epithelial cells, with morphology similar to native esophagus [Miki et al., 1999]. However, no immun-
ocytochemical staining was done to evaluate differentiation or cytokeratin expression of the epithelial
lining and this construct has yet to be implanted in either a partial or a full circumferential esophageal
defect.

The Vacanti research group has also reported creation of a tissue-engineered esophagus [Grikscheit
et al., 2003]. For their epithelial cell source, they created “organoid units” (OUs), which are mesenchymal
cells surrounded by epithelium. To create the OUs, a rat esophagus was harvested and digested using
a dispase/collagenase type I solution. The suspension was washed, resuspended in culture media, and
seeded immediately onto a PGA mesh for implantation. For in vivo implantation, the rat’s omentum
was wrapped around the construct before securing it in the peritoneum. After 4 weeks, the engineered
construct was removed from the peritoneum and either used for histological analysis, implantation as an
esophageal patch, or as an interposition graft. The epithelial lining of these grafts was similar to native rat
esophagus with a stratified squamous keratinizing epithelium. The authors reported that the esophageal
patch showed good integration and no stenosis, unlike the interposition graft, which showed stenosis at
the upper anastomosis and dilation at the lower anastomosis [Grikscheit et al., 2003].

Our research group has also employed esophageal epithelial cells for use in esophageal tissue engin-
eering. Both human and rat epithelial cells have been successfully isolated and cultured using previous
published techniques [Oda et al., 1998]. We are currently investigating epithelial interactions with various
synthetic and natural matrices.

25.6.3 Muscle Component of the Esophagus

In addition to the epithelial cells, another critical cellular component of a tissue-engineered esophagus is
the muscle layers. The esophagus has two muscle layers: the muscularis mucosa and the muscularis externa
[Leeson and Leeson, 1981]. The muscularis mucosa lies between the lamina propria and the submucosa.
Its main function appears to be a support for the luminal lining during contraction of the muscularis
externa [Squier and Kremer, 2001]. The muscularis externa is the outermost layer of the esophagus and
serves to push the food down the esophagus through peristalsis [Leeson and Leeson, 1981]. In humans, the
composition of the muscularis externa has traditionally been reported as striated muscle in the upper third
of the esophagus, smooth muscle in the lower third, and mixed in the middle third [Leeson and Leeson,
1981]. However, this reported composition has been modified by other investigators. Meyer and Castell
report that the inner circular layer of the muscularis externa is approximately 4% striated muscle, 35%
mixed, and 62% smooth muscle [Meyer and Castell, 1983]. The outer longitudinal layer of the muscularis
externa, follows similar trends with approximately 6% striated, 41% mixed, and 54% smooth muscle
[Meyer and Castell, 1983]. In the rat esophagus, the compositions of the muscularis mucosa and externa
are more defined. The muscularis mucosa is strictly smooth muscle, whereas the muscularis externa is
striated muscle [Linnes, 2004].
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25.6.4 Engineering the Muscularis Mucosa and Externa

The muscle layer of the esophagus has surprisingly received little attention in attempts to engineer a
replacement esophagus. As stated above, Miki et al. [1999] attempted to improve epithelial differentiation
through a coculture with fibroblasts. For in vivo studies, human esophageal fibroblasts were isolated from
subepithelial tissues by mincing and enzymatic digestion [Miki et al., 1999]. Besides staining with an
antihuman fibroblast antibody after implant harvest, no characterization of the cells was reported. It is
unknown whether these cells can serve as an appropriate source for the muscularis mucosa or if they will
populate the lamina propria or submucosa. For in vivo studies, the engineered tubes were implanted in
the muscle flaps of the latissimus dorsi, which could theoretically serve to generate a muscularis externa
[Miki et al., 1999]. However, no in-depth histological analysis of the muscularis mucosa or muscularis
externa of these constructs has been reported.

Within the esophageal organoid units created by the Vacanti group are mesenchymal cells, which could
serve as a smooth muscle cell source [Grikscheit et al., 2003]. As stated above, these organoid units were
seeded onto a PGA mesh and wrapped with the omentum before suturing into the peritoneum. After
4 weeks, the construct was harvested and analyzed for alpha-smooth muscle actin expression [Grikscheit
et al., 2003]. The staining did appear in the expected site of the muscularis mucosa, but was sparse
and discontinuous. No mention of a muscularis externa was made. Thus, it is unclear whether the OU
approach can lead to a morphological and functional equivalent to either muscle layer.

Clearly, engineering of the esophageal muscle layers is an area that requires increased attention. Since
the muscle layer’s composition varies from species to species, animal models will need to anticipate this
variation. Studies investigating potential cell sources, matrix production, mechanical strength, and cellular
alignment are needed to thoughtfully engineer the esophagus.

25.6.5 Esophageal Regeneration

As an alternative to the in vitro construction of a tissue-engineered esophagus, much research has been
aimed at developing methods to stimulate in vivo regeneration. One widely employed approach has
been to use a collagen-coated silicone tube to promote regeneration [Ike et al., 1989; Natsume et al.,
1990, 1993; Takimoto et al., 1993, 1998; Yamamoto et al., 1999a, b, 2000; Hori et al., 2003]. In this
approach, a silicone stent is coated with collagen types I and III, and the collagen is freeze-dried and
lightly cross-linked around the stent. Both layers serve distinct purposes in the regeneration. The colla-
gen provides a matrix for cell infiltration and tissue regeneration; the silicone stent provides mechanical
integrity and protection from displacement, leakage, and infection [Natsume et al., 1990]. At the desired
time after implantation, the silicone stent is dislodged endoscopically, leaving behind the neo-esophageal
tissue. In one study, a 5-cm long prosthesis was implanted in the cervical esophagus of a canine animal
model [Takimoto et al., 1998]. If the silicone stent was removed at 2 or 3 weeks, the neo-esophagus
constricted rendering the dogs unable to swallow. However, if the stent was removed at 4 weeks, the
regenerated tissue showed remarkable similarity to native esophagus. The regenerated tissue showed
a stratified epithelium (8 to 10 layers) and both inner circular and outer longitudinal muscle layers
[Takimoto et al., 1998]. The esophagus remained patent even after 12 months. Variations on this
stent design have included preseeding with oral mucosal cells [Natsume et al., 1990], omental-pedicle
wrapping [Yamamoto et al., 2000], and delivery of basic fibroblast growth factor from the collagen
[Hori et al., 2003].

Extracellular matrix materials have also been studied as scaffolds for esophageal regeneration. Acellular
human skin (AlloDerm®, LifeCell, Branchburg, NJ) was used as an esophageal patch by Isch and associates
[Isch et al., 2001]. In this study, a section of canine esophagus was removed (2 × 1 cm) and replaced
with AlloDerm®. While epithelial coverage was incomplete at 1 month, by 2 months, coverage was
complete and vascularization was evident. However, elastin staining indicated that the AlloDerm®was still
present in the wound site at 3 months. Also, there was no indication of smooth muscle cell repopulation
[Isch et al., 2001].
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Small intestinal submucosa (SIS) has also found use in esophageal repair. Badylak et al. reported using
SIS for both partial (3 × 5 cm) and complete (5-cm length) circumferential defect repair in canines
[Badylak et al., 2000]. By 35 days, epithelialization was complete and the repair site showed indications
of striated muscle infiltration from adjacent esophagus. While remnants of the SIS could be seen at
35 days, by 50 days, the SIS appears to have been completely degraded. Stenosis was seen in the complete
circumferential defect repair site, with an approximate 50% decrease in circumference. The authors
hypothesize that this narrowing is caused by the lack of intraluminal pressure [Badylak et al., 2000].

Finally, Kajitani et al. [2001] employed acellular porcine aorta as an esophageal patch. A small half-circle
defect (2-cm diameter) was made in the distal esophagus of a pig and the acellular aorta was used to repair
the site. Complete epithelial coverage and evidence of muscle regeneration was seen in the defect site by
7 weeks. However, residual elastin fibers indicated incomplete degradation of the acellular patch [Kajitani
et al., 2001].

Thus, the initial results for esophageal regeneration are promising. To repair circumferential defects,
the collagen–silicone stent has shown the ability to form a neo-esophagus with morphological similarities
to native esophagus [Takimoto et al., 1998]. For patch defects, use of ECM materials has resulted in
esophageal regeneration, but these materials have yet to be successful as full circumferential replacements
[Badylak, et al., 2000; Isch et al., 2001; Kajitani et al., 2001]. In addition, further studies must be performed
to evaluate the effect of the residual ECM material that remains in the wound site after regeneration appears
to be complete.

25.7 Bioreactors for Esophageal Tissue Engineering

25.7.1 Mechanical Conditioning of Smooth Muscle Tissue Constructs

The outcome of culture of cells on a scaffold has shown to be influenced by the underlying substrate in
addition to the biochemical and biomechanical environment [Kanda et al., 1992; Kim and Mooney, 2000].
The effect of mechanical stimulation on vascular smooth muscle cells has been much studied as part of
the ongoing research focus to develop bioartificial vascular prostheses [Nerem and Seliktar, 2001]. There
is less data available in the literature on mechanical stimulation of visceral smooth muscle but the general
principles and effects of mechanical stimulation are similar for the two myocyte types [Karim et al., 1992;
Gooch and Tennant, 1997]. Mechanical stimulation of smooth muscle cells has been shown to have the
following effects:

Cells align perpendicular to the stress direction in one-dimensional stress and exhibit morphological
changes [Kanda et al., 1992; Gooch and Tennant, 1997]. Cyclic stretching significantly increases elastin
production and promotes expression of contractile phenotype. Cells subjected to cyclic strain display
prominent bundles of myofilaments while control cells (no strain) exhibited no such bundles, but con-
versely displayed significant amounts of rough endoplasmic reticulum (synthetic phenotype) [Kim and
Mooney, 2000]. Mechanical stress causes elevated protein synthesis and gene expression in cells [Nerem
and Seliktar, 2001], and has a favorable effect on cell proliferation [Stegemann and Nerem, 2001] and
DNA synthesis [Gooch and Tennant, 1997; Karim et al., 1992].

In developing the bioartificial esophagus, the relationship between magnitude and frequency of stimu-
lation and the optimal function of the smooth muscle cells has been examined in vitro using the apparatus
shown schematically in Figure 25.10a. This apparatus is based on one-dimensional mechanical stimulators
reported in the literature [Kanda et al., 1992; Kim and Mooney, 2000]. Apparatus for the conditioning
of tissue constructs consists of a reservoir of culture medium, and a means for applying the mechanical
stimulus, as shown schematically in Figure 25.10a,b. Simulation may be by means of a slider-crank mech-
anism [Kim and Mooney, 2000], lead screw [Kanda et al., 1992], or linear motor, as in the bioreactor
in Figure 25.10b. One-dimensional stimulation as shown in Figure 25.10a,b has shown to influence the
alignment of smooth muscle cells, so that they align perpendicular to the direction of principal strain
[Kanda et al., 1992]. If this effect is not desired, a bioreactor as shown in Figure 25.11a may be used to
subject the construct to a two-dimensional stress state [Gooch and Tennant, 1997]. The pressure difference
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FIGURE 25.10 (a) Schematic of apparatus for tissue engineering. (b) Bioreactor developed at Nanyang Technological
University for one-dimensional stimulation of smooth muscle and endothelial cells.

between the two chambers causes the scaffold to stretch, resulting in the bi-axial stress state as shown in
Figure 25.11b. The culture chamber is maintained at atmospheric pressure (P1), while a pressure con-
troller varies the pressure in the lower chamber [Gooch and Tennant, 1997]. Bioreactors based on this
principle are available commercially, an example being the Flexcell Stage Flexer (Flexcell International
Corp., Hillsborough, NC, USA).

Thicker tissue constructs have been fabricated from sheets incorporating a single layer of cells by rolling
a matured, conditioned flat construct into a tubular structure [Nerem and Seliktar, 2001]. Alternatively,
the tubular construct may also be mechanically conditioned, as shown in Figure 25.12. The construct is
mounted between two tubular clamps and pressurized intermittently to provide radial and circumferential
stress. This approach finds particular application in the tissue engineering of blood vessels although it
also has application in the development of the bioartificial esophagus [Niklason et al., 1999; Nerem
and Seliktar, 2001]. Mechanical conditioning has been found to significantly increase the burst strength
of tissue-engineered blood vessels and may be expected to have a similar effect on the strength of an
esophageal construct.
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FIGURE 25.11 (a) Bioreactor for two-dimensional stress stimulation of cells. (b) Two-dimensional stress state in
tissue construct.

As the esophagus is a thick-walled structure, necrosis of cells due to insufficient nutrition becomes
a major issue. Myocytes are highly metabolically active and do not tolerate hypoxia well [Carrier et al.,
1999; Radisic et al., 2003], and insufficient nutrition may result in necrosis of cells, particularly toward
the center of the construct [Bethiaume and Yarmush, 2000]. A novel approach to this problem has been
proposed [Kofidis et al., 2003] in which a section of native artery is used to provide a central vessel in a
thick construct. The authors report viable cells in vascular constructs up to 8 mm in thickness, with a
central vessel of mean diameter 2 mm.

The esophagus presents novel bioreactor challenges, and while much of the science generated in the
development of bioartificial vascular constructs will influence application in other tissue types, a bioreactor
must be developed to provide an analog of developmental conditions in the esophagus. A baby is able
to swallow at birth: the neonatal esophagus is fully developed. We must therefore provide a means to
replicate neonatal conditions in vitro. The final phase of development will be to build the bioreactor
shown in Figure 25.13. It incorporates a tubular cell/scaffold construct with culture medium supplied
to the outer jacket. The central canal of the esophagus can be drained from the bottom to provide
the air/endothelium interface found in the esophagus. The central canal also incorporates a stimulator,
consisting of a series of expandable chambers, which may be inflated in sequence by compressed air to
simulate the passage of a bolus of masticated food through the esophagus.
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FIGURE 25.12 Bioreactor for mechanical stimulation of tubular constructs. Stress is induced by pressure difference
between the inside of the construct and surroundings.

25.8 Conclusions and Prognostications

The potential to have significant impact on medicine and to make a positive contribution to the quality
of life for esophagus surgery patients exists in the tissue engineering of esophagus. When this techno-
logy/biology triumph is realized, tissue engineering of other epithelial tissues such as stomach and colon
will quickly follow.

The innovations that will make esophageal tissue engineering a routine procedure will come from
interdisciplinary team efforts and an engineering systems approach. There are still many issues with
regard to science and technology that must be resolved to develop the system for esophageal replacement.
It is more than cell growth. It is more than surgery. It is more than chemistry. No one discipline can
marshal all of the needed skills to make this happen. The engineered systems concept charts a path from
science discoveries to products and generates a roadmap with needed team players, economic issues,
milestones, and alternate strategies.

There are still significant technical challenges, challenges without clear solutions at this time. How
we will go from an in vitro seeded cell construct to a vascularized, integrated tissue before hypoxic cell
death occurs is not clear. How we will ultimately use allogeneic cells allowing an “off-the-shelf” surgical
replacement challenges our understanding of cell-induced immune response. Matching (or exceeding) the
mechanical properties of the natural tissue remains challenging. Many other sizable challenges remain.
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FIGURE 25.13 Schematic of bioreactor for environmental conditioning of constructs.
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26.1 Introduction

Cardiovascular disease remains the leading cause of death in the United States, claiming more lives each
year than the next five leading causes of death combined (American Heart Association National Center
for Health Statistics). Coronary heart disease caused more than 1 in every 5 American deaths in 2000 and
required approximately 500,000 coronary artery bypass graft surgeries (CABGs) that year. Bypass grafting
is also used in the treatment of aneurysmal disease or trauma. At present, surgeons use autologous tissue
and synthetic biomaterials as vascular grafts. Transplantation of autologous tissue has the best outcome
in small diameter applications such as CABG because synthetic grafts lack long-term patency for small
diameter applications (<6 mm). However, autologous tissue is limited in supply. Recent advances in tissue
engineering provide hope that new blood vessel substitutes may one day be fabricated for small diameter
applications, such as CABG, where treatment options are often severely limited.

26.1.1 Current Vascular Grafts

Currently, occluded vessels with diameters<6 mm are bypassed with autologous native blood vessels such
as the saphenous vein as a treatment. Autologous blood vessels were first employed in the beginning of the
20th century when Goyanes reported the use of a graft to replace an excised segment of artery by bridging
the defect with the patient’s own popliteal vein [Goyanes, 1906]. Since then, venous grafts have retained
the best long-term patency rate, although limitations such as deterioration when exposed to increased flow
and pressure still remain [Crawford et al., 1981; Szilagyi et al., 1973]. More recently, the internal mammary
artery from the chest has shown to be a superior conduit to the saphenous vein with better long-term
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patency and has gained increasing use [Kock et al., 1996]. These native vessels generally display 50 to 70%
graft patency over 10 years (VA study). Moreover, the superior patency of native vessels is attributed to
their compliant natural tissue characteristics and to their antithrombogenic luminal endothelial lining
[Richardson et al., 1980]. Unfortunately, ∼60% of patients who require vascular bypass surgery do not
have a suitable vessel for grafting [Moneta and Porter, 1995], either due to earlier procedures or advanced
peripheral vascular disease. As a result, alternative conduits constructed with synthetic materials have
been investigated.

The use of synthetic vascular prostheses for replacement of natural blood vessels has been explored since
the 1950s [Vorhees et al., 1952]. The most widely employed materials include Dacron™ (polyethylene
terepthalate; PET), Gore-Tex™ (expanded polytetrafluoroethylene; ePTFE), and compliant polyurethanes.
A strong, yet flexible polymer, PET may be fabricated in woven, velour, or knitted fiber configurations
[Coury et al., 1996]. ePTFE possesses a smooth surface and exhibits good durability and biocompatibility.
Polyurethane has been increasingly studied because it has been developed to more closely match the
compliance of native vessels than Gore-Tex™ or Dacron, which may reduce some clinical complications
[Giudiceandrea et al., 1998]. These materials are readily available, relatively inexpensive, and have seen
success clinically in applications with vessel diameters greater than 6 mm. However, synthetic grafts with
a small diameter (<6 mm, e.g., coronary artery bypass and femoral-crural bypass) exhibit unsatisfactory
long-term patency due to graft thrombogencity and neointima formation.

Platelet adhesion and aggregation on the graft surface often results in reocclusion of the vessel. This
is caused by the adsorption of proteins that mediate platelet adhesion and coagulation processes on the
relatively hydrophobic polymeric materials. The need for a nonthrombogenic surface has lead to the invest-
igation of endothelial cell (EC) seeding on the lumen of the graft. Although EC seeding improves synthetic
graft patency, EC retention under physiological shear conditions remains problematic [Thompson et al.,
1994; Deutsch et al., 1999]. Furthermore, differences in elasticity between a synthetic material and the
adjacent tissue create discrepancies in strain at the anastomoses, referred to as compliance mismatch,
contributing to intimal hyperplasia [Geary et al., 1993; Greisler et al., 1993]. Moreover, synthetic grafts
have been shown to carry an increased risk of infection [Clowes, 1993], further limiting their clinical
efficacy.

26.1.2 Tissue Engineering

Most tissue engineering strategies attempt to create small caliber vascular grafts by closely mimicking
the structure, function, and physiologic environment of native vessels. Normal arteries possess three
distinct tissue layers (Figure 26.1): the intima, media, and adventitia. The intima consists of an EC

Media AdventitiaIntima

FIGURE 26.1 The arterial wall is composed of three distinct layers: the intima, media, and adventitia. The intima,
composed of endothelial cells, provides a nonthrombogenic surface. In the medial layer, smooth muscle cells and
elastin fibers align circumferentially and provide mechanical integrity and contractility. The outer adventitia is a
supportive connective tissue.
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monolayer, which prevents platelet aggregation and regulates vessel permeability, vascular smooth muscle
cell behavior, and homeostasis. Within the medial layer, smooth muscle cells (SMCs) and elastin fibers
are aligned circumferentially, contributing the majority of the vessel’s mechanical strength [Wight, 1996].
Dilation and constriction of the vessel are due to medial SMCs’ response to external stimuli. Finally, the
adventitial layer contains fibroblasts, connective tissue, the microvascular supply, and a neural network
that regulates the vasotone of the blood vessel. The recreation of some or all of the vessel layers and their
properties may result in the development of a patent, functional vascular graft. In all likelihood, an intima
and media will be required to achieve any degree of success.

The general concept for creating a tissue-engineered vascular graft (TEVG) usually involves the har-
vest of desired cells, cell expansion in culture, cell seeding onto a scaffold, construct culture in an
environment that induces tissue formation, and implantation of the construct back into the patient.
Many options exist at each step of this process and each must be carefully considered. First, cell source
and culture conditions must be determined. Due to concerns regarding immunogenicity, autologous
cells are likely to be required, but these may be differentiated SMCs and ECs or a variety of types of
vascular progenitors. Expansion in vitro is usually necessary, but in vitro culture time must also be min-
imized to avoid cell dedifferentiation. Genetic modification of cells may also be a means to improve
TEVG performance. In addition to the cellular component, some type of material, or scaffolding, is
generally required to provide mechanical support and integrity. Many varieties of scaffolds are used in
tissue engineering, primarily composed of extracellular matrix (ECM) proteins and synthetic polymeric
materials. Once cells are seeded onto scaffolds, another in vitro culture period is usually needed to allow
for new tissue formation and development of appropriate mechanical and functional characteristics.
During the culture period, the construct should receive appropriate chemical and mechanical signals
for cells to synthesize proteins, remodel the tissue, and organize their environment such that the con-
struct will develop into a functional graft with mechanical properties similar to native vessels. Therefore,
a tissue-engineered construct may require several weeks of preparation before it can be implanted into the
patient.

While efforts to create TEVGs remain in an early developmental stage, several problems potentially
exist. Graft patency is still threatened by thrombosis, in all likelihood due to issues with retention of ECs
after implantation or with alterations in EC function after culture in vitro. Also, the possibility of burst
failure after implantation in the physiological flow environment raises concern since the consequences
would be catastrophic. Mechanical properties of TEVGs are generally observed to be lower than those of
native arteries, and thus a number of approaches have begun to address these issues. All of the strategies
discussed above — cell source, genetic modification, scaffold materials, and culture conditions — will
likely impact the fabrication of an optimal, clinically useful TEVG.

26.2 Cell Sources for Vascular Tissue Engineering

The development of a functional TEVG is likely to require the construction of an intima and media
composed of ECs and SMCs. Limitations imposed by immunogenicity will probably require the use of
autologous cells, so the majority of studies to date have utilized differentiated SMCs and ECs isolated from
harvested blood vessels. Issues with donor site morbidity and the performance of these cells types in the
engineered tissues have led to the consideration of alternative cell sources. Recent advances in stem cell
biology offer hope for suitable progenitors that can be effectively differentiated into ECs and SMCs for
use in vascular tissue engineering.

Circulating endothelial progenitor cells [Wijelath et al., 2004; Griese et al., 2003; He et al., 2003; Shirota
et al., 2003] and smooth muscle progenitor cells [Simper et al., 2002] can be isolated from blood, offering a
potential source of autologous cells for tissue engineering if they can be appropriately expanded in culture.
Blood-derived endothelial progenitors have already been utilized as linings on synthetic vascular grafts in
several studies [He et al., 2003; Shirota et al., 2003]. Grafts lined with these endothelial progenitors have
been implanted in a canine carotid model, and after more than 30 days, 11 out of 12 grafts remained patent,
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and cells lining the surface appeared to be ECs [He et al., 2003]. Umbilical cord blood [Murga et al., 2004]
and bone marrow [Hamilton et al., 2004] may be additional sources of autologous vascular progenitor
cells.

26.3 Genetic Modification of Vascular Cells

The leading cause of vascular graft failure has been attributed to thrombosis. Genetic engineering of
vascular cells ex vivo may provide an effective strategy to improve graft properties for tissue engineering
applications. Investigators have reported transduction of vascular cells such as ECs [Wilson et al., 1989;
Dunn et al., 1996], fibroblasts [Scharfmann et al., 1991], and SMCs [Lynch et al., 1992]. The seeding of
small-diameter vascular graft constructs with either ECs or SMCs genetically engineered to secrete anti-
thrombotic factors exists as a potential method of improving graft patency rates. As an example, baboon
ECs have been genetically modified with a retroviral vector encoding antithrombotic factors, namely
tissue plasminogen activator (tPA) and glycosylphosphatidylinositol-anchored urokinase-plasminogen
activator (uPA) [Dichek et al., 1996]. The modified cells were seeded on the luminal surface of collagen-
coated Dacron surfaces and introduced in arteriovenous shunts in baboons. A significant reduction in
platelet and fibrin accumulation was observed in grafts containing modified ECs expressing either tPA or
uPA. In another approach, the use of a platelet aggregation inhibitor, nitric oxide (NO), has shown to be
promising. Using an ex vivo approach, bovine SMCs liposomally transfected with nitric oxide synthase III
(NOS III) and GTP cyclohydrolase, which produces a cofactor essential for NOS activity, were grown as
monolayers on plastic slides or biomaterials of interest and then placed in a parallel-plate flow chamber.
Whole blood was introduced into the flow chamber to assess platelet adherence to the cell monolayers. The
number of platelets that adhered to the NOS-transduced SMCs was significantly lower than those bound
to mock-transduced SMCs and similar to the numbers adhered to cultured ECs. Moreover, the NOS-
expressing SMCs exhibited decreased proliferative activity, which may reduce the incidence of intimal
hyperplasia [Scott-Burden et al., 1996]. These studies demonstrated that an ex vivo genetic engineering
approach may be useful for altering thrombogenicity of TEVG surfaces.

An alternative gene therapy approach to reducing the thrombogenicity of TEVG surfaces would utilize
transfected VEGF. VEGF has shown to be mitogenic for ECs in vitro and stimulates angiogenesis in vivo
[reviewed in Ahrendt et al., 1998]. More importantly, the mitogenic response associated with VEGF is
restricted to ECs, which allows VEGF to be administered without concerns of SMC intimal hyperplasia.
VEGF production in the TEVG may encourage proliferation of ECs seeded on the lumenal surface as well
as stimulate endogenous host EC migration from the anastomoses. Transfecting SMCs with VEGF may
allow for localized and prolonged treatment. Additionally, VEGF-producing SMCs have been found to
promote EC proliferation and migration using in vitro models [Elbjeirami et al., 2004].

Improving the mechanical properties of TEVGs has also been a goal of numerous research efforts, and
genetic modification of cells used to seed the TEVG may prove beneficial. The mechanical properties
of a TEVG will be related in large part to the ECM that forms, both its composition and structure.
ECM crosslinking can result from the enzymatic activity of lysyl oxidase (LO) or tissue transglutaminase
[Aeschlimann et al., 1991] and may be a means to improve the mechanical properties of the TEVG. LO,
a copper-dependent amine oxidase, forms lysine-derived crosslinks in connective tissue, particularly in
collagen and elastin [Rucker et al., 1998]. Desmosine is produced in LO-mediated crosslinking of elastin
and is commonly used as a biochemical marker of ECM crosslinking [Venturi et al., 1996]. The LO-
catalyzed crosslinks are present in various connective tissues within the body including bone, cartilage,
skin, and lung and are believed to be a major source of mechanical strength in tissues. Additionally,
the LO-mediated enzymatic reaction renders crosslinked fibers less susceptible to proteolytic degradation
[Vater et al., 1979]. A gene therapy strategy has demonstrated the enhancement of mechanical properties
of tissue-engineered collagen constructs using vascular SMCs transfected with LO [Elbjeirami et al., 2003].
The elastic modulus and ultimate tensile strength of collagen gels seeded with LO-transfected SMCs nearly
doubled as compared to gels seeded with mock-transfected SMCs. These enhanced mechanical properties
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resulted from increased ECM crosslinking rather than increased amounts of ECM, changes in the ECM
composition, or increased cellularity. LO-mediated crosslinking, tissue transglutaminase, or glycation,
may potentially be used in combination with mechanical conditioning, or biochemical factors, such
as TGF-β, that increase the synthesis of ECM proteins to achieve synergistic effects. This strategy may
ultimately enhance mechanical characteristics of TEVGs and minimize in vitro culture times prior to
implantation.

Another effort in the use of genetic modification of vascular cells to improve TEVG performance has
focused on regulation of SMC phenotype [Stegemann et al., 2004]. SMCs that were stably transfected with
the gene for cyclic guanosine monophosphate-dependent protein kinase (PKG) were seeded into type I
collagen constructs. PKG is an important regulator of SMC phenotype, and PKG-transfected cells showed
substantially increased expression of smooth muscle α-actin, indicating a reduction in dedifferentiation
during culture. Thus, TEVGs formed with such genetically modified cells may function more similarly to
native tissues.

26.4 Scaffolds for Vascular Tissue Engineering

26.4.1 Natural Scaffold Materials

26.4.1.1 Collagen

One of the first TEVGs developed was based on a natural collagen type I scaffold supported by knitted
Dacron [Weinberg and Bell, 1986]. This study provided early evidence of the feasibility of tissue engineer-
ing a blood vessel substitute by creating layers similar to those of a blood vessel using ECM components
and vascular cells. Cultured bovine ECs, SMCs, and fibroblasts embedded within denatured bovine col-
lagen were used to construct a multilayered vascular graft. Endothelium formation was confirmed by
production of biosynthetic markers such as prostacylcin and von Willebrand’s factor. The burst strength
of the engineered tissue was proportional to the collagen content and cell density. However, the resultant
engineered graft did not achieve sufficient mechanical strength to withstand physiological conditions
unless a supporting Dacron mesh sleeve was added. In fact, maximum burst strengths seen in this model
(≈325 mmHg) were significantly lower than that of native coronary artery (≈ 5000 mmHg) or saphenous
vein (≈2000 mmHg).

Glycation, the nonenzymatic crosslinking of ECM proteins by reducing sugars, has been proposed as a
strategy to enhance the stiffness and strength of collagen gel constructs seeded with SMCs [Girton et al.,
1999, 2000]. These constructs were cultured for 10 weeks under high concentrations of glucose or ribose
and then assessed for mechanical properties. The circumferential tensile stiffness of constructs incubated
in medium containing 30 mM ribose showed a 16-fold increase over normally cultured constructs while
tensile strength increased by 4-fold. Although the compliance of the construct compared favorably, the
tensile strength and burst pressure still fell significantly below that of arteries.

Expanding upon work with collagen scaffolds, others have further explored the potential utility of
collagen scaffolds by evaluating decellularized collagen matrices from porcine tissue [Hiles et al., 1993;
Huynh et al., 1999]. Small intestine submucosa (SIS) has been isolated and chemically treated to remove the
cellular component, leaving an intact matrix containing mainly collagen. The mechanical properties and
remodeling ability of SIS have been previously investigated for numerous tissue-engineering applications
[Sacks et al., 1999; Gloeckner et al., 2000]. For vascular grafts, SIS possesses acceptable mechanical
properties and exhibits better compliance than currently employed vein grafts [Roeder et al., 1999].
In one effort, Huynh et al. prepared SIS tubes and minimally chemically crosslinked the collagen layers
to provide mechanical strength while maintaining biocompatibility. The inner surface of the grafts were
additionally treated with a heparin complex to inhibit thrombosis and then implanted into rabbits. For
time periods up to 13 weeks, grafts remained patent, and SMCs and ECs were found to have migrated
into the graft from the surrounding tissue.
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26.4.1.2 Decellularized Vascular Matrix

Xenogenic acellular matrix conduits have also been investigated for the development of TEVG. In this
approach, vessels are treated with reagents such as trypsin and EDTA [Bader et al., 2000] or sodium dodecyl
sulfate [Schaner et al., 2004] to remove the cells, leaving an intact matrix that can be used as a scaffold.
Decellularized porcine arteries have been seeded with human ECs and SMCs isolated from the saphenous
vein [Teebken et al., 2000]. After exposure to pulsatile flow, the cell-seeded porcine matrix developed
an endothelial monolayer. This study demonstrated the feasibility of generating vascular grafts in vitro
from acellular, animal-derived, vascular matrices and human cells. Attempts to improve biocompatibility
of xenograft matrices have included proteolysis of bovine or porcine carotid arteries [Moazami et al.,
1998; Teebken et al., 2000]. This decellularized form provided an ECM with properly arranged collagen
and elastin fibers that had minimal immune or inflammatory response [Teebken et al., 2000]. However,
fibrosis eventually rendered these grafts unsuccessful.

26.4.1.3 Cell Sheets

L’Heureux and his collegues have applied a unique approach in the fabrication of a TEVG using biological
materials, essentially using cells to generate the scaffold for the tissue-engineering construct [L’Heureux
et al., 1998]. Umbilical vein SMCs and human skin fibroblasts were cultured for 5 weeks to form sheets
containing superconfluent cells and cell-synthesized ECM. The cell sheets were sequentially rolled around
a mandrel to form first the medial layer, then the adventitial layer. For 8 weeks, the construct was cultured
in a bioreactor designed to provide perfusion of the culture medium and mechanical support. Following
culture, the mandrel was removed, and the lumen was seeded with ECs, thus forming the three layers
representative of a native artery. The burst strength of these grafts well exceeded that of native veins.
Based on histological analysis, it appeared that SMCs were aligned circumferentially and produced a
significant amount of new ECM. When implanted in vivo, these vascular substitutes had a 50% patency
rate at one week after implantation. The construct consists entirely of human cells and human ECM
proteins while exhibiting impressive mechanical strength, which makes this strategy attractive. However,
much of the constructs’ strength was attributed to the adventitial layer instead of the medial layer, as is
normally observed in blood vessels. Some thrombus formation was also observed at the graft site following
implantation. Furthermore, a 12-week time span was required to prepare a construct.

26.4.2 Synthetic Polymer Scaffolds

While the natural scaffold materials discussed above have achieved some success, concerns with disease
transmission, difficulties with material processing, and often poor mechanical properties have led some
groups to concentrate on the development of synthetic biomaterials as scaffolds. Bioabsorbable synthetic
polymers may be designed to provide a transitional environment by providing a supporting structure
to developing tissue. The degradation rate of these constructs may often be tailored to match the rate
at which new tissue is formed, so that space is created for cell growth and matrix deposition. These
materials serve as guides for tissue regeneration in three dimensions and offer the possibility to control
structural variables and scaffold properties, such as the molecular structure, molecular weight, degradation
properties, porosity, and mechanical properties [Ma et al., 1995].

26.4.2.1 Polyester Scaffolds

Polyglycolic acid (PGA), a biodegradable polyester, has demonstrated relatively good biocompatibility and
has been extensively studied for numerous tissue-engineering applications [Freed et al., 1993; Kim et al.,
1998; Mooney et al., 1996]. These well-characterized materials have been the first to illustrate the feasibility
of polymeric scaffolds in vascular tissue engineering [Niklason et al., 1999]. TEVGs were fabricated using
PGA mesh scaffolds, seeded with bovine aortic SMCs, then cultured in pulsatile flow bioreactors. After
8 weeks, these cultured vessels exhibited increased concentrations of collagen and enhanced mechanical
properties. Burst pressure of these grafts compared well to that of typical vein grafts (human saphenous
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vein = 1680 ± 307 mmHg vs. PGA graft = 2150 ± 700 mmHg). When these grafts were seeded with
autologous ECs on their luminal surface, continuously perfused for 3 days, and then implanted into pigs,
they remained patent for up to 4 weeks.

26.4.2.2 Hydrogel Scaffolds

Derivatives of polyethylene glycol (PEG) currently are being studied as hydrogel scaffolds for blood
vessel substitutes. These materials are hydrophilic, biocompatible, and intrinsically resistant to protein
adsorption and cell adhesion [Merrill et al., 1983; Gombotz et al., 1991]. Thus, PEG essentially provides
a “blank slate,” devoid of biological interactions, upon which the desired biofunctionality can be built.
Aqueous solutions of acrylated PEG can be rapidly photopolymerized in direct contact with cells and
tissues [Sawhney et al., 1994; Hill-West et al., 1994]. Furthermore, PEG-based materials can be rendered
bioactive by inclusion of proteolytically degradable peptides into the polymer backbone [West et al.,
1999] and by grafting adhesion peptides [Hern et al., 1998] or growth factors [Mann et al., 2001a] into the
hydrogel network during the photopolymerization process. Recently, PEG hydrogels that largely mimic
the properties of collagen have been developed. PEG hydrogels grafted with a synthetic adhesive peptide
RGDS and the collagenase-sensitive peptide sequence GGGLGPAGGK permitted cell migration [Gobin
and West 2002; Mann et al., 2001b]. Following 7 days of incubation, approximately 70% as many cells
migrated through collagenase-sensitive hydrogels as through collagen gels, with no statistically significant
difference between the two groups. The elastin-derived peptide VAPG has shown to be specific for SMC
adhesion, and PEG hydrogels modified with this adhesive peptide rather than RGDS supported adhesion
and growth of vascular SMCs but not fibroblasts or platelets [Gobin et al., 2003]. Moreover, bioactive
molecules like TGF-β may be covalently incorporated into scaffolds to induce protein synthesis by vascular
SMCs. TGF-β has been reported to stimulate expression of several matrix components, including elastin,
collagen, fibronectin, and proteoglycans [Amento et al., 1991; Lawrence et al., 1994; Tajima, 1996]. TGF-β
covalently immobilized to PEG-based hydrogels significantly increased collagen production of vascular
SMCs seeded within these scaffold materials [Mann et al., 2001]. Mechanical testing of these engineered
tissues also determined that the elastic modulus was higher in TGF-β-tethered PEG scaffolds than PEG
scaffolds without TGF-β, indicating that material properties for TEVGs may be improved using this
technology. A cell-seeded graft formed from this biomimetic hydrogel scaffold is shown in Figure 26.2.
These types of bioactive materials may allow one to capture the advantages of a natural scaffold, such as
specific cell–material interactions and proteolytic remodeling in response to tissue formation, while also
having the benefits of a synthetic material, namely the ease of processing and the ability to manipulate
mechanical properties.

FIGURE 26.2 A PEG-based scaffold seeded with smooth muscle cells and endothelial cells ready for insertion into a
bioreactor for in vitro culture of a TEVG (left, standing upright; right, laying on side). The cell-seeded scaffold is formed
via photopolymerization, so the dimensions are easily tailored for a given application and cells are homogeneously
seeded throughout the material. The scaffold is designed to degrade in response to cellular proteolytic activity during
tissue formation.
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26.5 Bioreactors for Mechanical Conditioning

In vivo, the pulsatile nature of blood flow imposes radial pressure upon the vessel wall, which subjects
SMCs within the medial layer to cyclic strain. Thus, a great deal of research has examined SMC behavior
in response to cyclic stretch and found such stimuli important in the fabrication of vascular tissue,
particularly with respect to ECM synthesis and tissue organization. For example, SMCs seeded on purified
elastin membranes and exposed to 2 days of cyclic stretching (10% beyond the resting length) have been
shown to incorporate hydroxyproline into protein three to five times more rapidly than stationary controls,
indicating increased collagen synthesis in response to strain [Leung et al., 1976]. Cyclic strain also increased
the synthesis of collagen types I and III and chondroitin-6-sulfate without stimulating DNA synthesis.
Another study also detected enhanced matrix production in collagen constructs seeded with rat aortic
SMCs and subjected to 7% cyclic strain [Kim et al., 1999]. Over 20 weeks of culture under cyclic strain,
SMCs upregulated expression of elastin and collagen type I. Elastin content from these SMCs increased
49% over unstretched controls. Furthermore, organization of the tissue was observed, as evidenced by
perpendicular alignment of SMCs to the direction of the applied strain.

Similar results have been obtained in three-dimensional constructs. Tubular collagen constructs seeded
with SMCs were cultured over thin-walled silicone sleeves and subsequently exposed to regulated intralu-
minal pressures to stretch the vessel in a repeatable fashion for up to 8 days. The 10% cyclic distension
in diameter caused the scaffolds to contract, SMCs and bundles of collagen fibers to align circumferen-
tially around the vessel, and improvement of the scaffold’s mechanical properties [Seliktar et al., 2000].
Moreover, this model system was employed to investigate the remodeling capacity of these constructs
via the activity of matrix metalloproteinases (MMPs) known to cleave solubilized type I collagen frag-
ments [Seliktar et al., 2001]. Constructs mechanically conditioned for 4 days contained five times higher
amounts of MMP-2 compared to static controls and increased MMP-2 activity. The increases in MMP-2
levels correlated favorably with improvements in mechanical strength and material modulus as a result
of cyclic strain. When a nonspecific inhibitor of MMP-2 was added to the culture media, MMP-2 levels
decreased and mechanical properties were reduced, negating the benefits of mechanical conditioning.
These studies indicate that strain-mediated remodeling of collagen scaffolds is essential for improved
construct of mechanical properties.

Because of the profound effects of cyclic strain on SMC orientation, ECM production, and tissue organ-
ization, preculture of vascular graft constructs in a pulsatile flow bioreactor system may help recreate the
natural structure of native vessels and allow one to better achieve the mechanical properties required
of the construct. A schematic of a typical pulsatile flow bioreactor system is shown in Figure 26.3. The
mechanical stimuli from pulsatile flow could generate the cyclic strain necessary to alter ECM production,
thereby creating a histologically organized, functional construct with satisfactory mechanical characterist-
ics for implantation. To develop a blood vessel substitute, Niklason et al. [1999], cultured PGA constructs
in a pulsatile blow bioreactor generating 165 beats per minute (bpm) and 5% radial strain. The pulse
frequency of this system was chosen to mimic a fetal heart rate, believed to possibly provide optimal
conditions for new tissue formation. However, most mechanical conditioning investigations mentioned
above conducted strain studies at 60 bpm, more representative of an adult heart rate, with promising
outcomes. Therefore, the optimal bioreactor culture conditions for the development of a TEVG remain to
be elucidated. Nevertheless, such a system shows promise for the production of a blood vessel substitute
with the necessary mechanical and biochemical components.

26.6 Conclusions

In the past couple of decades, a great deal of progress on TEVGs has been made. Still, many challenges
remain and are currently being addressed, particularly with regard to the prevention of thrombosis and
the improvement of graft mechanical properties. In order to develop a patent TEVG that grossly resembles
native tissue, required culture times in most studies exceed 8 weeks. Even with further advances in
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FIGURE 26.3 Diagram of a typical pulsatile flow bioreactor for culture of TEVGs.

the field, TEVGs will likely not be used in emergency situations because of the time necessary to allow
for cell expansion, ECM production and organization, and attainment of desired mechanical strength.
Furthermore, TEVGs will probably require the use of autologous tissue to prevent an immunogenic
response, unless advances in immune acceptance render allogenic and xenogenic tissue use feasible.
TEVGs have not yet been subjected to clinical trials, which will determine the efficacy of such grafts in the
long term. Finally, off the shelf availability and cost will become the biggest hurdles in the development of
a feasible TEVG product.

Although many obstacles still exist in the effort to develop a small-diameter TEVG, the potential
benefits of such an achievement are exciting. In the near future, a nonthrombogenic TEVG with sufficient
mechanical strength may be developed for clinical trials. Such a graft will have the minimum characteristics
of biological tissue necessary to remain patent over a time period comparable to current vein graft
therapies. As science and technology advance, TEVGs may evolve into complex blood vessel substitutes.
TEVGs may become living grafts, capable of growing, remodeling, and responding to mechanical and
biochemical stimuli in the surrounding environment. These blood vessel substitutes will closely resemble
native vessels in almost every way, including structure, composition, mechanical properties, and function.
They will possess vasoactive properties, able to dilate and constrict in response to stimuli. Close mimicry
of native blood vessels may ultimately aid in the engineering of other tissues dependent upon vasculature
to sustain function. With further understanding of the factors involved in cardiovascular development
and function combined with the foundation of knowledge already in place, the development of TEVGs
should one day lead to improved quality of life for those with vascular diseases and other life threatening
conditions.
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27.1 Introduction

After an acute myocardial infarction, lost cardiomyocytes are replaced by a noncontractile fibrous tissue.
Although it is suggested that heart has a small regenerative potential via cell proliferation [1], or stem
cell recruitment [2], the rate of renewal is insufficient to compensate for myocyte loss. As a result, altered
workload of a surviving myocardium may ultimately lead to deterioration in contractile function and
congestive heart failure (CHF). Besides traditional pharmacological therapies (diuretics, β-blockers,
angiotensine, and aldosterone inhibitors) [3] or heart transplant [4], investigators are evaluating innovat-
ive approaches for treatment of CHF including mechanical assist devices [5], dynamic cardiomyoplasty [6],
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transmyocardial laser revascularization [7], and artificial heart [8]. Nevertheless, in end stage disease, heart
transplant remains the only option with good long-term results [4]. However, inadequate availability of
donor organs (∼10% of current needs [9]) requires new strategies for treatment of increasing number of
heart failure patients.

One promising approach is augmentation of the number of functional myocytes in the diseased heart
using methodologies for cardiomyocyte cell cycle activation [10], adult stem cell mobilization [11], or
cellular transplantation [12]. Cellular transplantation at the site of injury in the heart can be accomplished
either by injecting isolated cells (“cellular cardiomyoplasty”) [13], or by implanting a cardiac tissue patch
engineered in vitro (“tissue cardiomyoplasty”) [14].

27.1.1 Cellular Cardiomyoplasty

More than 10 years ago, pioneering studies in the laboratory of Lauren Field have shown feasibility of
cell transplantation in the heart [15,16]. Since then, different investigators have used cardiac [15] or
skeletal myoblast cell lines [16], fetal [17,18], neonatal [19], and adult [20] cardiac myocytes, autologous
[21,22] and syngeneic [23] skeletal myoblasts, smooth muscle cells [24], endothelial cells [25], native [26]
or genetically altered fibroblasts [27], embryonic [28], bone marrow [29], mesenchymal [30], or heart
derived [31] stem cells, as potential donor cells. As a result, treated hearts have shown improvement in
diastolic function, almost independent of transplanted cell type [26]. The improvement in the systolic
function (generation of active force) on the other hand required use of cells with the myogenic (contractile)
potential [26,32]. The possible therapeutic benefit of cellular cardiomyoplasty stems from structural
remodeling of scar region [33], enhancement of myocardial revascularization [12], and direct structural
and functional integration of donor cells with the host myocardium [18]. Presently, clinical studies in the
United States, Europe, and Asia are under way to investigate feasibility and safety in using autologous bone
marrow derived stem cells and skeletal myoblasts in treatment of postinfarction left ventricular disfunction
[13,34,35]. Initial results are promising, but reveal risk for ventricular arrhythmias [34], limiting in some
studies the pool of patients to only those that already have internal defibrillators. Since no systematic
studies have been performed to assess the electrical performance of the heart postcardiomyoplasty, and
little data exists on electrical interaction between donor and host cells in vivo or in vitro [36], the causes
of the postoperative electrical instability are not known. Plausible explanations include inflammatory
response and subsequent fibrosis at implantation site [35], possible electrical coupling in conjunction with
different electrophysiology between implanted cells and cardiomyocytes [18,34], and possible stimulation
of sympathetic nerve sprouting and overexpression of neurotransmitters after the cell transplantation [37].

27.1.2 Tissue Cardiomyoplasty

Some of the major hurdles in restoring heart function by cellular cardiomyoplasty include limited survival
of injected cells in the region of scar tissue, and no architectural repair of the infarcted area. An alternative
approach is tissue cardiomyoplasty, which involves in vitro cultivation of compact three-dimensional (3D)
cardiac tissue patch, and subsequent implantation over or instead of the infracted scar tissue. Although
surgically more challenging compared to cellular cardiomyoplasty, this methodology has a potential to
improve efficiency and localization of tissue repair in larger size cardiac injury such as infarction of major
coronary vessels, or congenital heart defects [38]. Ideally, based on the location, shape, and size of injury
and architecture of surrounding tissue (assessed by ultrasound, MRI, or other noninvasive technique
[39]), functional cardiac patch with needed geometry and 3D structure is engineered in vitro starting
from selected cell type, natural or synthetic scaffold, and appropriate culturing vessel (bioreactor). Inside
the bioreactor, cells attach to biocompatible (and possibly degradable) scaffold, interconnect, and assemble
in three dimensions to reconstitute an in vivo-like cardiac tissue equivalent (construct). The combination
of biochemical and physical stimuli during culture is designed to best mimic physiological state of tissue,
and to support cell differentiation or transdifferentiation and desired 3D tissue architecture. At a proper
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time point, tissue construct is removed from the bioreactor and surgically implanted in the site of injury
in order to restore or improve electrical and mechanical function of diseased heart.

In reality, however, the successful reconstitution of cardiac-like tissue patch in vitro starting from
single cells is an extremely challenging problem due to limited proliferation potential and high metabolic
demand of cardiac cells, as well as complex anisotropic architecture and electro-mechanical function
of native cardiac tissue. While recent reviews on cardiac tissue engineering [14,40] have focused on
scaffold biomaterials, bioreactors, and cultivation conditions, this chapter will provide emphasis on the
electrophysiological considerations and role of tissue architecture in the development of functional cardiac
patch. It is this author’s view, that these factors will play an important role in the design of efficient and
safe therapies, despite the fact that they are frequently neglected in current in vitro and in vivo studies.

27.2 Cardiac Architecture and Function

The crucial architectural and functional feature of cardiac muscle tissue (Figure 27.1) is anisotropy, that is,
anatomically and biophysically, properties of cardiac muscle vary in different directions [41]. Microscopic
structural anisotropy in cardiac tissue results from the spatial alignment of elongated cardiac myocytes
(Figure 27.1a), and the preferential location of intercellular junctions (e.g., fascia adherence, gap junctions,
desmosomes) in end-to-end vs. side-to-side cell connections [42]. Macroscopic anisotropy is a result of
the presence of aligned cardiac muscle fibers and sheets that transmurally rotate inside the heart wall (180◦
rotation from endo- to epicardium) [43]. The unique anisotropic architecture of cardiac tissue enables
an orderly sequence of electrical and mechanical activity, and efficient pumping of blood from the heart.
Beside architecture, electrical membrane properties of cardiac myocytes also vary substantially depending
on the location in the heart with distinct differences between atria and ventricles, endo- and epicardial
regions, left and right heart, base and apex, etc. [44–46]. Moreover, the heart contains a large variety
of nonmyocytes (e.g., fibroblasts, endothelial cells, smooth muscle cells, neural cells, leukocytes) with
specific roles in the cardiac function that are still not fully elucidated.

Structural anisotropy and intercellular continuity of the excitable cardiac substrate have profound
effect on electrical and mechanical functioning of the heart. For example, anatomical anisotropy in heart
tissue causes a larger intracellular resistance per unit length in the transverse (across fiber) than longit-
udinal (along fiber) direction, resulting in smaller velocity but larger maximum slope of action potential
upstroke and safer electrical propagation in the transverse direction [47,48]. As a consequence, electrical
stimulation of a small region in the heart tissue results in development of elliptical rather than circular
propagating wavefront [49] (Figure 27.1b). Directly related to anisotropy is evidence that cardiac impulse
conduction at the microscopic level is discontinuous at sites of gap junctions, and even stochastic due to
small local variations in ion channel function, gap junction distribution, and adjoining tissue architec-
ture [50,51]. In contrast to these small physiological variations, larger variations of electrical properties
(e.g., action potential duration, intercellular coupling, electrical load) at the cellular and tissue level may
result in increased susceptibility to propagation slowing and conduction block [46,51]. Slow propagation
velocity and unidirectional block are some of the main prerequisites for the initiation of reentrant cardiac
arrhythmias [51,52].

The degree of anatomical and functional anisotropy depends on location in the heart and age of the
individual, with main determinants being cell size and geometry, type, amount, and distribution of
cell junctions in membrane, and macroscopic tissue architecture [53–55]. Electrical anisotropy changes
in certain cardiac pathologies such as ischemia, infarction, and heart failure [56,57]. This change is a
consequence of the altered gap junction distribution and expression, as well as formation of longitud-
inal collagenous septa between the cardiac fibers which result in discontinuous transverse propagation
(“nonuniform anisotropy”) and increased susceptibility to reentrant arrhythmias [58]. In particular, in
canine hearts, “border zone” between infracted and normal tissue exhibits disarray of cardiac cells and
gross change in anisotropy, resulting in conduction slowing, block, and reentrant “figure of eight” circuits
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FIGURE 27.1 Levels of anatomical and electrophysiological organization in cardiac muscle. (a) Intercalated disk is
specialized end-to-end connection between cardiac cells. Gap junction plaque is shown in cross-section and en face.
Cx-43 is gap junction protein connexin-43. Note that structural complexity in heart spans many orders of magnitude
from nanometer-size scale in single channels to centimeter-size scale in the heart. (b) Time constants of electro-
physiological function in cardiac muscle range from nanoseconds for a single channel gating to seconds for heart
beats. L and T denote longitudinal and transverse direction, respectively. Pulse sign denotes site of stimulus.

in the heart [59]. In addition, presence of noncontractile scar in heart milieu can cause locally increased
stress gradients, which through mechano-electric feedback may yield in stretch-induced arrhythmias [60].

27.3 Current State of Cardiac Tissue Engineering

Over the last several years different strategies have been developed to design engineered cardiac tissues
that could be used for pharmacological, genetic, and functional studies in vitro and possible implantation
in vivo, as outlined in Table 27.1. These studies have shown that structure and function of cardiac tissue
constructs depend on the animal species used for the cell dissociation [61–63], composition of seeded
cells [14,64], initial cell seeding density [62,63,65,66], scaffold characteristics [40,67–70], composition
of culture medium [69], type of bioreactor [63,65,69], and applied physical forces [61,71]. Most of these
results are based on the evaluation of general histology, and assessment of cellular properties including cell
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TABLE 27.1 Cardiac Tissue Engineering In Vitro and In Vivo

In vitro

Cell source Scaffold Bioreactor Assessment References

Neonatal rat
ventricle

Microcarrier
beads

HARV Immunohistology, ultrastructure,
pharmacology

[77,78]

Embryonic chick
ventricle

Planar collagen gel
with
supplements

Static petri dish
attachment to velcro

Immunohistology,
pharmacology, ultrastructure,
gene manipulation, mechanical
contractile force

[79]

Neonatal rat
ventricle

planar collagen gel
with
supplements

Static petri dish
attachment to velcro

Immunohistology,
pharmacology, ultrastructure,
contractile force

[62]

Neonatal rat
ventricle

Collagen gel ring
with
supplements

Static petri dish and
cyclic stretch

Immunohistology,
pharmacology, ultrastructure,
contractile force

[72]

Rat smooth
muscle, skin
fibroblasts, fetal
ventricle, human
atria and
ventricle

Rectangular
gelatin mesh

Static petri dish Histology, cell proliferation [86]

Young human
ventricle

Rectangular
gelatin mesh

Cyclic stretch in dish Histology, proliferation,
mechanical

[71]

Neonatal rat
ventricle

Rectangular
collagen scaffold
(“tissue fleece”)

Static petri dish RT-PCR, pharmacology,
ultrastructure, mechanical

[73,87]

Neonatal rat
ventricle

Fibrin glue and
thick collagen gel
around aorta

Unperfused and
perfused through
aorta

FDG-PET, Immunohistology [88]

Neonatal rat
ventricle

Cross-linked
collagen mesh

HARV Immunohistology, ultrastructure [89]

Fetal and neonatal
rat ventricle

Electrospun
tubular collagen
scaffold

HARV Immunohistology, ultrastructure
mechanical stress–strain curves

[74,90]

Neonatal rat
ventricle

No scaffold Static petri dish Immunohistology, ultrastructure,
electrical connectivity,
mechanical, subcutaneous
implantation

[75,92]

Embryonic chick
and neonatal rat
ventricle

Fibrous PGA disk Static petri dish,
spinner flask, HARV

Viability, metabolic activity,
immunohistology,
ultrastructure

[63]

Neonatal rat
ventricle

Fibrous PGA disk Spinner flask Viability, metabolic activity,
immunohistology,
ultrastructure, tissue scale
electrophysiology

[64]

Neonatal rat
ventricle

Fibrous PGA disk Perfusion cartridge Viability, metabolic activity,
immunohistology,
ultrastructure

[94,95]

Neonatal rat
ventricle C2C12
myoblasts

collagen sponge
disk with
matrigel

Orbitally mixed dish,
Perfusion cartridge

Viability, metabolic activity,
immunohistology,
pharmacology, excitation
threshold, capture rates

[65,96]

Neonatal rat
ventricle

Surface
hydrolyzed,
laminin-coated
PGA disk

Spinner flask,
3D gyrator, HARV

Immunohistology,
immunoblotting, ultrastructure,
viability, metabolic activity,
tissue electrophysiology

[69]

Continued
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TABLE 27.1 Continued

In vitro

Cell source Scaffold Bioreactor Assessment References

Neonatal rat
ventricle

Surface hydrolyzed,
laminin-coated
PGA disk

HARV Immunohistology,
immunoblotting,
pharmacology, cell
electrophysiology

[76]

Neonatal rat
ventricle

Fibronectin coated
PLGA disk

HARV Histology, ultrastructure,
optical mapping of
action potentials

[121,122]

Fetal rat ventricle Alginate disk Static petri dish Viability, metabolic
activity, histology

[66]

In vivo implantation in heart

Postoperative
Cell source Scaffold Site of implantation assessment References

Fetal rat ventricle Gelatin mesh cube Infarct in cryoinjured
left rat ventricle

Histology, ultrastructure,
ventricular pressure in
Langendorf preparation

[97]

Rat aortic smooth
muscle

Gelatin mesh, PTFE
patch, PGA, and
PCLA sponge

Defect in right
outflow ventricular
tract in rat

Immunostaining, cell
proliferation,
morphometry

[67,98]

Rat aortic smooth
muscle

PCLA sponge Postinfarct aneurysm
in rat left ventricular

Immunohistology,
echocardiography,
ventricular pressure

[99]

Fetal rat ventricle Alginate disk Rat coronary
occlusion site

Immunohistology,
echocardiography

[100]

Neonatal rat
ventricle

Collagen gel ring with
supplements

Perimeter of healthy
rat ventricle

Immunohistology,
ultrastructure,
pharmacology,
echocardiography

[85]

HARV — high-aspect-ratio-vessel, HFDG-PET — Fluor-Deoxy-Glucose-Positron-Emission-Tomography, PLGA —
poly(lactic-co-glycolic) acid, PTFE — polytetrafluoroethylene, PCLA — ε-caprolactone-co-l-lactide reinforced with knitted
poly-l-lactide fabric.

number, viability, metabolic activity, expression of cardiac-specific proteins, and ultrastructural features.
Few groups also focused on measurements of contractile force at tissue scale [62,72–75], while only
one group has studied in detail microscopic and macroscopic electrical properties of tissue constructs
[64,69,76]. The following paragraphs will give an overview of existing in vitro and in vivo efforts in the
emerging field of cardiac tissue engineering.

27.3.1 Cardiogenesis In Vitro

Akins et al. [77,78] have shown that neonatal rat ventricular myocytes can form multilayered inter-
connected structures when cultivated on fibronectin-coated polystyrene beads or collagen fibers inside
high-aspect-ratio-vessel (HARV) bioreactors. After 6 days in culture, cardiac cells formed small, several
layers thick clusters in the regions between the beads, exhibited presence of sarcomeres and gap junctions,
and rhythmically contracted at rates that were slower in the presence of propranolol. The nonmyocytes
were distributed throughout the tissue clusters, with most of the endothelial cells lining on the interface
between the cluster and culture medium.

Group of Eschenhagen has done some of the most comprehensive work in the field, using mixtures of
embryonic chick [79] or neonatal rat cardiac cells [62,72] and gels made of collagen type I supplemented
with matrigel, chick embryo extract, and horse serum. Their initial work was based on Vandenburgh’s
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approach for engineering of skeletal muscle [80], where cell–gel mixture was cast in the thin planar
geometry between two parallel Velcro-coated glass tubes. Firm attachment to Velcro-imposed static stress
on free edges of the gel resulting in thin biconcave tissue construct (8×15×0.18 mm3) with loose, aligned
cardiac cell network formed mostly along the construct edges [79]. The alignment and density of this net-
work was improved by use of the chronic cyclic stretch during cultivation [61]. In their current approach
[72], cardiac constructs termed engineered heart tissues (EHTs) are made by embedding neonatal rat
ventricular cells in circularly molded collagen gels, which are subsequently cultivated in static conditions
for 7 days and subjected to chronic cyclic stretch (10%, 2 Hz) for additional 7 days. Resulting submillimeter
thick rings of tissue contain aligned cardiomyocytes organized in loose but uniform tissue-like network
with frequently forming 20 to 50 µm thick cardiac fibers [72]. Myocytes in this network spontaneously
contract at steady rates of∼2 Hz, and exhibit differentiated cardiac-specific ultrastructure including par-
allel sarcomeres, T-tubules, SR vesicles, formed dyads, and basement membrane [72]. The initial seeding
of unpurified cell mixture (no differential preplating) result in the presence of microphages and abundant
fibroblasts, scattered throughout the EHT, as well as endothelial and smooth muscle cells, packed more
densely in the outer compared to inner region. When electrically and pharmacologically stimulated, EHTs
exhibit cardiac-specific mechanical properties including Frank–Starling behavior, a positive inotropic
response to extracellular calcium and isoprenaline, and negative inotropic effect to carbachol. Although
recorded twitch amplitudes of 1 to 2 mN/mm2 are an order of magnitude lower than those found in native
cardiac tissues [81], the twitch to resting tension ratio is larger than 1, similar to native muscle. The use of
rat cells, horse serum, chick embryo extract, matrigel, and unpurified cell seeding mixture are all found
to increase the maximum developed force and mechanical integrity of EHTs, while increase in collagen
content seems to decrease twitch tension [14,70]. Up to now, EHTs have been used for studying the effect
of genetic and pharmacological manipulations on cardiac contractile function [62,82–84], and were also
implanted in vivo (see work by Zimmermann et al. [85]).

Group of Li [86] seeded biodegradable gelatin meshes with different cell types including stomach
smooth muscle cells, skin fibroblasts and fetal ventricular myocytes from rat, and adult atrial and
ventricular myocytes from humans. Rat cells and human atrial, but not ventricular, cells proliferated
over 3 to 4 weeks in culture. All cells migrated in a 300 to 500 µm thick outside layer of gelatin scaffold,
which slowly degraded with the highest degradation rate found in the presence of fibroblasts. In separate
in vitro study [71], the same group showed that 2 weeks of cyclic mechanical stretch improved cell prolif-
eration, distribution, and mechanical strength of tissue constructs made using gelatin scaffolds and heart
cells isolated from children who underwent repair of Tetralogy of Fallot.

Kofidis et al. [73,87], used 20 × 15 × 2 mm3 commercially available collagen-based scaffolds (“tissue
fleece”) that were inoculated with neonatal rat cardiac cells and cultured in petri dishes. The randomly
distributed cells formed sparse synchronously contractile networks, and exhibited cardiac specific mech-
anical responses to stretch, extracellular calcium, and epinephrine. In an attempt to increase the thickness
of the engineered cardiac tissue, the same group recently embedded a rat aorta in the 8.5 mm thick mixture
of collagen gel and cardiac cells, and used pulsatile flow through the aorta for 2 weeks as a vehicle for
nutrition and oxygen delivery [88]. The aorta remained patent throughout the culture and viability was
increased compared to unperfused controls.

van Luyn et al. [89] have also used neonatal rat cells and commercially available cross-linked collagen I
bovine matrices, and cultured them in HARV bioreactors for up to 3 weeks. Spatially scattered cells
exhibited immature sarcomeres, gap junctions, and stained for troponin-T.

In recent studies, Evans et al. [90] and Yost et al. [74] cultured embryonic and neonatal rat cardiac
cells on fibronectin coated aligned tubular scaffolds (15 mm long, 4 mm inner, 5 mm outer diameter)
made from extruded collagen I fibers [91]. After 3 to 6 weeks in HARV bioreactors, cardiac cells aligned,
contracted spontaneously, formed few interconnected cell layers (with total thickness of ∼20 µm) on
the inside and outside lumen of the tube, and exhibited registered sarcomeres and randomly distributed
gap junctions. Tubular collagen scaffolds exhibited viscoelastic properties qualitatively resembling those
of native papillary muscle [74] only when seeded with cardiac cells, as inferred from the shape of the
stress–strain hysteresis loops.
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Very elegant studies by Shimizu et al. [75,92,93] have demonstrated that cardiac cells can form 3D
multilayer tissue-like structures without the use of any type of scaffold. Isotropic monolayers of puri-
fied cardiac cells were cultured to confluence on the surfaces made of temperature responsive polymer
poly(N -isopropylacrylamide). This polymer is slightly hydrophobic and cell adhesive at 37◦C and becomes
hydrophilic and cell repellent when cooled below 32◦C. After 4 days, up to four cardiac sheets were detached
(together with secreted extracellular matrix) from polymer surface by cooling to 20◦C and overlaid using
pipette or polyethylene mesh. Overlaid sheets exhibited uniform gap junction distribution, connected
electrically, and formed compact multilayered spontaneously contractile cardiac constructs with area
of 1 cm2 and thickness of up to 50 µm. After subcutaneous implantation, cardiac constructs survived
up to 12 weeks, spontaneously contracted, appeared vascularized and at 3 weeks exhibited twitch tension
of 1.2 mN [75].

Group of Freed and Vunjak-Novakovic has utilized various approaches to engineering of cardiac tissue
based on the use of biodegradable polymer scaffolds and different tissue culture bioreactors. Initial studies
of Bursac et al. [64], and Carrier et al. [63] have demonstrated that cardiac cells formed tissue-like con-
structs when seeded on 5 mm diameter×2 mm thick fibrous poly(glycolic) acid (PGA) disks inside spinner
flask bioreactors. Cells in the outer 50 to 70 µm thick region were randomly oriented and connected in
the relatively dense multilayer network. These cells expressed cardiac specific proteins (α-sarcomeric actin
and troponin-T), end ultrastructural features characteristic of cardiac myocytes (parallel sarcomeres, all
types of specialized junctions, dense mitochondria, glycogen granules). The cells in the interior of these
tissue constructs were sparsely distributed and often necrotic. Spontaneous macroscopic contractions
were observed at days 2 to 4 of culture and generally ceased thereafter, with occasional activity at rates of
less then 1 Hz on culture day 7. Action potential propagation and electrical excitability were studied using
linear array of eight metal microelectrodes with 500µm spatial resolution (Figure 27.2a). Constructs were
electrically excitable and exhibited isotropic, macroscopically continuous electrical propagation with velo-
cities as high as 60% of those found in native ventricles [64]. Use of purified cell mixture (after differential
preplating) for seeding resulted in superior electrophysiological properties including higher velocity of
propagation, increased maximum rates of tissue capture and lower excitation threshold compared with
use of unpurified (no preplating) cell mixture. In addition, use of neonatal vs. chick cardiac cells, dynamic
seeding and cultivation in bioreactors vs. static petri dishes, and increase in the number of seeded cells up
to 8×106 cells per scaffold have all improved cell packing density, metabolic activity, and electrophysiolo-
gical properties of constructs [63,64]. In further studies, Carrier et al. [94] looked in the use of perfusion
through tissue construct as means to improve the cellularity and tissue architecture, and studied effect of
oxygen deprivation on engineered cardiac muscle [95]. In the most recent studies from the same group,
Radisic et al. [65,96] used cell–matrigel mixture to densely inoculate cardiac cells inside collagen sponge
scaffolds, and employed similar perfusion bioreactor for construct cultivation. The viability, metabolic
activity, and cellular density through ∼1 mm thick region were higher than in constructs cultured in
orbital shakers and those from studies by Carrier et al. In a different study, Papadaki et al. [69] have
shown significant improvements in structure and function of cardiac constructs when PGA scaffolds were
hydrophilized and coated with laminin, percentage of serum in culture medium reduced after 2 days
of cultivation, constructs seeded with concentrated cell suspension in rotating gyrators, and cultivation
performed in HARV bioreactors. Compared to previous studies, tissue constructs exhibited better cell
viability yielding thicker (120 to 160 µm) cardiac-like outer region, and higher cellular expression of dif-
ferentiation marker proteins including creatine kinase-MM (involved in metabolism), sarcomeric myosin
heavy chain (involved in contractile function), and gap junction protein Connexin-43. Tissue scale elec-
trical properties approached those found in native muscle with conduction velocity at basic stimulation
rate of 1 Hz and maximum capture rate reaching 90 and 70% of those found in donor neonatal ventricles,
respectively (Figure 27.2a). Macroscopic electrical propagation was effectively isotropic due to random
cell orientation and uniform gap junction distribution. Further electrophysiological and pharmacological
studies at microscopic scale by Bursac et al. [76] demonstrated that action potentials in cardiac cells from
7-day constructs were comparable to those in 2-day old donor ventricles with respect to depolarization
upstroke, amplitude, and resting potential. The major difference was prolonged action potential duration
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FIGURE 27.2 Tissue and cell scale electrophysiological recordings in 7-day old cardiac tissue constructs and 2-day
old neonatal ventricles. (a) Custom-built linear array of two stimulating and eight recording microelectrodes (only six
are shown) was used for assessment of macroscopic impulse propagation. S and R in two tracings denote stimulus
artifact and responses, respectively. Note relatively smooth biphasic shapes of recorded extracellular waveforms in
constructs and ventricles. The response amplitude in constructs is an order of magnitude lower than in ventricles due
to smaller number of cardiac cell layers present. Propagation velocities in constructs and ventricles are comparable
(i.e., times for propagation from electrode 1 to 6 are similar). (b) Glass capillary microelectrodes are used for action
potential recordings from single cells in the tissue sample. Note fast upstroke and similar resting potential, but longer
action potential in constructs than in ventricles. S and R denote stimulus artifact and response, respectively.

(Figure 27.2b) and absence of early repolarization notch due to downregulation of transient outward
potassium current. In addition, cardiac cells cultured in 3D tissue constructs maintained more differen-
tiated phenotype (higher expression of marker proteins) and more in-vivo like action potential features
compared to those cultured in 2D monolayers under similar cultivation conditions.

27.3.2 In Vivo Implantation for Cardiac Repair

By April 2004, in vivo implantation of engineered cardiac tissue in infracted heart was attempted by only
three groups.

Li et al. [97] cultured fetal rat myocytes on biodegradable gelatin meshes (15× 15× 5 mm3) for 7 days
and implanted cardiac constructs over the scar area in cryoinjured syngeneic rat hearts. Cells populated
sparse interstices of gelatin meshes (see in vitro work by Li’s group) and continued to proliferate and
spontaneously contract in vitro for at least 26 days. Epicardially implanted grafts survived for 5 weeks,
exhibited increased cellularity, slight degradation, and moderate degree of vascularization. Left ventricu-
lar developed pressure, showed no improvement over the control animals. In other studies [67,98], the
same group evaluated use of various scaffold materials seeded with aortic smooth muscle cells (used to
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presumably increase elasticity of the patch) for repair of defect in the right ventricular outflow tract in
syngeneic rats. Eight weeks postimplantation constructs made of ε-caprolactone-co-l-lactide reinforced
with knitted poly-l-lactide fabric (PCLA) outperformed those made of gelatin, PGA, and polytetrafluoro-
ethylene (PTFE) with respect to cellularity, elastin content, and preserved thickness. In the next study
[99], grafts made of PCLA and smooth muscle cells were used to repair left ventricular aneurysm in the
rat hearts after transmural infraction. Cell-seeded grafts reduced abnormal chamber distensibility and
improved ventricular function compared with implanted cell-free grafts, as assessed by echocardiography
and constant pressure measurements in Langendorff preparation.

Leor et al. [100] cultured fetal rat myocytes on porous biodegradable alginate disks (6 mm diameter,
1 mm thick) inside 96-well plates for 4 days, and implanted cardiac tissue constructs over infracted region
in rat hearts 7 days after permanent occlusion of left main coronary artery. Nine weeks postimplant-
ation, cardiac constructs survived, while alginate scaffold substantially degraded. Cardiac grafts were
neovascularized, contained infiltrated macrophages and lymphocytes due to use of allogenic cells and no
immunosuppression, and exhibited small number of sparsely distributed cardiac cells presumably due
to low initial seeding density. Echocardiography revealed attenuated left ventricular dilatation and main-
tained contractile function, although it was not clear if implanted cell-free scaffolds would have produced
similar results. Further in vitro study from the same group [66] focused on methods to increase cell density
in alginate scaffolds by applying moderate centrifugal forces during seeding.

Zimmermann et al. [85] implanted 12-day old ring-shaped EHTs (see in vitro work from Eschehagen’s
group) around the circumference of healthy syngeneic rat hearts. Two weeks after implantation, EHTs
were vascularized, innervated, expressed differentiated cardiac phenotype, and did not alter left ventricular
function compared to preoperative state, as assessed by echocardiography. Spontaneous contractions were
preserved in vivo, but no intercellular coupling of EHTs and host tissue could be demonstrated. Despite the
syngeneic approach, EHTs were completely degraded in the absence of immunosuppression, presumably
due to presence of allogenic components in reconstitution mixture (e.g., matrigel, horse serum, chick
embryo extract).

In all of the described in vivo attempts no electrophysiological studies of engineered patch were done
pre- or postimplantation.

27.4 Design Considerations

Ultimate success of cardiac tissue repair with an implanted cardiac patch depends on thorough under-
standing of the key parameters of tissue design in vitro, and careful definition of the desired tissue
engineering outcomes.

27.4.1 Cell Source and Immunology

One of the crucial aspects for successful engineering of cardiac tissue is a choice of implanted cells.
Experiences from cellular cardiomyoplasty show that for the improvement of heart systolic function
implanted cells need to be (or be capable of becoming) contractile [26]. Although fetal and neonatal
cardiac cells are clearly shown to functionally incorporate in the myocardium [17–19], they are not cells of
choice due to limited proliferation potential, immunological, and ethical issues. For this reason, their use
will probably stay limited to in vitro model systems and proof-of-concept in vivo studies. Possible “ideal”
cell source may be human embryonic or adult stem cells. Although human embryonic stem cells are shown
to differentiate into cardiac myocytes [101,102], their immunogenic and tumorogenic nature, and low
efficiency and specificity of differentiation (<1% of cells differentiate into mixture of atrial, ventricular,
and nodal cells), as well as ethical issues, may finally preclude their clinical use. Some hope lies in the nuclear
transfer technology (“therapeutic cloning”) [103], and genetic knock-out of major histocompatibility
complexes [104], which may offer strategies for preventing immune rejection. Autologous adult stem cells
from skeletal muscle, peripheral blood, or bone marrow appear as better choice for cell transplantation
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than embryonic stem cells. For example, autologous skeletal myoblasts are easy to proliferate in vitro
and implant in vivo and cause no immune response, which currently makes them one of the cell types
used in clinical trials [33]. Unfortunately, they do not express gap junction proteins and are still not
shown to functionally couple with host cardiac tissue when implanted [105,106], although this may be
resolved with stable transgene expression of connexin molecules [107]. Mesenchymal or hematopoietic
stem cells derived from bone marrow may represent an ideal cell source [29,108]. However, the efficiency
of their transdifferentiation into cardiac myocytes remains controversial in light of recent findings that
question techniques used to quantify the number of transdifferentated cells in heart [109,110]. Still
their beneficial effect may come from induced neovascularization in implantation sites. Current research
efforts are focused on increase in percentage of embryonic or adult stem cells that commit to cardiac
phenotype by use of different growth factors or media compositions, introduction of early cardiac genes
in undifferentiated stem cells in vitro, or coculture of stem cells with differentiated cardiac myocytes.
Another promising alternative is in vitro genetic reprogramming of differentiated somatic cells (for review
see Reference 111).

27.4.2 Cellular Composition

The heart is composed of different types of cells. Engineering of functional tissue patch requires selection
of the appropriate composition of seeded cell mixture. For example, if an implant were to be localized
in the ventricle, cardiac myocytes that comprise a main fraction of seeded cells should be of ventricular
origin or with ventricular characteristics. The percentage of nonmyocytes in the seeding mixture is a
parameter that can be varied. Eschenhagen’s group found that it was necessary to use higher percentage
of nonmyocytes (no preplating after cell isolation) to improve mechanical integrity and twitch tension of
EHTs [14]. In contrast, scaffold-free constructs by Shimizu et al. [75] developed similar twitch tensions
despite the fact that they were made of purified cardiac cell mixture. This suggests that the percentage of
“needed” nonmyocytes may actually depend on the presence and type of scaffold. It is possible that in
EHTs, higher number of fibroblasts contributed initial contraction of collagen gel [112], which in turn
increased the proximity and intercellular connectivity between myocytes, yielding increased contractile
force. In addition, Bursac et al. [64] have shown that use of unpurified cardiac cell mixture decreased
propagation velocity and compromised electrical properties in cardiac constructs. Therefore, for a given
type of scaffold, the percentage of seeded nonmyocytes should be selected to optimize for both mechanical
and electrical function of cardiac constructs.

27.4.3 Tissue Architecture

The anisotropic architecture and dense cell packing of native cardiac tissue impose important design
rules in engineering of functional cardiac patch. For instance, velocity of electrical propagation and
mechanical stiffness in healthy adult human ventricles are on average 2 to 3 times larger in longitudinal
(fiber) than in transverse (cross-fiber) direction [113,114]. This can vary widely with location in the
heart, age of individual, and heart disease. Therefore, only a cardiac patch with dense 3D network of
elongated and aligned cardiac myocytes that mimic architecture of native tissue can generate desirable
spatio-temporal distribution of electrical and mechanical activity, and result in efficient and safe therapy.
Aligned growth of cardiac cells can be induced by static or dynamic stretch [61,115,116], presence of free
tissue boundaries [117], or by cell guidance with oriented surface topography [49,118,119] and anisotropic
distribution of chemical cues for cell attachment [49,120]. Eschenhagen’s group applied cyclic stretch and
ring geometry creating a sparse network of oriented cardiac cells in the form of a thin (submillimeter
diameter) cardiac cable. Repair of larger injured area in the heart will, however, require engineering of an
anisotropic slab of 3D cardiac-like tissue with controllable shape, size, and geometry.

Bursac et al. [49] have recently shown that anisotropic monolayers of cardiac cells (that mimic longit-
udinal sections of native cardiac tissue) can be designed with highly controllable architecture using surface
microabrasion or micropatterning of extracellular matrix proteins (e.g., fibronectin) (Figure 27.3b). These
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FIGURE 27.3 Architecture and impulse propagation in 2D and 3D anisotropic cultures of neonatal rat ventricular
cells. (a) Optical mapping setup. Tissue samples stained with voltage sensitive dye were positioned over 61 hexagonally
arranged fibers and transilluminated with excitation light. Two seconds of optically recorded action potentials from
a cardiac cell monolayer are shown on the right. Gray circles denote active fibers. Square denotes a recording site in
the bundle and corresponding voltage trace (for details see Reference 49). (b) Anisotropic monolayer of cardiac cells.
Cells were cultured on micropatterned lines of fibronectin. On the left, culture is deliberately scratched to expose
patterned lines and cell-deposited fibronectin. Aligned cells exhibit prominent sarcomeres and elongated nuclei
(middle). Elliptical isochrones demonstrate anisotropic propagation (right). ∗ denotes recording sites. Pulse symbol
denotes site of stimulus. The degree of anisotropy can be systematically varied by controlling the amount of intercellular
clefts and cell co-alignment [49]. (c) Anisotropic tissue construct. Oriented fibrous architecture in PLGA scaffolds
(left) was accomplished by leaching sucrose from a polymer-coated template made of aligned sucrose fibers [121].
Cardiac cells were aligned in numerous regions along the direction of PLGA fibers (middle). Macroscopic propagation
was anisotropic (albeit moderately), as assessed by optical mapping of transmembrane voltage (right) [122].
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methodologies enabled systematic control over the degree of anisotropy (longitudinal-to-transverse velo-
city anisotropy ratios from 1 to 5.6), fiber direction, and amount of longitudinal intercellular clefts in the
2D cardiac monolayers. Optically recorded action potentials with voltage sensitive dye RH237 (at 61 sites
over 2 cm2 area) were used to map propagation of electrical activity and degree of functional anisotropy
(Figure 27.3a). It would be ideal if techniques for 3D cardiac tissue culture could be developed with a similar
level of architectural control as those used for 2D cell culture. In most recent studies Bursac et al. [121,122]
extruded and baked sucrose to form 3D aligned fibrous templates in an attempt to induce anisotropic
architecture in poly(lactic-co-glycolic) acid (PLGA) scaffold disks (Figure 27.3c). After 2 weeks of culture
in HARV bioreactors, 12 mm diameter, 0.7 mm thick cardiac constructs exhibited regions with aligned
cells, and moderate degrees of functional anisotropy (i.e., longitudinal-to-transverse velocity ratio of
up to 2), as assessed by optical mapping of electrical propagation (Figure 27.3c). Using similar techniques
to align elastomeric polymers [123] instead of PLGA in conjunction with chronic mechanical stimula-
tion may yield 3D cardiac patches with physiological degrees of structural and functional anisotropy. An
alternative approach is the use of electrospun scaffolds [74,91,124] providing that obtained degrees of
porosity can support deeper cell penetration during seeding than achievable by current methodologies.

27.4.4 Tissue Thickness

Another important parameter in the design of a functional cardiac patch is thickness of the tissue con-
struct. Compared to other cells in the body, cardiac myocytes require high oxygen and nutrient supply
due to continuous contractile activity. High metabolic demand in myocardium is sustained by dense
vascularization with average arterial intercapillary distances that range from 15 to 50 µm depending on
the size of the heart and basal heart rate [125,126]. Absence of vasculature in tissue constructs is a limiting
factor for engineering thicker (>200 to 300 µm) cardiac patches with physiological cell packing densities.
Nonetheless, high cell density is necessary for establishment of proper intercellular communication, which
in turn enables efficient generation of mechanical force and fast, electrically safe impulse propagation.
Mixing and perfusion of culture medium, and/or cyclic mechanical stimulation are some of the methods
that can alleviate diffusional limits of oxygen and nutrient supply, but only to a certain extent. Neverthe-
less, thin but dense engineered cardiac tissue is still a good in vitro approximation of a viable portion of
explanted ventricular slice after several hours of superfusion [127], and thus could be used for different
tissue-scale functional studies in vitro. These studies would be more versatile and technically easier than
studies in monolayer cultures (e.g., they would enable variety of force measurements, and yield substan-
tially higher signal-to-noise ratio during extracellular and optical recordings of electrical propagation).
Moreover, implantation of even 10 to 20 well-coupled anisotropic cardiomyocyte layers over the infracted
area may still have a significant therapeutic value regarding the facts that after epicardial infarction only
several disarrayed cell layers may survive above the scar, and that increased thickness of survived layers is
directly correlated with decreased incidence of arrhythmias [128]. This is one of the reasons why approach
by Shimizu et al. [75] with scaffold-free cardiac multilayers deserves close attention. On the other hand,
engineering of thicker cardiac slices will depend upon the development of externally perfusable, patent
microcapillary-like networks inside the tissue constructs. Recent work by Vacanti’s group [129] represents
an interesting approach to this problem.

27.4.5 Electrical Function and Safety

One of the most important criteria for successful design of cardiac patch is the issue of electrical and
mechanical safety. It is important to understand that haphazardly adding donor cells or transplanting
a poorly designed tissue patch into an already compromised heart may only increase the likelihood for
aneurisms, tissue rupture, or arrhythmias. In general, the injection of donor cells or implantation of a tissue
patch introduces structural and functional heterogeneity in the cardiac milieu that depends on (1) electro-
mechanical characteristics of donor cells, (2) the density, coupling, and geometrical arrangement of
donor cells within the implant, (3) the degree of interaction between the donor and host cells, and
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(4) architectural differences and relative position between implant and host tissue. Understanding how
normal functioning of the cardiac cell network changes with the presence of different types of cellular,
structural, and functional heterogeneities is a necessary step in the design of safer and more efficient cell
and tissue transplantation therapies.

For example, it is already known from computational and experimental studies that contact between
two cells with different resting potentials (e.g., injured and healthy cell [130]) or action potential durations
(e.g., purkinje and ventricular cell [131], epicardial and M cell [132]), may trigger afterdepolarizations or
create conduction block depending on the degree of their electrical coupling. It is also known that partial
decoupling between the cells may actually increase the safety of propagation [133,134] as is the case in
transverse vs. longitudinal propagation in healthy cardiac muscle [47]. On the other hand, excessive gap
junction decoupling [134], presence of fibrotic regions [135], geometrical expansions [136], and repetitive
tissue branching [137] (e.g., sparse cardiac network in ischemic or infarcted area [138]) can yield extreme
slowing of impulse propagation and occurence of conduction block and introduce the susceptibility of
cardiac tissue to formation of micro- or macroreentrant circuits. In the ideal world, the safest and most
efficient therapy would be to engineer a cardiac patch that exactly mimics the geometry, architecture, and
function of the “missing region” in the heart, and to perfectly couple it to the host tissue, as “a piece of
the jigsaw puzzle.” In the “semi-real” world, even if one is to produce a patch with perfect anisotropic
architecture, its optimal orientation relative to host tissue when implanted may change depending on
the electrical differences between the donor and host cells, or capability of patch to couple with the host
tissue. In the real world, things are very complex due to interplay of many factors. For example, the use of
skeletal myoblasts or stem cell-derived cardiomyocytes may demand different patch design and different
implantation strategy as determined by the functional differences between these cell types (e.g., shorter vs.
longer action potential, different resting potentials, none vs. significant expression of gap junctions, etc.).
The simulation may be further complicated by the presence of a fibrous capsule at the implantation site.

Due to the complexity of the problem, carefully designed studies on possible implantation scenarios will
be crucial as a prescreening tool before the actual implantation. The author’s view is that there are at least
two simplified settings that could be used to systematically and reproducibly study the factors affecting the
likelihood of arrhythmia arising from cell and tissue cardiomyoplasty. One is the use of micropatterned
cocultures [139,140] of host cardiomyocytes and different types of donor cells or mixtures of donor
cells, with the possibility for well-controlled studies based on (1) simplified cellular composition and
tissue architecture compared to the 3D heart, (2) precise control of the cell microenvironment, cellular
geometry and distribution, and geometry of cellular interactions between donor, host, and donor and
host cells, and (3) the possibility to optically assess and exactly correlate electrical/mechanical activity
and underlying tissue architecture at microscopic and macroscopic spatial scales. Optical mapping of
transmembrane potentials and intracellular calcium [141] are well-suited not only for these studies, but
also for electrophysiological evaluation of engineered cardiac patch pre and postimplantation ex vivo.
The other setting is the use of computer models that incorporate cell-specific membrane properties, cell
geometry, distribution of intercellular connections, and discrete tissue microarchitecture. With increase
in computing efficiency, these detailed models could be used as counterparts to different in vitro or in vivo
implantation scenarios to help interpretation and design of experiments, and eventually yield safe and
efficient therapies.

27.4.6 Spontaneous Activity

Another electrophysiological parameter for consideration is a somewhat misinterpreted presence of
spontaneous contractile activity in cardiac cell cultures. It is important to understand that although
spontaneous contractions in cardiac cultures represent convenient way to visually identify cardiac cells,
they are by no means a physiologically normal state for adult or neonatal ventricular muscle (which is most
often the source tissue for cell dissociation). While early embryonic ventricular cells still spontaneously
depolarize and contract [142], their resting potential hyperpolarizes with maturation such that neonatal
ventricular cells already exhibit steady resting potentials (less than−70 mV), fast action potential upstroke
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(more than 100 V/sec), and no spontaneous activity [76,142,143]. Rather, spontaneous activity of cardiac
cells observed in vitro is an artifact of the cell culture possibly caused by (1) membrane depolarization
due to cell injury during or after dissociation, (2) dedifferentiation of cultured cells to more embryonic
state due to presence of high serum and inadequate media formulation, (3) large presence of nodal or
other pacemaking cells due to unselective cell dissociation, and/or (4) decreased intercellular coupling
compared to native tissue due to 2D or sparse 3D arrangement of ventricular cells. The first three causes
can be alleviated with time in culture, proper cultivation conditions, and careful cell dissociation. How-
ever, the sparse cardiac network, if present, will always result in less electrotonic load “seen” by a cell and
facilitate propagation from single or small group of pacemaking cells into the quiescent tissue, favoring
spontaneous activity [144,145]. Our observations that spontaneous contractions in cardiac constructs
can be more readily observed when cells are less coupled (e.g., at lower seeding density, in the beginning
of cultivation, or on the perturbing polymer fibers at the edges of the tissue construct) are in agreement
with this reasoning. After 5 to 7 days in culture, tissue constructs in our studies usually become quiescent,
presumably due to increased packing density and connectivity of cardiac cells. The low percentage of
nonmyocytes in tissue constructs as assessed by immunostaining, and increase in conduction velocity
between culture days 4 and 7, exclude fibroblast overgrowth as a possible cause of cardiac cells quiescence.

Although reported spontaneous beating rates in cardiac constructs are usually lower than regular heart
rate, presence of paracrine chronotropic factors (e.g., epinephrine, adrenaline) after implantation in
the heart may result in faster activity and possible arrhythmogenic hazard. For electrical safety reasons,
a nonstimulated ventricular cardiac patch should be electrically quiescent, but readily excitable and fast
conducting, similar to native ventricular muscle. Moreover, a quiescent avascular patch may have lower
metabolic demand and increased chance for survival after implantation compared to a spontaneously
contractile patch. However, persistent contractions and presence of mechanical load are essential for
maintenance of ventricular mass in vivo [146], and for cell hypertrophy [147], spreading to confluence
[148], and establishment of cell contacts in vitro [149,150]. (Our experience is that if cardiac cell culture
is noncontracting for more than 3 days, cells start to atrophy and loose cell contacts.) Therefore, spontan-
eously quiescent engineered cardiac constructs still need to be maintained mechanically active in culture
either by use of electrical, mechanical, or chemical (e.g., small concentrations of epinephrine) stimulation
[150], or by coculture with spatially distinct population of pacemaking cells, which can be easily dissected
before the implantation in the ventricle.

In any case, thorough evaluation of electrical properties and susceptibility to conduction block and
arrhythmic behavior should be routinely done in cultured cardiac constructs and used as one of the
tissue design criteria. From our experience, it is important to assess the properties of engineered tissue in
challenging regimes such as fast or premature stimulation, similar to standard clinical pacing protocols for
testing the susceptibility to arrhythmias [151]. For example, a tissue construct can support macroscopically
continuous and relatively fast electrical propagation at low pacing rates, but yield conduction blocks and
high incidence of reentrant arrhythmias [122] when paced rapidly (Figure 27.4) due to large spatial
dispersion of refractoriness, or abundance of microscopic anatomic heterogeneities.

27.5 Future Work

The crucial technical aspect of this and all other cell-based therapies will be a choice of appropriate cell
source, which is to be primarily determined by developmental biologists, geneticists, and immunologists.
Engineering of a functional cardiac tissue patch using embryonic or adult stem cells and subsequent
implantation studies are still to be done. Simultaneous efforts on design of appropriate scaffolds and
control over the cellular connectivity and tissue architecture in three dimensions will be essential to the
development of functional cardiac patch for use in laboratory and clinics. Systematic in vitro and in vivo
studies on the role of heterogeneities on structure and function of cardiac tissue will help in designing more
efficient and safer therapies. Possible engineering of the patent capillary- and microcapillary-like networks
inside the tissue constructs may enable culture of thick tissue slices, and facilitate immediate perfusion
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FIGURE 27.4 Functional reentry in a cardiac tissue construct induced by rapid point pacing, and assessed by optical
mapping of transmembrane potential. (a) Single rotation of a counterclockwise reentrant wave shown through a series
of voltage snapshots in time. Frames progress left to right, top to bottom. Time in milliseconds is marked at the top
left corner of each frame. Arrows denote the direction of wave front. + denotes 2-mm spaced recording sites. Gray
scale bar next to the first frame corresponds to a normalized transmembrane voltage with bottom and top denoting
rest and peak of an action potential, respectively. (b) Recording of transmembrane voltage from the site marked by a
white square in the frames of panel A. Reentrant activity appears stationary and periodic.

during implantation by attachment to one of the host arteries. The success will only be accomplished by a
profound understanding of a number of complex topics, and achieved through a joint effort among basic
scientists, engineers, and clinicians.

27.6 Conclusions

Cardiac tissue engineering is a new and exciting field with many obstacles to be surmounted before start of
clinical trials. With technical aspects resolved, the main advantage of implanted cardiac tissue patch over
the injected cells will be a structural and functional repair of large tissue defects. Given that implantation
of cardiac patch will repair a centimeter-size tissue region, inference about the quality of tissue construct
sprior to implantation should be based not only upon different assessments at cellular or subcellular
level, but also upon detailed evaluation of both electrical and mechanical function at centimeter-size scale
(i.e., measurements of impulse propagation and contractile force in constructs relative to those in native
cardiac muscle). Similarly, only systematic micro- and macroscopic assessments of heart structure and
electromechanical function postimplantation will provide necessary selectivity towards the design of safe
and efficient clinical therapies.
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Heart valves are essential to the normal function of the heart and cardiovascular/cardiopulmonary systems.
When functioning properly, the heart valves allow unrestricted, unidirectional blood flow through the
heart for subsequent distribution throughout the body. Consequently, valve disease or dysfunction can
result in significant harm, as the reduction in the forward flow of blood limits the oxygenation of the tissues
and can induce cardiac, cardiovascular, or cardiopulmonary compensation. Valve disease is prevalent in
our society, with valve replacement or repair in approximately 90,000 people in the United States in 2001
[1] (275,000 worldwide [2]). Moreover, valve disease can be either congenital or acquired. For example,
approximately 9 to 14 of every 10,000 children born are affected with the Tetralogy of Fallot [3,4],
a congenital heart disorder characterized by a narrowing of the pulmonary valve among other anomalies.
Acquired valve disease can affect people of all ages and may be due to an infectious agent (rheumatic
heart disease, endocarditis), systemic diseases (lupus, carcinoid syndrome), other cardiac disease, trauma,
pharmacologic agents, aging-related changes, or many other causes, some of which remain unknown [5].

The majority of current treatments for heart valve disease involve elective surgical replacement of
the valve with a mechanical, bioprosthetic, or cryopreserved allograft (homograft) valve. The allograft
is the treatment of choice for children, because bioprosthetic valves will calcify rapidly in children and
mechanical valves cannot grow with the child [6]. Aortic and pulmonary allografts have also been used very
successfully in adults, with the pulmonary conduit having a 90% freedom from replacement at 20 years
[7], but the vascular remnant of these allografts eventually calcifies. Unfortunately, allografts, much like
other donated organs, are in scarce supply. Moreover, allografts needs to be matched to the recipient tissue
type to prevent immunological rejection [7], which narrows the diminishing pool of donated organs
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even further. Alternative options such as mechanical or bioprosthetic heart valves can be used in many
situations, and are widely available, but have their own limitations [5]. Mechanical heart valves require
anticoagulation therapy, which some patients cannot tolerate. Bioprosthetic valves do not require any
anticoagulation, but do not contain any living tissues, and they undergo stiffening, calcification, and
structural deterioration in vivo as a result of their glutaraldehyde fixation during manufacturing [8].
Bioprosthetic valves demonstrate a freedom from structural deterioration of 49% at 10 years and only
32% at 15 years, [9] and eventually require another surgical replacement. Overall, there is great need
for a living, unfixed tissue-engineered heart valve (TEHV) or valved conduit in adults who require valve
replacements. A TEHV with the potential for growth would also provide pediatric patients with a superior
alternative for the treatment of valve defects.

28.1 The Native Heart Valve as a Design Goal

28.1.1 Anatomy and Terminology

The aortic valve is one of four valves in the heart, but it is replaced most frequently, and therefore will be
discussed in greater detail. The aortic valve consists of three pieces of connective tissue (the right, left, and
noncoronary leaflets) that are attached to the aorta at one edge, and are free to move at the other edge.
These free edges meet centrally to close the valve and keep the blood from reentering the left ventricle. The
valve is located in the bulbous base of the aorta, which is known as the aortic root (an anatomic recreation
for a TEHV is shown in Figure 28.1). There are several distinct anatomic regions of the valve leaflet itself
(Figure 28.2). The leaflet attachment edge inserts into the aortic root wall at the crown-shaped annulus
[10]. The common region where two leaflets insert into the root wall is their commissure. The leaflet
belly, or body, is the main portion of the leaflet (0.4 mm thick in humans [11]), and bears the majority
of the pressure load when the valve is closed [12]. The coaptation area is the 0.5 to 0.6 mm thick [11]
region of the leaflet that is in contact with the two other leaflets when the valve is closed. The free margin
is the unattached edge of the leaflet, and suspends the leaflet between the tops of the commissures, much
like cables of a suspension bridge [10,13]. Finally, the central portion of the edge of the valve leaflet is the
Nodule of Arantius, a thickened area (0.95 to 1.2 mm [11]) that helps maintain valve closure [14].

The pulmonary valve (the other “semilunar” valve) is located in the pulmonary root between the right
ventricle and pulmonary artery, and is thinner and more delicate than but otherwise almost identical to the
aortic valve. The semilunar valves are quite different structurally from the “atrioventricular” valves. The
mitral valve consists of two differently shaped leaflets attached at their outer border to the junction between
the left atrium and left ventricle. The free edges and ventricular surfaces of the leaflets are connected to
the papillary muscles of the left ventricle by numerous chordae tendineae. Likewise, the tricuspid valve is
located between the right atrium and right ventricle. The tricuspid valve also contains chordae, but has
three differently shaped leaflets as opposed to two. The tricuspid leaflets and chordae are thinner, shorter,
and more delicate than those in the mitral valve.

28.1.2 Microstructure and Material Behavior

The semilunar valve leaflets consist of three histologically defined layers: the ventricularis forms the lower
surface, the fibrosa forms the upper surface, and the spongiosa layer lies in between [15] (Figure 28.3 and
Figure 28.4). The ventricularis contains a meshwork of elastic fibers along with loosely scattered collagen
fibers [15]. The predominant elastic makeup allows this layer to expand in response to tension in the
closed state of the valve, and then retract when the valve opens in response to ventricular ejection [15].
The fibrosa contains collagen fibers (predominantly type I), which are aligned largely circumferentially,
although radially aligned fibers are found near the root-valve annulus [15]. The collagen fiber bundles
in the fibrosa serve as the main source of strength for the diastolic pressure. The ridged appearance
of the fibrosa is attributed to a corrugation of that tissue layer, in addition to the collagen bundles
[16]. The spongiosa is a gelatinous layer containing loose connective tissue that is rich in proteoglycans
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FIGURE 28.1 PGA/P4HB scaffold after cell seeding and 2 weeks of bioreactor conditioning. (Reprinted from
Hoerstrup, S.P., Sodian, R., Daebritz, S., Wang, J., Bacha, E.A., Martin, D.P., Moran, A.M., Guleserian, K.J.,
Sperling, J. S., Kaushal, S., Vacanti, J.P., Schoen, F.J., Mayer, J.E., Circulation, 102, III-46, Copyright 2000, with
permission from Lippincott Williams & Wilkins.)

(PGs), and serves as a mechanism for compressive resistance [17] and shear between the fibrosa and
ventricularis [16].

The mitral and tricuspid valves have a similar laminated structure, except the respective outer layers are
“upside down” from the arrangement shown in Figure 28.3. In these valves, the thick, heavily collagenous
layer is located on the ventricular side, whereas the thin, predominantly elastic layer is found on the atrial
side; these layers are also separated by a spongiosa. These similarities, which may be beneficial in future
tissue engineering of atrioventricular valves, end with the chordae tendineae, which are not found in
semilunar valves. The chordae are strong, thin, cable-like structures that contain a core of highly aligned
collagen inside a thin outer sheath of elastic fibers and endothelial cells.

The interaction between the extracellular matrix (ECM) constituents within the valve microstructure
allows distensibility, strength, elastic recovery, viscoelasticity, and an even distribution of deformation over
a wide range of loading [18]. Like many other biological soft tissues, the stress–strain and load elongation
curves of heart valve tissues are characterized by a low pretransition elastic modulus at initial strain (due to
elastic fibers), followed by a transition zone to a higher posttransition elastic modulus at higher strains (due
to the uncrimped collagen) [18]. The unique collagen and elastic fiber arrangements in the different layers,
however, bestow the leaflet with anisotropic behavior (Figure 28.5). The greater circumferential stiffness
(due to collagen) contributes to normal aortic valve function by restricting downward leaflet motion,
while the lower radial stiffness permits the inward motion toward leaflet coaptation. This properly closing
aortic valve will allow blood flow from the left ventricle into the ascending aorta, and prevent reverse
flow. During this functional cycle, the leaflets interact with complex patterns of blood flow [5], and are
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FIGURE 28.2 Semilunar valve leaflet anatomy. (a) Illustration of aortic valve leaflets within an opened aortic root.
(b) Single valve leaflet.
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FIGURE 28.3 The histological layers of the aortic valve leaflet. Movat’s Pentachrome stain. F, fibrosa; S, spongiosa;
V, ventricularis.

subjected to transvalvular pressures as high as 120 mmHg [19] and shear stresses as high as 7.9 Pa [20].
These magnitudes of load are lower in the pulmonary circulation, where the transvalvular pressure across
the pulmonary valve is only 25 mmHg [19].

28.1.3 Valvular Cells

Heart valves contain both endothelial and interstitial cells [21–23]. The valvular endothelial cells (VECs)
populate the outer surfaces of the valves, whereas “interstitial cells” are all the cells that populate the inside
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FIGURE 28.4 Illustration of the histological layers of the valve during systole and diastole. (Reprinted from
Schoen, F. J., J. Heart Valve Dis., 6, 2, Copyright 1997, with permission from ICR Publishers.)
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FIGURE 28.5 Radial and circumferential stress–strain curves of the ventricularis and fibrosa of aortic valve leaflets.
(Reprinted from Vesely, I. and Noseworthy, R., Micromechanics of the fibrosa and the ventricularis in aortic valve
leaflets, J. Biomech., 25, 107, Copyright 1992, with permission from Elsevier.)

of the leaflets. Although it is presumed that the VECs provide the tissue with a nonthrombogenic sur-
face, their functions otherwise are only beginning to be explored [23,24]. The valvular interstitial cells
(VICs), which are only slightly better understood, are responsible for the synthesis of extracellular matrix
components, including collagen, elastin, proteoglycans, and hyaluronan (for reviews see References 25
and 26). A key characteristic of VICs is that this group of cells exhibits a mixed phenotype of both fibro-
blastic and smooth muscle cell characteristics and are yet uniquely different from both these cell types
[21,22,27,28]. It remains unclear whether this dual phenotype is caused by a single population of cells
that express both features simultaneously [22,27], a single population of cells that can switch between
these two phenotypes [21], or a population of several types of cells [29,30]. The different phenotypes of
VICs are typically distinguished by their morphological appearance and immunohistochemical staining
[21,27,28]. The fibroblastic phenotype is marked by elongated cells that contain numerous organelles for
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matrix synthesis, and stain for prolyl-4-hydroxlyase. The smooth muscle cell phenotype is denoted by
cobblestone cells that stain for smooth muscle α-actin and stress fibers. VICs display this dual phenotype
consistently throughout passaging [22,27]. Although in native valves these different cell phenotypes are
slightly segregated [29,30], cells harvested from different regions of the valve had a consistent dual phen-
otypic appearance and growth characteristics [22]. It has also been difficult to separate these phenotypes
in culture [28].

28.2 Approaches to the Tissue Engineered Heart Valve

The basic approach to constructing a TEHV, as with many other engineered tissues, is first to seed an
appropriate cell type onto or within a suitable scaffold, and then to have a period of incubation during
which the cells remodel or otherwise become integrated with the scaffold, and form a neotissue. This defin-
ition is intentionally ambiguous because a wide range of cells, scaffolds, and incubation environments
have been used. All of the proposed TEHVs, however, have been designed to have as many of the ideal
features of a heart valve substitute as possible [31,32] (i) maintain normal structural and biological func-
tion over the patient’s lifetime, (ii) not elicit any inflammatory, foreign body, or immunologic responses,
(iii) have antithrombotic surfaces and the potential for growth and self-repair, (iv) manufactured for each
individual, (v) easy to implant with little technical variability, and (vi) available in an unlimited supply
[31,32]. The majority of research of TEHVs has focused upon the structural, antithrombotic, immuno-
logic, and availability aspects of this lofty goal. Although the studies described here do not represent an
exhaustive discussion of TEHVs, several reviews provide more thorough detail [2,26,33].

28.2.1 Biodegradable Polymeric Scaffolds

Almost half of the proposed designs for TEHVs involve seeding cells on or within a polymeric biode-
gradable scaffold. The purpose in using a biodegradable scaffold is to anchor the seeded cells within an
environment that is originally strong enough to withstand the in vivo mechanical forces, yet will sub-
sequently degrade slowly, thereby transferring the function of load-bearing to the nascent ECM produced
by the cells. Ideally, scaffold degradation rate and cellular synthesis rate should be balanced so that the
scaffold has been completely degraded when the seeded cells have generated an amount of ECM compar-
able to native heart valves. The scaffold should also have initial material properties that are comparable to
native valves.

The first such scaffold used to generate a TEHV was a woven mesh of 90% poly(glycolic acid)
(PGA)/10% poly(lactic acid) (PLA) sandwiched between nonwoven PGA mesh, which was seeded with
ovine vascular myofibroblasts and endothelial cells and used to replace the right leaflet of the pulmonary
valve in a lamb model [34]. Although the resulting pulmonary valve was functional in the short term
(3 weeks), this scaffold was found to be too stiff and thick for long-term use [35,36]. Conversely, seeding
cells in PGA mesh alone produced a neotissue that was too delicate to handle [37], although the high
porosity of this scaffold (95%) encouraged high seeding efficiencies and subsequent ECM production [35].

To avoid the mechanical limitations of the previous scaffolds, Sodian et al. [38] developed a new TEHV
scaffold using poly(hydroxyalkanoate) (PHA), a thermoplastic, easily moldable polymer. The polymer was
cast into a valved-conduit-shaped mold, made porous through a salt leaching process, and seeded with
autologous ovine vascular myofibroblasts and endothelial cells. Although this valved conduit functioned
normally in a sheep model for up to 17 weeks, the PHA scaffold material did not degrade fully by that time,
and the developing neotissue did not contain any histologically detectable elastin or have an endothelial
cell coating [38]. Moreover, PHA has a high echocardiographic density, which prevented the TEHV
performance from being evaluated by Doppler echocardiography.

Because the PHA did not degrade rapidly enough, valved conduits were next assembled from nonwoven
PGA mesh coated with a thin layer of poly-4-hydroxybutyrate (P4HB), a biodegradable thermoplastic
moldable polymer that provided the nonwoven PGA with additional strength [39]. After seeding with
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(a)(a)(a) (b)(b)(b) (c)(c)(c)

FIGURE 28.6 After 6 weeks in vivo (a), the TEHV from Figure 28.5 demonstrates preliminary organization (50×).
After 16 weeks (b) and 20 weeks (c), the TEHV leaflet demonstrates organized, dense collagen on the outflow
surface, elastic fibers on the inflow surface (arrow), and spongy organization within (both 100×). (Reprinted from
Hoerstrup, S. P., Sodian, R., Daebritz, S., Wang, J., Bacha, E.A., Martin, D.P., Moran, A.M., Guleserian, K.J.,
Sperling, J. S., Kaushal, S., Vacanti, J.P., Schoen, F.J., Mayer, J.E., Circulation, 102, III-48, Copyright 2000, with
permission from Lippincott Williams & Wilkins.)

autologous ovine vascular cells and 2 weeks of dynamic conditioning in a bioreactor (Figure 28.1), these
TEHVs were implanted in the pulmonary position of sheep for 20 weeks. These TEHVs functioned well,
with only mild to moderate pulmonary regurgitation at 16 and 20 weeks. Upon explant, the TEHV leaflets
were found to have the normal three-layered structure of native heart valves (Figure 28.6), although their
biochemically measured concentrations of collagen, elastin, and GAGs, as well as their ultimate tensile
strength, were significantly higher than normal native pulmonary leaflets. Overall, the PGA/P4HB has
been considered a very successful scaffold for TEHV development and is still being investigated [40,41].
Other biodegradable scaffolds that have been explored include biodegradable polyurethane, which was
found to have not degraded completely at 6 weeks [42]. Finally, new classes of biodegradable scaffolds
are being designed, such as a combination of poly(vinyl alcohol) (PVA) with brush groups of modified
PLA [43]. This novel scaffold should combine the advantages of PVA, a high water content hydrogel with
high elasticity and the ability to incorporate biologically active molecules on its hydroxyl groups, with the
features of PLA, which is biodegradable, can be crosslinked, and is hydrophobically attractive to cells.

28.2.2 Decellularized Leaflet Scaffolds

Although polymeric biodegradable scaffolds have a long history in TEHV designs, another early approach
that is still in active development today is the use of decellularized semilunar valve leaflets as a scaffold, with
the rationale that they would provide the requisite strength [44], and already contain ECM in the correct
microstructural arrangement [45]. Unlike polymeric designs, there is no need to fabricate or mold these
scaffolds. Moreover, removing the cells would presumably eliminate the most antigenic elements, thereby
avoiding any immunological response in the recipient. This reasoning has enabled the development
of decellularized scaffolds from not only human heart valves (from donated allograft organs [45–47] or
cadavers [48]), but also porcine heart valves. The predominant matrix element in these scaffolds, collagen,
is highly conserved between species and is thus considered minimally antigenic [49,50], although there
are concerns about the potential for transmission of xenogenic diseases [51].

A major area of research in the development of this scaffold is determining the best method to remove
the cells from the original valve leaflet. Several different methods, involving ionic and nonionic detergents,
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solutions that are hypotonic or hypertonic, and enzyme treatments, have been attempted, abandoned,
debated, and revisited, with only few direct comparisons [52]. In early studies, a treatment involving
hypotonic saline to lyse the cells followed by two washes with the nonionic detergent Triton X-100 and
one enzymatic soak in DNAse and RNAse was effective in the removal of all cells and cell debris [44,53].
This method preserved the majority of the thermal, physical, and material properties with the exception
of a slight swelling and a slight increase in the stress relaxation of the tissue. This successful treatment was
in contrast to their previous experimentation with the ionic detergent sodium dodecyl sulfate (SDS), in
which the leaflet matrix swelled up to three times and had significant thermal denaturation [53]. On a
single wash basis, however, SDS appears to remove more cells than Triton X-100 [54]. A combination of
0.5% trypsin and 0.2% EDTA was also successful in removing cells from human and porcine valves [48,55],
as was a solution of 1% deoxycholic acid [56]. A solution of 0.1% N -cetylpyridinium chloride was shown
to remove cells effectively and to preserve the tissue’s microstructure and mechanics but this treatment
induced calcification when the decellularized leaflet was tested in a rat subcutaneous dermal model [57].
Booth et al. [52] found that solutions of 0.03 to 0.1% SDS and 0.5% Na deoxycholate in hypotonic solutions
worked best (with SDS causing a slight increase in tissue extensibility [58]), which they attribute to better
protease inhibition than in the previous studies that implicated SDS in fiber damage. Although a few
studies reported using protease inhibitors [48,53,55], such as phenylmethyl sulfonyl fluoride (PMSF) and
EDTA, to block the endogenous lysosomal proteases released during cell lysis and to prevent degradation
of the matrix scaffold, certain protease inhibitors (including PMSF) are short-lived in aqueous solutions
and a more stable compound such as aprotinin may be preferable [52]. Many studies did not report any
use of protease inhibitors, which could result in partial degradation of the collagen and elastic matrix
components of the scaffold. The partial degradation of elastin in these scaffolds is considered particularly
risky given that decellularized aortic wall, found to contain an abundance of partially degraded elastin,
was prone to calcification in a rat subcutaneous dermal model [59].

Once prepared, the decellularized leaflet scaffold is almost always reseeded with autologous cells derived
from the same host animal to be used in the TEHV study. Several of these scaffolds have been reseeded
with endothelial cells only [56,60]. The main intent of this seeding is to form an antithrombotic coating
around the bare collagen [60], and is an especially important consideration in planning for human TEHV
use, because humans may have a more difficult time endothelizing structures than do the sheep models
used in most of these studies [61]. Many other decellularized scaffolds, however, have also received a
preliminary reseeding with vascular myofibroblasts in attempts to accelerate the eventual remodeling of
the matrix [51,55,62–64]. Despite the preliminary seeding of the decellularized scaffolds, dispersing the
cells within the existing matrix has proven difficult, with some tendency for the cells to remain on the
surface or to merely line the largest pores [65]. In addition, Steinhoff et al. [62] found that the seeded cells
tended to make new matrix on top of as opposed to within the existing scaffold matrix.

The Synergraft™ valve (Cryolife, Inc., Kennesaw, Georgia) consists of a decellularized porcine pul-
monary root or composite aortic root (constructed from three noncoronary root-valve segments);
decellularized human allografts are also available [46,66]. In contrast to the other approaches, the Syner-
graft valved conduits were not reseeded with any cells before implantation in sheep models, but became
entirely repopulated with host cells and were completely functional for one year [45]. Although these scaf-
folds were developed with many techniques similar to those used for other TEHVs, they are not universally
considered tissue-engineered structures because they are not reseeded with cells before implantation.

28.2.3 Cell Seeding

The methods used to seed the cells on and within the polymeric biodegradable scaffolds and the decellu-
larized valve leaflets tend to be very straightforward: a concentrated solution containing the cells is dripped
onto the scaffold surface and the cells disperse by gravity [67,68]. This seeding dispersion was encouraged
by gentle agitation in some studies [30], but there was no report of any improved seeding efficiency due
to this method. Many TEHVs have been developed by seeding first with myofibroblasts (several million
cells), incubating 10 to 14 days, and then seeding with endothelial cells [34,37,38,62,69–72]. In preparation
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for this staged seeding process, a mixed population of vascular cells can separated into endothelial and
nonendothelial cells using fluorescence-activated cell sorting (FACS)-based binding to acetylated low-
density lipoprotein (positive binding in endothelial cells [73]). Staged seeding is not necessarily required
[74]; mixed vascular cells seeded onto PGA/PLA–PGA sandwich scaffolds tended to segregate during
incubation and in vivo implantation, forming neotissue with endothelial cells (staining for Factor XIII) on
the outside and myofibroblasts (negative for Factor XIII) within. Other factors shown to improve seeding
efficiency include 24 or 36 h seeding intervals (as opposed to 2 or 12 h intervals [68]), using polymeric
scaffolds with high porosity such in PGA [67,68], mixing soluble collagen into the cell seeding solution
[70], and coating the scaffold with Matrigel before seeding [75].

28.2.4 Natural Materials

Although the majority of TEHVs to date have been constructed from either biodegradable polymeric or
decellularized leaflet scaffolds, there are a number of alternative scaffolds that have been developed using
natural polymers such as collagen. The rationale behind using these natural materials is that the synthetic
biodegradable polymers may have cytotoxic degradation products such as lactic acid, which can lower
the pH of the culture medium [76]. A very early approach, reported by Carpentier et al. [77], was to
inject solubilized collagen into a leaflet shaped mold. The resulting valve was implanted in sheep in the
tricuspid or mitral position and functioned for up to 10 months without incompetence. Upon explant,
fibroblasts were found within the collagen leaflets, but the leaflets were determined to have thickened
slightly in vivo. More recently, valvular interstitial cells seeded within collagen sponge scaffolds were
found to demonstrate phenotypic characteristics very similar to cells within intact valve leaflets [78].
Rothenburger et al. [71,75] grew human and porcine vascular and valvular cells within a freeze-dried
porous type I collagen matrix in vitro and found that the cells produced the large hydrating proteoglycan
(PG) versican, the small collagen-binding PG decorin, fibronectin, thrombospondin, and a medium-
sized heparan sulfate PG (possibly perlecan or syndecan). The production of these PGs and glycoproteins
indicate that the cells were interacting with and organizing the nascent ECM. Another natural material,
fibrin, is being explored as a natural scaffold because fibrin gels can be made autologously from a patient’s
own blood and thereby prevent an immunologic reaction [67,68,76]. Fibrin gel components can also be
coupled with exogenous biologically functional groups, such as growth factors, for improved neotissue
formation. In addition, the use of injection molding to cast a cell-seeded fibrin gel ensures that the cells
will be evenly distributed throughout the TEHV. This initial even distribution of cells is an advantage
over the seeding of fibrous or sponge structures, where seeding dispersion is due to gravity and barely
50% of cells attach [67]. The disadvantage with fibrin gels is their initial weakness, which needs to be
improved before in vivo studies can be performed. Yet another natural polymer that has been proposed
is chitosan, a polysaccharide derivative that has been used for other tissue engineering applications [23].
Although three-dimensional chitosan scaffolds have yet to be tested in a TEHV, monolayer cultures of
VECs adhered better to chitosan surfaces — and chitosan/collagen IV combinations in particular — than
to PHA surfaces.

28.2.5 Building Block Approach

Almost without exception, the approach to TEHV development has been to use scaffolds that are destined
for degradation or remodeling by the cells that will populate these constructs. The exception to this
paradigm is the approach by Vesely et al. [79], in which the different ECM structural components are
derived and then assembled into an approximation of the native aortic valve microstructure in vitro. The
collagen bundles that provide the leaflet strength are replicated by neonatal rat aortic smooth muscle cells
(NRASMCs) seeded within a type I collagen gel and anchored to promote uniaxial or branched contrac-
tion. The lubricating glycosaminoglycan component will be represented by cross-linked hyaluronan (also
seeded with NRASMCs), and the network and sheets of elastic fibers are synthesized by the NRASMCs atop
the crosslinked hyaluronan and around the collagen bundles. The final valve structure will be assembled
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by stacking alternating layers of hyaluronan/elastic sheets with layers of collagen bundles/elastic sheaths
that are oriented as they would be in the native aortic valve (predominantly circumferential). This novel
approach is still in the in vitro developmental stages, but it is envisaged that the multiple layers would
compact, and the embedded cells would synthesize additional ECM, during a period of in vitro dynamic
conditioning.

28.2.6 Cell Origin

It is generally agreed that the source of cells for a TEHV should be autologously derived from the intended
valve recipient. This is particularly feasible given that most valve surgeries are elective, with criteria for
the decisions of surgical timing being continuously reevaluated [5,80]. Autologous cells may perform
best in pediatric cases, given that adult cells may have diminished proliferative ability (cell sources are
discussed extensively in Reference 2). The anatomic source of these autologous cells, however, has not
been firmly established. Shinoka et al. [74] determined that arterial myofibroblasts were superior to
dermal fibroblasts in generating a strong, collagen-rich, and organized neotissue; Schnell et al. [42] found
that venous cells were better yet. Given that saphenous veins are more easily harvested than arteries, the
use of venous cells was therefore considered a promising alternative to arterial cells for seeding a TEHV
scaffold. Although many studies continue to explore the use of cells derived from vascular sources, there
were two recent reports that used either the stromal cells [40] or mesenchymal stem cells [81] from bone
marrow. In the first case, human bone marrow stromal cells (obtained from the sternum) were seeded on
a PGA/P4HB valved conduit, then conditioned in a bioreactor. After 14 days, the cells showed phenotypic
characteristics of myofibroblasts (smooth muscle α-actin and vimentin), but did not show markers for
muscle, osteogenic, or endothelial differentiation. In the second case, ovine bone marrow mesenchymal
stem cells were seeded on the same type of valved conduit, then conditioned in bioreactor. Although
the differentiation characteristics such as cell phenotype were not reported, the cells were able to form a
functional neotissue in vitro.

Very few research groups have actually attempted to use VECs and VICs in the design of TEHVs
[30,75,78]. It appears to have been assumed, if not often explicitly postulated, that whatever cell type is
seeded within the TEHV will soon differentiate and begin to express the phenotypic characteristics of
valvular cells. With rare exception [82], this assumption has not been tested in any depth, even though
recent gene expression work has shown that VECs have many transcriptional differences from vascu-
lar endothelial cells [24]. VECs were also four times more proliferative in culture than were vascular
endothelial cells [24], which may explain why vascular endothelial cells have frequently failed to form a
continuous endothelial coating of the TEHV scaffolds in vitro [71] or in vivo [38,44,63]. VICs seeded in
decellularized porcine leaflets differentiated and segregated into regionally specific myofibroblasts, fibro-
blasts, endothelial cells, and smooth muscle cells after 15 days in vitro [30]. After seeding in porous collagen
sponge-like structures, VICs demonstrated phenotypic similarity to cells in native valve leaflets [78] and
produced many of the PGs normally found in valves [75] A potential source for autologous valvular cells
was proposed by Maish et al. [83], who found that valvular cells could be harvested from an ovine tricuspid
valve without compromising the function of the tricuspid valve in the donor animal. This option may be
important if the restoration of the VIC and VEC phenotype proves necessary and cannot be accomplished
using an alternative cell source.

28.2.7 Bioreactors for Conditioning and Proof of Concept

Bioreactors have been widely used to provide the developing TEHV with strength-building mechanical
stimulation prior to implantation within the animal model. Compared with static controls, bioreactor-
conditioned TEHVs have demonstrated greater production of collagen, greater cell densities, improved
mechanical strength, and more compact matrix organization [39,40,55]. It has also been proposed that
bioreactor conditioning maintains the synthesis of ECM and DNA at levels normally found in the valve
leaflets [84]. Bioreactors can also accelerate the turnover of the biodegradable matrix. Incubation in
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FIGURE 28.7 This bioreactor design creates pulsatile flow by cyclically pumping air beneath the silicone diaphragm
separating the medium and air chambers. This action draws medium from a reservoir and propels it through the TEHV
fixed to the silicone tubing above. (Reprinted from Hoerstrup, S.P., Sodian R., Sperling, J.S., Vacanti, J.P., Mayer J. E.,
Tissue Eng., 6, 1, Copyright 2000, with permission from Mary Ann Liebert, Inc.)

a dynamic flexure bioreactor also augmented the bulk degradation of PGA/P4HB and PGA/PLA/P4HB
scaffolds, resulting in significantly less flexural stiffness at 3 weeks compared to unflexed controls [41].
The types of bioreactors developed for TEHV studies can be generally classified into one of two categories.
The first category, which has a continuously circulating supply of tissue culture medium, is predomin-
antly used for the conditioning of intact TEHV and valved conduits. These bioreactors generally consist
of a medium reservoir, a chamber to hold the TEHV, a pressure source, ports for gas exchange, optional
pressure and flow transducers, and often have components to mimic vascular compliance and resist-
ance [85,86] (Figure 28.7 and Figure 28.8). A similar setup was used in a study of the synthesis of
collagen, GAGs, and DNA by valvular cells [84]. Because these bioreactor systems are capable of pro-
ducing pulsatile flows ranging from 50 to 2000 ml/min [85] or even 20 l/min [84], and transvalvular
pressures of 10 to 240 mmHg, they can easily be tailored to the conditioning or testing of aortic or
pulmonary TEHVs. Feedback-driven tensioning systems have also been incorporated into these biore-
actors [87]. The second category of bioreactor tends to be smaller and scalable, and is used more for
proof of concept studies that examine how mechanical stimulation can improve the TEHV charac-
teristics. An example of this was developed by Engelmayr et al. [41], in which scaffolds identical to
those used in certain TEHVs were subjected to flexural conditioning, but were not bathed in circulating
medium.
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FIGURE 28.8 A bioreactor flow loop that includes components for variable compliance, resistance, and pressure
measurements. (Reprinted from Dumont, K., Yperman, J., Verbeken, E., Segers, P., Mauris, B., Vandenberghe, S.,
Flameng, W., Verdonck, P.R., Artif. Organs, 26, 711, Copyright 2002, with permission from Blackwell Publishing.)

28.2.8 In Vivo Testing in Animal Models

Although many potential TEHV designs have been successfully compared using in vitro and bioreactor
analyses, evaluation of the inflammatory, immunologic, and calcific responses requires an in vivo model.
Canines have been used at least twice [44,88], but the majority of TEHVs have been tested in vivo in
the widely accepted ovine models (either lamb or mature sheep) [33]. TEHVs have been implanted
into the atrioventricular position in the past [77], and a heterotopic implantation in the abdominal
aorta was recently reported [88], but most are tested in the pulmonary position, either as an orthotopic
replacement of the pulmonary valve [38,39,45,51,56,72] or heterotopically interposed between the main
and left pulmonary artery [44]. Single [34,69] and double [36] leaflet replacements within the pulmon-
ary valve have been attempted with more success in the single leaflet replacement. The double leaflet
replacement involved two identical PGA/PLA–PGA sandwich scaffolds: one seeded TEHV leaflet and one
unseeded control. Unfortunately, this otherwise ingenious approach did not work because the stiff, thick
scaffolds were unable to coapt normally and cause pulmonary insufficiency [36]. More recent TEHV
designs are often tested using a valved conduit, containing all three leaflets, in the orthotopic pulmonary
position.

These in vivo studies have often demonstrated an early but very mild inflammatory response to the
TEHV [47], although this response was stronger when allogeneic as opposed to autologous cells were
seeded [34]. A late inflammatory response (9 to 12 weeks) was reported with a reseeded decellularized
porcine TEHV [63]. The remnant muscular shelf of decellularized leaflets has also been shown to invoke
a mild inflammatory and calcific response [62]. Otherwise, reports of calcification of the scaffolds have
been with mixed; there was heavy calcification of reseeded decellularized scaffolds after 12 and 24 weeks
in vivo [64], while a Synergraft decellularized porcine scaffold (not reseeded) showed no calcification after
21 weeks [66].

28.2.9 Clinical Experience

The majority of TEHVs have only been tested in vitro or in animal models; no TEHV has been approved
for clinical use in the United States. The porcine and human Synergrafts, which are technically not TEHVs
since they are not reseeded with cells, have been approved in the United States [46]. As of 2003, these
decellularized human valved conduits have been implanted in more than 150 patients in the United States
and more than 1000 patients worldwide, approximately 84% of which have been in the pulmonary
position (16% aortic). The distribution of patient age in the United States has been approximately 1/3
children and 2/3 adults, with a mean follow-up time of 231 days (range 0 to 788 days). In the two cases
where these pulmonary allograft conduits were explanted (due to external fibrosis at 14 months and
unrelated infection at 3 months), the leaflets and conduit had been repopulated with fibroblasts and



mikos: “9026_c028” — 2007/4/9 — 15:53 — page 13 — #13

Tissue Engineering of Heart Valves 28-13

myofibroblasts and demonstrated an endothelial lining and normal leaflet architecture. Function of the
pulmonary Synergraft allografts have been comparable to cryopreserved allografts [46,61], whereas the
aortic Synergraft allografts have evoked humoral antibodies in 25% of patients, but have shown normal
aortic valve function with only trivial regurgitation [46]. The porcine pulmonary Synergrafts have been
implanted in 20 patients [46], with 3 deaths and conduit pseudoaneurysm formation in 3 patients, but
14 other patients have had satisfactory valve performance for a maximum of one year. Unfortunately, the
porcine Synergraft has not been as successful in the pediatric population, with a massive inflammatory
response leading to leaflet degeneration and rupture in at least seven children in Austria and Norway [61].
One Synergraft that was examined after being implanted for one year showed no host recellularization
of the implant at all and the formation of a fibrous capsule around the porcine tissue, which was very
different from the results in a sheep model [45], in which the entire leaflet was repopulated with cells after
one year.

In Germany, decellularized human cryopreserved pulmonary allografts that were reseeded with auto-
logous venous endothelial cells were implanted in at least 6 Ross procedure patients with a mean age of
44 years [60]. All patients demonstrated an improvement of ejection fraction at 3 months. One patient
was reported to be excellent condition after 12 months, and had not demonstrated any fever during this
time. This absence of fever was interpreted as an absence of any antigenic inflammatory or immunologic
response.

28.3 Conclusions and Future Challenges

There are many challenges ahead for the future of TEHVs. The first challenge appears to be the recapitula-
tion of the many aspects of valvular biology in a living TEHV, particularly in designs involving nonvalvular
cells. Quite frankly, it remains to be determined if such recapitulation would even be necessary for TEHV
function, even though that finding could help direct future TEHV research. Moreover, the nascent field
of valvular biology lags far behind vascular biology. Regardless, future TEHV research may wish to build
upon the many studies over the last several years that have examined the contractile, synthetic, signaling,
interactive, and diffusion characteristics of heart valves at the tissue, cellular, and molecular level. Normal
aortic valve leaflets and VICs, for example, will contract slowly in response to stimulation with vasoactive
agents such as serotonin, epinephrine, and endothelin-1 [28,89], potentially to maintain a baseline resting
tension in the normal aortic valve [89]. More recently, the proliferative, migratory, synthetic, signal-
ing, and phenotypic transdifferentiation responses of VICs to members of the renin–angiotensin system
(including TGF-β) and vasoactive agents have been assessed [90–92]. Furthermore, the receptors and/or
mRNA for serotonin, angiotensin II, bradykinin, and angiotensin-converting enzyme have been identified
in VICs [92,93]. In fact, many of the transcriptional and proliferative characteristics of valvular cells have
been shown to be different from those expressed by vascular cells [24,93]. Cell–matrix interactions have
been demonstrated at the molecular level by the characterization of several integrins in bovine and baboon
VICs [94]. Finally, oxygen diffusion within young porcine aortic valves was recently measured [95] and
it was observed that blood vessels were present in most regions of the valve thicker than 0.5 mm. This
finding highlights the differences between pediatric heart valves, which are vascularized [96,97] and even
innervated [98], and adult heart valves, which have far less nerves and vessels, but contain viable, synthetic
cells nonetheless. Exactly how well oxygen and nutrients diffuse to these adult VICs, and likewise to the
cells within a TEHV, is a fertile topic for further research.

Another challenge for the future is the development of TEHV replacements for the aortic, atrioventricu-
lar, and venous valves. The highest clinical need is for the aortic position. To meet the higher pressure
and flow requirements of the systemic circulation, the current pulmonary TEHV designs will need to
be adapted to produce a stronger neotissue. In a recent proof of concept study that explored this need,
a PGA/P4HB scaffold seeded with human venous myofibroblasts became more than three times stiffer
when the maximum cyclic strain was raised from 7 to 10% during bioreactor conditioning [99]. Given
that the atrioventricular valves are more commonly repaired than replaced [5], recent TEHV work in
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that regard has focused on replacement components, as opposed to the entire valve. The chordae, in
particular, frequently rupture in prolapsed mitral valves [80]; torn chordae are currently replaced with
Gore-Tex™ sutures. Because these sutures are several times stiffer than normal chordae [100], Vesely
et al. [79] have been developing tissue-engineered chordae (large collagen fiber bundles) by seeding
NRASMCs in a type 1 collagen gel and allowing the cell-seeded gel to contract uniaxially. Although these
tissue-engineered chordae have not yet been tested in vivo, and are an order of magnitude less stiff than
normal native human chordae, they have approximately normal extensibility [79]. As this avenue of TEHV
research is very young, these preliminary results are likely to improve substantially in the years to come.
Tissue engineered venous valves have been developed in a sheep model using allogeneic decellularized
jugular veins seeded with autologous venous myofibroblasts and endothelial cells; these valves were still
patent at 12 weeks [101].

The final challenge, particularly given the clinical reports of failure of the Synergraft valves in pediatric
patients [61], are the ethical considerations involved as these research findings are eventually translated to
clinical practice [102]. Although there are no current governmental regulatory divisions that are focusing
exclusively on engineered tissues, U.S. and European regulatory agencies are planning centers that will
meet this need. Beyond that goal lies the problem of developing standards to which engineered tissues such
as the TEHV would be held. Furthermore, we are reminded by Sutherland and Mayer in their excellent
review of this topic, “compliance with standards alone carries no guarantee that a given device will be
free from risk” [102]. Applying a risk management approach, with identification and severity grading
of potential hazards, is an appropriate first step along this path. Hazards particularly associated with the
current characteristics of the TEHV described in this chapter could be scaffold-related, such as adverse
reactions to the degradation products of the biodegradable scaffolds, or the potential for transmission
of porcine endogenous retrovirus from the decellularized porcine valve scaffold to the TEHV recipient
[51,102]. Other hazards could be related to the cells involved, particularly if they are not autologous, or
to the performance of the TEHV in vivo.

The field of TEHV research is growing exponentially and has demonstrated many recent advances,
particularly in the development and application of bioreactor technologies. New research in valvular
biology and targeted scaffold development, together with frequent reflection and review [2,26,33], are
certain to drive this field ahead. Although there are many hurdles to overcome before the many promises
of TEHVs become fully realized, the potential to create a living, healing, growing valve continues to inspire
significant effort in this exciting field.

Defining Terms

Allogeneic: Taken from a different individual of the same species
Atrioventricular: Referring to the position between the atrium and the ventricle. The mitral and

tricuspid valves are atrioventricular valves.
Autologous: Taken or derived from the same individual.
Coaptation: Referring to contact between different heart valve leaflets, or regions of the leaflets where

this contact occurs when the valve is closed.
Ejection fraction: The percentage of blood pumped out of an individual’s left ventricle.
Heterotopic: Referring to a region of the body where a structure is not normally located.
Incompetence and insufficiency: Inability of the heart valve to close property.
Orthotopic: Referring to a region of the body where a structure is normallt located.
Ross Procedure: Surgical replacement of a patient’s deficient aortic valve with a pulmonary autograft,

followed by implantation of a cryopreserved pulmonary allograft in the pulmonary position.
Semilunar: Referring to the half-moon shape of the leaflets of the pulmonary and aortic valves.
Tetralogy of Fallot: A congenital heart defect with four predominant symptoms (ventricular septal

defect, pulmonary valve stenosis, right ventricular hypertrophy, and malposition of the aorta over
both ventricles.
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Valvular interstitial cells: An all-encompassing term for the nonendothelial cells that are contained
within the heart valve leaflets. This definition includes cells of variable phenotype.

Xenogenic: Taken from a different species.
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The genitourinary system is exposed to a variety of possible injuries from the time the fetus develops. Aside
from congenital abnormalities, individuals may also suffer from other disorders such as cancer, trauma,
infection, inflammation, iatrogenic injuries, or other conditions that may lead to genitourinary organ
damage or loss, requiring eventual reconstruction. The type of tissue chosen for replacement depends
on which organ requires reconstruction. Bladder and ureteral reconstruction may be performed with
gastrointestinal tissues. Urethral reconstruction is performed with skin, mucosal grafts from the bladder,
rectum, or oral cavity. Vaginas can be reconstructed with skin, small bowel, sigmoid colon, and rectum.
However, a shortage of donor tissue may limit these types of reconstructions and there is a degree of
morbidity associated with the harvest procedure. In addition, these approaches rarely replace the entire
function of the original organ. The tissues used for reconstruction may lead to complications due to their

29-1
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inherently different functional parameters. In most cases, the replacement of lost or deficient tissues with
functionally equivalent tissues would improve the outcome for these patients. This goal may be attainable
with the use of tissue engineering techniques.

29.1 Cell Growth

One of the initial limitations of applying cell-based tissue engineering techniques to urologic organs
had been the previously encountered inherent difficulty of growing genitourinary associated cells in
large quantities. In the past, it was believed that urothelial cells had a natural senescence, which was
hard to overcome. Normal urothelial cells could be grown in the laboratory setting, but with limited
expansion. Several protocols were developed over the last two decades which improved urothelial growth
and expansion [1–4]. A system of urothelial cell harvest was developed, which does not use any enzymes
or serum and has a large expansion potential. Using these methods of cell culture, it is possible to expand
a urothelial strain from a single specimen, which initially covers a surface area of 1 cm2 to one covering
a surface area of 4202 m2 (the equivalent area of one football field) within 8 weeks [1]. These studies
indicated that it should be possible to collect autologous urothelial cells from human patients, expand
them in culture, and return them to the human donor in sufficient quantities for reconstructive purposes.
Bladder, ureter, and renal pelvis cells can be equally harvested, cultured, and expanded in a similar
fashion. Normal human bladder epithelial and muscle cells can be efficiently harvested from surgical
material, extensively expanded in culture, and their differentiation characteristics, growth requirements,
and other biological properties studied [1,3–13].

29.2 Biomaterials for Genitourinary Tissue Engineering

Biomaterials provide a cell–adhesion substrate and can be used to achieve cell delivery with high loading
and efficiency to specific sites in the body. The configuration of the biomaterials can guide the structure of
an engineered tissue. The biomaterials provide mechanical support against in vivo forces, thus maintaining
a predefined structure during the process of tissue development. The biomaterials can be loaded with
bioactive signals, such as cell–adhesion peptides and growth factors, which can regulate cellular function.
The design and selection of the biomaterial is critical in the development of engineered genitourinary
tissues. The biomaterial must be capable of controlling the structure and function of the engineered
tissue in a predesigned manner by interacting with transplanted cells or the host cells. Generally, the ideal
biomaterial should be biocompatible, promote cellular interaction and tissue development, and possess
proper mechanical and physical properties.

The selected biomaterial should be biodegradable and bioresorbable to support the reconstruction
of a completely normal tissue without inflammation. The degradation products should not provoke
inflammation or toxicity and must be removed from the body via metabolic pathways. The degradation
rate and the concentration of degradation products in the tissues surrounding the implant must be at a
tolerable level [14]. The mechanical support of the biomaterials should be maintained until the engineered
tissue has sufficient mechanical integrity to support itself [15].

This can be potentially achieved by an appropriate choice of mechanical and degradative properties of
the biomaterials [16].

29.2.1 Types of Biomaterials

Generally, three classes of biomaterials have been utilized for engineering genitourinary tissues: naturally
derived materials (e.g., collagen and alginate), acellular tissue matrices (e.g., bladder submucosa and
small intestinal submucosa), and synthetic polymers (e.g., polyglycolic acid (PGA), polylactic acid (PLA),
and poly(lactic-co-glycolic acid) (PLGA). These classes of biomaterials have been tested in respect to
their biocompatibility with primary human urothelial and bladder muscle cells [17,18]. Naturally derived
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materials and acellular tissue matrices have the potential advantage of biological recognition. Synthetic
polymers can be produced reproducibly on a large scale with controlled properties of their strength,
degradation rate, and microstructure.

Collagen is the most abundant and ubiquitous structural protein in the body, and may be readily purified
from both animal and human tissues with an enzyme treatment and salt/acid extraction [19]. Collagen
implants degrade through a sequential attack by lysosomal enzymes. The in vivo resorption rate can be
regulated by controlling the density of the implant and the extent of intermolecular crosslinking. The lower
the density, the greater the interstitial space and generally the larger the pores for cell infiltration, leading
to a higher rate of implant degradation. Collagen contains cell-adhesion domain sequences (e.g., RGD),
which exhibit specific cellular interactions. This may assist in retaining the phenotype and activity of many
types of cells, including fibroblasts [20] and chondrocytes [21].

Alginate, a polysaccharide isolated from sea weed, has been used as an injectable cell delivery vehicle
[22] and a cell immobilization matrix [23] owing to its gentle gelling properties in the presence of divalent
ions such as calcium. Alginate is relatively biocompatible and approved by the FDA for human use as
wound dressing material. Alginate is a family of copolymers of d-mannuronate and l-guluronate. The
physical and mechanical properties of alginate gel are strongly correlated with the proportion and length
of polyguluronate block in the alginate chains [22].

Acellular tissue matrices are collagen-rich matrices prepared by removing cellular components from
tissues. The matrices are often prepared by mechanical and chemical manipulation of a segment of tissue
[24–27]. The matrices slowly degrade upon implantation, and are replaced and remodeled by ECM
proteins synthesized and secreted by transplanted or ingrowing cells.

Polyesters of naturally occurring α-hydroxy acids, including PGA, PLA, and PLGA, are widely used in
tissue engineering. These polymers have gained FDA approval for human use in a variety of applications,
including sutures [28]. The ester bonds in these polymers are hydrolytically labile, and these polymers
degrade by nonenzymatic hydrolysis. The degradation products of PGA, PLA, and PLGA are nontoxic,
natural metabolites and are eventually eliminated from the body in the form of carbon dioxide and
water [28]. The degradation rate of these polymers can be tailored from several weeks to several years by
altering crystallinity, initial molecular weight, and the copolymer ratio of lactic to glycolic acid. Since these
polymers are thermoplastics, they can be easily formed into a three-dimensional scaffold with a desired
microstructure, gross shape and dimension by various techniques, including molding, extrusion [29],
solvent casting [30], phase separation techniques, and gas foaming techniques [31]. Many applications
in genitourinary tissue engineering often require a scaffold with high porosity and ratio of surface area
to volume. Other biodegradable synthetic polymers, including poly(anhydrides) and poly(ortho-esters),
can also be used to fabricate scaffolds for genitourinary tissue engineering with controlled properties [32].

29.3 Tissue Engineering of Urologic Structures

29.3.1 Urethra

Various biomaterials without cells have been used experimentally (in animal models) for the regeneration
of urethral tissue, including PGA, and acellular collagen based matrices from small intestine, bladder,
and skin [27,33–37]. Some of these biomaterials, like acellular collagen matrices derived from bladder
submucosa, have also been seeded with autologous cells for urethral reconstruction. Our laboratory has
been able to replace tubularized urethral segments with cell-seeded collagen matrices.

A cellular collagen matrices derived from bladder submucosa by our laboratory have been used experi-
mentally and clinically. In animal studies, segments of the urethra were resected and replaced with acellular
matrix grafts in an onlay fashion. Histological examination showed complete epithelialization and pro-
gressive vessel and muscle infiltration. The animals were able to void through the neourethras [27]. These
results were confirmed clinically in a series of patients with hypospadias and urethral stricture disease
[38,39]. Cadaveric bladders were microdissected and the submucosal layers were isolated. The submucosa
was washed and decellularized. The matrix was used for urethral repair in patients with stricture disease
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(a) (b)

(d)

(c)

FIGURE 29.1 Representative case of a patient with a bulbar stricture repaired with a collagen matrix. (a) Preoperative
urethrogram. (b) Urethral repair. Structured tissue is excised, preserving urethral plate on left side and matrix is
anastomosed to urethral plate in an onlay fashion on right side. (c) Urethrogram 6 months after repair. (d) Cystoscopic
view of urethra preoperatively on left side and 4 months after repair on right side.

(n = 33; 28 adults, 5 children) and hypospadias (n = 7 children). The matrices were trimmed to size
and the neourethras were created by anastomosing the matrix in an onlay fashion to the urethral plate.
The size of the neourethras ranged from 2 to 16 cm. Voiding histories, physical examination, retrograde
urethrography, uroflowmetry, and cystoscopies were performed serially, pre- and postoperatively, with up
to a 7-year follow-up. After a 4- to 7-year follow-up, 34 of the 40 patients had a successful outcome. Six
patients with a urethral stricture had a recurrence, and one patient with hypospadias developed a fistula.
The mean maximum urine flow rate significantly increased postoperatively. Cystoscopic studies showed
adequate caliber conduits. Histologic examination of the biopsies showed the typical urethral epithelium.
The use of an off-the-shelf matrix appears to be beneficial for patients with abnormal urethral conditions,
and obviates the need for obtaining autologous grafts, thus decreasing operative time and eliminating
donor site morbidity (Figure 29.1).

Unfortunately, the above techniques are not applicable for tubularized urethral repairs. The collagen
matrices are able to replace urethral segments when used in an onlay fashion. However, if a tubularized
repair is needed, the collagen matrices need to be seeded with autologous cells [40,41]. Autologous bladder
epithelial and smooth muscle cells from male rabbits were grown and seeded onto preconfigured tubular
matrices. The entire anterior urethra was resected and urethroplasties were performed with tubularized
collagen matrices seeded with cells in nine animals, and without cells in six animals. Serial urethrograms
showed a wide urethral caliber without strictures in the animals implanted with the cell seeded matrices,
and collapsed urethral segments with strictures within the unseeded scaffolds. Gross examination of the
urethral implants seeded with cells showed normal appearing tissue without any evidence of fibrosis.
Histologically, a transitional cell layer surrounded by muscle cell fiber bundles with increasing cellular
organization over time were observed on the cell seeded constructs. The epithelial and muscle phenotypes
were confirmed with pAE1/AE3 and smooth muscle specific alpha actin antibodies. A transitional cell layer
with scant unorganized muscle fiber bundles and large areas of fibrosis were present at the anastomotic
sites on the unseeded constructs. Therefore, tubularized collagen matrices seeded with autologous cells
can be used successfully for total penile urethra replacement; whereas, tubularized collagen matrices
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without cells lead to poor tissue development and stricture formation. The cell seeded collagen matrices
form new tissue which is histologically similar to native urethra. This technology may be applicable to
patients requiring tubularized urethral repair.

29.3.2 Bladder

Currently, gastrointestinal segments are commonly used as tissues for bladder replacement or repair.
However, gastrointestinal tissues are designed to absorb specific solutes, whereas bladder tissue is designed
for the excretion of solutes. Due to the problems encountered with the use of gastrointestinal segments,
numerous investigators have attempted alternative materials and tissues for bladder replacement or repair.

Over the last few decades, several bladder wall substitutes have been attempted with both synthetic
and organic materials. The first application of a free tissue graft for bladder replacement was reported by
Neuhoff in 1917, when fascia was used to augment bladders in dogs [42]. Since that first report, multiple
other free graft materials have been used experimentally and clinically, including bladder allografts, SIS,
pericardium, dura, and placenta [24,25,43–50]. In multiple studies using different materials as an acellular
graft for cystoplasty, the urothelial layer was able to regenerate normally, but the muscle layer, although
present, was not fully developed [24,48,51,52]. When using cell-free collagen matrices, scarring and
graft contracture may occur over time [53–58]. Synthetic materials, which have been tried previously
in experimental and clinical settings, include polyvinyl sponge, tetrafluoroethylene (Teflon), collagen
matrices, vicryl matrices, and silicone [59–62]. Most of the above attempts have usually failed due to
either mechanical, structural, functional, or biocompatibility problems. Usually, permanent synthetic
materials used for bladder reconstruction succumb to mechanical failure and urinary stone formation
and degradable materials lead to fibroblast deposition, scarring, graft contracture, and a reduced reservoir
volume over time.

Engineering tissue using selective cell transplantation may provide a means to create functional new
bladder segments [63]. The success of using cell transplantation strategies for bladder reconstruction
depends on the ability to use donor tissue efficiently and to provide the right conditions for long-term
survival, differentiation, and growth. Urothelial and muscle cells can be expanded in vitro, seeded onto
the polymer scaffold, and allowed to attach and form sheets of cells. The cell-polymer scaffold can then
be implanted in vivo. A series of in vivo urologic associated cell-polymer experiments were performed.
Histologic analysis of human urothelial, bladder muscle, and composite urothelial and bladder muscle-
polymer scaffolds, implanted in athymic mice and retrieved at different time points, indicated that viable
cells were evident in all three experimental groups [64]. Implanted cells oriented themselves spatially
along the polymer surfaces. The cell populations appeared to expand from one layer to several layers of
thickness with progressive cell organization with extended implantation times. Cell-polymer composite
implants of urothelial and muscle cells, retrieved at extended times (50 days), showed extensive formation
of multilayered sheet-like structures and well-defined muscle layers. Polymers seeded with cells and
manipulated into a tubular configuration showed layers of muscle cells lining the multilayered epithelial
sheets. Cellular debris appeared reproducibly in the luminal spaces, suggesting that epithelial cells lining
the lumina are sloughed into the luminal space. Cell polymers implanted with human bladder muscle
cells alone showed almost complete replacement of the polymer with sheets of smooth muscle at 50 days.
This experiment demonstrated, for the first time, that composite tissue engineered structures could be
created de novo. Prior to this study, only single cell type tissue engineered structures had been created.

29.3.2.1 Formation of Bladder Tissue Ex-Situ

In order to determine the effects of implanting engineered tissues in continuity with the urinary tract, an
animal model of bladder augmentation was utilized [24]. Partial cystectomies, which involved removing
approximately 50% of the native bladders, were performed in 10 beagles. In five, the retrieved bladder
tissue was microdissected and the mucosal and muscular layers separated. The bladder urothelial and
muscle cells were cultured using the techniques described above. Both urothelial and smooth muscle
cells were harvested and expanded separately. A collagen-based matrix, derived from allogeneic bladder



mikos: “9026_c029” — 2007/4/9 — 15:53 — page 6 — #6

29-6 Tissue Engineering

submucosa, was used for cell delivery. This material was chosen for these experiments due to its native
elasticity. Within 6 weeks, the expanded urothelial cells were collected as a pellet. The cells were seeded
on the luminal surface of the allogeneic bladder submucosa and incubated in serum-free keratinocyte
growth medium for 5 days. Muscle cells were seeded on the opposite side of the bladder submucosa and
subsequently placed in DMEM supplemented with 10% fetal calf serum for an additional 5 days. The
seeding density on the allogeneic bladder submucosa was approximately 1× 107 cells/cm2.

Preoperative fluoroscopic cystography and urodynamic studies were performed in all animals. Aug-
mentation cystoplasty was performed with the matrix with cells in one group, and with the matrix
without cells in the second group. The augmented bladders were covered with omentum in order to facil-
itate angiogenesis to the implant. Cystostomy catheters were used for urinary diversion for 10 to 14 days.
Urodynamic studies and fluoroscopic cystography were performed at 1, 2, and 3 months postoperatively.
Augmented bladders were retrieved 2 (n = 6) and 3 (n = 4) months after surgery and examined grossly,
histologically, and immunocytochemically.

Bladders augmented with the matrix seeded with cells showed a 99% increase in capacity compared
to bladders augmented with the cell-free matrix, which showed only a 30% increase in capacity. Func-
tionally, all animals showed a normal bladder compliance as evidenced by urodynamic studies, however,
the remaining native bladder tissue may have accounted for these results. Histologically, the retrieved
engineered bladders contained a cellular organization consisting of a urothelial lined lumen surrounded
by submucosal tissue and smooth muscle. However, the muscular layer was markedly more prominent in
the cell reconstituted scaffold [24].

Most of the free grafts (without cells) utilized for bladder replacement in the past have been able to
show adequate histology in terms of a well-developed urothelial layer, however they have been associated
with an abnormal muscular layer that varies in terms of its full development [15,65]. It has been well
established for decades that the bladder is able to regenerate generously over free grafts. Urothelium is
associated with a high reparative capacity [66]. Bladder muscle tissue is less likely to regenerate in a normal
fashion. Both urothelial and muscle ingrowth are believed to be initiated from the edges of the normal
bladder toward the region of the free graft [67,68]. Usually, however, contracture or resorption of the graft
has been evident. The inflammatory response toward the matrix may contribute to the resorption of the
free graft.

It was hypothesized that building the three-dimensional structure constructs in vitro, prior to implant-
ation, would facilitate the eventual terminal differentiation of the cells after implantation in vivo, and
would minimize the inflammatory response towards the matrix, thus avoiding graft contracture and
shrinkage. This study demonstrated that there was a major difference evident between matrices used with
autologous cells (tissue engineered) and matrices used without cells [24]. Matrices implanted with cells
for bladder augmentation retained most of their implanted diameter, as opposed to matrices implanted
without cells for bladder augmentation, wherein graft contraction and shrinkage occurred. The histomor-
phology demonstrated a marked paucity of muscle cells and a more aggressive inflammatory reaction in
the matrices implanted without cells. Of interest is that the urothelial cell layers appeared normal, even
though their underlying matrix was significantly inflamed. It was further hypothesized, that having an
adequate urothelial layer from the outset would limit the amount of urine contact with the matrix, and
would therefore decrease the inflammatory response, and that the muscle cells were also necessary for
bioengineering, being that native muscle cells are less likely to regenerate over the free grafts. Further stud-
ies confirmed this hypothesis [69]. Thus, it appears that the presence of both urothelial and muscle cells
on the matrices used for bladder replacement appear to be important for successful tissue bioengineering.

29.3.2.2 Bladder Replacement Using Tissue Engineering

The results of initial studies showed that the creation of artificial bladders may be achieved in vivo,
however, it could not be determined whether the functional parameters noted were due to the augmented
segment or the intact native bladder tissue. In order to better address the functional parameters of tissue
engineered bladders, an animal model was designed, which required a subtotal cystectomy with subsequent
replacement by a tissue engineered organ [69].
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(a) (b) (c)

FIGURE 29.2 Hematoxylin and Eosin histological results 6 months after surgery (original magnification: ×250).
(a) Normal canine bladder. (b) The bladder dome of the cell-free polymer reconstructed bladder consists of a thickened
layer of collagen and fibrotic tissue. (c) The tissue engineered neo-organ shows a histo-morphologically normal
appearance. A trilayered architecture consisting of urothelium, submucosa, and smooth muscle is evident.

A total of 14 beagle dogs underwent a trigone-sparing cystectomy. The animals were randomly assigned
to one of three groups. Group A (n = 2) underwent closure of the trigone without a reconstructive proced-
ure. Group B (n = 6) underwent reconstruction with a cell-free bladder shaped biodegradable polymer.
Group C (n = 6) underwent reconstruction using a bladder shaped biodegradable polymer that delivered
autologous urothelial cells and smooth muscle cells. The cell populations had been separately expanded
from a previously harvested autologous bladder biopsy. Preoperative and postoperative urodynamic and
radiographic studies were performed serially. Animals were sacrificed at 1, 2, 3, 4, 6, and 11 months
postoperatively. Gross, histological, and immunocytochemical analyses were performed [69].

Cystectomy only controls and polymer only grafts maintained average capacities of 22 and 46% of pre-
operative values, respectively. An average bladder capacity of 95% of the original precystectomy volume
was achieved in the tissue engineered bladder replacements. These findings were confirmed radiograph-
ically. The subtotal cystectomy reservoirs, which were not reconstructed and polymer only reconstructed
bladders showed a marked decrease in bladder compliance (10 and 42%). The compliance of the tissue
engineered bladders showed almost no difference from preoperative values that were measured when
the native bladder was present (106%). Histologically, the polymer only bladders presented a pattern of
normal urothelial cells with a thickened fibrotic submucosa and a thin layer of muscle fibers. The retrieved
tissue engineered bladders showed a normal cellular organization, consisting of a trilayer of urothelium,
submucosa, and muscle (Figure 29.2). Immunocytochemical analyses for desmin, alpha actin, cytoker-
atin 7, pancytokeratins AE1/AE3 and uroplakin III confirmed the muscle and urothelial phenotype. S-100
staining indicated the presence of neural structures. The results from this study showed that it is possible
to tissue engineer bladders, which are anatomically and functionally normal [69]. Clinical trials for the
application of this technology are currently being arranged.

29.3.3 Genital Tissues

Reconstructive surgery is required for a wide variety of pathologic penile conditions, such as penile
carcinoma, trauma, severe erectile dysfunction, and congenital conditions like ambiguous genitalia, hypo-
spadias, and epispadias. One of the major limitations of phallic reconstructive surgery is the availability
of sufficient autologous tissue. Phallic reconstruction using autologous tissue, derived from the patient’s
own cells, may be preferable in selected cases.

29.3.4 Reconstruction of Corporal Tissues

One of the major components of the phallus is corporal smooth muscle. The creation of autologous
functional and structural corporal tissue de novo would be beneficial.
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Initial experiments were performed in order to determine the feasibility of creating corporal tissue
in vivo using cultured human corporal smooth muscle cells seeded onto biodegradable polymers [70].
Primary normal human corpus cavernosal smooth muscle cells were isolated from normal young adult
patients after informed consent during routine penile surgery. Muscle cells were maintained in culture,
seeded onto biodegradable polymer scaffolds, and implanted subcutaneously in athymic mice. Implants
were retrieved at 7, 14, and 24 days after surgery for analyses. Corporal smooth muscle tissue was identified
grossly and histologically. Intact smooth muscle cell multilayers were observed growing along the surface
of the polymers throughout all time points. Early vascular ingrowth at the periphery of the implants was
evident by 7 days. By 24 days, there was evidence of polymer degradation. Smooth muscle phenotype was
confirmed immunocytochemically and by Western blot analyses with antibodies to alpha smooth muscle
actin.

In order to engineer functional corpus cavernosum, both smooth muscle and sinusoidal endothelial
cells are essential. However, penile sinusoidal endothelial cells had not been extensively cultured in the
past, and had not been fully characterized. A method of isolation and expansion of sinusoidal endothelial
cells from corpora cavernosa was devised, and cell function and gene expression were characterized.

When grown on collagen, corporal cavernosal endothelial cells formed capillary structures, which
created a complex three-dimensional capillary network. The possibility of developing human corporal
tissue in vivo by combining smooth muscle and endothelial cells was investigated [71]. Primary normal
human corpus cavernosal smooth muscle cells and ECV 304 human endothelial cells were seeded on
biodegradable polymers and implanted in the subcutaneous space of athymic mice. At retrieval all polymer
scaffolds seeded with cells had formed distinct tissue structures and maintained their preimplantation size.
The control scaffolds without cells had decreased in size with increasing time. Histologically, all of the
retrieved polymers seeded with corporal smooth muscle and endothelial cells showed the survival of the
implanted cells. The presence of penetrating native vasculature was observed 5 days after implantation.
The formation of multilayered strips of smooth muscle adjacent to endothelium was evident by 7 days
after implantation. Increased smooth muscle organization and accumulation of endothelium lining the
luminal structures were evident 14 days after implantation. A well-organized construct, consisting of
muscle and endothelial cells, was noted at 28 and 42 days after implantation. A marked degradation of
the polymer fibers was observed by 28 days. There was no evidence of tissue formation in the controls
(polymers without cells). The results of these studies suggested that the creation of well-vascularized
autologous corporal-like tissue, consisting of smooth muscle and endothelial cells, may be possible.

The aim of phallic reconstruction is to achieve structurally and functionally normal genitalia. It had
been shown that human cavernosal smooth muscle and endothelial cells seeded on polymers would
form tissue composed of corporal cells when implanted in vivo. However, corporal tissue structurally
identical to the native corpus cavernosum was not achieved, due to the type of polymers used. Therefore,
a naturally derived acellular corporal tissue matrix that possesses the same architecture as native corpora
was developed. The feasibility of developing corporal tissue, consisting of human cavernosal smooth
muscle and endothelial cells in vivo, using an acellular corporal tissue matrix as a cell delivery vehicle was
explored [72]. Acellular collagen matrices were derived from processed donor rabbit corpora using cell
lysis techniques. Human corpus cavernosal muscle and endothelial cells were derived from donor penile
tissue, the cells were expanded in vitro, seeded on the acellular matrices, and implanted subcutaneously in
athymic mice. Western blot analysis detected alpha actin, myosin and tropomyosin proteins from human
corporal smooth muscle cells. Expression of muscarinic acetylcholine receptor (mAChR) subtype m4
mRNA was demonstrated by RT-PCR from corporal muscle cells 8 weeks prior to and after seeding.
The implanted matrices showed neovascularity into the sinusoidal spaces by 1 week after implantation.
Increasing organization of smooth muscle and endothelial cells lining the sinusoidal walls was observed at
2 weeks and continued with time. The matrices were covered with the appropriate cell architecture 4 weeks
after implantation. The matrices showed a stable collagen concentration over 8 weeks, as determined by
hydroxy-proline quantification. Immunocytochemical studies using alpha actin and Factor VIII antibodies
confirmed the presence of corporal smooth muscle and endothelial cells, both in vitro and in vivo, at all
time points. There was no evidence of cellular organization in the control matrices.



mikos: “9026_c029” — 2007/4/9 — 15:53 — page 9 — #9

Stem Cells and Cloning 29-9

In another study, we attempted to replace entire crossectional segments of both corporal bodies of penis
in vivo by interposing engineered tissue in rabbits and investigated their structural and functional integrity
[73]. Autologous cavernosal smooth muscle and endothelial cells were harvested, expanded, and seeded
on acellular collagen matrices. The entire cross section of the protruding rabbit phallus (∼0.7 cm long;
1/3 of penile shaft) was excised, leaving the urethra intact. Matrices with and without cells were interposed
into the excised corporal space. Additional rabbits, without surgical intervention, served as controls. The
experimental corporal bodies demonstrated adequate structural and functional integrity by cavernoso-
graphy and cavernosometry. Mating activity in the animals with the engineered corpora normalized by
3 months. The presence of sperm was confirmed during mating, and was present in all the rabbits with the
engineered corpora. Grossly, the corporal implants with cells showed continuous integration of the graft
into native tissue. Histologically, sinusoidal spaces and walls, lined with endothelium and smooth muscle,
were observed in the engineered grafts. Grafts without cells contained fibrotic tissue and calcifications
with sparse corporal elements. Each cell type was identified immunohistochemically and by Western blot
analyses. These studies demonstrate that it is possible to engineer autologous functional penile tissue. Our
laboratory is currently working on increasing the size of the engineered constructs.

29.4 Engineered Penile Prostheses

Although silicone is an accepted biomaterial for penile prostheses, biocompatibility is a concern [74,75].
The use of a natural prosthesis composed of autologous cells may be advantageous. A feasibility study for
creating natural penile prostheses made of cartilage was performed initially [76].

Cartilages, harvested from the articular surface of calf shoulders, were isolated, grown, and expanded
in culture. The cells were seeded onto preformed cylindrical polyglycolic acid polymer rods (1 cm in
diameter and 3 cm in length). The cell-polymer scaffolds were implanted in the subcutaneous space of
20 athymic mice. Each animal had two implantation sites consisting of a polymer scaffold seeded with
chondrocytes and a control (polymer alone). The rods were retrieved at 1, 2, 4, and 6 months post-
implantation. Biomechanical properties, including compression, tension, and bending were measured
on the retrieved structures. Histological analyses were performed to confirm the cellular composition. At
retrieval, all of the polymer scaffolds seeded with cells formed milky-white rod-shaped solid cartilaginous
structures, maintaining their preimplantation size and shape. The control scaffolds without cells failed
to form cartilage. There was no evidence of erosion, inflammation, or infection in any of the implanted
cartilage rods.

The compression, tension, and bending studies showed that the cartilage structures were readily elastic
and could withstand high degrees of pressure. Biomechanical analyses showed that the engineered cartilage
rods possessed the mechanical properties required to maintain penile rigidity. The compression studies
showed that the cartilage rods were able to withstand high degrees of pressure. A ramp compression speed
of 200 µm/sec, applied to each cartilage rod up to 2000 µm in distance, resulted in 3.8 kg of resistance.
The tension relaxation studies demonstrated that the retrieved cartilage rods were able to withstand stress
and were able to return to their initial state while maintaining their biomechanical properties. A ramp
tension speed of 200 µm/sec applied to each cartilage rod created a tensile strength of 2.2 kg, which
physically lengthened the rods an average of 0.48 cm. Relaxation of tension at the same speed resulted
in retraction of the cartilage rods to their initial state. The bending studies performed at two different
speeds showed that the engineered cartilage rods were durable, malleable, and were able to retain their
mechanical properties. Cyclic compression, performed at rates of 500 and 20,000 µm/sec, demonstrated
that the cartilage rods could withstand up to 3.5 kg of pressure at a predetermined distance of 5000 µm.
The relaxation phase of the cyclic compression studies showed that the engineered rods were able to
maintain their tensile strength. None of the rods were ruptured during the biomechanical stress relaxation
studies.

Histological examination with hematoxylin and eosin showed the presence of mature and well-formed
cartilage in all the chondrocyte-polymer implants. The polymer fibers were progressively replaced by
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cartilage with time progression. Undegraded polymer fibers were observed at 1 and 2 months after implant-
ation. However, remnants of polymer scaffolds were not present in the cartilage rods at 6 months. Aldehyde
fuschin-alcian blue and toluidine blue staining demonstrated the presence of highly sulfated mucopolysac-
charides, which are differentiated products of chondrocytes. There was no evidence of cartilage formation
in the controls.

In a subsequent study using an autologous system, the feasibility of applying the engineered cartilage
rods in situ was investigated [77]. Autologous chondrocytes harvested from rabbit ear were grown and
expanded in culture. The cells were seeded onto biodegradable poly-l-lactic acid coated polyglycolic acid
polymer rods at a concentration of 50× 106 chondrocytes/cm3. Eighteen chondrocyte-polymer scaffolds
were implanted into the corporal spaces of 10 rabbits. As controls, two corpora, one each in 2 rabbits,
were not implanted. The animals were sacrificed at 1, 2, 3, and 6 months after implantation. Histological
analyses were performed with hematoxylin and eosin, aldehyde fuschin-alcian blue, and toluidine blue
staining. All animals tolerated the implants for the duration of the study without any complications. Gross
examination at retrieval showed the presence of well-formed milky-white cartilage structures within the
corpora at 1 month. All polymers were fully degraded by 2 months. There was no evidence of erosion
or infection in any of the implant sites. Histological analyses with alcian blue and toluidine blue staining
demonstrated the presence of mature and well-formed chondrocytes in the retrieved implants. Subsequent
studies were performed assessing the functionality of the cartilage penile rods in vivo long term. To date,
the animals have done well, and can copulate and impregnate their female partners without problems.
Further functional studies need to be completed before applying this technology to the clinical setting.

29.5 Other Applications of Genitourinary Tissue Engineering

29.5.1 Injectable Therapies

Both urinary incontinence and vesicoureteral reflux are common conditions affecting the genitourinary
system, wherein injectable bulking agents can be used for treatment. There are definite advantages in
treating urinary incontinence and vesicoureteral reflux endoscopically. The method is simple and can be
completed in less than 15 min, it has a low morbidity and it can be performed on an outpatient basis.
The goal of several investigators has been to find alternate implant materials, which would be safe for
human use [78].

The ideal substance for the endoscopic treatment of reflux and incontinence should be injectable,
nonantigenic, nonmigratory, volume stable, and safe for human use. Toward this goal long-term studies
were conducted to determine the effect of injectable chondrocytes in vivo [79]. It was initially determined
that alginate, a liquid solution of gluronic and mannuronic acid, embedded with chondrocytes, could
serve as a synthetic substrate for the injectable delivery and maintenance of cartilage architecture in vivo.
Alginate undergoes hydrolytic biodegradation and its degradation time can be varied depending on
the concentration of each of the polysaccharides. The use of autologous cartilage for the treatment of
vesicoureteral reflux in humans would satisfy all the requirements of an ideal injectable substance. A biopsy
of the ear could be easily and quickly performed, followed by chondrocyte processing and endoscopic
injection of the autologous chondrocyte suspension for the treatment reflux.

Chondrocytes can be readily grown and expanded in culture. Neocartilage formation can be achieved
in vitro and in vivo using chondrocytes cultured on synthetic biodegradable polymers [79]. In these experi-
ments, the cartilage matrix replaced the alginate as the polysaccharide polymer underwent biodegradation.
This system was adapted for the treatment of vesicoureteral reflux in a porcine model [80].

Six mini swine underwent bilateral creation of reflux. All six were found to have bilateral reflux without
evidence of obstruction at 3 months following the procedure. Chondrocytes were harvested from the left
auricular surface of each mini swine and expanded with a final concentration of 50–150× 106 viable cells
per animal. The animals underwent endoscopic repair of reflux with the injectable autologous chondrocyte
solution on the right side only. Serial cystograms showed no evidence of reflux on the treated side and
persistent reflux in the uncorrected control ureter in all animals. All animals had a successful cure of reflux
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in the repaired ureter without evidence of hydronephrosis on excretory urography. The harvested ears had
evidence of cartilage regrowth within 1 month of chondrocyte retrieval.

At the time of sacrifice, gross examination of the bladder injection site showed a well-defined rubbery
to hard cartilage structure in the subureteral region. Histologic examination of these specimens showed
evidence of normal cartilage formation. The polymer gels were progressively replaced by cartilage with
increasing time. Aldehyde fuschin-alcian blue staining suggested the presence of chondroitin sulfate.
Microscopic analyses of the tissues surrounding the injection site showed no inflammation. Tissue sec-
tions from the bladder, ureters, lymph nodes, kidneys, lungs, liver, and spleen showed no evidence of
chondrocyte or alginate migration, or granuloma formation. These studies showed that chondrocytes can
be easily harvested and combined with alginate in vitro, the suspension can be easily injected cystoscopic-
ally and the elastic cartilage tissue formed is able to correct vesicoureteral reflux without any evidence of
obstruction [80].

Two multicenter clinical trials were conducrted using the above engineered chondrocyte technology.
Patients with vesicoureteral reflux were treated at 10 centers throughout the United States. The patients
had a similar success rate as with other injectable substances in terms of cure (Figure 29.3). Chondrocyte
formation was not noted in patients who had treatment failure. The patients who were cured would
supposedly have a biocompatible region of engineered autologous tissue present, rather than a foreign
material [81]. Patients with urinary incontinence were also treated endoscopically with injected chondro-
cytes at three different medical centers. Phase 1 trials showed an approximate success rate of 80% at both 3
and 12 months postoperatively [82].

The potential use of injectable, cultured myoblasts for the treatment of stress urinary incontinence
has been investigated [83,84]. Primary myoblasts obtained from mouse skeletal muscle were transduced
in vitro to carry the β-galactosidase reporter gene and were then incubated with fluorescent microspheres,
which would serve as markers for the original cell population. Cells were then directly injected into the
proximal urethra and lateral bladder walls of nude mice with a micro-syringe in an open surgical procedure.
Tissue was harvested up to 35 days postinjection, analyzed histologically, and assayed for β-galactosidase
expression. Myoblasts expressing B-galactosidase and containing fluorescent microspheres were found
at each of the retrieved time points. In addition, regenerative myofibers expressing β-galactosidase were
identified within the bladder wall. By 35 days postinjection, some of the injected cells expressed the
contractile filament α-smooth muscle actin, suggesting the possibility of myoblastic differentiation into
smooth muscle. The authors reported that a significant portion of the injected myoblast population
persisted in vivo. Similar techniques of sphincteric derived muscle cells have been used for the treatment
of urinary incontinence. Strasser from Innsbuck, Austria harvested muscle samples from pigs, dissociated
the cells, and injected autologous pure clones of myoblasts into the urethral wall of pigs under sonographic
visualization. Postoperatively maximal urethral closure pressures were increased markedly in most pigs
and the zone of higher urethral closure pressure was lengthened compared to preoperative measurements
[85]. The fact that myoblasts can be transfected, survive after injection, and begin the process of myogenic
differentiation, further supports the feasibility of using cultured cells of muscular origin as an injectable
bioimplant.

29.6 Stem Cells for Tissue Engineering

Most current strategies for engineering urologic tissues involve harvesting of autologous cells from the
host diseased organ. However, in situations wherein extensive end stage organ failure is present, a tissue
biopsy may not yield enough normal cells for expansion. Under these circumstances, the availability of
pluripotent stem cells may be beneficial. Pluripotent embryonic stem cells are known to form teratomas
in vivo, which are composed of a variety of differentiated cells. However, these cells are immunocompetent,
and would require immunosuppression if used clinically.

The possibility of deriving stem cells from postnatal mesenchymal tissue from the same host, and
inducing their differentiation in vitro and in vivo, was investigasted. Stem cells were isolated from human
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foreskin derived fibroblasts. Stem cell derived chondrocytes were obtained through a chondrogenic lineage
process. The cells were grown, expanded, seeded onto biodegradable scaffolds, and implanted in vivo,
where they formed mature cartilage structures. This was the first demonstration that stem cells can be
derived from postnatal connective tissue and can be used for engineering tissues in vivo ex situ [86].

A second approach which has been pursued for stem lineage isolation involves the isolation of stem
cells from individual organs. For example, daily female hormone supplementation is used widely, most
commonly in postmenopausal women. A continuous and unlimited hormonal supply produced from
ovarian granulosa cells would be an attractive alternative. The feasibility of isolating functional human
ovarian granulosa stem cells, which, unlike primary cells, may have the ability to proliferate and function
indefinitely, was investigated.

Granulosa stem cells were selectively isolated from postmenopausal human ovaries and their phenotype
was confirmed with the stem cell marker antibodies, CD 34, CD 105, and CD 90. The granulosa stem cells
in culture showed steady state progesterone (5 to 7 ng/ml) and estradiol (2500 to 3000 pg/ml) production
either with or without hCG stimulation [87].

29.7 Therapeutic Cloning

Nuclear transplantation (“therapeutic cloning”) could theoretically provide a limitless source of cells for
regenerative therapy. According to data from the Centers for Disease Control, as many as 3000 Amer-
icans die every day from diseases that in the future may be treatable with embryonic stem (ES)-derived
tissues [88]. In addition to generating functional replacement cells such as cardiomyocytes and neur-
ons, there is also the possibility that these cells could be used to reconstitute more complex tissues and
organs, including kidneys [89–91]. Somatic cell nuclear transfer (SCNT) has the potential to eliminate
immune responses associated with the transplantation of these various tissues, and thus the requirement
for immunosuppressive drugs or immunomodulatory protocols that carry the risk of a wide variety of
serious and potentially life-threatening complications (Figure 29.4) [92].

Although the goal of “therapeutic” cloning is to generate replacement cells and tissues that are genetically
identical with the donor, numerous studies have shown that animals produced by the SCNT technique

FIGURE 29.4 Therapeutic cloning strategy and its application to the engineering of tissues and organs.
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inherit their mitochondria entirely or in part from the recipient oocyte and not the donor cell [93–95].
This raises the question of whether nonself mitochondrial proteins in cells could lead to immunogenicity
after transplantation and defeat the main objective of the procedure.

We tested the histocompatibility of nuclear-transfer-generated cells and engineered tissues in a large
animal model, the cow (Bos taurus). Cloned muscle cell implants were not rejected, and they remained
viable after being transplanted back into the nuclear donor animal despite expressing a different mtDNA
haplotype. We also showed that nuclear transplantation can be used to generate functional renal struc-
tures. Owing to its complex structure and function [95], the kidney is one of the most challenging organs
to reconstruct in the body. Previous efforts at tissue engineering the kidney have been directed toward
development of an extracorporeal renal support system comprising both biologic and synthetic compon-
ents [97–99]. This approach was first described by Aebischer et al. [100,101] and is being focused toward
the treatment of acute rather than chronic renal failure. Humes et al. [97] have shown that the combin-
ation of hemofiltration and a renal-assist device containing tubule cells can replace certain physiologic
functions of the kidney when they are connected in an extravascular perfusion circuit in uremic dogs.
Heat exchangers, flow and pressure monitors, and multiple pumps are required for optimal function-
ing of this device [102,103]. Although ex vivo organ substitution therapy would be life-sustaining, there
would be obvious benefits for patients if such devices could be implanted long term without the need
for an extracorporeal perfusion circuit or immunosuppressive drugs or immune modulatory protocols.
While synthetic, selectively permeable barriers can be used ex vivo to separate transplanted cells from the
immune system of the body, the implantation of such immunoisolation systems would pose significant
difficulties in both the long and short term [104–107]. We demonstrated that it may be feasible to use
therapeutic cloning to generate functional immune-compatible renal tissues [108].

Dermal fibroblasts were isolated from adult Holstein steers by ear notch. Bovine oocytes were obtained
from abattoir-derived ovaries. The oocytes were mechanically enucleated at 18 to 22 h postmaturation,
and complete enucleation of the metaphase plate was confirmed with bisBenzimide dye under fluorescence
microscopy. A suspension of actively dividing cells was prepared immediately prior to nuclear transfer.
Single donor cells were selected and transferred into the perivitelline space of the enucleated oocytes.
Fusion of the cell–oocyte complexes was accomplished by applying a single pulse of 2.4 kV/cm for 15µsec.
Nuclear transfer embryos were activated with exposure to Ionomycin. The resulting blastocysts were
nonsurgically transferred into progestrin-synchronized recipients. The cloned renal and muscle cells were
isolated and expanded in vitro after 12 weeks. The expanded cloned renal cells were successfully seeded
onto renal units, and implanted back into the nuclear donor organism without immune destruction. The
cells organized into glomeruli- and tubule-like structures with the ability to excrete toxic metabolic waste
products through a urine-like fluid.

29.7.1 Muscle

Tissue engineered constructs containing bovine muscle cells seeded onto PGA matrices were transplanted
subcutaneously and retrieved 6 weeks after implantation. After retrieval of the first-set implants, a second
set of constructs from the same donor were transplanted for a further 12 weeks. On a histological level,
the cloned muscle tissue appeared intact, and showed a well-organized cellular orientation with spindle-
shaped nuclei. Immunohistochemical analysis identified muscle fibers within the implanted constructs.
In contrast to the cloned implants, the allogeneic, control cell implants failed to form muscle bundles,
and showed an increased number of inflammatory cells, fibrosis, and necrotic debris consistent with acute
rejection. Semiquantitative RT-PCR and Western blot analysis confirmed the expression of muscle specific
mRNA and proteins in the retrieved tissues despite the presence of allogeneic mitochondria. In contrast,
expression intensities were significantly lower or absent in constructs generated from genetically unrelated
cattle.

Immunocytochemical analysis using CD4- and CD8-specific antibodies identified an approximately
twofold increase in CD4+ and CD8+ T cells within the explanted first and second set control vs. cloned
constructs. Importantly, first and second set cloned constructs exhibited comparable levels of CD4 and
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FIGURE 29.5 Tissue-engineered renal units. Illustration of renal unit (a) and unit seeded with cloned cells, showing
the accumulation of urinelike fluid, retrieved 3 months after implantation (b).

CD8 expression, arguing against the presence of an enhanced second set reaction as would be expected
if mtDNA-encoded minor antigen differences were present. Western blot analysis of the first-set explants
indicated an approximately sixfold increase in expression intensity of CD4 in the control vs. cloned
constructs at 6 weeks, confirming a primary immune response to the control grafts. There was also
a significant increase in the mean expression intensities of CD8 in the control vs. cloned constructs
at 6 weeks. Twelve weeks after second-set implantation, mean expression intensities of CD4 and CD8
continued to remain significantly elevated in the control vs. cloned constructs.

29.7.2 Kidney

The renal cells obtained through nuclear transfer demonstrated immunochemically the expression of
renal specific proteins, including synaptopodin (produced by podocytes), aquaporin 1 (AQP1, produced
by proximal tubules and the descending limb of the loop of Henle), aquaporin 2 (AQP2, produced by
collecting ducts), Tamm–Horsfall protein (produced by the ascending limb of the loop of Henle), and
factor VIII (produced by endothelial cells). Synaptopodin and AQP1 & 2 expressing cells exhibited circular
and linear patterns in two-dimensional culture, respectively. After expansion, the renal cells were shown
to produce both erythropoietin and 1,25-dihydroxyvitamin D3, a key endocrinologic metabolite. The
cloned cells produced erythropoietin and were responsive to hypoxic stimulation.

The cloned renal cells were seeded onto collagen-coated cylindrical polycarbonate membranes. Renal
devices with collecting systems were constructed by connecting the ends of three membranes with catheters
that terminated in a reservoir (Figure 29.5). Thirty-one units (n = 19 with cloned cells, n = 6 without
cells, and n = 6 with cells from an allogeneic control fetus) were transplanted subcutaneously and
retrieved 12 weeks after implantation back into the nuclear donor animal.

On gross examination, the explanted units appeared intact, and straw-yellow colored fluid could be
observed in the reservoirs of the cloned group. There was a sixfold increase in volume in the experi-
mental group vs. the control groups. Chemical analysis of the fluid suggested unidirectional secretion and
concentration of urea nitrogen and creatinine.

Physiological function of the implanted units was further evidenced by analysis of the electrolyte levels
in the collected fluid as well as specific gravity and glucose concentrations. The electrolyte levels detected in
the fluid of the experimental group were significantly different from plasma or the controls. These findings
indicate that the implanted renal cells possess filtration, reabsorption, and secretory functions. Urine
specific gravity is an indicator of kidney function and reflects the action of the tubules and collecting ducts
on the glomerular filtrate by furnishing an estimate of the number of particles dissolved in the urine. The
urine-specific gravity of cattle is reported as approximately 1.025 (vs. 1.027± 0.001 for the fluid that was
produced by the cloned renal units), and normally ranges from 1.020 to 1.040 (vs. approximately 1.010 in
normal bovine serum) [16,17]. The normal range of urine pH for adult herbivores is alkaline, with values
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Glomerulus

Tubule

Polycarbonate
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FIGURE 29.6 Characterization of renal explants. Cloned cells stained positively with synaptopodin antibody (a) and
AQP1 antibody (b). The allogeneic controls displayed a foreign body reaction with necrosis (c). Cloned explant shows
organized glomeruli (d) and tubule-like structures (e). H&E, reduced from 400×. Immunohistochemical analysis using
factor VIII antibodies identifies vascular structure within d (f). Reduced from×400. There was a clear unidirectional
continuity between the mature glomeruli, their tubules, and the polycarbonate membrane (g).

ranging from 7.0 to 9.0 [17] (the pH of the fluid from the cloned renal units was 8.1±0.20). Glucose is
reabsorbed in the proximal tubules, and is seldom present in the urine of cattle. Glucose was undetectable
(<10 mg/dl) in the cloned renal fluid (vs. blood glucose concentrations of 76.6± 0.04 mg/dl).

The retrieved implants demonstrated extensive vascularization, and had self-assembled into glomeruli
and tubule-like structures. The latter were lined with cuboid epithelial cells with large, spherical, and pale-
stained nuclei, whereas the glomeruli structures exhibited a variety of cell types with abundant red blood
cells. There was a clear continuity between the mature glomeruli, their tubules, and the polycarbonate
membrane. The renal tissues were integrally connected in a unidirectional manner to the reservoirs,
resulting in the excretion of dilute urine into the collecting systems.

Immunohistochemical analysis confirmed expression of renal specific proteins, including AQP1, AQP2,
synaptopodin, and factor VIII. Antibodies for AQP1, AQP2, and synaptopodin identified tubular, col-
lecting tubule, and glomerular segments within the constructs, respectively. In contrast, the allogeneic
controls displayed a foreign body reaction with necrosis, consistent with the finding of acute rejection.
RT-PCR analysis confirmed the transcription of AQP1, AQP2, synaptopodin, and Tamm–Horsfall genes
exclusively in the cloned group. Cultured and cloned cells also expressed high protein levels of AQP1,
AQP2, synaptopodin, and Tamm–Horsfall protein as determined by Western blot analysis. Expression
intensity of CD4 and CD8, markers for inflammation and rejection, were also significantly higher in the
control vs. cloned group (Figure 29.6).

29.7.2.1 Mitochondrial DNA analysis

Previous studies showed that bovine clones harbor the oocyte mtDNA [93–95,109]. Differences in
mtDNA-encoded proteins expressed by clone cells could stimulate a T cell response specific for mtDNA-
encoded minor histocompatibility antigens (miHA) [110] when clone cells are transplanted back to the
original nuclear donor. The most straightforward approach to resolve the question of miHA involvement
is the identification of potential antigens by nucleotide sequencing of the mtDNA genomes of the clone
and fibroblast nuclear donor. The contiguous segments of mtDNA that encode 13 mitochondrial proteins
and tRNAs were amplified by PCR from total cell DNA in five overlapping segments. These amplicons
were directly sequenced on one strand with a panel of sequencing primers spaced at 500 bp intervals.

The resulting nucleotide sequences (13,210 bp) revealed nine nucleotide substitutions for the first
donor : recipient combination (muscle constructs). One substitution was in the tRNA-Gly segment and
five substitutions were synonymous. The sixth substitution, in the ND1 gene, was heteroplasmic in the
nuclear donor where one of the two alternative nucleotides was shared with the clone. A Leu or Arg would
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be translated at this position in ND1. The eighth and ninth substitutions resulted in amino acid (AA)
interchanges of Asn > Ser and Val > Ala in the ATPase6 and ND4L genes, respectively. For the second
donor : recipient combination (renal constructs), we obtained 12,785 bp from both the clone and nuclear
donor animal. The resulting sequences revealed six nucleotide substitutions. One substitution was in the
tRNA-Arg segment and three substitutions were synonymous. The fifth and sixth substitutions resulted
in AA interchanges of Ile>Thr and Thr>Ile in the ND2 and ND5 genes, respectively. The identification
of two AA substitutions that distinguish the clone and the nuclear donor confirm that a maximum of
only two miHA peptides could be defined by the second donor : recipient combination. Given the lack
of knowledge concerning peptide binding motifs for bovine MHC class I molecules, there is no reliable
method to predict the impact of these AA substitutions on the ability of mtDNA-encoded peptides to
either bind to bovine class I molecules or activate CD8+CTLs.

Although the cloned renal cells derived their nuclear genome from the original fibroblast donor, their
mtDNA was derived from the original recipient oocyte. A relatively limited number of mtDNA poly-
morphisms have been shown to define maternally transmitted miHA in mice [110]. This class of miHA
has been shown to stimulate both skin allograft rejection in vivo and expansion of cytotoxic T lymphocytes
(CTL) in vitro [110], and could constitute a barrier to successful clinical use of such cloned devices as
hypothesized for chronic rejection of MHC-matched human renal transplants [111,112]. We chose to
investigate a possible anti-miHA T cell response to the cloned renal devices through both delayed-type
hypersensitivity (DTH) testing in vivo and Elispot analysis of IFNg-secreting T cells in vitro. An in vivo
assay of anti-miHA immunity was chosen based on the ability skin allograft rejection to detect a wide
range of miHA in mice with survival times exceeding 10 weeks [113] and the relative insensitivity of
in vitro assays in detecting miHA incompatibility, highlighted by the requirement for in vivo priming to
generate CTL [114]. We were unable to discern an immunological response directed against the cloned
cells by DTH testing in vivo. Cloned and control allogeneic cells were intradermally injected back into
the nuclear donor animal 80 days after the initial transplantation. A positive DTH response was observed
after 48 h for the allogeneic control cells but not the cloned cells.

The results of DTH analysis were mirrored by Elispot-derived estimates of the frequencies of T cells that
secreted IFN-gamma following in vitro stimulation. PBLs were harvested from the transplanted recipient
1 month after retrieval of the devices. These PBLs were stimulated in primary mixed lymphocyte cultures
(MLCs) with allogeneic renal cells, cloned renal cells, and nuclear donor fibroblasts. Surviving T cells
were restimulated in anti-IFN-gamma-coated wells with either nuclear donor fibroblasts (autologous
control) or the respective stimulators used in the primary MLCs. Elispot analysis revealed a relatively
strong T cell response to allogeneic renal stimulator cells relative to the responses to either cloned renal
cells or nuclear donor fibroblasts. These results corroborate both the relative CD4 and CD8 expression
in Western blots as well as the results of in vivo DTH testing to support the conclusion that there was no
detectable rejection response that was specific for cloned renal cells following either primary or secondary
challenge. Our results suggest that cloned cells and tissues can be grafted back into the nuclear donor
organism without immune destruction. These were the first proof-of-principle studies to demonstrate
that therapeutic cloning is feasible.

29.8 Conclusion

Tissue engineering efforts are currently being undertaken for every type of tissue and organ within the
urinary system. Most of the effort expended to engineer genitourinary tissues has occurred within the
last decade. Tissue engineering techniques require a cell culture, facility designed for human application.
Personnel who have mastered the techniques of cell harvest, culture, and expansion as well as polymer
design are essential for the successful application of this technology. Various engineered genitourinary
tissues are at different stages of development, with some already being used clinically, a few in preclinical
trials, and some in the discovery stage. Recent progress suggests that engineered urologic tissues may have
an expanded clinical applicability in the future.
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30.1 Introduction

Approximately 30,000 patients die each year from end-stage liver disease in the United States. About 80%
of these patients have decompensated chronic liver disease, typically caused by alcoholism or chronic
hepatitic C infection, and less commonly by a genetic — hepatocellular or anatomic — defect of liver
function, or cancer. The other 20% die of acute liver failure (without preexisting chronic liver disease),
which has various etiologies, including ischemia–reperfusion injury during liver surgery, acetaminophen
poisoning, viral hepatitis, severe sepsis, idiosyncratic drug reactions, etc. Acute liver failure symptoms
develop over a period of 6 weeks to 6 months and lead to death in over 80% of the cases, usually from
cerebral edema, complications due to coagulopathy, and renal dysfunction. A more severe form of acute
liver failure — fulminant hepatic failure — is characterized by a more rapid evolution (2 to 6 weeks).

Orthotopic liver transplantation (OLT) is the only clinically proven effective treatment for patients
with end-stage liver disease. The majority of donor livers are obtained from brain-dead cadavers that
still possess respiratory and circulatory functions at the time of organ retrieval. Expansion of the donor
pool to include living donors, marginal and domino livers, as well as using split livers has been a major
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focus of transplant surgeons in the past few years. Although this may alleviate the donor organ shortage,
there still remains a great potential benefit to developing alternatives that could be more cost-effective
and less invasive, such as adjunct and temporary liver support. These approaches may find applications in
the treatment of acute liver failure by allowing endogenous liver regeneration, as well as in chronic liver
failure by ameliorating complications arising from the disease. Temporary liver support may also serve as
a bridge to OLT by allowing more time to find a better match between donor and recipient or stabilize the
patient prior to surgery.

30.2 Adjunct Internal Liver Support

A situation in which the native liver retains some functional capabilities is most amenable to adjunct liver
support. The concept of adjunct liver support has been validated by the success of auxiliary partial liver
transplantation [1,2]. However, primary nonfunction and vascular complications, for example, portal
vein thrombosis, are more frequent with auxiliary partial liver transplantation than with whole liver
transplantation. On the other hand, in certain situations, for example, fulminant hepatic failure (FHF),
the native liver recovered and the patients could be safely removed from immunosuppressive drug therapy.
Hepatocyte transplantation and hepatocyte-based implantable devices are an appealing alternative to
auxiliary partial liver transplantation for several reasons (a) several patients could be treated with one single
donor liver; (b) the implantation procedure could be performed using less invasive surgery; (c) isolated
liver cells can be cryopreserved for long times; and (d) the liver cells could be genetically engineered in vitro
to upregulate specific functions.

30.2.1 Hepatocyte Transplantation

Hepatocyte transplantation is the simplest form of adjunct internal liver support and has been investigated
for over 25 years. In general, the efficiency of engraftment has been found to be quite low and a lag time,
which may be as much as 48 h, is necessary before any clinical benefit occurs [3]. Thus, this approach
offers an attractive prospect for correcting mostly nonemergency conditions such as inherited metabolic
defects of the liver [4]. In early studies the choice of the transplantation site was dictated by accessibility
and ease of procedure, as well as by spatial considerations: the pulmonary vascular bed, dorsal and
inguinal fat pads, and peritoneal cavity. However, expression of liver-specific functions by transplanted
hepatocytes could not be achieved in most of these ectopic sites. A microenvironment resembling that
of liver, including a basement substrate to promote hepatocyte anchorage and a venous blood supply
mimicking the mechanical and biochemical environment of the hepatic sinusoid is required [5]. The
splenic pulp and the host liver itself are now the preferred sites for transplantation of hepatocytes [6].
When implanted into the spleen, hepatocytes may engraft locally or migrate into the liver. Some of the
successes with hepatocyte transplantation in experimental animals, although often not very dramatic,
have prompted clinical studies. The best results have been obtained in the treatment of specific metabolic
disorders; however, except for one case with Crigler–Najjar syndrome type I, there was no detectable
long-term function of transplanted human hepatocytes [7].

30.2.2 Implantable Devices

To improve the survival and function of implanted hepatocytes, the latter have been incorporated into
biocompatible support materials, effectively constituting an implantable device. There are two major types
of implantables devices (a) hepatocytes in open matrices that allow tissue — especially blood vessels —
ingrowth from the host, thus leading to integration with the surrounding tissue, and (b) hepatocytes
isolated from the surrounding environment in the host by a selective membrane barrier.

In early studies, isolated hepatocytes attached to collagen-coated dextran microcarriers were trans-
planted by intraperitoneal injection in two rat models of liver dysfunction (a) the Nagase analbuminemic
rat, and (b) the Gunn rat, which has and inherited deficiency of bilirubin–uridine disphosphate
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glucuronosyltransferase activity causing a lack of conjugated bilirubin in the bile [8]. In both models,
microcarriers promoted cell attachment, survival, and function of the transplanted hepatocytes.

Prevascularizing the cell polymer devices in combination with hepatotrophic stimulation have been
used to encourage liver tissue regeneration around the implant [9]. Furthermore, materials that bio-
degrade at controlled rates in vivo (such as collagen and poly-lactic-glycolic co-polymers) can be used
[10,11], and novel techniques, such as solid freeform fabrication can be used to reproducibly manufacture
three-dimensional porous materials of well-defined pore size, distribution and interconnectivity [12,13].
Recently, novel biomaterials that are bioactive as well as resorbable have been developed [14]. For example,
biomaterials are being designed to stimulate tissue repair through the release of factors that elicit specific
cellular responses, such as cell proliferation, differentiation, and synthesis of extracellular matrix. Thus
far, one of the more common approaches is to incorporate growth factors into tissue-engineering scaffolds
[15,16]. There is also an interest in using “smart” materials consisting of stimuli-responsive polymers that
change their properties in response to changes in the external environment [17].

30.2.3 Encapsulated Hepatocytes

A limitation of hepatocyte-based devices using open matrices is the need to use the host’s own cells or at
the very least an allogeneic cell source, both of which are very difficult to obtain, which seriously limits the
usefulness of these devices. To circumvent this problem, there is great interest in using hepatocytes from
xenogeneic sources. Since there is no immunosuppressive regimen that currently exists to prevent rejection
of xenografts, hepatocytes have been encapsulated into small microspheres as well as into hollow fibers.
In theory, encapsulating with a synthetic, permeable membrane provides a physical separation which
protects the cells from the immune system of the host by excluding high molecular weight immunocom-
petent proteins (e.g., antibodies and complement) as well as leukocytes, while allowing free exchange of
nutrients and oxygen. Nevertheless, if the microcapsule causes complement activation after implantation,
the breakdown complement products could be small enough to enter the microcapsules and damage the
transplanted cells. Initial applications of semipermeable microcapsules contained hemoglobin as blood
substitute, enzymes to treat inborn errors of metabolism or absorbents to treat drug overdoses [18]. With
advances in genetically engineered cells, microencapsulated cells have been used to remove ammonia
in liver failure and amino acids such as phenylalanine in phenylketonuria [19]. Numerous studies have
been performed with encapsulated hepatocytes without immunosuppressive drugs. Transplantation of
microencapsulated xenogeneic hepatocytes into Gunn rats without immunosuppression reduced serum
bilirubin levels for up to 9 weeks before returning to control rat levels, possibly due to the deterioration
of the biomaterial [20]. The viability and function of encapsulated hepatocytes is highly dependent on
the composition of the hollow fiber material [21]. Better results may be possible if angiogenesis near the
capsule surface can be promoted [22], and the formation of a fibrotic layer around the capsule can be
avoided [23].

30.3 Extracorporeal Temporary Liver Support

Extracorporeal temporary liver support systems are life-support systems that are analogous in concept to
kidney dialysis machines, but specifically designed for liver failure patients. Since the liver has the ability
to regenerate, temporary liver support may be sufficient to prevent patient death during the most severe
phase of the illness, and allow regeneration of the host liver. The other main purpose of liver support
systems is to provide a bridge to transplantation while awaiting a suitable donor. Table 30.1 provides a
listing of the various techniques and systems currently being tested in a clinical setting.

30.3.1 Extracorporeal Whole Liver Perfusion

This technique was first used in humans in 1964 [24]. Xenogeneic (pig) livers were used for the first time
in human studies in 1965 [25]. Although it fell out of favor due to the development of OLT, extracorporeal
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whole liver perfusion has experienced renewed interest in recent years. Pascher et al. [26] analyzed data
from nearly 200 patients from studies conducted from 1964 to 2000, and overall the study concluded that
extracorporeal whole liver perfusion was not superior to conventional intensive care treatment approaches.

Early on, a major challenge of this technique was the relatively poor and unstable function of the
extracorporeal liver and hemodynamic instability of the patient, which have been improved by using dual
vessel (hepatic artery and portal vein) perfusion [27]. Studies in the period ranging from 1990 to 2000
have shown that patients treated with an extracorporeal liver and that survived all eventually received
OLT; thus, the extracorporeal liver was potentially effective as a bridge to transplantation, but not as a
substitute.

The shortage of human donors provides a strong motivation for the use of xenogeneic livers. Transgenic
pigs and immunoabsorption techniques have been used to reduce the effects of hyperacute rejection
[28–30]. Given that immune function is severely depressed in acute liver failure patients, this may not be
necessary for perfusions lasting 24 to 36 h [31–33]. Borie et al. [34] described an alternative approach to
isolate the xenogeneic liver from the host whereby a pig liver is perfused with pig blood in a secondary
circuit which is separated from the host’s blood by a microporous membrane. Although it appears that
immune incompatibilities could be addressed, some of the data suggest that baboon and human livers
may be more effective than livers from other species, suggesting an important role for proper matching of
the metabolic and physiological activities of the extracorporeal liver and host [35,36].

30.3.2 Dialysis and Filtration Systems

The first attempts at developing devices for temporary and adjunct liver support consisted of nonbiolo-
gical devices incorporating hemodialysis, hemofiltration, and/or plasma exchange units aimed at removing
toxins accumulating in the patient’s blood. Charcoal perfusion, the most extensively characterized non-
biological method, showed benefits in various animal models, but no survival benefit was reported in
the only one reported randomized clinical trial [37]. Recently, there has been renewed interest in further
refining these approaches, with three different systems at various stages of clinical assessment.

The Liver Dialysis Unit (Hemocleanse Technologies, West Lafayette, IN), an approved device in the
United States since 1996, is a modified dialysis machine wherein blood is dialyzed against a solution that
is continuously recycled through a mixture of sorbents including activated charcoal and an ion-exchange
resin. In several small randomized prospectively controlled trials carried out from 1992 to 1998, patients
were treated 6 h/day for 1 to 5 days, and the results showed a better outcome with patients with acute on
chronic liver failure, although there was no benefit for patients with FHF [38]. The lack of benefit in FHF
patients was attributed to the inability to clear strongly protein- or lipid-bound toxins, including bilirubin,
endotoxin, and inflammatory cytokines, that are too big to go across the 5 kDa molecular weight cut-off
of the dialysis module. A modified version of the device includes a plasma filter module wherein plasma
interacts directly with the sorbent particles, thus eliminating this barrier. In preliminary clinical studies,
including the plasma filter module resulted in decreases in bilirubin, aromatic amino acids, ammonium,
creatinine, and inflammatory mediators such as interleukin-1β [39], but not enough information was
available to make conclusions on the overall clinical benefit. A “second-generation” system is currently
being designed as kit to convert an existing kidney dialysis into a liver dialysis system, and being touted as
a more cost-effective system than its predecessor.

The Prometheus System (Fresenius Medical Care AG, Bad Homburg, Germany) is conceptually very
similar to the competing system described above, in that it also includes of two separate modules (a) a high-
flux dialyzer that removes water soluble toxins, and (b) a plasma filter module. The latter consists of a
large pore (250 kDa) hollow-fiber module that enables albumin along with hydrophobic toxins bound
to it to enter a closed loop circuit that contains sorbent materials that strip off the toxins and free up
the binding sites on albumin before it is returned to the blood stream. A clinical study in patients with
acute-on-chronic liver failure with accompanying hepatorenal syndrome shows that treatment decreased
circulating levels of many toxins, such as ammonia, bilirubin, bile acids, etc. although there was no
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improvement in the hepatic encephalopathy score [40]. More information on clinical efficacy awaits
prospective controlled studies with longer treatment periods.

The Molecular Adsorbent Recirculating System, also known as “MARS” (Teraklin, Rostock, Germany)
is a device wherein the patient’s blood is dialyzed against an albumin solution, the latter of which is recycled
continuously over stripping columns containing various sorbent materials, including activated charcoal
[41]. The dialysis membrane has a pore size of 50 kDa, which in principle allows small water-soluble
toxins (such as ammonia) to escape, and a hydrophobic coating which allows albumin-bound liposoluble
substances in the blood (such as bilirubin and benzodiazepines) to cross the membrane and be picked
up by the albumin in the dialysate. In this design, a single module can remove both water-soluble and
lipid-soluble toxins. Furthermore, the patient’s blood contacts the biocompatible membrane only, and
never comes into direct contact with the sorbent materials. Over 3000 patients with various etiologies
of liver dysfunction have been treated with this device, and generally show neurological improvement,
hemodynamic stabilization, and better hepatic and kidney functions following treatment [42,43]. The
small number of controlled trials available for acute liver failure also suggest increased survival in MARS-
treated patients [44–47]. Larger multicenter trials in the United States and Europe are currently under way
to confirm these very encouraging, yet preliminary, findings. Evidence shows that markers of oxidative
stress and systemic inflammation are also reduced after MARS treatment [48].

A meta-analysis published early in 2003 suggests that, overall, artificial liver support systems containing
no cells significantly reduced mortality in acute-on-chronic liver failure, although not acute liver failure
[49]. Preliminary economic evaluations of such treatments have been performed. In one study with
cirrhosis patients undergoing superimposed acute liver injury, cost savings due to reduced liver-disease-
related complications more than offset the additional cost of MARS treatment relative to conventional
therapy [50]. In another study with patients with acute-on-chronic liver failure due to alcoholic liver
disease, cumulative costs per patient in the first year were much higher in the MARS-treated group,
although the main explanation appears to be an increase in mean survival time of the patients [51].

30.3.3 Bioartificial Livers

Although such devices are in principle more complex than dialysis and filtration systems, they could
provide biochemical and synthetic functions that are not available in the systems containing no cells [52].
The mechanisms of liver failure are not yet well understood and the most critical hepatic functions in
patients undergoing liver failure not known; therefore, it is yet unclear whether dialysis and filtration
systems, which are likely to be cheaper, will supplant hepatocyte- or cell-based bioartificial livers.

30.3.3.1 Long-Term Hepatocyte Culture Systems

The availability of stable long-term liver cell culture systems that express high levels of liver-specific
functions is an essential step in the development of liver-assist devices using hepatocytes. Three types
of long-term culture techniques for adult hepatocytes have been used for bioartificial liver development:
(a) co-culture of hepatocytes with a “feeder” cell line, such as fibroblasts, (b) three-dimensional network
of collagen or other matrix, and (c) hepatocyte aggregates or spheroids. Hepatoma cell lines, which do
not require specific substrate configurations, have been used as well. Some of these techniques can be
combined; for example, Takezawa et al. [53,54] used thermally responsive polymer substrates to develop
multicellular spheroids of fibroblasts and hepatocytes.

30.3.3.1.1 Introducing Non-Parenchymal Cells
Approximately 20 years ago, it was discovered that hepatocytes could be cultured on “feeder or supportive
cells” to maintain their viability and function [55]. More recent studies showed that nonhepatic cells,
even from other species, could be used. In these culture systems, cell–cell interactions among hepatocytes
and cells of another type (rat liver epithelial cells, liver sinusoidal endothelial cells, or mouse embryonic
fibroblasts), or “heterotypic interactions,” are critical for the expression of hepatocellular functions. The
disadvantages of co-culture systems include the potential variability in the cell line used, and the additional
work needed to propagate that cell line in addition to attending to the isolation of hepatocytes.
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It may be desirable to optimize heterotypic cell–cell interactions in order to maximize the expression of
liver-specific functions of the co-cultures. Keeping in mind that cells cultured on surfaces do not usually
layer onto each other (except for malignant cancer cell lines), random seeding using a low ratio of paren-
chymal cells to feeder cells will achieve this goal, but at the expense of using a lot of the available surface
for fibroblasts, which do not provide the desired metabolic activity. On the other hand, micropatterning
techniques enable the optimization of the seeding pattern of both cell types so as to ensure that each
hepatocyte is near a feeder cell while minimizing the number of feeder cells [56]. As a result, metabolic
function per area of culture is increased and the ultimate size of a BAL with the required functional
capacity is reduced. In prior studies using circular micropatterns, function per hepatocyte increased when
the hepatocyte circle diameter decreased, and function per unit area of culture increased when the space
occupied by fibroblasts in-between the hepatocyte islands decreased (for a constant cell number ratio of
the two cell types).

Various methods for patterning the deposition of extracellular matrix or other cell attachment factors
onto surfaces have been developed [57]. Photolithography involves spin-coating a surface (typically silicon
or glass) with a∼1µm thick layer of photo-resist material, exposing the coated material to ultraviolet light
through a mask which contains the pattern of interest, and treating the surface with a developer solution
which dissolves the exposed regions of photo-resist only. This process leaves photo-resist in previously
unexposed areas of the substrate. The exposed areas of substrate can be chemically modified for attaching
proteins, etc., or treated with hydrofluoric acid to etch the material. The etching time controls the depth
of the channels created. The etched surfaces produced by photolithography can be used to micromold
various shapes in a polymer called poly(dimethylsiloxane) (PDMS). The PDMS cast faithfully reproduces
the shape of the silicon or glass mold to the micrometer scale, and can be used in various “soft lithography”
techniques, including microstamping, microfluidic patterning, and stencil patterning. An infinite number
of identical PDMS casts can be generated from a single master mold, which makes the technique very
inexpensive. Soft lithography methods can be used on virtually any type of surface, including curved
surfaces, owing to the flexibility of PDMS.

30.3.3.1.2 Hepatocyte Functional Heterogeneity
In the hepatic lobule, blood flows from the periportal outer region towards the central hepatic vein.
Hepatocytes in the periportal, intermediate or centrilobular, and perivenous zones exhibit different mor-
phological and functional characteristics. Spatial heterogeneity in the hepatic lobule is clearly important
for some aspects of hepatic function (Figure 30.1a). For example, urea synthesis is a process with high
capacity to metabolize ammonia but low affinity for the substrate. Ammonia removal by glutamine
synthesis is a high affinity process which removes traces of ammonia which cannot be metabolized by
the urea cycle [58]. Co-expression of both enzyme systems would not be productive because the higher
affinity process (glutamine synthesis) would be saturated under most operating conditions, leading to a
reduced efficiency in ammonia extraction. On the other hand, replicating the functional heterogeneity of
hepatocytes in the lobule would likely enhance the performance at the tissue level.

Functional heterogeneity also has important implications in the metabolism of hepatotoxins such
as acetaminophen. Acetaminophen is normally degraded by glucuronidation and sulfation reactions
which are uniformly distributed along the acinus. After acetaminophen overdose, these processes are
saturated and cytochrome P450 activities primarily located in the centrilobular region metabolize sig-
nificant amounts to toxic metabolites causing oxidative stress and protein cross-linking. Although these
metabolites can be detoxified by glutathione-dependent reactions, centrilobular hepatocytes do not have
an efficient glutathione recycling system, and as a result are the main target of acetaminophen-induced
hepatotoxicity. Repeat exposure to incremental doses of acetaminophen increases the tolerance to hepatic
damage by partially shifting the expression of cytochrome P450 towards the periportal region [59], which
has the most active glutathione recycling metabolism in the liver [60].

The maintenance of functional heterogeneity in the liver is dependent on several factors, including
gradients of hormones, substrates, oxygen, and extracellular matrix composition, although the relat-
ive importance of each one of these factors is currently unknown. In one study where hepatocytes were
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FIGURE 30.1 Potential bioreactor configurations in a bioartificial liver. (a) In vivo distribution of hepatocellular
functions. (b) Single unit optimized to perform all functions. (c) Two subunits, the first one optimized for ammonia
conversion to urea, a high capacity but low affinity process, and the second one optimized for ammonia conversion
to glutamine, a high affinity process that scavenges ammonia not metabolized in the first subunit. (d) Three subunits,
the first two designed to clear ammonia under high oxygen tension, and a third subunit operating at lower oxygen
tension that is optimized for efficient P450 detoxification pathways.

chronically exposed to increasing oxygen tensions within the physiological range of about 5 mmHg (periv-
enous) to 85 mmHg (periportal), urea synthesis increased about 10 fold, while P450IA1 activity decreased
slightly and albumin secretion was unchanged [61]. These data suggest that by creating environmental
conditions which emulate certain parts of the liver sinusoid, it is possible to modulate hepatocyte meta-
bolism in a way that is consistent with in vivo behavior. Spatial control of the layout of the cells in the
device may be achieved using micropatterning and microfabrication techniques [62,63], or using separate
bioreactor modules that are optimized to perform a subset of hepatocellular functions, as illustrated in
Figure 30.1b–d.

It is also possible to profoundly affect the expression of liver-specific functions by hepatocytes by chan-
ging a number of environmental conditions in the bioreactor environment. For example, urea synthesis
dramatically increases with increasing oxygen tension while cytochrome P450 decreases [64]. Amino
acid supplementation to human plasma increases urea and albumin synthesis, as well as cytochrome
P450 activities [65]. Co-culture with mouse 3T3 cells also increases albumin and urea secretion to levels
which exceed in vivo rates severalfold [66,67]. While albumin and urea secretion decrease at higher fluid
shear rates, the latter tend to increase cytochrome P450 detoxification rates, at least in the short term
[68]. Sophisticated optimization techniques that can tackle the large number of adjustable environmental
variables may be helpful for optimizing the bioreactor environment [69,70]. Since varying one specific
environmental condition increases the expression of liver-specific functions many times, it is reasonable
to assume that optimization of several such parameters simultaneously may yield an order of magnitude
or more in improvement.

30.3.3.1.3 Pre-Conditioning Hepatocytes Prior to Plasma Exposure
Rat hepatocytes which are seeded and maintained in standard hepatocyte culture medium and then
exposed to either rat or human plasma become severely fatty within 24 h with a concomitant reduction in
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FIGURE 30.2 Most common bioreactor design for bioartificial livers. (a) Hepatocyte aggregates or seeded on
microcarriers are placed on the outside of hollow fibers. Oxygenated plasma is flown through the hollow fibers.
(b) Hepatocyte aggregates in a supporting matrix are inside hollow fibers and oxygenated plasma is flown outside the
hollow fibers. (c) Similar to panel A, although separate hollow fibers are used to deliver hepatocyte culture medium
and oxygen into the system. Circle with O2 is a hollow fiber perpendicular to the plane of the paper. (d) Hepatocyte
aggregates are in a supporting matrix next to hollow fibers that deliver oxygen. Oxygenated plasma is flown in the space
outside of the hollow fibers and percolates through the matrix–hepatocyte network. (e) Hepatocytes are seeded as a
monolayer on the bottom surface of a flat plate and placed within a parallel-plate flow chamber. Oxygenated plasma
is flown directly above the cells. (f) System is similar to panel E, except that oxygen is delivered through a permeable
membrane directly above the flow channel with the hepatocytes.

liver-specific functions. Thus, plasma appears to be a rather inhospitable environment to the hepatocytes,
yet it is clear that hepatocytes must be made to tolerate it for the concept of bioartificial liver to become
reality. Supplementation of human anticoagulated plasma with hormones and amino acids (to bring those
metabolites to levels similar to that found in standard hepatocyte culture medium) eliminate intracellular
lipid accumulation and restores albumin and urea synthesis as well as P450-dependent detoxification
[71,72]. However, direct supplementation of plasma, especially with respect to the high levels of hormones
used, would be very costly and pose a health risk to the patient.

In prior studies, we have shown that the culture conditions used prior to placing the hepatocytes
in contact with human plasma as well as during plasma exposure, can dramatically affect hepatocellular
metabolism. For example, hepatocytes cultured in standard hepatocyte culture medium containing supra-
physiological levels of insulin become fatty once they are exposed to plasma, and this can be prevented
by “preconditioning” the cells in a medium containing physiological levels of insulin [64]. Direct amino
acid supplementation to the plasma also increased both urea and albumin secretion rates by the hepato-
cytes. Thus, a combination of preconditioning and plasma supplementation can be used to upregulate
liver-specific functions of hepatocytes during plasma exposure.

30.3.3.2 Hepatocyte Bioreactor Designs

The most popular bioreactor designs are shown in Figure 30.2 and discussed in greater detail below. Most
devices tested clinically consist of hollow fiber cartridges containing either porcine hepatocytes or human
hepatoblastoma cells. In most cases, cells are loaded into the extraluminal compartment and patient plasma
or blood is perfused through the fiber lumens [73–75]. Similar hollow fiber cartridges have also been used
in animal studies with hepatocytes seeded inside the fibers and the plasma flowing over the outer surface
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of the fibers [76,77]. Because of the relatively large diameter of the fibers as well as transport limitations
associated with the fiber wall, these systems are prone to substrate transport limitations [78].

30.3.3.2.1 Minimum Cell Mass and Functional Capacity
The cell mass required to support an animal model of hepatic failure has not been systematically determ-
ined. Prior studies have shown significant improvements in various parameters using as low as 2 to 3% of
the normal liver mass of the animal [79,80]. Devices that have undergone clinical testing have used 6×109

to 1×1011 porcine hepatocytes [81,82] or 4×1010 C3A cells [83]. Recently, in an experimental pig model
of hepatic failure, treatment with a bioartificial liver containing 6 × 108 pig hepatocytes (about 3 to 5%
of the liver mass) significantly improved survival [84]. Recently, there have been efforts to improve cell
viability in large-scale devices. Hepatocytes have been transfected with an antiapoptotic gene (nitric oxide
synthase) or exposed to an antiapoptotic drug (ZVAD-fmk) to increase their resistance to what appears
to be mainly hypoxic injury [85,86].

Clinical improvements have also been seen in hepatocyte transplantation studies using less than 10% of
the host’s liver mass. Intrasplenic transplantation of 2.5× 107 allogeneic rat hepatocytes (about 5% of the
rat liver mass) prolonged the survival, improved blood chemistry, and lowered blood TGF-β1 (an inhibitor
of hepatocyte growth) levels in anhepatic rats [87]. In another study using reversibly transformed human
hepatocytes, 50× 106 cells were injected intra-splenically into rats subjected to a 90% hepatectomy [88].
In a recent study on humans with acute liver failure, intrasplenic and intra-arterial injections of human
hepatocytes (ranging from 109 to 4 × 1010 per patient, i.e., 1 to 10% of the total liver mass) transiently
improved several blood chemistry parameters and brain function after a lag time of about 48 h, but did
not improve survival [3]. The lag time before any benefit is observed may reflect the time required for the
engraftment of the cells in the host liver. Better survival of the injected cells may be possible if the cells are
seeded in prevascularized polymeric scaffolds [89]. The relatively low number of hepatocytes needed to
effect a therapeutic benefit may be due, in part, to the fact that the exogenously supplied hepatocytes may
aid the regeneration of the native liver [79].

Assuming that the minimum cell mass necessary to support a patient undergoing acute liver failure is
about 5 to 10% of the total liver weight, this yields a bioartificial liver containing about 1010 cells. Designing
this system with a priming volume not exceeding about 1 l is still a daunting challenge. Knowing which
functions are most critical would help to rationally improve the efficacy of bioartificial liver systems and
dramatically reduce the minimum therapeutic cell mass. For example, it is well known that hepatocytes
exhibit a metabolic zonation along the acinus [61]. Periportal and centrilobular hepatocytes express high
levels of urea cycle enzymes and low levels of glutamine synthetase while pericentral hepatocytes are the
opposite [58]. Another example is the reduction in albumin synthesis during the acute phase response,
a process which may help sustain the increased level of acute phase proteins [90].

30.3.3.2.2 Oxygen Transport Issues
In a normal liver, no hepatocyte is further than a few micrometers from circulating blood; thus, transport
by diffusion only has to occur over very short distances. Although oxygen diffusivity is an order of
magnitude greater that that of many other small metabolites (e.g., glucose and amino acids), it has a
very low solubility in physiological fluids deprived of oxygen carriers. Thus, it is not possible to create
large concentration gradients which would provide the driving force for rapid oxygen transport over long
distances. This, in addition to the fact that hepatocytes have a relatively high oxygen uptake rate [91,92],
makes oxygen transport the most constraining parameter in the design of BAL devices.

Oxygen transport and uptake of hepatocytes has been extensively studied in the sandwich culture
configuration in order to obtain the essential oxygen uptake parameters needed in the design of bioreactor
configurations [93]. The maximum oxygen uptake rate of cultured rat hepatocytes was measured to be
about 13.5 pmol/sec/µg DNA, which is fairly stable after the first day in culture and for up to 2 weeks.
Interestingly, the oxygen uptake was about twice in the first day after cell seeding, presumably because
of the increased energy requirement for cell attachment and spreading. This may need to be taken into
account when seeding hepatocytes into a BAL. Oxygen uptake was not sensitive to the oxygen tension
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in the vicinity of the hepatocytes up to a lower limit of about 0.5 mmHg, below which oxygen uptake
decreased, suggesting that it becomes a limiting substrate for intercellular hepatocyte metabolism. Since
oxygen is essential for hepatic ATP synthesis, a reasonable design criterion is that the oxygen tension
should remain above∼0.5 mmHg.

Based on these parameters, it is possible to estimate oxygen concentration profiles in various bioreactor
configurations based on a simple diffusion–reaction models assuming Michaelis–Menten kinetics. Gen-
erally, one can estimate that the maximum thickness of a static layer of aqueous medium on the surface
of a confluent single hepatocyte layer is about 400 µm [94]. Calculations on oxygen transport through
hepatocyte aggregates suggest that even a relatively low density of cells (107 cells/cm3) cannot have a
thickness exceeding about 300 to 500 µm. At cell densities of 108 cells/cm3, which is similar to that found
in normal liver, that thickness is only 100 to 200 µm.

30.3.3.2.3 Hollow-Fiber Systems
The hollow fiber system has been the most widely used type of bioreactor in BAL development [77,95].
The hollow fiber cartridge consists of a shell traversed by a large number of small diameter tubes. The
cells may be placed within the fibers in the intracapillary space or on the shell side in the extracapillary
space. The compartment which does not contain the cells is generally perfused with culture medium or
the patient’s plasma or blood. The fiber walls may provide the attaching surface for the cells and/or act
as barrier against the immune system of the host. Microcarriers have also been used as a way to provide
an attachment surface for anchorage-dependent cells introduced in the shell side of hollow fiber devices.
There are many studies on how to determine optimal fiber dimensions, spacing, and reactor length based
on oxygen transport considerations [78].

One difficulty with the hollow fiber configuration is that interfiber distances, and consequently trans-
port properties within the shell space, are not well controlled. Thus, it may be advantageous to place cells
in the lumen of small fibers because the diffusional distance between the shell (where the nutrient supply
would be) and the cells is essentially equal to the fiber thickness. In one configuration, hepatocytes have
been suspended in a collagen solution and injected into the lumen of fibers where the collagen is allowed
to gel. Contraction of the collagen lattice by the cells even creates a void in the intraluminal space, which
can theoretically be perfused with hormonal supplements, etc. to enhance the viability and function of
the cells, while the patient’s plasma flows on the shell side. Because of the relatively large diameter of the
fibers used as well as transport limitations associated with the fiber wall, these systems have been prone to
substrate transport limitations.

To improve oxygen delivery, novel designs using additional fibers which carry gaseous oxygen straight
into the device have been used [96,97]. Using this approach, Gerlach et al. [82] were able to demon-
strate that hepatocytes could express differentiated functions over several weeks. Using a device consisting
of hepatocytes seeded onto a woven polyester substrate with integrated hollow fibers for oxygen supply,
Flendrig et al. [96,98] showed that the survival time of pigs undergoing total hepatic ischemia was signific-
antly increased over the control group; more recently, this device was successfully used to treat seven acute
liver failure patients, of which six were bridged to a transplant and one spontaneously recovered [99].

30.3.3.2.4 Parallel Plate Systems
An alternative bioreactor configuration is based on a flat surface geometry [80,93,100,101] where it is
easier to control the internal flow distribution and ensure that all cells are adequately perfused. Its main
drawback is that it is difficult to build a system which contains a sufficient cell concentration (Figure 30.3).
For example, a channel height of 1 mm would result in a 10 l reactor to support 20 × 109 hepatocytes
cultured on an area of 10 m2. For a liver failure patient who is probably hemodynamically unstable, it is
generally accepted that the priming volume of the system should not exceed 1 l.

The volume of the device in the flat-plate geometry can be decreased by reducing the channel height
(Figure 30.3). However, this forces the fluid to move through a smaller gap, which rapidly increases the
drag force (shear stress) imparted by the flow on the cells. Recent data suggest that hepatocyte function
decreases significantly at shear stresses>5 dyn/cm2 [102]. To reduce the deleterious effects of high shear,
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FIGURE 30.3 Comparison between popular hepatocyte bioreactor configurations.

it may be possible to use grooved surfaces where cells lodge and are less exposed to the shear stress,
as previously done for blood cells [103,104]. Cells lodge inside the grooves where they are less exposed to
the shear stress, which allows for faster flow without causing cell damage. The grooves may on the other
hand significantly increase the fluid hold-up volume [105].

In an attempt to provide to cells adequate oxygenation and protection from shear in perfused bioreact-
ors, gas-permeable membranes as well as membranes separating cells from plasma have been incorporated
into the flat-plate geometry. Recently, a flat-plate microchannel bioreactor where cells directly contact the
circulating medium was developed [93]. The channel is closed by a gas-permeable membrane on one
surface, which decouples oxygen transport from the flow rate in the device. Comparing this with a similar
flat-plate design where a nonpermeable glass surface is substituted to the membrane, internal membrane
oxygenation removed the oxygen limitations that occur at low volumetric flow rates [105]. De Bartolo
et al. [80] incorporated two membranes into the flat-plate geometry. The first membrane is gas-permeable
and minimizes the oxygen transport limitations in the system. The second membrane separates cells from
plasma and adds a significant barrier to the transport of protein-bound toxins that need to be processed
by the cells [78]. Others have reported the design of a radial flow bioreactor with an internal membrane
oxygenator for the culture of hematopoietic cells [106]. Based on a theoretical analysis, the proposed
design would have removed oxygen transport limitations in the bioreactor, but no experimental data were
shown.

30.3.3.3 Potential Sources of Cells for Bioartificial Livers

Although several technical difficulties remain to be addressed with respect to the design of implantable
and extracorporeal liver-assist devices, clearly a major hurdle for both approaches is the procurement of a
sufficient number of cells that are required to achieve a therapeutic effect. Human hepatocytes appear to
be the “natural” choice for hepatocyte transplantation, internal and external liver assist devices, however,
they are scarce due to a competing demand of OLT. Whether adult human hepatocytes can be induced
to replicate in vitro and the daughter cells express high levels of liver-specific functions remains to be
shown. Human hepatocyte cell lines have been developed via spontaneous transformation [107], as well
as via retroviral transfection of the simian virus 40 large T antigen [108]. Recently, a novel technology
which uses a reversible transformation strategy with the SV40 T antigen and Cre–Lox recombination was
used to grow human hepatocytes in vitro [88]. These cells, when transplanted into the spleen of 90%
hepatectomized rats, improved biochemical and clinical parameters. In bioartificial liver devices tested so
far, the only human cells used have been the cancer-derived C3A line [74,83]. However, one study suggests
that C3A cells have lower levels of P450IA1 activity, ammonia removal, and amino acid metabolism
that adult porcine hepatocytes [109]. Furthermore, when using immortalized human cell lines, there
are concerns with the possibility of transmission of tumorigenic products into the patient. Xenogeneic
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hepatocytes offer no risk of transmitting malignancies to the patient, but pose other problems, including
the risk of hyperacute rejection [110], transmission of zoonoses [111], and potential mismatch between
xenogeneic and human liver functions. The first two could be addressed by dedicated breeding programs
of transgenic animals. On the other hand, little is known about the third factor.

Although no one has achieved the goal of generating a safe, fully functional yet clonal, immortalized,
or genetically engineered human cell that can be substituted for primary hepatocytes, a new promising
avenue is the discovery of liver stem cells. The existence of hepatic stem cells was hypothesized over
40 years ago [112], and recent data suggest that there are stem cells present within [113–115] as well as
outside the liver [116], which can differentiate into fully mature hepatocytes. In vitro studies suggest the
presence of a subpopulation of small hepatocytes in rat liver with a high proliferative potential [117].
Three independent studies in rats, mice, and humans have shown that a major extrahepatic source is stem
cells of the bone marrow which may take part in normal tissue renewal as well as in liver regeneration
after severe experimentally induced hepatic injury [116,118,119].

30.3.3.4 Techniques for Preservation of Hepatocytes and Liver Cells

The development of optimal preservation protocols for hepatocytes that enable the storage and ready
availability of cells for BALs, has been the subject of several studies. Hepatocytes have been cryopreserved
shortly after isolation as well as after culture for several days. Compared to isolated cells, cultured hepato-
cytes exhibit greater resistance to high concentrations of the cryoprotective agent dimethyl sulfoxide, as
evidenced by preservation of cell viability, cytoskeleton, and function. Based on experimental and theor-
etical studies, cooling rates between 5 and 10◦C/min caused no significant decrease in albumin secretion
rate compared to control, unfrozen, cultures [120,121]. There have been attempts to store hepatocyte
cultures in various solutions used for cold storage of whole donor livers. One study showed that cultured
hepatocytes maintained at 4◦C lose significant viability after a few hours of cold storage, but that addition
of polyethylene glycol significantly extends functionality and survival [122]. Interestingly, the use of the
University of Wisconsin (UW) solution, currently the most widely used solution for cold organ storage,
has not performed better than leaving the cells in standard hepatocyte culture medium. It is conceivable
that the UW solution mediates its effect by prolonging the survival of nonparenchymal cells. It is hoped
that further improvements in preservation solutions will enable the storage of BAL systems, as well as
lengthen the useful cold storage time of whole livers for transplantation.

30.4 Summary

The severe donor liver shortage, high cost, and complexity of orthotopic liver transplantation have
prompted the search for alternative treatment strategies for end-stage liver disease that would require less
donor material, be cheaper, and less invasive. Adjunct internal liver support, which may be provided via
auxiliary partial liver transplantation or hepatocyte transplantation, is most suitable for cases where the
native liver retains some functional capabilities, and may be a cure for patients who suffer from specific
metabolic disorders. Acute liver failure patients will benefit most from extracorporeal temporary liver
support, which can be used as a bridge to transplantation, or as a means to support the patient until its
own liver regenerates. Currently, there are three approaches for extracorporeal temporary liver support:
extracorporeal liver perfusion, dialysis and filtration systems containing no cells, and bioartificial livers.
Dialysis and filtration systems, which do not contain any living cells, are ahead with respect to clinical
testing and gaining regulatory approval. A concern with such systems is that their efficacy may be limited
due to the lack of metabolic and protein synthetic activities which are normally present in the liver.
Bioartificial livers containing liver cells would overcome this limitation, and have passed the “proof of
principle” test in preclinical and clinical studies, although tangible clinical benefits have not yet been
demonstrated. Important unresolved issues for bioartificial livers and extracorporeal liver perfusion are
the identification of a reliable cell/tissue source and a better understanding of metabolic and immune
incompatibilities arising from the use of allogeneic and xenogeneic liver cells. Ultimately, several temporary
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and adjunct treatment approaches may be available, and the best choice may depend on the etiology of
liver failure in each individual patient.
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31.1 Background

The kidney is unique among body organs in that it is the first organ for which maintenance replacement
therapy has become available and widespread. At the time of this writing, approximately a quarter million
people in the United States receive maintenance dialysis as a lifesaving treatment for end-stage renal disease
(ESRD) [1]. Despite its successes in preventing immediate death from volume overload, hyperkalemia,
and uremia, one should not confuse the ex vivo application of a technology developed for chemical
purification with complete organ replacement.

Epidemiologic data suggest that patients with chronic renal insufficiency who do not yet require renal
replacement therapy have worse operative mortality than those with better renal function, suggesting that
adequate clearance and metabolic function of the kidney is necessary for recovery from injury [2,3]. Wolfe,
Ashby, and Port published a landmark study comparing the survival of ESRD patients on dialysis awaiting
kidney transplant to the survival of recipients of a first deceased donor kidney transplant [4]. This study,
the first to directly compare survival of otherwise similar groups treated with dialysis or transplant, showed
an annual death rate 1.7-fold higher in patients remaining on the wait-list and receiving dialysis compared
with the death rate of those receiving a renal transplant. This suggests a survival benefit associated with
renal function over and above waste removal. It has been suggested that the poor outcomes seen in
U.S. dialysis patients are related to underdosing of dialysis. Multiple observational studies have noted
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a correlation between delivered dialysis dose and patient survival, yet the data are subject to attack on
several grounds: first, dialytic dosing is measured by clearance of a marker molecule, urea, which itself is
not particularly toxic; second, measurement of clearance of urea is easily confounded by the volume of
distribution of urea, which is related to patient body mass and obesity; and last, delivered dose of dialysis
may be a surrogate for another factor, such as patient adherence or physician attentiveness. Prospective
trials in ESRD and in acute renal failure (ARF) have failed to show a conclusive cause and effect relationship
between dialysis dose and survival [5–7].

Given that mortality in ESRD is high (18 deaths per 100 patient-years at risk) compared with mortality
in patients with a functioning kidney, it is instructive to examine the causes of death in dialysis patients.
The leading cause of death is cardiovascular disease, accounting for almost half of all deaths in ESRD
patients, and this affects diabetics and nondiabetics alike. The second most common cause of death is
infection, and even after controlling for infections related to dialysis access, dialysis patients die from
pulmonary infections at a rate 16 times that of the general population and 8 times that of the renal
transplant population — a group of patients treated with immunosuppressive drugs [1,8].

The molecular mechanisms underlying accelerated cardiovascular disease and susceptibility to infec-
tion in the ESRD population remain unclear, and this is a major concern to the tissue engineer who
contemplates design considerations for renal replacement therapy. Putative mechanisms of vascular dis-
ease in ESRD include the observation that chronic kidney disease before and after initiation of dialysis
is associated with increased plasma markers of oxidative stress, which have in turn been proposed as
accelerants of vascular disease [9–11]. Similarly, differences in serum and stimulated peripheral blood
mononuclear cell cytokine levels between control subjects and subjects with acute and chronic renal fail-
ure have been identified in humans and in animal models, and that has been hypothesized to play a role
in the diminished immunologic competence observed in ESRD [12,13].

31.2 Renal Physiology

With the explicit understanding that the high mortality observed in ESRD cannot yet be attributed to
lack of specific physiologic processes of the native kidney, let us begin to consider the engineering of
a renal replacement system. A diagram of the kidney and its functional units, nephrons, are shown in
Figure 31.1. The glomerulus is a specialized tuft of capillaries which permit high-flux transudation of
fluid out of the bloodstream and into a receptacle, Bowman’s capsule. Bowman’s capsule drains into

Nephrons Glomeruli

Tubules

FIGURE 31.1 Diagram of kidney and nephrons.
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TABLE 31.1 Renal Functions in the Native Kidney and in Hemodialysis

Function Renal physiology Dialysis therapy

Volume homeostasis Direct control of filtered volume by
glomerular capillaries, with passive
regulation of reabsorption in the proximal
tubule via glomerulo-tubular balance and
active control of sodium reabsorption in
the cortical collecting system

Patient is weighed at each treatment and
technician enters an ultrafiltration volume
into the dialysis machine

Control of blood
tonicity

Generation of medullary concentration
gradient by loop of Henle; ADH-regulated
insertion of aquaporin channels into
luminal membrane of collecting duct cells;
ADH-mediated thirst

Concentration of electrolytes in dialysate
prescribed by physician; water and sodium
diffuse freely across dialysis membrane;
ADH-mediated thirst

Toxin clearance Bulk filtration by glomerular capillaries, with
resorptive concentration of ultrafiltrate into
urine, including reabsorption of important
metabolites, such glutathione, glucose,
amino acids

Passive diffusion of small solutes from blood
into dialysate

Acid-base
homeostasis

pH-dependent ammoniagenesis in the
proximal tubule; active pH-dependent
proton excretion in collecting duct

Bicarbonate concentration in dialysate
controlled by prescription

Potassium
metabolism

Potassium ion excretion by principal cells of
the collecting duct under active regulation
by aldosterone-mediated Na–K ATPase
activity

Serum potassium measured periodically and
dialysate potassium concentration adjusted

Calcium–phosphorus
metabolism

Hydroxylation of 25-(OH) Vit D3 in
proximal tubule cells; PTH-regulated
calcium reabsorption and phosphorus
excretion

Calcium present in dialysate; dietary
phosphorus absorption blocked with
phosphorus binders, oral or intravenous
vitamin D analogs prescribed

Regulation of red
blood cell mass

Oxygen-dependent synthesis and release of
erythropoetin from capillary endothelium

Erythropoetin analogs injected at time of
dialysis

a multisegmented tube, the renal tubule, which progressively reabsorbs the majority of the fluid which
enters it, but does not reabsorb toxins to the same degree, thus concentrating toxins in the remaining
fluid, urine. An understanding of the known physiologic processes of the kidney is a first step towards
outlining the task list of a hypothetical artificial kidney, and a comparison to existing dialytic therapy may
be helpful.

The major filtration, excretion, and metabolic functions of the healthy kidney are contrasted with
dialysis therapy in Table 31.1.

The kidney’s algorithm for waste excretion is at first confusing: why does the kidney in effect discard
everything and then struggle to reabsorb its losses? In contrast, the body’s other major toxin clearinghouse,
the liver, has evolved a complex web of enzymes to degrade and detoxify bloodborne toxins. Each normal
kidney’s filters produce approximately 60 ml/min of an ultrafiltrate of blood, and the kidney’s tubules
progressively extract salt and water from that ultrafiltrate, concentrating toxins until that ultrafiltrate
is urine. A unique and underappreciated feature of the kidney’s approach is that the organism has an
opportunity via the kidney to excrete novel toxins for which it has not been evolutionarily prepared. The
kidney has evolved a narrow set of transport proteins to scavenge from the ultrafiltrate stream the salt,
water, glucose, and amino acids necessary for life, and with that toolkit, to discard all that is not needed,
whether the body recognizes a particular molecule as a toxin or not. Curiously, despite a half century of
research, the identities of the molecules responsible for the uremic state have proven elusive, which argues
against an engineering approach that targets individual toxins. This suggests that adsorbent or catalytic
systems are not the approach of choice for a tissue-engineered artifical kidney.

The kidney also employs a combination of active and passive negative feedback systems to confer
redundancy in the event of failure. In advanced renal failure, when glomerular filtration has dropped
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to 10% of its original value, despite dilution of the medullary concentrating gradient and increased
single-nephron glomerular filtration rate (GFR), the kidney can still maintain volume homeostasis, albeit
over a narrower range of intake and output. A successful implantable artificial kidney will need closed-loop
feedback algorithms integrating sensors of blood pressure and flow, tonicity, and potassium concentration
to autonomously replace the failed organ.

It is worthwhile to include some order-of-magnitude estimates of the fluxes and volumes, and working
pressures necessary for renal function. Patients with chronic renal insufficiency develop symptoms insi-
diously with wide variability in actual GFR at the time of clinical illness, but it is generally accepted that a
GFR of 10 ml/min is enough for some patients to survive, and almost all will be manageable with a GFR
of 20 ml/min. This corresponds to just under 29 l/day of blood clearance. Typical dietary consumption in
the United States includes 1.5 to 2 l of fluid intake, 100 to 200 mEq of sodium, and 90 mEq of potassium,
although both of the latter vary widely with dietary intake. This same diet also includes approximately
50 to 100 mM of acid. An ultrafiltrate stream of 20 ml/min thus bears some 4000 mEq of sodium and
120 mEq of potassium over 24 h. Of this 2000 to 4000 Eq of sodium filtered each day, all but 100 to
200 mEq must be returned to the blood stream, illustrating the efficient reclamation of sodium performed
by the kidney. Of the 29 l of water, all but one to two l need to be reabsorbed. All of this filtration and
reabsorption occur at hydrostatic pressures approximating capillary perfusion pressure of 25 mmHg, or
about 0.1 PSI.

31.3 Engineering Renal Replacement

Design of an artifical kidney begins with the enumeration of a set of tasks for the proposed device. At a
minimum, to replace present dialytic therapy, an engineered kidney will need to remove approximately
100 to 200 mM of sodium, 100 mM of potassium, 1 to 2 l of water, and 50 to 100 mM of acid from
the bloodstream, while also providing 20 to 30 l a day of small-molecule clearance. In addition, calcium-
phosphorus balance, in particular, avoidance of hyperphosphatemia, must be maintained, as well as
regulation of serum tonicity.

Several of the functions of the native kidney may not need replacing in a tissue-engineered artificial
kidney. Regulation of red blood cell mass, (1,25)-OH Vitamin D3, and buffering of dietary acids are solved
problems from an engineering viewpoint; weekly injections and well-tolerated oral medications appear
sufficient to replace these metabolic and endocrine functions of the kidney. Serum tonicity is controlled by
two redundant pathways in the healthy organism: vasopressin is a short peptide hormone synthesized and
released by the periventricular and supraoptic nuclei of the hypothalamus in response to increased plasma
tonicity. Elevated levels of vasopressin, also called antidiuretic hormone, stimulate water reabsorption in
the kidney and the sensation of thirst. Hemodialysis patients appear to be able to regulate plasma tonicity
solely through the latter mechanism, as well as patients with advanced renal insufficiency who have little
urinary diluting or concentrating capacity. It is when these patients either imbibe excess water or are
deprived of it that they lose osmoregulation. This suggests that although tight control of plasma tonicity
is important, it can be achieved in the absence of a renal regulatory mechanism.

Renal potassium excretion varies with dietary input under control of a serum steroid hormone, aldos-
terone. Longterm success of an implantable artifical kidney will be predicated in part on sensing and
responding to serum potassium levels, as it is difficult to tailor a varied diet to contain identical amounts
of potassium each day. As failure of potassium control may be promptly fatal, development of online
noninvasive potassium monitors is a major challenge in renal tissue engineering. However, given inform-
ation regarding potassium levels, external control of potassium levels may be accomplished via oral
medicines.

The single largest challenge facing renal tissue engineering is providing 30 to 50 l each day of small-
molecule clearance. In present clinical practice, this clearance is provided by hemodialysis, peritoneal
dialysis, or hemofiltration. Dialysis is an unattractive strategy for providing clearance in a totally implanted
device, given the large volumes of electrolytically pure nonpyrogenic fluid necessary. Patients receiving
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peritoneal dialysis wash their peritoneal cavities with 10 to 15 l of electrolyte each day. Scarring of
the peritoneal membrane, caloric load from the hypertonic glucose, and infection related to the dialysis
catheter limit the effectiveness of this approach, as well as the labor of maintaining a stock of dialysate near
the patient. Dialysate regeneration, wherein toxins are adsorbed or catabolized in the dialysate in essence
simply transfers the clearance problem from the blood to the dialysate. In the absence of detailed knowledge
of specific molecules to be cleared, selection of reagents for dialysate regeneration is problematic.

A second strategy for clearance is already used to clear excess potassium from patients with chronic
hyperkalemia and block dietary phosphorus absorption from patients with hyperphosphatemia. Oral
administration of binding resins with high affinity for the solute of choice (Kayexelate® Renegel®) can
alter serum electrolyte levels promptly and, if used regularly, can maintain neutral balance for months to
years. This strategy in essence uses the enteric epithelium to confer biocompatibility to the chemicals used
to adsorb the solutes. The broader applicability of absorbent technologies hinges on the absorption of the
toxins responsible for uremia. They are at present unknown and by extension not only is the design of a
sorbent difficult, but the transport of such toxins into the intestinal lumen remains speculative.

A third strategy for providing clearance is high-volume ultrafiltration and selective reabsorption of that
ultrafiltrate, as occurs in the native nephron. This poses the problem as a two-stage filtration problem:
one filter generating an ultrafiltrate and a second reabsorbing part of the ultrafiltrate back into the feed
solution of the first membrane. The remaining of the chapter will address the nature of these passive
and active membranes and the forces driving mass transport across them in the nephron and present
tissue-engineering constructs.

31.4 Hemofiltration

31.4.1 The Renal Glomerulus

The fundamental structure of the glomerulus, and fundamental physiologic determinants of glomerular
filtration have been well described. Three distinct layers, the endothelium, the basement membrane —
glomerular basement membrane (GBM), and a specialized cell junction, the podocyte slit diaphragm,
comprise the filter (Figure 31.2). The glomerulus itself is a tuft of capillaries tethered by smooth muscle-
like cells continuous with the arteriolar wall called mesangial cells. The outer surface of the glomerular
capillary tube is covered with a mesh-like array of interdigitated epithelial cells called podocytes, and
the inner surface of the capillary tube is a specialized endothelium with regular pores called fenestrae.
The capillary tuft is enclosed in a small receptacle for ultrafiltrate called Bowman’s space, which drains
ultrafiltrate into the renal tubule. The glomerulus permits low-molecular weight substances, such as

FIGURE 31.2 Transmission electron micrograph of the glomerular filtration barrier, GBM.
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electrolytes, urea, creatinine, glucose, and amino acids, to pass with water as ultrafiltrate into Bowman’s
space for processing by the renal tubule. Larger molecules, such as proteins, which are energetically
expensive for the body to synthesize, are retained in the bloodstream. The exact contribution of each
component of the glomerular capillary to the filtration barrier is unknown.

The glomerular endothelium is a specialized structure featuring unusual endothelial cells with fenestra-
tions, considered to be the loci at which water enters the glomerular basement membrane. Other vessels
in the kidney subject to high-volume convective transport, such as peritubular capillaries, also have fen-
estrations. The individual glomerular fenestrae are not bridged by proteinaceous diaphragms, although
such diaphragms are described in other fenestrated endothelia. Endothelial proteins which localize to
other fenestrated endothelia in the kidney and the lung do not localize in the glomerular endothelial
fenestrae [14]. Glomerular endothelial cells also form intracapillary ridges, which are thought to impair
laminar flow and promote mixing at the capillary walls. The role of the fenestrae in glomerular filtration
may solely lie in this mixing and in directing site of entry of fluid into the GBM.

The GBM is a 200 to 300 nm thick gel of extracellular matrix proteins, primarily collagen IV, laminin,
fibronectin, and heparan sulfate proteoglycan. The GBM is composed of two separate and superimposed
collagen IV networks, one of α(1,2) collagen IV chains adjacent to and synthesized by endothelial cells,
and one of α(3,4,5) collagen IV chains adjacent to and synthesized by the podocytes. Laminin, fibronectin,
and entactin are thought to crosslink the collagen IV molecules and add mechanical rigidity to the
basement membrane. A heparan sulfate proteoglycan, perlecan, is the major proteglycan constituent of
the GBM and forms a hydrated meshwork within the GBM.

The glomerular slit diaphragm is a unique intercellular junction whose fundamental ultrastructure was
elucidated by Karnovsky et al. 30 years ago [15]. The protein constituents of the glomerular slit diaphragm
have been the subject of intense recent study. Nephrin, a 185 D protein product of NPHS1, a gene mutated
in congenital nephropathy of the Finnish type, has been localized to the glomerular slit diaphragm [16].
The slit diaphragm is a somewhat delicate structure, in that neutralization of fixed anion charges with
polycations such as protamine can induce reversible podocyte rearrangement and obliteration of the slit
diaphragm structure. Detailed analysis of the functional properties of the glomerular slit diaphragm have
been hampered by the terminally differentiated phenotype of the glomerular podocyte. The podocyte
does not easily replicate in cell culture, and has not yet been observed to form the slit diaphragm structure
in vitro. Strategies for understanding glomerular filtration to date have centered on ultrastructural imaging
and mathematical modeling of the glomerular barrier as an array of pores [15,17–21].

31.4.2 Toward a Synthetic Glomerulus

The modern hollow-fiber hemodialyzer is an excellent glomerular analog, providing passage of elec-
trolytes, water, and low-molecular weight toxins while retarding passage of medium and large serum
proteins such as albumin. As such, it provides life-saving clearance to a quarter-million dialysis patients
in the United States. However, present technology poses several challenges to integration into a durable or
implantable artificial organ. The first and most obvious is the fairly low hydraulic permeability of existing
membranes. To achieve meaningful filtration rates in clinical practice, transmembrane pressures of 200
to 400 mmHg are applied to the membrane by peristaltic pumps. Incorporation of these technologies
into an implantable or wearable organ will require either pumps, a very large membrane area, or signific-
ant advances in existing polymer technology. Second, membrane fouling presently limits service lifetime
to around 100 h with present technology. Last, and possibly most significant, the glomerulus appears to
have a fairly sharp cutoff for molecular weights around 60 kDa, probably attributable to the extraordinary
uniformity of the glomerular slit diaphragm. Polymer filters have a normally distributed spectrum of pore
sizes arising from the characteristics of the polymer melt or cast. Thus, a sharp transition from passage to
retardation with increasing molecular weight is difficult to acheive in practice. A durable hemofilter with
a sharp molecular weight cutoff and very high hydraulic permeability is clearly a highly desireable goal of
tissue engineering an artifical kidney.
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Two recent approaches are worthy of a brief introduction. If, as evidence suggests, the podocyte slit
diaphragm is the locus of glomerular permselectivity, growth of the podocyte in tissue or organ culture
may promise a glomerular replacement. Unfortunately, podocytes are terminally differentiated epithelial
cells and resist expansion in cell or tissue culture. Cultured podocytes harvested from organs do not easily
form the octopus-like structures of the podocyte foot processes. In an attempt to expand understanding
of podocyte biology, Mundel and colleagues have engineered a conditionally transformed podocyte cell
line using a temperature-sensitive SV40 construct [22]. This cell line appears to display many cellular
proteins characteristic of differentiated podocytes, and is a promising area for tissue engineering. Live
human podocytes are shed in the urine in patients with glomerular disease, and the potential to harvest,
transform and expand these cells is an exciting prospect in renal tissue engineering.

Our laboratory has begun testing mechanical analogs of the glomerular slit diaphragm. Using nano-
fabrication technology, silicon membranes comprised of slit shaped pores 6 to 100 nm in smallest
dimension have been tested for hydraulic permeability. This approach allows extremely narrow pore
size dispersions, unprecedented control over pore size and shape, as well as batch fabrication using con-
ventional silicon micromachining techniques. Silicon surfaces are easily functionalized with polymer and
peptide moeities giving rise to the possibility of independent control of electrostatic and steric hindrance
of molecules by selection of pore size and surface treatment. Most promising, slit-shaped pores, as are
found in the glomerular slit diaphragm, potentially have higher hydraulic permeability than an equivalent
area of cylindrical pores, while retaining steric hindrance to macromolecules. Initial characterization of
these membranes suggests that prototype slit-pore membranes with low porosity (∼10−3) have hydraulic
permeabilities on a par with polymer membranes with porosities two orders of magnitude higher [23].
Further work characterizing protein permselectivity of these membranes is underway.

31.5 Reabsorption of Filtered Fluid

31.5.1 The Renal Tubule

The renal tubule affects the controlled reabsorption of salt, water, glucose, and amino acids from the
ultrafiltrate stream. It permits the body to excrete a urine stream that may vary in tonicity from about 100
to about 1000 mOsm under the control of a single hormone, vasopressin. The tubule is loosely described
as having, in sequence, eight segments: the proximal convoluted tubule, the descending limb of the loop of
Henle, the thick and thin ascending limbs of the loop of Henle, the distal convoluted and straight tubules,
and the cortical and medullary collecting ducts. Each segment is composed of one or more individual
cell types, which may be interspersed, as in the principal and intercalated cells of the collecting ducts,
or may transition from one type to the next along the length of the segment, as occurs in the proximal
tubule. Postglomerular blood accompanies the tubule in peritubular capillaries. In concert with the spatial
distribution of cell types, the anatomy of the tubule gives rise to a corticomedullary gradient in tonicity,
with the renal cortex approximating systemic tonicity, and the inner medulla of the kidney approaching
1200 mOsm. It is this progressive concentration and dilution of the ultrafiltrate stream that permits the
kidney to regulate serum tonicity.

A slight majority of tubular reabsorption of salt, water, electrolytes, glucose, and amino acids takes place
in the proximal tubule, with the balance occurring more distally. The maximum fractional reabsorption
of salt and water by the tubule remains unclear. The driving force for sodium reabsorption in all nephron
segments in which it occurs is the basolateral localization of the sodium–potassium ATPase transporter.
This plasma membrane protein moves three sodium ions from the interior of the cell to the exterior, while
transporting two potassium ions into the cell.

Both movements are against and in fact give rise to the prevailing concentration gradient, and so require
energy in the conversion of adenosine triphosphate (ATP) to adenosine diphosphate (ADP). The resulting
very low intracellular sodium concentration allows passive transport of sodium into the interior of the cell
from the ultrafiltrate stream via apical sodium channels. Intracellular sodium is then transported across
the basolateral membrane by the Na–K ATPase, accomplishing bulk transport of sodium from ultrafiltrate
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to pericapillary interstitium. The transport of ions results in an increase in basolateral tonicity, and water
moves from the tubular lumen to the peritubular interstitium under osmotic pressure. In the proximal
tubule, this takes place by passive, unregulated paracellular means, but in more distal segments this occurs
via highly regulated transcellular pathways.

Broadly speaking, there are two approaches to engineering tubular reabsorption: employing living
cells to mimic the function of their native counterparts, or manufacturing a second filtration membrane
which permits the passage of salt, water, glucose, and sodium bicarbonate but retards the passage of urea,
creatinine, and other uremic toxins. The advantage of the former lies in the simplicity of the approach;
there is no need to separately implement each of the many transporters on the apical surface of the cell;
supply the cell and the cell will supply not only the transporters but in addition the driving force for
reabsorption. The disadvantage of the cellular approach is that it is subject to the same supply pressures as
renal transplantation: the cells need to come from somewhere. Despite these pressures, a tissue-engineered
bioartificial tubule containing human cells has entered clinical trials in the United States, and the design
and engineering of that device will be described.

31.5.2 Isolation and Culture of Proximal Tubule Cells

Our laboratory developed experience in the isolation and culture of porcine proximal tubule cells until
we could reproducibly harvest cells and maintain them stably in culture [24,25]. In brief, Yorkshire breed
pigs were sacrificed at 4 to 6 weeks of age and their kidneys harvested. The renal cortices were dissected,
minced, digested with collagenase, and the resulting mixture was separated on a Percoll density gradient.
Renal proximal tubule fragments were isolated and grown in a serum-free hormonally derived medium.
After third passage and reaching confluence on 100 mm culture dishes, cells were mobilized with trypsin
into a suspension and seeded into polysulfone single hollow-fiber bioreactors for in vitro assessment of
cell viability and metabolic activity.

Cellular attachment, stability, and confluence on the interior lumen of the bioreactor is of paramount
importance. To promote attachment of the cells, the luminal surface of the polysulfone membrane was
coated with ProNectin-L, a synthetic protein sharing the intercellular attachment domains of laminin,
a protein found in the renal glomerular and tubular basement membrane. Laminin and collagen type IV,
key components of the tubular basement membrane, also provide an effective biomatrix for cell attachment
and growth. After seeding of the hollow fiber with tubule cells, the hollow fibers were perfused with culture
media. As newly seeded cells need time to attach, perfusion was initially performed via diffusion from
the exterior through the polysulfone membrane, and after time for attachment, convective flow through
the interior of the fiber was initiated. A graduated increase in flow (and thus shear forces) was used to
condition the cells and minimize cellular detachment. Studies demonstrated confluence was reached in
7 to 10 days. After 14 days in culture the hollow fiber bioreactors were assessed for cellular confluency
and viability. Light microscopy of fixed sections showed evidence of a confluent monolayer formed on
the inside of the hollow fibers, and intercellular tight junction formation was verified by measuring low
inulin leak rates across the monolayer [26].

31.5.3 Transport and Metabolic Characteristics of Hollow-Fiber Bioreactors

As initial experiments using the single hollow-fiber model were promising, the design was scaled up to use
commercially available polysulfone hollow fiber dialysis cartridges from the manufacturers of the single
hollow fibers. Single hollow-fiber measurements of transport and metabolic activity were repeated with
97 cm2 and 0.4 m2 surface area cartridges.

We further explored the metabolic characteristics of the cultured proximal tubule cells. We examined
the transport of glucose, bicarbonate, and glutathione and expressed the data in terms of fractional
reabsorption accomplished by the bioreactor. For each of the molecules listed, fractional excretion was
measured in the absence and presence of a known inhibitor of an enzyme essential for the reabsorption.
In each case, there was evidence of active transport and specific inhibition [26].



mikos: “9026_c031” — 2007/4/9 — 15:53 — page 9 — #9

Tissue Engineering of Renal Replacement Therapy 31-9

The synthesis and secretion of ammonia into the tubule is essential for renal excretion of an acid load,
as it buffers secreted protons. Proximal tubule cells are able to increase their ammoniagenesis in response
to a decline in pH, and the proximal tubule cells in the bioreactor demonstrated a stepwise increase in
ammonia production with changes in pH [26].

The experiments detailed above were performed with porcine tubule cells, and our laboratory has
demonstrated similar results in culture, attachment, and activity with human proximal tubule cells from
cadaveric organs. The final selection of cell type for use in a renal tubule device rests not only on supply and
safety of cells, but also depends on the ability of xenotransplanted cells to participate in the homeostasis
of the host.

The above data suggest that our laboratory has successfully isolated and cultured renal proximal
tubule cells, established stable confluent monolayers within hollow fiber bioreactors, and scaled the
initial construct to a level approximating the number of proximal tubule cells in a single kidney.

31.5.4 Preclinical Characterization of the Renal Assist Device (RAD)

In keeping with its role as a metabolically active replacement for the renal proximal tubule, an extracor-
poreal circuit was devised that recapitulated nephron anatomy (Figure 31.3). A conventional hollow-fiber
dialyser and a hollow fiber bioreactor were connected in series, so that a portion of the ultrafiltrate exiting
the hemofilter was directed into the luminal spaces of the bioreactor, and thus presented to the apical
aspect of the cultured proximal tubule cells. Concentrated blood exiting the hemofilter was directed to the
extraluminal space (conventionally the dialysate compartment) of the bioreactor, just as post glomerular
blood surrounds the renal tubules via the peritubular capillaries. In order to allow independent control
of the subject’s volume status and clearance parameters during experiments, the balance of the ultra-
filtrate was discarded and the subject infused with a balanced electrolyte solution, as in a conventional
hemofiltration circuit.

The bioartificial kidney setup consists of a filtration device (a conventional hemofilter) followed in series
by the tubule RAD unit. Specifically, blood is pumped out of a large animal using a peristaltic pump. The
blood then enters the fibers of a hemofilter, where ultrafiltrate is formed and delivered into the fibers of
the tubule lumens within the RAD downstream to the hemofilter. Processed ultrafiltrate exiting the RAD
is collected and discarded as “urine.” The filtered blood exiting the hemofilter enters the RAD through the
extracapillary space port and disperses among the fibers of the device. Upon exiting the RAD, the processed
blood travels through a third pump and is delivered back to the animal. This additional pump is required
to maintain appropriate hydraulic pressures within the RAD. Heparin is delivered continuously into the
blood before entering the RAD to diminish clotting within the device. The RAD is oriented horizontally
and placed into a temperature-controlled environment. The temperature of the cell compartment of the
RAD must be maintained at 37◦C throughout its operation to ensure optimal functionality of the cells.
Maintenance of a physiologic temperature is a critical factor in the functionality of the RAD. The tubule
unit is able to maintain viability because metabolic substrates and low-molecular weight growth factors
are delivered to the tubule cells from the ultrafiltration unit and the blood in the extracapillary space.
Furthermore, immunoprotection of the cells grown within the hollow fiber is achieved because of the
impenetrability of immunoglobulins and immunologically competent cells through the hollow fibers.
Rejection of the cells, therefore, does not occur. This arrangement thereby allows the filtrate to enter the
internal compartments of the hollow fiber network, lined with confluent monolayers of renal tubule cells
for regulated transport and metabolic function.

Large animal studies have been completed with the use of this extracorporeal circuit. Dogs were made
uremic by performing bilateral nephrectomies. A double lumen catheter was placed into the internal
jugular vein, extending into the heart. After 24 h of postoperative recovery, the dogs were treated either with
hemofiltration and the RAD or with hemofilter and a sham control cartridge containing no cells. The blood
flow rate to the hemofiltrator was maintained at 80 ml/min, with a controlled ultrafiltration rate of 5 to
7 ml/min. Dogs were treated daily for either 7 or 9 h or for 24 h continuously. The dogs in these experiments
developed ARF with average blood urea nitrogen (BUN) and plasma creatinine levels of 68 and 6.6 mg/dl,
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FIGURE 31.3 RAD circuit diagram. (Reprinted with permission from RenaMed Biologics, Inc.)

respectively. The RADs maintained viability and functionality when connected in series to a hemofiltration
cartridge within an extracorporeal perfusion circuit in an acutely uremic animal. During a 24-h perfusion
period, fewer than 105 cells were lost from the RAD, which contained more than 1.4×108 cells. Treatment
with the RAD and hemofiltration maintained BUN and plasma creatinine levels similar to those of sham
controls. In addition, plasma HCO3, Pi , and K+ levels were more readily maintained near normal values in
RAD treatment than in sham treatment. The RADs were able to reabsorb 40 to 50% of ultrafiltrate volume
presented to the devices. Furthermore, active transport of K+, HCO3, and glucose was accomplished by
the RAD in this ex vivo situation. Metabolic activity of the RAD was also shown in these experiments.
Virtually no ammonia excretion occurred in the processed ultrafiltrate of the sham control group, in
contrast with an ammonia excretion level as high as 100 µM /h in the RAD-treated group. Glutathione
processing by the RAD was also shown, with greater than 50% glutathione removal from the ultrafiltrate
presented to the RAD. Finally, uremic animals treated with the RAD attained 1,25-(OH)2-D3 levels of
19.5±0.5 pg/ml, a value no different from the normal levels of the prenephrectomy condition. In contrast,
sham treatment resulted in a further fall of 4.0 ± 2.4 pg/ml from the already low plasma levels of 1,25-
(OH)2-D3 in the acutely uremic animals. Thus, these experiments clearly showed that the combination of
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FIGURE 31.4 Survival times of RAD- and sham-treated animals. (Reprinted from Fissell and Humer, Cell therapy
of renal failure, Transplantation Proceedings, 35, 2837–2842, 2003, with permission from Elsevier.)

a synthetic hemofiltration cartridge and a RAD in an extracorporeal circuit successfully replaced filtration,
transport, and metabolic and endocrinologic functions of the kidney in acutely uremic dogs.

After a series of experiments demonstrating bioactivity, longevity, and systemic activity of the proximal
tubule cells in a large animal model, further experiments were conducted to examine the impact of
cell therapy on the course of sepsis complicated by renal failure. Septic shock with ARF was chosen as an
experimental model for several reasons. First, there is no established animal model of chronic renal failure,
largely due to the cost involved in maintaining a herd of animals on dialysis. Second, the time course of
well-dialyzed chronic renal failure is months to years of subject survival, which would be prohibitively
expensive. Lastly, animal models of septic shock have been well established and can serve as a starting
point for understanding the disease physiology.

After two initial studies supported a systemic effect and hemodynamic benefit from cell therapy in
large animal models of sepsis [27,28], we pursued further evidence that cell therapy with renal proximal
tubule cells altered the physiologic response to sepsis. A porcine model of septic shock was developed from
the previous work. It was noted in nonnephrectomized animals that in response to bacteria, the animals
rapidly became oligoanuric. We hypothesized that septic shock rapidly induced tubule cell injury, and
that replacement of the function of injured tubule cells would confer benefit upon the animals.

Purpose-bred pigs were anesthetized and administered an intraperitoneal dose of bacteria, causing
shock and renal failure. An hour later CVVH was initiated with either cell or sham RAD. Urine output
and mean arterial pressure declined within the first few hours after insult. Cell-treated animals survived
9.0± 0.83 h vs. 5.1± 0.4 h (P < .005) for sham-treated animals (Figure 31.4).

Serum cytokines were similar between the two groups, with the striking exception of IL-6 and IFN-γ.
Treatment with the cell RAD resulted in significantly lower plasma levels of both IL-6 (P < .04) and IFN-γ
(P < .02) throughout the experimental time course compared to sham RAD exposure (Figure 31.5).

This controlled trial of cell therapy of renal failure in a realistic animal model of sepsis has several findings
not immediately expected from a priori assumptions regarding renal function. Heretofore, although renal
failure has been strongly associated with poor outcome in hospitalized patients, and chronic renal failure
is associated with specific defects in humoral and cellular immunity, a direct immunomodulatory effect
of the kidney had not been accepted. In this trial, clear differences in survival and clear differences in a
serum cytokine associated with mortality in sepsis were found between animals treated with cells and with
sham cartridges. This hearkens back to statements made earlier in the chapter: that the increased mortality
in renal failure has not been conclusively attributed to inadequate clearance, but may arise from other
bioactivity of the kidney. With a series of preclinical experiments demonstrating the extracorporeal circuit
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FIGURE 31.5 Serum cytokine levels in septic animals treated with a bioartificial kidney. (Reprinted with modifica-
tions from Humer, H.D., Buffington, D.A., Lou, L., Abrishami, S., Wang, M., Xia, J., and Fissell, W.H. Critical Care
Med., 31: 2421–2428, 2003, with permission from Lippincott Williams & Wilkins.)

containing the bioreactor, the U.S. Food and Drug Administration granted Investigational New Drug
approval to the bioreactor, and a multicenter Phase I/II clinical trial of the bioartificial kidney was begun.

31.6 Clinical Trials of the RAD

With the suggestive preclinical data from the canine studies, the FDA approved an investigational new
drug (IND) application to study the RAD containing human cells in patients with acute tubular necrosis
and multisystem organ failure who were receiving continuous renal replacement therapy. Human kidney
cells were isolated from kidneys donated for cadaveric transplantation but which could not be used for
this end due to anatomic or fibrotic defects.

At the time of this writing, ten human patients at two investigational centers have been treated with the
RAD in this Phase I trial. The initial clinical experience with the RAD is detailed in Reference 29. The data
collected to date suggests that the RAD remains functional with proximal tubules remaining viable and
continuing to display differentiated functions of the proximal tubule. The cells demonstrated glutathione
degradation and 25-OH Vitamin D3 hydroxylation out to 24 h of use, the longest time tested to date. This
represents an important milestone in medical therapeutics. We have shown the practicability and safety
of treating an acute illness characterized by damage to and loss of function of a cell type with human cells
grown in tissue culture and delivered to the patient in a bedside bioreactor.
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32.1 Introduction

The proper size, shape, color, and alignment of teeth influences the nature of our smile and determines
our uniqueness as individual humans. In addition to their esthetic value, teeth are important for the
mastication of food and for proper speech. Despite these critical functions, the importance and uniqueness
of teeth are frequently overlooked by health professionals. The loss of dentition to common diseases like
caries, periodontal disease and to trauma imposes significant emotional and financial burdens on patients
and their families. Despite the overall success of osseo-integrated titanium implants, tooth forms that
are bioengineered from natural tissues/cells represent the next wave of dental regenerative medicine.
The calcified tooth matrices of enamel, dentin, and cementum each possesses unique biomechanical,
structural and biochemical properties. When consideration is given to the bioengineering of whole tooth
forms, several challenges exist that relate to the restoration of specific shapes and sizes as well as the
(re)generation of these highly specialized mineralized matrices. In order to provide an appreciation
for the complexity of the tooth as a whole, this chapter first discusses the components of a mature tooth
and its surrounding structures. Next, the basic principles of tooth development that lend the molecular and
genetic bases for modern bioengineering strategies is presented. Important contributions from mouse and
human genetic studies is also briefly overviewed. Finally, recent data from successful tooth engineering
initiatives involving somatic and stem cell approaches along with whole tooth organ strategies is discussed.
In projecting future research directions, this chapter concludes with a brief discussion of the challenges
and opportunities that exist for bioengineering one of the most complex of all vertebrate organ systems.

32-1
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32.2 The Tooth and Its Supporting Structures

The crowns of teeth that are exposed in the oral cavity are covered by enamel. Under the enamel is
a thick layer of dentin and a soft central core, the pulp chamber (Figure 32.1). Enamel is the hardest
calcified structure as it is about 99.5% mineralized. It varies from 2 to 3 mm in thickness at the height
of cusps and narrows to a knife-edge thickness at the cementoenamel junction. Enamel is deposited
by ameloblasts, cells that are believed to undergo programmed cell death. Because enamel is acellular
and nonvital it cannot regenerate itself. Underlying enamel is dentin, a specialized mineralized matrix
that shares several biochemical characteristics with bone. In contrast to enamel, dentin is a vital tissue
that harbors odontoblastic processes and some nerve endings. The formation of dentin follows the same
principles that guide the formation of other hard connective tissues in the body, namely, cementum
and bone.

As described by Linde and Goldberg [1] and Butler and Ritchie [2], the composition of dentin matrix
and the process of dentinogenesis are highly complex. The organic phase of dentin is composed of
proteins, proteoglycans, lipids, various growth factors, and water. Among the proteins, collagen is the
most abundant and offers a fibrous matrix for the deposition of carbonate apatite crystals. The collagens
that are found in dentin are primarily type I collagen with trace amounts of type V collagen and some type
I collagen trimer. An important class of dentin matrix proteins is the noncollagenous proteins or NCPs [2].
The dentin-specific NCPs are dentin phosphoproteins (DPP) or phosphophoryns and dentin sialoprotein
(DSP). After type I collagen, DPP is the most abundant of dentin matrix proteins and represents almost
50% of the dentin extracellular matrix. DPP is a polyionic macromolecule that is rich in phosphoserine
and aspartic acid. Its high affinity for type I collagen as well as calcium makes it a strong candidate for
the initiation of dentin mineralization. DSP accounts for 5 to 8% of the dentin matrix and has a relatively
high sialic acid and carbohydrate content. Its role in dentin mineralization is unclear at the present time.
For several years it was believed that DSP and DPP were two independent proteins that were encoded
by individual genes. DPP and DSP are specific cleavage products of a larger precursor protein that was
translated from one large transcript [3]. This single gene encoding for DSP and DPP is named dentin
sialophosphoprotein or Dspp.

A second category of NCPs with Ca-binding properties are classified as mineralized tissue-specific
as they are found in all the calcified connective tissues, namely, dentin, bone, and cementum. These

FIGURE 32.1 Component parts of a tooth.
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include osteocalcin (OC) and bone sialoprotein (BSP). A serine-rich phosphoprotein called dentin matrix
protein 1, Dmp-1, whose expression was first described as being restricted to odontoblasts [4], was later
shown to be expressed by osteoblasts and cementoblasts [5]. Other NCPs include osteopontin (OP) and
osteonectin (secreted protein, acidic, cycteine-rich; SPARC). The fourth category of dentin NCPs are not
expressed in odontoblasts but are primarily synthesized in the liver and are released into the circulation.
An example of a serum borne protein is α2HS-glycoprotein. Diffusible growth factors that appear to be
sequestered within dentin matrix constitute the fifth group of dentin NCPs. This group includes the BMPs,
IGFs, and TGF-βs [6].

The central chamber of the tooth is occupied by a soft connective tissue called the dental pulp that is
comprised of a heterogeneous cell population of fibroblasts, undifferentiated mesenchymal cells, nerves,
blood vessels, and lymphatics. The regenerative capacity of dental pulp is well documented in the literature
and best illustrated by the formation of a layer of reparative dentin beneath a carious lesion or a cavity base.
As will be discussed later, somatic stem cells from the dental pulp are capable of regenerating several tissues
when transplanted in vivo. Cementum is another calcified tissue of mesodermal origin. The cementum
covering the apical third of the root is cellular (contains cementocytes), whereas that of the remaining
two-thirds is acellular. Since the fibers of the periodontal ligament are anchored within cementum, the
regeneration of this complex is important when bioengineering of whole tooth structures is considered.

32.3 Genetic Control of Tooth Development

32.3.1 Stages of Tooth Development

Teeth develop in distinct stages that are easily recognizable at the microscopic level. Hence, stages in odon-
togenesis are described in classic terms by the histologic appearance of the tooth organ. From early to late,
these stages are described as the lamina, bud, cap, and bell (early and late) stages of tooth development
[7,8]. Recent advances made in the understanding of the molecular control of tooth development have led
to the development of new terminology to describe tooth development as occurring in four phases: ini-
tiation, morphogenesis, cell or cyto-differentiation, and matrix apposition (Figure 32.2). The appearance
of the dental lamina marks the first visible sign of tooth initiation that is seen about five weeks of human
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Neual-crest-derived mesenchyme

Condensing dental mesenchyme

Oral epithelium Enamel

Ameloblasts Dentin

Obontoblasts Dental pulp
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FIGURE 32.2 Stages of tooth development. A schematic frontal view of an embryo head at embryonic day (E)11.5
is shown with a dashed box to indicate the site where the lower (mandibular) molars will form. Below, the stages of
tooth development are laid out from the first signs of thickening at E11.5 to eruption of the tooth at around 5 weeks
after birth. The tooth germ is formed from the oral epithelium and neural-crest-derived mesenchyme. At the bell
stage of development, the ameloblasts and odontoblasts form in adjacent layers at the site of interaction between the
epithelium and mesenchyme. These layers produce the enamel and dentin of the fully formed tooth. (Reproduced
from Tucker, A. and Sharpe, P. Nat. Rev. Genet. 5: 499–508, 2004. With permission.)
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development. The inductive influence of the dental lamina to dictate the fate of the underlying ectomesen-
chyme has been confirmed by several researchers [9]. The table below summarizes the molecules expressed
in the epithelium and mesenchyme at this inductive phase. The bud stage is characterized by the continual
growth of cells of the dental lamina and ectomesenchyme. The latter is condensed and termed the dental
papilla. At this stage, the inductive or tooth-forming potential is transferred from the dental epithelium to
the dental papilla. The transition from the bud to the cap stage is an important step in tooth development as
it marks the onset of crown formation. The tooth bud assumes the shape of a cap that is surrounded by the
dental papilla. The ectodermal compartment of the tooth organ is referred to as the dental or enamel organ.
The enamel organ and dental papilla become encapsulated by a sac called the dental follicle that separate
the tooth organ papilla from the other connective tissues of the jaws. A cluster of cells called the enamel
knot is an important organizing center within the dental organ and is important for the formation of cusps
[10,11]. The enamel knot expresses a unique set of signaling molecules that influence the shape of the crown
as well as the development of the dental papilla. Similar to the fate of signaling centers in other organizing
tissues like the developing limb bud, the enamel knot undergoes programmed cell death or apoptosis,
after cuspal patterning is completed at the onset of the early bell stage. As the dental organ assumes the
shape of a bell, several layers of cells continue to divide but at differential rates. A single layer of cuboidal
cells called the external or outer dental epithelium lines the periphery of the dental organ while cells that
border the dental papilla and are columnar in appearance form the internal or inner dental epithelium.
The latter gives rise to the ameloblasts, cells responsible for enamel formation. Cells located in the center
of the dental organ produce high levels of glycosaminoglycans that are able to sequester fluids as well as
growth factors that lead to its expansion. This network of star-shaped cells is named the stellate reticulum.
Interposed between the stellate reticulum and the internal dental epithelium is a narrow layer of flattened
cells termed the stratum intermedium that express high levels of alkaline phosphatase. The stratum inter-
medium is believed to influence the biomineralization of enamel. In the region of the apical end of the
tooth organ, the internal and external dental epithelial layers meet at a junction called the cervical loop.

At the early bell stage, each layer of the dental organ has assumed special functions and exchanges
molecular information that leads to cell differentiation at the late bell stage. The dental lamina that
connects the tooth organ to the oral epithelium gradually disintegrates at the late bell stage. At the
future cusp tips, cells of the internal dental epithelium stop dividing and assume a columnar shape. The
most peripheral cells of the dental papilla organize along the basement membrane and differentiate into
odontoblasts, the dentin-forming cells. At this time, the dental papilla is termed the dental pulp. After
the first layer of predentin matrix is deposited, cells of the internal dental epithelium differentiate into
ameloblasts or enamel-producing cells. As enamel is deposited over dentin matrix, ameloblasts retreat
to the external surface of the crown and are believed to undergo programmed cell death. In contrast,
odontoblasts line the inner surface of dentin and remain metabolically active throughout the life of a
tooth. Root formation then proceeds as epithelial cells proliferate apically and influence the differentiation
of odontoblasts from the dental papilla as well as cementoblasts from follicle mesenchyme. This leads to
the deposition of root dentin and cementum respectively. The dental follicle that gives rise to components
of the periodontium, namely the periodontal ligament fibroblasts, alveolar bone of the tooth socket and
the cementum also plays a role during tooth eruption which marks the end phase of odontogenesis.

32.3.2 Molecular Mechanisms That Determine Tooth Shape, Size, and
Structure

Similar to other organs like the limb bud, kidney, lung, and hair follicles, tooth development is regulated
by temporally and spatially restricted interactions between epithelial and mesenchymal compartments.
Molecular approaches used in expression analyses as well as functional in vivo and in vitro tooth recom-
binations and bead implantation assays have greatly increased our understanding about the molecular
control of tooth development. In addition, the use of genetic approaches involving transgenic mice with
targeted inactivation of various genes have provided a powerful means to delineate the in vivo functions
of individual molecules [12,13].
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In vivo and in vitro recombination studies have shown that during the formation of the epithelial bud
(E12), the inductive potential shifts to the dental mesenchyme that later influences the fate of the enamel
organ and its morphogenesis from the bud stage to the early bell stage (E16) [9,14–16]. Reciprocal inter-
actions between the morphologically distinct enamel organ and papilla mesenchyme at the late bell stage
(E18) then leads to the differentiation of dentin-forming odontoblasts and enamel-forming ameloblasts.
As morphogenesis advances, the matrices of dentin and enamel are deposited in an organized manner
and root formation begins. Interactions between the apical extension of the enamel organ (epithelial root
sheath) and papilla/follicle mesenchyme lead to the patterning of roots, the differentiation of cemento-
blasts and the formation of cementum. Hence, during crown and root development, morphogenesis, and
cytodifferentiation are controlled by epithelial-mesenchymal interactions.

As depicted in Table 32.1 [13], molecular changes in dental mesenchyme involve proteins in the bone
morphogenetic protein (BMP), fibroblast growth factor (FGF) and wingless-type MMTV integration
site family WNT families; sonic hedgehog (Shh) as well as transcriptional molecules like the Msx-1, -2
homeobox genes; lymphoid enhancer-binding factor 1 (Lef-1) and Pax-9, a member of the paired-box-
containing transcription factor gene family. The actions and interactions of these molecules are complex
and described eloquently in recent reviews [12,17].

The BMPs are among the best-characterized signals in tooth development. In addition to directly influ-
encing morphogenesis of the enamel organ (see discussion on enamel knot later), epithelial BMP-2 and -4
are able to induce expression of Msx1, Msx2, and Lef-1 in dental mesenchyme as shown in bead implant-
ation assays [18–20]. The shift in Bmp-4 expression from epithelium to mesenchyme occurs around
E12 and is coincident with the transfer of inductive potential from dental epithelium to mesenchyme [18].
In mesenchyme, Bmp-4 in turn, requires Msx-1 to induce its own expression [19]. The FGFs, in gen-
eral, are potent stimulators of cell proliferation and division both in dental mesenchyme and epithelium.
Fgf-2, -4,-8, and -9 expression are each restricted to dental epithelium and can stimulate Msx-1 but not
Msx-2 expression in underlying mesenchyme. Fgf-8 is expressed early in odontogenesis (E10.5 to E11.5),
in presumptive dental epithelium, and can induce the expression of Pax-9 in underlying mesenchyme.
Interestingly, BMP-4 prevents this induction and may share an antagonistic relationship with the FGFs
similar to what is observed in limb development [21]. Recent studies by Hardcastle et al., 1998, have
shown that Shh in beads cannot induce Pax9, Msx-1 or Bmp-4 expression in dental mesenchyme but is
able to stimulate other genes encoding the transmembrane protein patched (Ptc) and Gli1, a zinc finger
transcription factor [22–24]. Since neither FGF-8 nor BMP-4 can stimulate Ptc or Gli1, it can be assumed
at the present time that the Shh signaling pathway is independent of the BMP and FGF pathways during
tooth development [24]. Several Wnt genes are expressed during tooth development and may be required
for the formation of the tooth bud [12]. These genes are believed to play a role in activating the intracellular
pathway involving frizzled receptors, β-catenin and nuclear transport of Lef-1. Other signaling molecules
including the Notch genes, epidermal growth factor (EGF), hepatocyte growth factor (HGF) and, platelet
derived growth factor (PDGF) families may also influence tooth development, though the exact nature of
their involvement remains to be elucidated.

The enamel knot is a transient epithelial structure that appears at the onset of cusp formation. For
years, it was thought that the enamel knot controlled the folding of the dental epithelium and hence cuspal
morphogenesis. Recently, the morphological, cellular and molecular events leading to the formation and
disappearance of the enamel knot have been described, thus linking its role as an organizing center for
tooth morphogenesis [11,25,26]. Interestingly, cells of the enamel knot are the only cells within the enamel
organ that stop proliferating [10] and that undergo apoptosis [27]. Another intriguing finding linked p21,
a cyclin-dependent kinase inhibitor associated with terminal differentiation events, to apoptosis of the
enamel knot [11].

The enamel knot cells express several signaling molecule genes including Bmp-2, -4, -7; Fgf-4, -9;
Msx-2 and Shh [22,25,28–30]. Although the precise function of each morphogen is not known at the
present time, a model for the relationship of inductive signaling molecules involved has been proposed
by integrating morphological and molecular data [11]. Since the instructive signaling influence lies with
the dental mesenchyme prior to the development of the primary enamel knot, it is likely that this tissue
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TABLE 32.1 Genes Expressed During Tooth Development in Mousea

Stage of Expressed in References Expressed in References
development epithelium mesenchyme

Up to epithelial thickening
(E10–E11) Fgf8,9 [21,60,63,64] Activin [70]

Bmp4 [21,35,60,75] Pax9 [21]
Shh [24,69] Barx1 [60]
Islet1 [65] Msx1 & Msx2 [19,83,84]
Pitx2 [66,67] Dlx1,2,3,5,6 [61,62]
Wnt 10b [76] Ptc [24]
Follistatin [70] Gli1,2,3 [24]
Lef1 [20] Lhx6,7 [63]
Eda, Edar [72]

Bud stage
(E12–E13) Eda, Edar [72] Runx2 [71]

Pitx2 [66,67] Bmp4 [35,75]
Msx1 [35]
Lef1 [20]
Fgf3,10 [73]
Dlx1,2 [62]
Lhx6,7 [63]

Cap stage
(E14–E15) Enamel knot Non-EK epithelium [74]

p21 [11] FgfR [72]
Shh [24] Eda
Edar [72]
Edaradd [68]
Bmp 2,4,7 [75]
Wnt10a [76]
Msx2 [11,29]
Fgf3,4 [10,73]

Bell stage
(E16 Onward) Amelogenin [77] Dspp [78]

Bmp5 [75]

a This list indicates the expression pattern of several genes that are thought to be important in tooth
development in the mouse. A more comprehensive list of genes and their expression patterns can be found
at the Gene Expression in Tooth web site (http://bite-it.helsinki.fi/) [79]. Barx, BarH-like homeobox; Bmp,
bone morphogenetic protein; Dlx, distal-less homeobox; Dspp, dentin sialophosphoprotein; E, embryonic
stage; Eda, ectodysplasin-A; Edar, Eda receptor; Edaradd, EDAR (ectodysplasin-A receptor)-associated
death domain; EK, enamel knot; Fgf, fibroblast growth factor; FgfR, fibroblast growth factor receptor;
Gli, GLI-Kruppel family member; Lef, lymphoid enhancer binding factor; Lhx, LIM homeodomain genes;
Msx, homeobox, msh-like; p21 (CDKN1A), cyclin-dependent kinase inhibitor 1A; Pax, pairedbox gene;
Pitx, paired-related homeobox gene; Ptc, patched; Runx, runt homologue; Shh, sonic hedgehog; Wnt,
wingless-related protein.

Source: Reproduced from Tucker, A. and Sharpe, P. Nat. Rev. Genet. 5: 499–508, 2004. With permission.

influences enamel knot formation. In this regard, BMP-4 in condensing dental mesenchyme, functions
as a paracrine molecule that can upregulate Msx2 and p21 expression within the enamel knot [11,26].
It is hypothesized that p21 then prevents proliferation within the enamel knot allowing for the growth
stimulatory Fgf-4 to be expressed exclusively in this region [10]. FGF-4 in turn, may act singly or in concert
with Fgf-9 to influence patterning or to regulate expression of downstream genes like Msx1 in underlying
papilla mesenchyme [19,28]. Intriguingly, later in development, BMP-4 participates in the regulation of
apoptosis perhaps in an autocrine fashion by involving genes like Msx-2.

Mice genetically engineered with targeted mutations in transcription factor genes like Msx-1, Lef-1, and
Pax9 as well as activin-βA, a member of the TGF-β superfamily, have revealed important information.
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Knockouts of Bmp-2, -4, and Shh have proven less informative largely due to death that occurs in utero
prior to the onset of tooth development. In Msx-1, Lef-1, Pax9, and activin-βA mutant strains, tooth
development fails to advance beyond the bud stage. Thus, these molecules are important in directing
the fate of the dental mesenchyme and its ability to influence the progress of epithelial morphogenesis
to the cap stage [31–34]. Curiously, Msx2 molars develop fully but show abnormal cuspal patterning,
a poorly differentiated stellate reticulum and enamel matrix defects, suggesting that this homeobox gene
is involved in the patterning and differentiation of the enamel organ [17; Maas, personal communication].
As reviewed by Tucker and Sharpe [13], molecular information on tooth development can be used to alter
the shape and size of teeth. For example, when beads soaked with Bmp4 are placed on mesenchyme within
the presumptive incisor region, Msx1 expression is downregulated and expression of the transcription
factor Barx1 is upregulated. Since Barx1 is normally restricted to the molar region, its misexpression
within the incisor region results in the formation of a molar tooth organ instead of an incisor [35].

In addition to use of the mouse tooth organ model, the legacy of inheritable anomalies of human
dentition involving the failure of teeth to develop offers a powerful system for studying the genetic
pathways that control the development of human dentition. Familial tooth agenesis is the most common
dental anomaly that affects up to 25% of the population. It is transmitted either as an autosomal-dominant,
autosomal-recessive or X-linked trait, and presents in syndromic and nonsyndromic forms. Genes involved
in epithelial-mesenchymal interactions as shown by studies in the mouse are strong candidates for human
tooth agenesis. Until recently, mutations in two genes that encode for the key transcription factors PAX9
and MSX1 were associated with agenesis of molars and premolars [36]. Importantly, PAX9 and MSX1 have
each been excluded in other families with autosomal dominant forms of tooth agenesis. Recently, tooth
agenesis has been linked to a mutation in AXIN2, a molecule known to regulate cell homeostasis [37].
Several members of this four-generation family are affected by or are at risk for colon cancer suggesting a
broader role for this molecule in cell proliferation.

Taken together, the data from mouse and human studies have provided valuable insights into the
molecular and genetic control of tooth development. As illustrated later, such basic information provided
the rationale for tooth bioengineering initiatives for the regeneration of dentin matrix and whole tooth
forms.

32.4 Tooth Regenerative Strategies

Over the years, the research on the use of stem cells for clinical therapies has been growing, especially
after researchers have found that hematopoietic stem cells, a well-characterized population of postnatal
stem cells, have been successfully utilized in clinics to treat hematopoietic diseases [38] autoimmune
diseases [39] and solid tumors [40]. Stem cells are defined as cells that have clonogenic and self-renewing
capabilities and that differentiate into multiple-cell lineages. In general, there are two kinds of stem cells:
embryonic and postnatal stem cells. Embryonic stem cells are derived from mammalian embryos in the
blastocyst stage and have the ability to generate any terminally differentiated cell in the body; postnatal stem
cells are part of tissue-specific cells of the postnatal organism into which they are committed to differentiate.
Stem cell-based tissue regeneration has great clinical potential to regain physiological functions that have
been damaged by various diseases.

32.4.1 Human Dental Pulp Stem Cells

Isolation and identification of stem cells are the first step in studying the potential of stem cell-mediated
therapy. Postnatal stem cells have been isolated from a variety of tissues including but not limited to
skin, liver, brain, bone marrow, and peripheral blood. Recently, dental pulp stem cells (DPSCs) have
been successfully isolated from adult dental pulp in extracted human teeth [41]. Similar to the other
mesenchymal stem cells, DPSCs are able to generate clonogenic cell colonies in vitro. The majority of the
individual colonies (67%) failed to proliferate beyond 20 population doublings in the culture, suggesting
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that only a small portion of cells maintain high proliferation potential in vitro [42]. Mixed multi-colony
DPSCs show a higher proliferation rate than bone marrow stromal stem cells (BMSSCs) in culture. cDNA
microarray analysis demonstrated that highly expressed cyclin-dependent kinase 6 (cdk6) and IGF-2 in
DPSCs might be, at least partially, responsible for the promoted progression of cells through G1 to the
start of DNA synthesis [43–45], leading to an elevated replicative proliferation. Most postnatal stem
cells reside in a specific niche microenvironment to maintain their stemness. To elucidate the DPSCs’
niche environment, DPSCs were first found to express various markers associated with endothelial and/or
smooth muscle cells such as STRO-1, 3G5, VCAM-1, MUC-18 and α-smooth muscle actin [41,46].
Then, immunohistochemical staining and magnetic beads sorting were applied to confirm that DPSCs,
similar to BMSSCs, reside in a perivascular niche microenvironment [46]. Taken together with their
clonogenic nature, higher proliferation rate, and specific niche microenvironment, DPSCs satisfy three
criteria characteristic of human postnatal somatic stem cells.

32.4.2 Dentin Tissue Regeneration

One of the most important characteristics of DPSCs is their capability to form a dentin/pulp-like
complex upon in vivo transplantation in conjunction with hydroxyapatite/tricalcium phosphate as a
carrier (Figure 32.3). Backscatter EM analysis demonstrated that the dentin-like material formed in the

(a)

(b)

FIGURE 32.3 Hematoxylin and eosin staining of representative DPSC transplants. (a) After one week posttrans-
plantation, DPSC transplants contain connective tissue (CT) around HA/TCP carrier (HA), without any sign of dentin
formation. (b) After six week posttransplantation, DPSCs differentiate into odontoblasts (arrows) that are responsible
for the dentin formation on the surface of HA/TCP (HA). Original magnification: 40×.
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transplants had a globular appearance consistent with the structure of dentin in situ [42]. DPSC-mediated
odontogenesis is differentiable from BMSSC-mediated osteogenesis by regenerating different organ-like
structures and involving different regulating molecules [47]. This implies that critical factor(s) may regu-
late mineralized matrix forming stem cells to generate defined mineralized tissue along with associated soft
tissues. The property of multipotential differentiation of DPSCs has been demonstrated by the findings
that under the proper culture conditions, DPSCs are capable of differentiating into osteo/odontogenic
cells, adipocytes, and neural cells [42]. However, the assets of multipotential differentiation of DPSCs at
functional levels remain to be confirmed.

The findings on DPSCs may provide a potential for utilizing them for dentin and pulp tissues regen-
eration. Human teeth do not undergo the type of remodeling that is seen in other mineralized tissues
such as bone, which remodels to maintain organ integrity. Once a tooth has erupted, dentinal damage
caused by mechanical trauma, exposure to chemicals or by infectious processes, induces the forma-
tion of reparative dentin that is even though structurally poorly organized, but serves as a protective
barrier to the dental pulp with limited capacity [48–52]. It was reported that bone morphogenetic
protein-7 is capable of stimulating tertiary dentin formation when applied to freshly cut dentin both
in vitro and in vivo [53,54]. This probably occurs through an osteo/odontogenic induction property of
BMP-7, since BMP-7 transfected human fibroblasts were able to express osteogenic characteristic and
form bone tissue in vivo [55]. DPSCs were also capable of forming reparative dentin structure on the
surfaces of regular human dentin [47]. However, it seems that DPSCs exhibit a decreased and altered
in vivo odontogenic capacity when loaded on the surface of human dentin. Although the reason is not
known, it may be associated with the microenvironment that accommodates in vivo differentiation of
DPSCs [47]. Recently, it was demonstrated that autogenous transplantation of BMP2-treated DPSCs
was able to stimulate reparative dentin formation on the amputated pulp [56]. This finding suggests
that combination therapy using stem cells and growth factors may improve stem cell-mediated dentin
regeneration.

32.4.3 Tooth Regeneration

Recently, whole tooth regeneration in vivo has become a hot topic in dental research. Tooth development
involves a mutual signaling interaction between epithelial and mesenchymal cells of neural ectodermal
origin. It was demonstrated that tooth crown structures including dentin, odontoblasts, pulp chamber,
putative Hertwig’s root sheath epithelia, putative cementoblasts, and enamel organ could be regenerated
using dissociated cells from pig tooth bud tissues (Figure 32.4) [57]. Further, the same research group
identified that cultured cells from rat tooth bud were also able to regenerate tooth structure when loaded
on the PGA or PLGA scaffolds [58]. These studies demonstrate for the first time that mammalian tooth
structure can be regenerated in a system consisting of tooth bud progenitors and the proper scaffold.
Moreover, Sharpe’s group conducted a promising study to demonstrate that mice embryonic oral epi-
thelium along with nondental stem cells can induce an odontogenic response, showing the expression of
odontogenic mesenchymal cell associated genes such as Msx1, Lhx7, and Pax9 [59]. After being trans-
planted into adult renal capsules, the recombination of embryonic oral epithelium with nondental stem
cells (embryonic, neural, and bone marrow stem cells) gave rise to both tooth structure and bone tissue
(Figure 32.5) [59]. Also, transplanted embryonic tooth primordial were able to maintain their tooth
development potential within an adult environment [59]. This study clearly indicates that the inductive
function of embryonic oral epithelium may be an important driving force for future prospects of achieving
entire tooth regeneration in vivo.

Human DPSCs have been successfully isolated and characterized, which open the door for using
these cells for potential tooth structure regeneration. In addition, stem cell-mediated whole tooth
structure regeneration implies a great potential for regenerating functional entire tooth in vivo.
However, substantial experimentation is still required for translating these technologies into clinical
applications.
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FIGURE 32.4 Histology and immunohistochemistry of a 20-week implant. (a) Von Kossa stain for calcified min-
eralization in bioengineered tooth crown (50× magnification). Dark brown stain is positive for mineralized tissues.
(b) A high-magnification (400×) photomicrograph of the Hertwig’s epithelial root sheath is shown, stained by the Von
Kossa method to detect calcified mineralization. (c) High-magnification (200×) photomicrograph of cuspal region in
bioengineered tooth crown. The tissue was stained by the Von Kossa method. (d) Hematoxylin and eosin (H&E) stain
of a positive control porcine third molar cuspal region demonstrates morphology similar to that of the bioengineered
tooth structure (200×). (e) BSP immunostain of 20-week bioengineered tooth crown (100×). Positive BSP expression
is indicated by the arrow. (f) Negative preimmune control immunostain for BSP in bioengineered tooth crown (100×).
Abbreviations: d, dentin; od, odontoblasts; p, pulp; pd, predentin; hers, Hertwig’s epithelial root sheath.

FIGURE 32.5 Recombinant explant between bone-marrow-derived cells and oral epithelium following 12 days of
development in a renal capsule. All the tissues visible are donor-derived, since the host kidney makes no cellular
contribution to the tissue. Where epithelium in the recombinations was from GFP mice, in situ hybridization of
sections of these tissues confirmed that all mesenchyme-derived cells were of wildtype origin (not shown). BO, bone;
Am, ameloblasts; DP, dental pulp; OD, odontoblasts; E, enamel; D, dentin. Scale bar: 80 µm. (Reproduced from
Ohazama, et al. J. Dent. Res. 83: 518–522. With permission.)

32.5 Conclusions

The last decade has witnessed an explosion of scientific and technological advances that will undoubtedly
propel the field of tooth bioengineering forward. This chapter was limited in scope in as much as only
a few tooth regenerative strategies were discussed. Therefore, readers should be mindful of several other
dimensions of research that exist. As presented in the current literature, there is much interest in under-
standing the structural, biomechanical, and bioregulatory features of dentin and bone matrices as well as
the complex process of enamel biomineralization and remineralization. Such basic knowledge is essential
for the development of tooth-specific biological substitutes that will best restore, maintain, or improve
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the functions of normal dentition. The legacy of inheritable anomalies that involve tooth patterning and
extracellular matrices will continue to provide a powerful means of identifying new molecular pathways
that influence normal and abnormal development. Clearly, advances in the field of tooth bioengineering
will depend on the clever integration of basic science knowledge from animal and human developmental
and genetic studies with emerging technologies in the field of stem cell biology, autologous cell therapy,
gene therapy, materials sciences, and nanotechnology. Although the clinical applications for the use of
bioengineered tooth forms and matrices remain limitless, several challenges must be surmounted prior to
successful therapeutic interventions. As important as the timely diagnosis, accurate prognosis and proper
treatment of diseases affecting dentition will be the preparation of host sites within the oral cavity to receive
bioengineered materials. In every respect, the field of tooth bioengineering encompasses broad strategies
and multidisciplinary approaches directed at restoring one of the most complex organs in vertebrates.
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33.1 Introduction

A seemingly simple, single-lumen structure, the trachea is the sole conduit between the supraglottic airway
and the lungs. Humidified and warmed air inspired through the nose travels to the lungs through the
relatively thin-walled trachea, which widens slightly at its distal end. At birth, its diameter is approximately
0.5 cm. Tracheal size grows proportionally with the height and weight of the child [1,2]. In a male
human adult, the trachea is approximately 12-cm long and 1.5- to 2-cm wide. In an adult female it is
approximately 11-cm long and narrower. At its distal end, the carina, it bifurcates into the two mainstem
bronchi (Figure 33.1).

Mechanically, the trachea has several functions. As an air conduit one of its most important structural
functions is to maintain patency; any significant obstruction of its lumen can result in rapid asphyxiation.
It must also be flexible enough to accommodate cervical rotation, flexion, and extension. Furthermore,
it has to withstand both negative and positive intraluminal pressures encountered in the respiratory cycle.
Approximately 16 to 20 hyaline cartilage rings provide the necessary rigidity; the intervening soft tissue
provides the necessary flexibility and compliance to respond to cervical motion and varying intraluminal
pressure. The first and most superior ring, the cricoid cartilage, is a complete ring (Figure 33.1). The
remaining cartilage rings beneath the cricoid are C-shaped and open posteriorly. The pars membrana
spans the open ends of the cartilage rings and is composed of a fibroelastic ligament and longitudinally
oriented smooth muscle (Figure 33.2). The ligament prevents overdistention, while contraction of the
muscle reduces the size of the lumen. The latter occurs during the cough reflex; the decreased luminal size
increases the velocity of the expired air, facilitating airway clearance.

The trachea is lined with a pseudostratified columnar respiratory epithelium that consists of a het-
erogeneous population of cells that form tight junctions; in the submucosal space are numerous mixed

33-1
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FIGURE 33.1 Anterior view of a human trachea.
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FIGURE 33.2 Cross sectional view of a human trachea segment. (A) C-shaped cartilaginous ring. (B) Pars membrana
of the trachea, which is composed of a fibroelastic ligament and smooth muscle. (C) Esophagus.

sero-mucous glands, which decrease in numbers in the distal aspect of the trachea (Figures 33.3a,b).
Airway epithelial cells, as well as dendritic cells found in airway epithelium, express major histocompatib-
ility complex class I and II molecules, which endow the epithelium with the properties of an immunologic
barrier [3]. The epithelium’s major function was once thought to be that of a physical barrier; it is
now thought to be far more complex. The airway surface epithelium does indeed possess a variety of
intercellular junctional complexes that create a tight and efficient barrier against inhaled pathogens and
other noxious agents [4,5]. In addition, airway epithelial cells act together to ensure mucosal defense
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FIGURE 33.3 (a) Photomicrograph of tracheal tissue, hematoxylin and eosin stain ×200. (A) Respiratory epithe-
lium. (B) Mixed sero-mucous glands residing in the lamina propria. (C) Perichondrium. (D) Blood vessel. The lamina
propria underlying the epithelium is richly vascularized, which helps to warm the inspired air. (E) Cartilage. (b) Pho-
tomicrograph of tracheal respiratory epithelium, hematoxylin and eosin stain ×400. (A) Cilia arising from (B), the
columnar ciliated epithelial cells. (C) Basal cell. (D) Blood vessel within the lamina propria. (E) Basement membrane.
(F) Goblet cell.

through a variety of mechanisms such as mucociliary clearance, active secretion of ions and regulation of
water balance, regulation of airway smooth muscle function, and the release of antibacterial, antioxidant,
and anti-inflammatory molecules in the airway surface liquid. Airway epithelium constitutes the inter-
face between the internal milieu and the external environment, and responds to changes in the external
environment by secreting a large number of mediators that interact with cells of the immune system
and underlying mesenchyme [5]. These mediators include arachidonic acid metabolites, nonprostanoid
inhibitory factors, nitric oxide, endothelin, cytokines, and growth factors [3].



mikos: “9026_c033” — 2007/4/9 — 15:53 — page 4 — #4

33-4 Tissue Engineering

Since the epithelium is in direct and permanent contact with the external environment, it is frequently
injured. It is capable of rapid restitution if it is denuded [6,7]. After an injury, epithelial cells dedifferentiate,
flatten, and migrate rapidly beneath a fibrin–fibronectin plasma-derived gel that contains both adhesive
plasma proteins and leukocytes [8]. The response to injury, however, appears to partly depend on the depth
of injury. Deep injuries violating the lamina propria and reaching the perichondrial tissues are associated
with excessive granulation tissue [9,10]. Bacterial and viral infections, inhaled pollutants and toxic agents,
and mechanical stress can severely alter the integrity of the epithelial barrier. The response of the airway
surface epithelium to an acute injury includes a succession of cellular events varying from loss of surface
epithelial impermeability to partial shedding of the epithelium or even to complete denudation of the
basement membrane. In response to chronic injury, the airway epithelial cells can also transdifferentiate,
with a shift from serous to mucous cells, from ciliated to secretory cells, or from secretory to squamous cells.
Such a remodeling illustrates the marked plasticity and capacity of the airway epithelium to regenerate
[4,11]. Given its regenerative capacity, characterization of airway stem cells may eventually lead to clinical,
therapeutic benefit [12].

There are at least eight morphologically distinct cells types in human respiratory epithelium. These
include columnar ciliated epithelial cells, mucous goblet cells, serous cells, basal cells, Clara cells, pul-
monary endocrine cells, as well as intraepithelial nerve cells, and a variety of immune cells. The latter
group of cells is comprised of mast cells, intraepithelial lymphocytes, dendritic cells, and macrophages.
Serous cells and Clara cells are found beyond the trachea in the more distant airway conduits. The most
abundant of the tracheal epithelial cells are the ciliated columnar cells, accounting for approximately 50%
of all epithelial cells. Ciliated cells, which arise from either basal or secretory cells, are no longer thought
to be terminally differentiated [5,13]. In the adult human trachea, each of these ciliated columnar cells
host approximately 300 cilia that beat in an organized fashion to sweep respiratory secretions upward into
the larynx and oral cavity.

The second most common cell in the human trachea is the mucous goblet cell, which is characterized by
acidic-mucin granules. Secretion into the airway lumen of the correct amount of mucin, a glycoprotein,
and the viscoelasticity of the resulting mucus are important parameters for an efficient mucociliary
clearance of mucus-entrapped foreign bodies. It is thought that the acidity, due to the sialic acid content
of the glycoprotein, determines the viscoelastic profile and hence the relative ease of transport across cilia
[5]. These goblet cells are thought to be capable of self-renewal and may differentiate into ciliated cells
[14,15], as do the basal cells [16]. The basal cells are short, rounded cells that lie on the basal lamina
without extension to the apical surface. They are the only cells in the epithelium that are firmly attached
to the basement membrane and, as such, aid in the attachment of more superficial cells to the basement
membrane via hemidesmosomal complexes [15,17]. The basal cell is thought to be able to function as a
primary stem cell, giving rise to mucous and ciliated epithelial cells [5,18–25]. Pulmonary endocrine cells
are found throughout the airway as solitary cells or in clusters. These cells secrete a variety of biogenic
amines and peptides, which appear to play an important role in fetal lung development and airway
function including the regulation of epithelial cell growth and regeneration.

The trachea’s rich arterial blood supply is derived from fine branches of the superior and inferior
thyroid arteries, of the internal thoracic arteries, and of the bronchial arteries. Returning blood from
tracheal veins eventually travels into the inferior thyroid veins. The incompletion of the C-shaped rings
allows the trachea to be in close apposition to the esophagus throughout its length and to share vascular
supply. While it does receive its blood supply from named vessels, its vasculature is composed of a rich
network of thin vessels. The profuse system of microvessels that immediately underlie the epithelium is of
particular importance in the maintenance and regeneration of airway epithelium. There is thought to be
a dynamic interplay between plasma-derived molecules, their receptors, airway epithelial cells, and their
secretions in vivo, which either promotes airway defense or induces disease [26].

The smooth muscle and glands of the trachea are parasympathetically innervated by the vagus
nerve, either directly or by the recurrent laryngeal nerves. Sympathetic innervation comes directly from
the sympathetic trunk. Tracheal mucosa itself is richly innervated from subepithelial plexuses. The trachea
is remarkably sensitive to touch and has a low threshold to elicit a reflexive cough in the presence of foreign
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material. The subepithelial nerves penetrate the basement membrane at focal points where they branch
and spread along the basement membrane with terminal ends extending between epithelial cells and
terminating in the airway lumen. The nerves have an obvious sensory role but the full breadth of their
exact function is unknown; there is, however, evidence that they might be in direct apposition to pul-
monary endocrine cells, with the suggestion of a bi-directional communication between these two cell
types [5].

In summary, the trachea is a simple, yet elegant, structure that very effectively resists collapse from
negative intraluminal pressures. It is flexible enough to accommodate distension and adapt to cervical
rotation, and is lined with a metabolically active and physiologically complex respiratory epithelium that
is intimately linked to the underlying mesenchyme and the immune system.

33.2 Tracheal Reconstruction: Previous Attempts

Tracheal reconstruction dates back to at least 1881 when Gluck and Zeller re-anastomosed a transected
dog trachea [27]. Over 80 years later in his classic 1964 paper, Grillo described anatomic studies on
human cadavers establishing the upper limits of tracheal resection that would allow a direct end-to-end
anastomosis without undue anastomotic tension [28]. Subsequently, he and others refined the techniques
of tracheal resection with primary anastomosis [29–37]. Today, approximately half of the human adult’s
and one third of the small child’s trachea can safely be resected and primarily anastomosed. Even long
segment tracheal stenosis can now often be handled by an operation known as a slide tracheoplasty.
The need for more extensive resections is clinically rare. In the adult population, the need for replace-
ment of greater than a half of the trachea usually arises in the setting of a low-grade neoplasm, such
as adenoid cystic carcinoma of the trachea, or in the setting of unresectable diseases (such as tracheo-
pathia osteoplastica, relapsing polychondritis, Wegener’s granulomatosis, and trauma). In the neonate,
it arises in the setting of tracheal agenesis, a congenital absence of tracheal tissue [38,39]. Whenever a
significant length of trachea is compromised by disease, it presents a true surgical dilemma as no truly
dependable and reliable replacement yet exists. Given the infrequent clinical demand, it is amazing that
the literature is rich in attempts to find suitable materials with which to replace tracheal tissue. None of
these have been particularly successful and none have found consistent and widely accepted clinical use.
A limited review of some these attempts offers valuable insight into the physiology and pathophysiology
of the trachea. They fall into several categories: implantation of foreign materials, reconstruction with
autogenous tissues, reconstruction, and transplantation of autografts and allografts. The newest category
is tissue engineering [38].

A wide variety of materials has been used for solid prostheses, including but not limited to stainless
steel, Vitallium, glass, polyethylene, Lucite, silicone, Teflon, Ivalon, polyvinyl chloride, and polyurethane
[40–54]. These materials were used as single constituents or in combination; some prostheses used cuffs
draped over tracheal ends to encourage fixation of the prosthesis and prevent obstruction with granulation
tissue at the anastomotic sites. The solid prostheses have been prone to migrate and dislodge, to obstruct
with granulation tissue at the anastomoses, and to develop infections. In addition, they have tended to
yield poor epithelialization. No solid prosthesis has ever proven reliable over time. Some may work for an
unpredictable amount of time but all eventually fail. In response to the failure of solid prostheses, some
groups turned to porous synthetic prostheses to allow tissue ingrowth and promote a greater prosthetic
incorporation. A variety of porous prostheses have been attempted; some of these were used in conjunc-
tion with tissues such as pericardium, omentum, dermis, pleura, and fascia as well as fibrin and collagen
[50,51,55–75]. The porous prostheses have also yielded unsatisfactory results. They have regularly failed
to become fully epithelialized, especially in the center, which promoted central granulation, cicatrisa-
tion (scar formation), and stenosis. The porous prostheses have also shown a propensity for bacterial
colonization.

There have been many attempts to replace trachea with autogenous tissues, including skin, fascia,
pericardium, periosteum, buccal mucosa, aortic tissue, esophageal tissue, bronchial tissue, cartilage,
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bone, and bladder epithelium [38,49,57,58,70,76–92]. The implanted cartilage, despite its autogenous
source, often resorbed. In addition to devascularized autogenous tissues, several authors have reported
using vascularly pedicled tissue transfers. Although some yielded temporary success, none of these have
become commonplace in clinical practice. Some heroic efforts have been documented in the clinical realm.
There are several clinical reports of tracheal reconstruction with cutaneous troughs, as well as esophageal
transfers. These are difficult procedures whose failure rates, not surprisingly, rise with their increasing
complexity.

Experiments using devitalized tissues including cadaveric tracheas have also failed to produce robust
results [93,94]. Cadaveric tracheal grafts have been treated in a variety of ways: irradiation, freeze-
drying, and chemical treatment [58,95–102]. None has resulted in clinically reliable solutions. Devitalized
tracheal tissue is inherently problematic as the cartilage is inevitably doomed to resorption, leading
to tracheomalacia, a degenerative softening of the trachea. The degree of reported epithelialization is
somewhat variable, but it is doubtful that any was truly and thoroughly effective. Our own laboratory
has investigated the use of chemically decellularized cadaveric grafts in a rabbit model, both as anterior
window grafts and circumferential grafts (unpublished data; Figures 33.4a,b). All experimental animals
that underwent an anterior window replacement survived until their appointed time of sacrifice without
suffering from clinically significant stenoses. The circumferential replacement was far more problematic.
All grafts, if given sufficient time, gradually stenosed. Gross evaluation confirmed central malacia of
the grafts, as well as centrally located mucosal stenoses. Histologic evaluation revealed a significant
inflammatory response that showed a predilection for the center of the grafts; epithelial denudation also
appeared to coincide with excessive granulation tissue, as is often reported in the literature.

Early experimental use of true transplants, in other words, fresh tracheal allografts in animal models has
yielded uniformly poor results [57,58,78,99,103]. Even fresh autografts have been problematic. Smaller

(a) (b)

FIGURE 33.4 (a) Schematic of an anterior window replacement. (b) Schematic of a full circumferential tracheal
replacment.
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segments and patches tend to have a higher success rate. Fibrous degeneration of the autograft is common.
Presumably, the failure partly occurs because the fine vasculature of the grafts has not reestablished rapidly
enough to support the respiratory mucosa and the underlying mesenchyme before exposure to the external
environment engenders a chronic inflammatory response with devolution of the mucosa. One potential
solution would be the use of vascular anastomoses to allow for near immediate reconnection of a graft’s
vascular network. Unfortunately, although vascular anastomoses are technically feasible as recent work by
Genden [104,105] has shown, they significantly increase the complexity of the surgical procedure and can
increase the risk of failure in the already unforgiving milieu of the airway. Other groups have addressed
this issue by incorporating thyroid tissue along with the trachea during transplantation attempts, using
the thyroid’s larger blood vessels to perform the anastomoses [106,107].

Without immune suppression, fresh allografts have elicited an immune rejection, resulting in ischemic
necrosis of the implanted tissues. These allografts, not surprisingly, suffered from resorptive collapse of
their tracheal rings and poor reepithelization leading to a short postoperative survival of the animals
[57,58,103]. Some improvement in graft viability has occurred with indirect vascularization with omental
flaps. This has been especially true for small grafts; longer grafts, however, still have not fared well. Allo-
grafts that have undergone cryopreservation and have been supported with an omental flap have shown
improved survival, even without immunosuppression[108–110]. However, recipient chondrocytes have
not repopulated the grafts’ cartilage. Cryopreservation, presumably, has reduced epithelial antigenicity;
this phenomenon is not yet fully understood. Bujia [111] showed evidence that the predominant locus
of antigenicity is likely to reside in the epithelium and not the cartilage. Liu denuded tracheal epithelium
with detergent and reported that these allografts, which were supported with an omental flap, remained
viable [112,113]. Not surprisingly, given airway mucosa regenerative capacity, recipient epithelial cells
have eventually repopulated the grafts’ epithelium.

In an effort to induce immunotolerance, Genden and colleagues pretreated rats with a single portal-vein
injection of ultraviolet-B irradiated donor splenocytes seven days prior to circumferential tracheal allo-
graft placement. The pretreatment induced a donor-specific immune hyporesponsiveness and prevented
rejection of the grafts [114]. Whether or not immune tolerance can be induced in higher animal models
remains to be seen.

Tracheal obstruction is seen time and time again in tracheal reconstruction efforts. Provided that a
neotrachea would be able to resist collapse, it still faces a tremendous challenge within its lumen: that
of establishing a healthy mucosa, free of chronic inflammation. The luminal compromise is consistently
associated with a detrimental soft tissue reaction, in which airway mucosa undergoes a significant reactive
thickening with a progressive diminution of the airway lumen and a disruption of the structural integrity
of the cartilaginous rings of the trachea. This reaction appears to be superficially analogous to exuberant
scarring found in skin tissue. It is thought that prompt and thorough reepithelialization can prevent this
complication and maintain luminal patency [115].

Our present ability to intelligently address the infrequent need for tracheal tissue replacement is
hampered by our lack of understanding airway mucosal of wound healing. Significant strides have been
made in the tissue engineering of cartilage; the ability to engineer a structure that is able to resist col-
lapse and that meets the rigors of clinical application is likely to be imminent. However, a great deal
remains to be understood about airway mucosal physiology and healing before true clinical utility will be
possible.

Although the need for full circumferential tracheal replacement is limited, the need to address airway
mucosal disease is far greater. The incidence of tracheal stenosis after an ischemic mucosal injury is far
more prevalent than those etiologies requiring replacement of more than half of the trachea. Since the
advent of cuffed endotracheal tubes, the incidence of tracheal stenosis has risen sharply. The presence of
a foreign body within the airway, especially one that applies mucosal pressure denuding epithelium and
compromising blood flow, can trigger a very poorly understood chronic mucosal inflammation, which
often results in mucosal hypertrophy and luminal obstruction. The problem is compounded by the fact
that the airway is constantly exposed to the bacteria-laden external environment. So, whereas the literature
seems to have focused on circumferential tracheal tissue replacement, clinically there is a far greater need
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to address focal mucosal disease, underscoring the importance of furthering our understanding of airway
mucosal physiology and pathophysiology.

33.3 Tracheal Tissue Engineering

Tracheal tissue engineering is in its infancy. The first true tissue engineering effort appeared only in 1994
[116]. As with any field in its early development, the current work is limited by a lack of detailed under-
standing of the physiology and pathophysiology of tracheal tissue. Current work is premised on rather
crude hypotheses. Efforts in this field will undoubtedly evolve as functional replacement models begin to
emerge and the critical issues become more apparent. Most efforts have centered on the construction of a
cartilaginous structure that can resist collapse. Recent work has focused on finding the best cellular source
and method to recreate the cartilaginous infrastructure, and attempting to introduce an epithelial lining
within the lumen of a tissue-engineered construct. Some investigators have made use of mesenchymal
stem cells to create cartilage as well as a respiratory epithelium. Other investigators have explored fetal
surgery techniques allowing their constructs to partly mature in utero. There are also efforts that do not
neatly fall into the category of tissue engineering but are worthy of mention.

Whereas there are many reports of attempted tracheal replacement, it was not until 1994 that the first
true tissue-engineering attempt appears in the literature when Vacanti [116] and colleagues reported on
the circumferential replacement of rat tracheas with tissue-engineered cartilaginous tubes. They seeded
chondrocytes harvested from the shoulder of newborn calves onto sheets of nonwoven polyglycolic acid
(PGA) mesh. All experimental animals died within one week of the operation. Presumably, the animals
succumbed to respiratory distress. There was no discussion of postmortem histology; what happened
within the lumen of the airway is not clear. It is likely that a straight cartilaginous tubular structure is
inadequate for two important reasons. First, a rigid tube would place a significant mechanical demand on
the anastomoses, encouraging failure at those sites. Second, it would be hard for blood vessels to penetrate
directly through the cartilage to establish the robust vasculature required to meet the high metabolic
demands of airway epithelium. In essence, this design requires that the vascular network arise exclusively
from an intraluminal source and travel from mechanically challenged anastomoses over a considerable
distance, without support from extratracheal vascular ingrowth. Nonetheless, this is a landmark paper in
the evolution of tracheal engineering as it is arguably the first true translational effort to tissue engineer
a trachea.

In 2002, Kojima [117] and colleagues addressed the mechanical inadequacies inherent in a straight
cartilaginous tube. They isolated chondrocytes and fibroblasts from the nasal septum of 2-month-old
sheep. Chondrocyte-seeded PGA mesh was placed in the grooves of a 20 by 50-mm-long helical Silastic
template; the entire construct was then wrapped with a fibroblast-laden PGA mesh. In the first arm of
the study, the cultured constructs were implanted into dorsal subcutaneous pockets in athymic rats and
explanted after eight weeks. In this refined attempt, the rat-incubated construct yielded cartilage biochem-
ically similar to native tissue as measured by sulfated glycosaminoglycan (GAG) content, hydroxyproline
content, and cellularity. In the second arm of the study, autologous constructs were implanted under-
neath the sternocleidomastoid muscle of the donor sheep, allowed to mature in vivo for eight weeks before
being harvested without preservation of a vascular pedicle and used to replace a surgically created 5-cm
circumferential defect in the cervical trachea of the now four-month-old donor sheep. By contrast with
the results obtained in the rat model, the sheep-incubated constructs were significantly more cellular
and poorer in GAG content than native tissue. As a result the sheep-incubated constructs performed
poorly once rotated into the airway, without an attached vascular supply. Postoperatively, none of the
sheep survived for more than seven days. They all suffered from either stenosis or clinically significant
tracheomalacia. The difference in the results obtained between the two species was tentatively attributed
to an inflammatory reaction engendered by the PGA in sheep, leading to hypercellular cartilage poor
in GAG content, the cartilaginous component thought to be responsible for establishing stiffness. The
authors stated that their future attempts would explore less inflammatory scaffolding material and also
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preserve the constructs’ vascular connection to the surrounding muscle. It will be interesting to see if a
helical construct has the appropriate mechanical properties to allow for successful long-term integration
of a tissue-engineered trachea. By its very design, a helix precludes the development of a pars membrana.

Searching for an optimal source of chondrocytes, Fuchs and colleagues [118] experimented in 2002
with the use of fetal chondrocytes to tissue engineer cartilage. Specimens of fetal ovine elastic and hyaline
cartilage were harvested from ears and tracheas, respectively. Adult aural elastic cartilage served as a
comparison. Isolated chondrocytes were seeded onto nonwoven biodegradable scaffolds composed of
poly-l-lactic acid (PLLA)-treated PGA polymer and maintained in vitro for 6 to 8 weeks. The chondro-
cytes isolated from fetal elastic and hyaline cartilage grew significantly faster than those harvested from
adult elastic cartilage. All fetal constructs showed characteristics of hyaline cartilage, both on gross and
microscopic inspection, regardless of whether the cells had originated from hyaline or elastic cartilage.
In the fetal constructs, the histologic pattern seen with stains for glycosaminoglycans was comparable to
that seen in native hyaline cartilage. The levels of GAG and collagen type II were higher in fetal versus adult
constructs. There were, however, no significant differences between GAG, collagen type II, or elastin in
fetal constructs derived from hyaline or elastic cartilage. When compared to their native tissue, fetal con-
structs derived from elastic cartilage contained similar levels of GAG and type II collagen, but had lower
levels of elastin. Fetal hyaline constructs did not differ significantly in the levels of GAG, collagen type II, or
elastin when compared to their native source. Adult elastic constructs, however, were significantly lower
in collagen type II and elastin than the native elastic tissue. It is interesting that chondrocytes derived
from elastic cartilage eventually produced hyaline cartilage and grew faster. What governs the formation
of hyaline versus elastic cartilage is unknown at this point. The authors concluded that compared with
adult constructs, matrix deposition is enhanced in engineered fetal cartilage, closely mimicking native
hyaline tissue.

Another study searching for an optimal source of chondrocytes was reported by Kojima and colleagues
in [119] 2003 in which they compared ovine nasal and tracheal chondrocytes seeded onto PGA matrices
and implanted in nude mice. Chondrocytes from the nasal septal cartilage as well as tracheal rings of
2-month old sheep were seeded onto nonwoven mesh of PGA fibers. The cell-constructs were eventually
wrapped around a 7-mm diameter silicone tube and implanted subcutaneously in nude mice for 8 weeks.
They evaluated the gross and histologic appearances, the GAG and the hydroxyproline contents, and the
biomechanical profile of the constructs. The gross appearances from both groups were found to resemble
native tracheal cartilage. The histologic evaluation revealed a mature-appearing hyaline cartilage in both
cases with abundant proteoglycan production. There was no evidence of an inflammatory reaction to
the implants. The GAG contents of the tracheal-derived and the nasal septum-derived constructs were
70 and 81% of the native tracheal cartilage respectively. The hydroxyproline contents were 91 and 94% for
the tracheal-derived and the nasal septum-derived constructs respectively. The tensile modulus for both
construct types was, however, only about 15% that of the native trachea. Nonetheless, the constructs were
stiff to the touch and grossly resisted collapse. The authors suggested that other compositional features
of the extracellular matrix, such as collagen crosslinking, might play an important role in the mechanical
profile of tracheal tissue. This study’s findings support the use of nasal septal cartilage, which is attractive
since it requires a far less invasive procedure for harvest than do most other sources of cartilage.

Later in the same year, Sakata and colleagues [120] reported an attempt to line these cartilaginous tubes
with a respiratory epithelium. They constructed ten tubes as previously described [116] and implanted
them into the flanks of nude mice, this time for six weeks. Epithelial cells were aseptically harvested from
newborn lambs’ cervical tracheas and were immediately injected in the implanted cartilaginous tubes after
which both ends of the cartilaginous tube were sutured shut. The epithelial cell-lined tubes were then col-
lected at intervals of up to three weeks. Out of ten tubes, six were found to be infected and had not developed
an epithelial lining as observed on hematoxylin and eosin sections. The remaining four were lined with a
respiratory mucosa, including a submucosal connective tissue, which had “abundant” small blood vessels.
Some of the cells had developed cilia three weeks following inoculation into the implanted cartilaginous
construct. Although promising, this brief report did not provide histologic details. For example the
uniformity of the epithelial lining was not commented upon, and the composition of the epithelium was
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not reported. The high infection rate highlights one of the challenges of engineering respiratory tissue.
The airway is inherently contaminated with a significant bacterial load. Future designs might want to
consider a preliminary in vitro incubation period of the freshly harvested epithelial cells with antibiotics
to reduce the incidence of infection. It might also have been beneficial to attach silastic tubing at either end
of the tubes to allow them to be flushed on a regular interval, as the epithelial lining will begin to produce
mucin and the nonattached dead cells would be trapped within the lumen increasing the risk of infec-
tion. Most importantly, however, this experiment does show that it is possible to line a tissue-engineered
cartilaginous lumen with a respiratory epithelium.

There is ample evidence outside the tissue engineering literature that epithelial cells can be successfully
introduced into a living luminal cavity. Several investigators have made use of a heterotopic tracheal graft
model developed by Terzaghi [121]. These experiments have repeatedly demonstrated that epithelium-
denuded tracheal tissue that is subcutaneously implanted in nude animals can easily be repopulated with
heterologous cultured rat, rabbit, and human epithelial tracheal cells [16,20,121–124]. More recently,
Dupuit and colleagues used human respiratory cells to reconstitute epithelium-denuded rat tracheas,
which were implanted in the flanks of nude mice. Four to five weeks postimplantation, a fully differenti-
ated and tightly sealed pseudostratified functional epithelial barrier was documented [125]. Rainer and
colleagues successfully transplanted cultured epithelial cells onto fibrotic capsules surgically created in the
anterior rectus sheath of inbred Wistar Furth rats. They did so by co-culturing native rat tracheal epithelial
cells with irradiated fibroblasts, then suspending them in fibrin glue, which was used as the in vivo delivery
vehicle [126].

A subsequent study by Kojima went one step further by investigating the co-culture of epithelial cells
and chondrocytes. They used ovine nasal septum chondrocytes again, but this time, added nasal septum
respiratory cells suspended in a hydrogel into the lumen of the chondrocyte-seeded constructs in vivo.
The subcutaneously implanted chondrocyte constructs were allowed to mature for six weeks. Histologic
examination, four weeks post instillation of the epithelial cells, revealed that only approximately 60% of
the lumen was covered with an epithelium. Although the epithelial reconstitution was not complete, this
study highlighted the practicality of using a single nasal septal harvest to obtain both cell types [127].

Congenital deformities, such as long-segment stenosis and atresia, in which the tracheal lumen does not
form, are relatively infrequent but bear very high mortality rates. Fuchs and colleagues [128] have begun to
explore the possibility of early in utero intervention using harvested cells seeded onto polymer scaffolding
in an ovine model. The intrauterine environment, bathed in sterile amniotic fluid, offers the advantage of
avoiding the contaminated milieu of the postnatal airway. In their experiments they performed in utero
anterior tracheal replacement using native elastic cartilage (group II) or tissue-engineered constructs
seeded with heterologous fetal chondrocytes (group I).

For group I, fetal elastic or hyaline cartilage was harvested, respectively, from the ear or tracheal
rings. Chondrocyte-seeded PLLA-treated nonwoven PGA mesh was maintained in a rotating oven for
6 to 8 weeks. The constructs were then trimmed into a diamond shape and used to repair a surgically
created longitudinal tracheostomy spanning 4 to 5 cartilaginous rings.

In the second group, fetal auricular cartilage was used as autologous free grafts to repair the same
anterior defect as created in group I. The animals were sacrificed prenatally and postnatally. The fetal
and postnatal survival rates ranged from 80 to 100%. Stridor was, however, present in more than half
of the surviving animals. Again, the histologic evaluation of the tissue-engineered grafts revealed hyaline
cartilage formation regardless of whether the cell source was hyaline or elastic cartilage. There was mild to
moderate deformation of the tracheal lumen in some of the tissue-engineered group. In the native cartilage
group, however, the tracheal lumens were severely deformed. The engineered constructs displayed a time-
dependent epithelialization of their lumens. Of note, there were no serous or mucinous acini that are
normally found in native tissue. All the implants of group II retained their elastic cartilage characteristics,
but they also developed a thinner epithelium, which lacked both ciliated cells, as well as serous and
mucinous glands. It is interesting to note that the heterologous chondrocytes engrafted without obvious
signs of rejection. The authors attributed that phenomenon to the immaturity of the fetal immune system
and the low histocompatibility antigen expression of fetal chondrocytes. This study demonstrated the
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feasibility of using heterologous chondrocytes in utero. The authors did not comment on why group II
seemed to have poorer epithelialization; it would be interesting to know if lack of rigidity and possibly
central mobility of the free grafts impaired proper epithelialization and vascularization.

One important note of caution must be mentioned when evaluating anterior tracheal repair studies.
The native trachea has an impressive ability to reform an epithelial mucosa when only a limited amount
of tracheal tissue is removed. This phenomenon is routinely seen after tracheostomy. An epithelial mem-
brane will quickly form after the removal of a tracheostomy tube. Studies that perform only anterior
reconstruction therefore offer a limited understanding of the potential benefits or drawbacks of the graft
materials used.

In 2003, Fuchs and colleagues explored the use of mesenchymal stem cells (MSCs) in tracheal tissue
engineering. MSCs are attractive in tracheal tissue engineering because of their ability to form not only car-
tilage but also muscle with the appropriate biochemical cues. In addition, harvesting MSCs is less invasive
than obtaining autologous cartilage and would obviate the need for an additional general anesthesic and
its attendant risks. MSCs can be harvested from a number of sites. Umbilical cord blood has successfully
been used [129,130]; adipose tissue has yielded a cell population that can undergo chondrogenesis [131].
Though there is at least one report claiming the MSCs can be collected from the peripheral circulation of
an adult [132], traditionally, a bone marrow aspirate is the best means of obtaining a sufficient number
of cells [133].

Fuchs and colleagues showed the feasibility of using MSCs in utero by comparing constructs seeded with
bone marrow-derived heterologous ovine MSCs with constructs seeded with chondrocytes derived from
ovine elastic cartilage. The stem cells were encouraged to differentiate into chondrocytes by exposure to
carefully defined media that contained transforming growth factor as well as ascorbic acid. After 12 weeks
of incubation in a rotating bioreactor, the pretreated PGA mesh-cell constructs were then implanted
in heterologous fashion into a 4 to 5 ring longitudinal tracheostomy. Normal delivery of the animals
was allowed. Tracheal specimens were harvested 4 days after birth. There were no significant differences
found in the survival rates prenatally or postnatally. There was again a significant amount of stridor
observed, this time in both groups. The engineered cartilage implants form both sources were found to
engraft despite their heterologous origin; there were, however, some mononuclear infiltrates seen in some
specimens. Both groups maintained their cartilaginous phenotype in vivo and both epithelialized their
luminal surfaces. The MSC-derived cartilage had a higher GAG content in vitro, but after remodeling
in vivo, both groups had comparable GAG contents.

In 2004, Kojima explored the use of augmenting an MSC-based construct with transforming growth
factor β2 (TGF-β2) released from gelatin microspheres. Bone marrow-derived ovine MSCs were seeded
onto a PGA nonwoven mesh and cultured for a week with exposure to both TGF-β2 and insulin growth
factor 1. The cell-polymer constructs were wrapped around a silicone helical template. Constructs
were then coated with glutaraldehyde-cross-linked gelatin microspheres containing TGF-β2. The entire
construct was subcutaneously implanted in nude rats for six weeks. The proteoglycan content of the
tissue-engineered construct was approximately 79% of that of the native tracheal cartilage. Additionally,
the collagen content of the tissue-engineered product was 71% of that of the native’s content. They found
no statistically significant differences in glycosaminoglycan and hydroxyproline content between native
and tissue-engineered tissue. In this instance, the ability to add controlled-release growth factors via
microspheres is of significant value as the addition of transforming growth factor has repeatedly been
shown to significantly augment chrondogenesis in MSC culture in vitro [134,135].

MSC are attractive not only because of their chondrogenic capacity, but also for their potential ability
to support the respiratory epithelial cells. We recently described a novel in vitro reconstitution system
for tracheal epithelium that could be useful for investigating the cellular and molecular interaction of
epithelial and mesenchymal cells [136]. In this system, a porous Transwell insert was used as a basement
membrane on which MSCs were cultured on the lower side whereas normal human bronchial epithelial
cells were cultured on the opposite upper side (Figure 33.5). When co-cultured with MSCs, respiratory
epithelial cells maintained their capacity to progressively differentiate and form a functional epithelium,
leading to the differentiation of mucin-producing cells.
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FIGURE 33.5 (a) Schematic representation of the Transwell membrane co-culture of MSCs and respiratory epithelial
cells. (b) The macroscopic observation of the upper side of a Transwell membrane with a characteristic accumulation
of respiratory epithelial cells. (c) Identification of MSCs during co-culture on a Transwell membrane with immuno-
staining for vimentin, a mesenchymal cell marker. (d) Identification of respiratory epithelial cells during co-culture
on a Transwell membrane with immunostaining for cytokeratin, an epithelial cell marker. (e) Hematoxylin and eosin
paraffin section showing a monolayer of MSCs on the bottom, separated from the epithelial cells by a membrane,
which is evidenced by visible pores. (f) Transmission electron microscopy (TEM) revealing the presence of granules
in some epithelial cells. (g) TEM confirming the development of microvilli and actin filaments the formation of cilia.
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So far most of the work has focused on the infrastructure of tracheal tissue: tracheal cartilage. There
appears to be momentum gathering in this area, and it is likely that a reliable and functional infrastructure
will soon be available. As of today, however, there are no standard endpoints that are commonly accepted
to evaluate the overall functionality and health of the constructs. Presumptively, the ideal properties of
a tissue-engineered trachea are an ability to resist negative and positive pressures, an airtight lining that
promotes a healthy epithelium, torsional flexibility, good vascularization and innervation, and nonim-
munogenicity and biocompatibility to ensure bioincorporation and permanence. As the work matures,
endpoints are likely to routinely include thorough histological evaluation of the airway epithelium,
vascular and neural networks, as well evaluation of biomechanical and biochemical function.

A major challenge in tracheal tissue engineering is the avoidance of the mucosal inflammatory response
that leads to its cicatrization and an eventual reduction and obstruction of the lumen. Though recent work
has begun to elucidate some of the details, the inflammatory cascade involved in this phenomenon is far
from being well understood. The use of microchip arrays may help to shed some light on some of these
biochemical events and guide our eventual designs. The ultimate success of a tissue-engineered trachea is
likely to be dependent on future basic science efforts in airway mucosal physiology.

It is likely that the promotion of thorough vascularization and innervation will be integral to the health
of the construct. So far, very little work has been done to evaluate vascularization. It is presumed, but not
known, that complete coverage with a healthy respiratory epithelium at the time of airway implantation
will reduce, if not eliminate, the inflammation so often seen. Considering the high metabolic nature of
epithelial cells, an adequate network of blood vessels is likely to be a prerequisite. It is feasible that as our
understanding of mucosal physiology matures, we might potentially avoid a two-stage operation, but, in
the short term, this is unlikely to be the case. Little or no work has focused on the innervation of the tissue-
engineered constructs. Though poorly understood, it is likely that neural input is integral to the healthy
maintenance of airway epithelium [6]. How much time will be needed to establish robust circulation
and innervation? Will growth factors be necessary? Will the development of an airway bioreactor be
advantageous?

At this point, it is not known if a respiratory epithelium is an absolute must; at the very least, the surface
must be airtight to prevent bacterial colonization. The presumption is that a respiratory epithelium
is the ultimate lining, but could an interim lining also work until the native cells reline the lumen
[137]? Respiratory epithelial restitution takes place rapidly in native tissue. Would a respiratory epithelial
cell-friendly surface, such as a basement membrane, suffice? Over what length could we expect the
native epithelial cells to migrate? Will tissue-engineered epithelium be functional and display coordinated
movement of its cilia?

Tracheal tissue engineering is currently in the very early stages of its development. As with any new
effort, there is great hope that it will produce significant advances in our ability to treat tracheal disease.
Its potential, however, is inescapably restrained by our limited understanding of airway physiology and
will only flourish with persistently diligent efforts in both biomaterials engineering and basic science.
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Alginate, 8-2–8-3, 13-11, 13-13,

14-5, 22-5, 23-17, 29-3,
29-10

Alkaline phosphatase (ALP),
15-8, 16-6, 21-2

AlloDerm®, 18-3, 18-4, 25-6,
25-14

Allogeneic cellular skin
substitutes, 18-4–18-5

Allograft, 19-3–19-4, 20-8–20-9,
21-8, 28-1–28-2, 33-7

Alumoxane nanocomposites,
functionalized, 11-3–11-4

Ameloblasts, 32-4
Ammonia removal, by glutamine

synthesis, 30-7

Amorphous Ca-P (ACP), 9-2–9-3
Anchorage-dependent cells,

30-11
cytoskeletal tension, 4-2–4-4

Animal models, for orthopedic
implant evaluation, 16-1

animals, for research,
16-2–16-3

biocompatibility, 16-3
biodegradation, 16-3–16-4
chondrogenesis, 16-5
experimental studies

design, 16-5–16-6
evaluation methods, 16-6

osteogenesis, 16-4–16-5
selection, 16-2

Anisotropy, 27-3, 27-11–27-13
Anterior cruciate ligament (ACL),

15-11–15-12, 20-9–20-10
Antisense RNA, 14-2
Aortic valve, 28-2, 28-3–28-4,

28-13
Apical vesicles, 3-8
Apligraf®, 18-3, 18-4
Arginine–glutamic acid–aspartic

acid–valine (REDV), 3-7,
3-11, 5-7

Arginine–glycine–aspartate
(RGD) sequence, 3-7,
3-11–3-12, 5-6–5-7,
19-8–19-10

Articular cartilage, 3-6, 15-10,
15-11, 16-5, 20-8, 22-6,
22-7–22-8

Articular disorders
articular cartilage, 20-8
ligaments, 20-9–20-10
meniscus, 20-8–20-9

Articular tissue, 23-7, 23-8
Astrocyte, 19-9, 19-10, 19-12

Atrioventricular valve, 28-2, 28-3,
28-13–28-14

Autocrine effect, 7-7
Autogenous grafting techniques,

23-10–23-11
Autograft, 18-2, 18-7, 19-3, 21-8,

33-6–33-7
Autoimmunity, 7-10
Autologous chondrocyte

transplantation (ACT),
22-2, 29-10

B
Basal cells, 33-4
Basal lamina, see Basement

membranes
Basement membranes, 3-2–3-4,

3-7, 3-8, 18-4, 18-7, 19-8,
21-10, 33-4, 33-5, 33-11

Basic fibroblast growth factor
(b-FGF), 6-4,
19-10–19-11

Bioadhesive materials, 10-2–10-3
Bioartificial esophagus, 25-15
Bioartificial livers, 30-6–30-13

bioreactor designs, for
hepatocyes, 30-9–30-12

long-term hepatocyte culture
systems, 30-6–30-9

potential sources, of cells,
30-12–30-13

techniques for preservation,
30-13

Biobrane®, 18-3, 18-4
Biocompatibility, 7-4, 8-11, 16-3,

21-9, 26-6
evaluation, 16-6

Biocoral®, 9-6

I-1
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Biodegradation, 8-12, 11-1, 11-3,
13-10, 13-11, 16-3–16-4,
19-11, 19-13, 21-9, 22-5,
25-5, 27-8

Biological delivery methods, for
gene delivery, 14-3–14-4

Biologics, 17-9
definition, 17-4

Biologics license application
(BLA), 17-8, 17-9

Biomaterials, 7-9, 9-8, 16-3, 19-4,
21-8, 21-9, 25-6

cell adhesion, 5-5–5-11
effect, on physiological

behavior, 5-11
measurement, 5-7–5-11

natural Ca-P, 9-6
naturally derived, 24-6
types, 29-2–29-3

Biomimetic approach, for cell
adhesion regulation,
5-6–5-7

Biomimetic materials, 6-1, 6-5,
13-9

bioadhesive materials,
10-2–10-3

and ECMs, 10-1–10-2
protease-degradable materials,

10-3–10-4
Bio-oss®, 9-6
Bioreactors, 15-1, 25-5, 27-8,

28-10–28-12
applications, in functional

tissues, 15-5–15-13
anterior cruciate ligament

and tendons,
15-11–15-12

bone, 15-7–15-10
cardiovascular system tissue,

15-5–15-7
cartilage, 15-10–15-11

cell seeding, 15-4–15-5
challenges, 15-13–15-14
designing, 15-13
hepatocyes, designs for,

30-9–30-12
hollow-fiber systems, 30-11
minimum cell mass and

functional capacity,
30-10

oxygen transport issues,
30-10–30-11

parallel plate systems,
30-11–30-12

mechanical conditioning,
25-15–25-18, 26-8

perfusion chambers and flow
perfusion systems, 15-4

rotating-wall vessels,
15-3–15-4

spinner flask, 15-3
Bladder, 24-2–24-3, 24-7, 29-5

replacement, using tissue
engineering, 29-6–29-7

tissue formation ex situ,
29-5–29-6

Bone, 15-7–15-10, 15-14, 23-2,
23-17–23-18

biology, 21-1–21-3
calcium phosphate (Ca-P)

ceramics, 9-1
defects, clinical reconstruction

of, 21-9–21-12
formation, 1-3, 2-2, 9-8, 9-9,

20-6–20-7, 21-1, 21-4
scaffold, ideal, 21-8–21-9
signaling molecules

gene therapy, 21-8
growth factors, 21-4–21-7

MSCs, 21-7–21-8
tissue, 3-6, 9-1, 11-1

Bone healing, 21-5, 21-11
MDSCs

isolation, 20-6
usage, 20-5–20-6

osteogenic proteins expression,
regulation of,
20-6–20-7

problem, 20-5
Bone marrow, 1-5–1-6, 24-3,

27-2, 27-11, 30-13, 33-11
Bone morphogenetic proteins

(BMPs), 2-2–2-4, 9-11,
9-12, 16-4, 20-2, 21-6,
32-5

bone regeneration, 20-7–20-8
BMP-2, 15-1, 20-5, 20-6, 20-9,

20-10, 21-6, 21-8
BMP-4, 13-14, 20-5–20-6,

32-5–32-6
BMP-7, 15-1, 21-6, 32-9
challenges and opportunities,

2-4
clinical applications, 2-4
extracellular matrix, 2-3

Bone sialoprotein (Bsp), 21-2
BoneSource®, 9-7
Boyden chamber, 6-7
Brain-derived neurotrophic

factor (BDNF), 19-11
Brownian motion, 12-7, 13-3
α-BSM/Biobon®, 9-7
Building block approach, 22-2,

28-9–28-10

C
C3b, 7-4, 7-7
C5a, 7-7
Cadherins, 5-4–5-5
Calcibon®, 9-7
Calcium phosphate (Ca-P)

ceramics, for bone tissue
engineering, 9-1

chemico-physical properties,
9-2–9-5

in vivo interactions and
osteoinductivity,
9-7–9-8

osteogenic cells, 9-9
osteoinductive growth factors,

9-9–9-13
products, 9-5–9-7

Carbon nanotube
nanocomposites,
11-7–11-8

Cardiac tissue engineering, 27-1
cardiac architecture and

function, 27-3–27-4
cellular cardiomyoplasty, 27-2
current state, 27-4–27-10

cardiogenesis in vitro,
27-6–27-9

in vivo implantation, for
cardiac repair,
27-9–27-10

design considerations
cell source and immunology,

27-10–27-11
cellular composition, 27-11
electrical function and

safety, 27-13–27-14
spontaneous activity,

27-14–27-15
tissue architecture,

27-11–27-13
tissue thickness, 27-13

future work, 27-15–27-16
tissue cardiomyoplasty,

27-2–27-3
Cardiovascular system, tissues of,

15-5–15-7
heart valves, 15-7
vascular grafts, 15-6–15-7

Carticel™, 17-4
Cartilage, 2-2, 3-5–3-6,

15-10–15-11, 21-1, 22-1,
23-17–23-18, 29-9–29-11,
33-6, 33-9–33-11

cells, 22-2–22-4
growth factors, 22-7
mechanical stimuli, 22-6–22-7
scaffolds, 22-4–22-6
zonal organization, 22-7–22-8

Cartilage defect model, 16-5
Cationic lipids, 14-5
Cell adhesion, 3-2, 3-13, 5-1, 7-7,

8-11, 19-7
to biomaterials, 5-5–5-11

effect, on physiological
behavior, 5-11

measurement, 5-7–5-11
receptors, in tissue structures,

5-2–5-5
Cell and tissue targeting, 5-9,

13-1, 14-7–14-8
Cell carriers, 13-12–13-15

with drugs, 13-12–13-15
adsorption, 13-14
delivery systems, 13-12
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dissolution, 13-13
emulsion techniques, 13-14
suspension and physical

mixtures,
13-14–13-15

Cell–cell contacts, 6–3–6–4
Cell encapsulation, 19-11–19-12
Cell function, mechanical force

application in vitro,
4-6–4-12

applications, 4-12
cellular responses,

force-induced,
4-9–4-10

mechanosensing, 4-10–4-12
pressure/compression, 4-9
shear stress, 4-7–4-9
stretch, 4-9

Cell implantation, 8-10
NSCs, 19-12–19-14
OECs, 19-12
Schwann cells, 19-12

Cell mass and functional
capacity, 30-10

Cell migration, 3-9–3-10, 3-12,
6-1

cell-population assays, 6-7–6-8
individual-cell assays, 6-8–6-10
mammalian cell migration

characteristics, 6-2–6-4
mathematical models,

6-10–6-12
regulation

ECM proteins and
cell–substrate
interactions,
6–5–6–7

electrical fields, 6–7
soluble factors, 6-4–6-5

Cell-population assays, 6-7–6-8,
23-17, 29-5, 29-7

Cell seeding, 6-11–6-12, 26-7,
27-10, 28-8–28-9

in bioreactors, 15-4–15-5
Cells, 22-2–22-4
Cell sheets, 26-6
Cell targeting, 1-6–1-7
Cell therapy medicinal product,

see Medicinal product
Cellular cardiomyoplasty, 27-2
Cellular skin substitutes

allogeneic, 18-4–18-5
autologous, 18-5–18-7

Cementum, 32-3, 32-4
Center for Biologics Evaluation

and Research (CBER),
17-2

Center for Devices and
Radiological Health
(CDRH), 17-2, 17-4

Center for Drug Evaluation and
Research (CDER), 17-2

Centers for Medicare and
Medicaid Services (CMS),
17-14

Central nervous system (CNS),
14-4, 14-9, 19-1,
19-2–19-3, 19-12

Central Pharmaceutical Affairs
Council (CPAC), 17-11

Centrifugation approach,
5-8–5-9

Cervical loop, 32-4
Chemical delivery methods, for

gene delivery, 14-4–14-5
Chemical patterning, 19-7–19-8
Chemotaxis, 6-4, 6-5, 6-8, 6-10
Chitosan, 8-4, 14-5, 25-7, 28-9
Chondrocytes, 1-4, 8-3, 15-10,

15-11, 22-2–22-3, 22-4,
22-7–22-8, 29-10, 29-11,
33-9, 33-10–33-11

Chondrogenesis, 16-5, 22-3, 22-5
Chondroitin sulfate

proteoglycans (CSPGs),
3-10

Christensen® total joint system,
23-13, 23-14

Chronic inflammation, 7-4, 7-10,
8-11, 33-7

Ciliary neurotrophic factor
(CNTF), 19-12

Ciliated columnar cells, 33-4
Classical drug-delivery systems,

13-9–13-12
monolithic systems,

13-10–13-12
Code of Federal Regulations

(CFR), 17-6
Section 860.3(c), 17-8
Section 860.7(d), 17-8–17-9
Section 860.93, 17-8

Collagen, 2-3, 3-8–3-9, 8-4,
13-11, 15-11, 15-12, 19-4,
19-8, 22-4, 25-14, 26-5,
27-7, 28-9, 29-3, 32-2

type I, 1-3, 10-3, 21-2, 22-2,
24-5, 24-6, 32-2

type II, 3-5, 3-13, 8-3, 8-4,
20-8, 22-1, 22-7

type III, 3-13
type IV, 3-3, 31-6
type VI, 3-6
type VII, 3-9
type X, 3-6

Collagen gels, 4-4, 4-12, 15-12,
24-7, 25-13, 26-4, 26-5,
27-7

Collagen–silicone stent,
25-14–25-15

Combination products, 17-2,
17-4

Complement system, 7-7
Compression, 4-3–4-4, 4-9, 4-12,

15-11, 23-7–23-8, 29-9
Cone-and-plate device, 4-7, 4-8

Contact guidance process, 6-7,
19-7

Contact inhibition of
locomotion, 6-3

“Copy-cat” device, 17-12
Corneal epithelial cells, 6-7
Corporal tissues reconstruction,

29-7–29-9
Cryogenic molding, 25-9–25-10
Cryopreservation, 12-9–12-11,

12-14, 33-7
Crystallinity, 9-2–9-3
Crystallization, 12-10, 12-14
Cultured epithelial autograft

(CEA), 18-5, 18-7
Cultured skin substitute (CSS),

18-3, 18-5–18-7, 18-9
Curing method, 8-10
Current good manufacturing

practices (cGMPs), 17-9
Cutaneous gene therapy, 18-10
Cyclic stretching, 4-9, 15-12,

25-15
Cystic fibrosis, 14-10

transmembrane conductance
regulator (CFTR),
14-10

Cytokeratin, 25-12
Cytokines, 1-4, 7-7–7-8, 13-8,

21-4
Cytomegalovirus immediate early

promoter (CMVie), 14-2
Cytoskeletal tension, 4-5–4-6

in anchorage-dependent cells,
4-2–4-4

Cytosolic mobility, 12-5

D
Dacron™, 26-2
Data mining, 3-8
Decellularized vascular matrix,

26-6
Decentralized model, in

mechanosensing, 4-11
Degenerative joint disease,

23-8–23-9
Dendrimer, 14-4–14-5
Dental follicle, 32-4
Dental lamina, 32-3–32-4
Dental organ, 32-4
Dental papilla, 32-4
Dental pulp stem cells, see

Human DPSCs
Dental tissues bioengineering,

32-1
dentin tissue regeneration,

32-8–32-9
genetic control and

development
molecular mechanisms,

32-4–32-7
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Dental tissues bioengineering
(continued)

stages, of tooth
development,
32-3–32-4

regenerative strategies,
32-7–32-10

supporting structures,
32-2–32-3

Dentin phosphoproteins (DPP),
32-2

Dentin sialoprotein (DSP), 32-2
Dermagraft®, 18-3, 18-4
Desiccation, vitrification by,

12-11, 12-13
Desmosine, 26-4
Dialysate regeneration, 31-5
Dialysis, 31-1–31-2, 31-4–31-5

and filtration systems,
30-5–30-6

Diffusion, 12-12, 13-3–13-4,
16-4, 19-3, 21-7,
21-10–21-11, 28-13

mechanisms, 12-7
Dihydroxylphenylalanine

(DOPA), 3-12
Dimethylsulfoxide (DMSO),

12-9, 12-10
DNA (deoxyribonucleic acid),

4-10, 13-14–13-15, 14-6,
14-7

nucleotide decoys, 14-2
plasmids, 14-2
recombinant techniques, 20-2

Drug definition, 17-4, 17-5
Drug delivery, 13-1

goals, 13-2
mechanisms, 13-2–13-5

competing mechanisms and
kinetics, 13-5

diffusion, 13-3–13-4
erosion, 13-4
swelling, 13-4

protein drug properties,
13-5–13-7

in tissue engineering,
13-8–13-15

cell carriers, 13-12–13-15
classical drug-delivery

systems, 13-9–13-12
Duchenne muscular dystrophy

(DMD), 20-4

E
ECM proteins and cell–substrate

interactions
for cell movement, 6-5–6-7

Ectomesenchyme, 32-4
Elastic cartilage, 22-1–22-2, 33-9,

33-10
Elastin, 3-13, 10-4, 23-6, 24-6,

25-4, 25-15, 26-7

Electrical fields
for cell movement, 6-7

Electroporation, 14-6
Electrostatic spinning, 25-8–25-9
Embryonic stem cells, 24-9,

32-7
Emulsion techniques, 13-14
Enamel, 32-2, 32-4
Enamel knot, 32-4, 32-5–32-6
Endobon®, 9-6
Endochondral ossification, 21-1
Endocrine effect, 7-8
Endocytosis, 14-6, 14-7
Endolysosome, 14-6–14-7
Endothelial cells, 3-15, 6-5–6-6,

6-8, 6-9, 7-4, 15-6, 15-7,
18-9, 18-10, 29-8

End-stage healing response, 7-5
End-stage renal disease (ESRD),

31-1, 31-2
Engineered heart tissues (EHTs),

27-7, 27-10, 27-11
Entropic brush, 3-2–3-3
Entubulization, 19-3

biochemical modifications,
19-7–19-11

cellular modifications,
19-11–19-14

nerve conduits, using, 19-4
physical modifications,

19-5–19-7
Epicel®, 18-3, 18-5
EpiDerm™, 18-3
Epidermal growth factor (EGF),

3-15, 6-4
EpiDermFT™, 18-3, 18-5
EpiDex™, 18-3, 18-5
Epithelial cells, 6-1, 6-7, 8-8,

25-4, 25-5, 32-4,
33-2–33-4, 33-9–33-11

characteristics, 25-10–25-12
source, for tissue engineering,

25-12–25-13
Erosion, 13-4
Esophagus, 33-4

anatomy and physiology,
25-3–25-4

smooth muscle tissue
constructs, mechanical
conditioning of,
25-15–25-18, 25-19

cell possibilities
epithelial characteristics,

25-10–25-12
epithelial cell source,

25-12–25-13
esophageal regeneration,

25-14–25-15
muscle component, 25-13
muscularis mucosa and

externa, 25-14
criteria for tissue engineering,

25-4–25-5

fabrication processes,
25-7–25-10

medical need/clinical problem,
25-1–25-2

scaffold possibilities
background, 25-5
design, 25-6–25-7
materials selection,

25-5–25-6
European Economic Community

(EEC), see European
Union (EU)

European Medicines Evaluation
Agency (EMEA),
17-10–17-11

European Union (EU), 17-10
Expression-targeting, 14-7–14-8
Extracellular ice formation (EIF),

12-11
Extracellular matrix (ECM), 1-3,

2-3, 3-1, 8-11, 10-1–10-2,
13-7, 15-6, 19-4, 19-8,
22-7, 25-6, 25-14, 25-15

basement membranes, 3-2–3-3
focal adhesions, 3-3–3-5
gradient structure formation,

3-13–3-14
growth factor delivery,

3-14–3-16
implanted materials,

functional integration,
3-2

interaction, with growth
factors, 10-3

mining, for functional motifs,
3-8–3-10

molecules, functions,
3-10–3-11

polymeric materials and
surface modification,
3-11–3-13

properties, 3-8
proteins, artificial, 10-4
scaffolds, in cellular tension

regulation
compliance effect, 4-4–4-5
physicality, 4-6
spatial distribution effect,

4-5–4-6
and skeletal tissues, 3-5–3-7
sources, 3-7
synthetic ECM, 24-4–24-6

Extracellular signaling, 24-4
Ex vivo gene therapy, 14-8–14-9,

18-10, 20-2, 20-6,
20-8–20-9, 21-8

F
Fabrication process, 8-10, 17-11,

19-6, 21-9, 25-7–25-10
cryogenic molding,

25-9–25-10
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electrostatic spinning,
25-8–25-9

rapid freeze prototyping, 25-10
Familial tooth agenesis, 32-7
FDA Modernization Act (1997),

17-9
Feline immunodeficiency virus

(FIV), 14-3–14-4
Fibrin, 3-15, 19-8, 28-9
Fibrinogen, 7-4, 15-10
Fibroblast, 3-14, 4-4, 6-7, 18-5,

18-10, 25-13
Fibroblast growth factors(FGFs),

2-3, 32-5
FGF-1, 21-5
FGF-2, 21-5

Fibrocartilage, 22-2, 23-18
Fibronectin, 1-3, 3-7, 3-9, 6-6,

19-8
Fibrosa, 28-2
Fibrous degeneration, of

autograft, 33-7
Fick’s second law of diffusion,

13-3
Filtered fluid reabsorption

hollow-fiber bioreactors,
31-8–31-9

proximal tubule cells, 31-8
RAD, 31-9–31-12
renal tubule, 31-7–31-8

Focal adhesion, 3-3–3-4, 4-2–4-4
as signaling complexes,

3-4–3-5
Food, Drug and Cosmetic

(FD&C) Act (1976), 17-2,
17-6, 17-7

Section 201(g)(1), 17-4
Section 201(h), 17-4
Section 520(m), 17-5
Section 525, 17-5

Food and Drug Administration
(FDA), 17-1–17-2, 17-14,
18-8, 22-2, 23-10, 29-3

regulation, 17-2–17-9
HCT/Ps, 17-2, 17-3,

17-5–17-6, 17-7
marketing review and

approval pathways,
17-4, 17-6,
17-8–17-9,
17-12–17-13

medical product
classification, 17-4

“Proposed Approach”, 17-2,
17-6

special product
designations, 17-5

Fracture repair, 21-2–21-3
Functional heterogeneity, of

hepatocyte, 30-7–30-8

G
Galvanotaxis, 6-7
Gelatin, 8-4–8-5, 13-10, 13-11,

13-12, 27-7
Gel-like system, 13-11–13-12
Gene gun, 14-6
Gene therapy, 14-1, 20-2–20-3,

21-8, 26-4
cell and tissue targeting,

14-7–14-8
clinical applications,

14-9–14-10
ex vivo applications, 14-8–14-9
gene delivery, 14-2–14-6
intracellular pathways,

14-6–14-7
in vitro applications, 14-8
in vivo applications, 14-9
nucleotides, for delivery, 14-2

Genetic control, of tooth
development

molecular mechanisms,
32-4–32-7

stages, of tooth development,
32-3–32-4

Genetic modification
of keratinocytes, 18-10
of vascular cells, 26-4–26-5

Genital tissues, 29-7
Genzyme Tissue Repair, 17-4
Glial cell-line-derived growth

factor (GDNF), 19-11,
19-12

Glomerular basement membrane
(GBM), 3-3, 31-6

Glomerular endothelium, 31-6
Glomerular slit diaphragm, 31-6
Glomerulus

renal, 31-2, 31-5–31-6
synthetic, 31-6–31-7

Glycation, 26-5
Glycoproteins, 3-9, 5-4, 6-7, 21-2,

28-9, 33-4
Glycosaminoglycan (GAG), 3-10,

15-10–15-11, 23-7, 23-8,
33-8, 33-9

Glypican, 3-10
Gore-Tex®, 3-4, 19-4, 19-6, 26-2,

28-14
Granulation tissue, 7-5
Granulose stem cells, 29-13
Growth factors, 10-3, 15-1, 21-4,

22-7
Ca-P ceramics, 9-9–9-11
delivery of, 3-14–3-16
and gene therapy, 20-2–20-3
and morphogens, 2-1
osteoinductive, 9-11–9-13

Guanosine monophosphate-
dependent protein kinase
(PKG), 26-5

H
Haptotaxis, 6-6
Heart valves, 15-7, 28-1

bioreactor conditioning,
28-10–28-12

building block approach,
28-9–28-10

cell origin, 28-10
cell seeding, 28-8–28-9
clinical experience,

28-12–28-13
in vivo testing, in animal

models, 28-12
leaflet scaffolds, decellularized,

28-7–28-8
native heart valve, as design

goal
anatomy and terminology,

28-2
microstructure and material

behavior, 28-2–28-4
valvular cells, 28-4–28-6

natural materials, 28-9
polymeric scaffolds,

biodegradable,
28-6–28-7

Hematopoietic support
and MSCs

fat, 1-5
muscle, 1-4–1-5
new fundamental role,

1-5–1-6
tendon, 1-5
usage, 1-6

Hemi-arthroplasty, 23-10
Hemofiltration

renal glomerulus, 31-2,
31-5–31-6

synthetic glomerulus,
31-6–31-7

Heparan sulfate proteoglycans
(HSPGs), 3-10, 31-6

Heparin, 3-15
Hepatic tissue engineering, 30-1

adjunct internal liver support,
30-2–30-3

temporary liver support,
extracorporeal

bioartifical livers,
30-6–30-13

dialysis and filtration
systems, 30-5–30-6

whole liver perfusion,
30-3–30-5

Hepatocyte growth factor (HGF),
6-4

Hepatocytes, 8-3, 8-4
bioreactor design, 30-9–30-12
encapsulation, 30-3
implantable hepatocytes,

30-2–30-3
long-term culture techniques,

30-6–30-9
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Hepatocytes (continued)
preservation techniques, 30-13
transplantation, 30-2

Herpes simplex virus (HSV), 14-3
Heterotopic animal model, 16-4
Heterotopic ossification (HO),

20-6–20-7
Histidine–lysine polyplexes, 14-4
Hollow-fiber bioreactors,

30-9–30-10, 30-11,
31-8–31-9

Human biliary epithelial cells
(hBECs), 8-8

Human cellular and tissue-based
products (HCT/Ps), 17-2,
17-3, 17-5–17-6, 17-7,
17-8

Human DPSCs, 32-7–32-8
Human embryonic stem cells

(hESCs), 19-13, 22-4
Human hepatocyte, 30-10, 30-12
Human skin substitutes,

bioengineering of, 18-1
assessment, 18-8
clinical considerations,

18-7–18-8
composition, 18-2–18-7
future directions, 18-9–18-10
objectives, 18-2
regulatory issues, 18-8–18-9

Human tissues ownership, 17-13
HYAFF® 11, 22-4
Hyaline cartilage, 22-1
Hyaluronic acid, 1-3, 8-3–8-4,

22-4, 28-9–28-10
Hybrid multi-scale model, 6-11
Hydrogel, 3-15, 8-4, 8-11, 13-11,

13-12, 19-8, 19-10, 22-5,
23-17, 24-5–24-6

scaffolds, 26-7
Hydrostatic pressurization, 4-9
Hydroxyapatite (HA), 9-4

nanocomposites, 11-1,
11-6–11-7

Hypersensitivity reactions, 7-8

I
Immune response, 7-1, 7-6–7-10
Immunoglobulin, 5-5
Immunoglobulin G (IgG), 7-4
Immunosuppression, 7-10
Immunotoxicity, 7-9–7-10
Individual-cell assays, 6-8–6-10
Inflammatory response, 7-1,

7-2–7-6
Injectable cements, 9-6–9-7
Injectable therapies, 29-10–29-11
“Inside out” signals, 3-5
In situ fabrication, 8-10
Insulin-like growth factors

(IGFs), 2-3, 5-3
IGF-I, 9-12, 21-4–21-5, 22-7

IGF-II, 21-4–21-5
Integra®, 18-3, 18-4
Integrin receptor, 3-2, 3-4, 4-2,

4-4, 5-2–5-4, 5-6–5-7,
6-2, 6-5, 24-4

Interfacial biochemistry, 5-6
Interfacial chemistry, 5-6
Interfacial topography, 5-7
Internal derangement, of TMJ,

23-8, 23-9
Interpore™, 9-6
Intracellular ice formation (IIF),

12-10–12-11
Intracellular pathways, 14-6–14-7
Intracellular water and molecular

mobility, 12-4–12-6
Intramembranous ossification,

21-1
Investigational device exemption

(IDE), 17-8, 17-9
Investigational new drug
(IND) application, 17-8,
17-9, 31-12

In vitro angiogenesis, 18-9–18-10
In vitro gene therapy, 14-8
In vivo gene therapy, 14-9, 20-2
In vivo testing, in animal models,

28-12
Isoleucine–lysine–valine–

alanine–valine (IKVAV),
5-7

J
Japan Association for the

Advancement of Medical
Equipment, 17-12

K
Kayexelate®, 31-5
Keratinocytes, 6-7, 18-2,

18-5–18-6, 18-8, 18-10
Kidney, 29-15–29-17; see also

Renal replacement
therapy

mitochondrial DNA analysis,
29-16–29-17

L
Laminar flow chambers, 5-9–5-10
Laminin, 3-7, 3-9–3-10, 5-7, 31-8
Leaflet scaffolds, decellularized,

28-7–28-8
Lentivirus, 14-4
Ligaments, 15-11–15-12,

20-9–20-10, 23-4
Lipids, 13-11, 14-5
Lithographic method, 3-14
Liver Dialysis Unit, 30-5

Long bone defect model,
16-4–16-5

Long-term hepatocyte culture
systems

functional heterogeneity, of
hepatocyte, 30-7–30-8

non-parenchymal cells,
30-6–30-7

preconditioning hepatocytes,
30-8–30-9

Lorenz-Biomet total joint system,
23-15

Lyophilization, 12-14, 13-14

M
Macrophage, 7-2, 7-4, 7-5, 9-4,

19-2
Macroporosity, 9-5
“Magic bullet”, 13-2
Magnetically aligned fibrin gels

(MAFGs), 19-8
Magnetic resonance imaging

(MRI), 21-10
Mammalian cell migration

characteristics
cell–cell contacts, 6-3–6-4
cell movement cycle, 6-2
persistent random walk,

6-2–6-3
Markov chain, 6-9–6-10
Marrow stroma, 1-4
Material surface chemistry, 5-6,

7-5
Matrigel™, 3-7, 19-12
Matrix metalloproteinases

(MMPs), 26-8
Mechanical conditioning

bioreactors for, 26-8
of smooth muscle tissue

constructs,
25-15–25-18, 25-19

Mechanical forces, on cells, 4-1
Mechanical stimuli, 4-7–4-10,

15-1–15-2, 22-6–22-7,
24-3, 24-7, 25-15, 25-16

Mechanical strength, 8-12, 15-6
Mechanosensing

direct, 4-10–4-11
indirect, 4-12

Medical Device Amendments
(1976), 17-8, 17-12

Medical Device User Fee and
Modernization Act
(2002), 17-4

Medical products classification,
17-2, 17-4

Medicinal product, 17-10–17-11
Melanocyte, 18-2, 18-9
Melanoderm™, 18-3, 18-5
Meniscus, 20-8–20-9
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Mesenchymal stem cells (MSCs),
1-2–1-3, 15-11, 15-12,
21-7–21-8, 22-3, 33-11

hematopoietic support
fat, 1-5
muscle, 1-4–1-5
new fundamental role,

1-5–1-6
tendon, 1-5
usage, 1-6

Meshes, 8-11, 23-18
Microcontact printing technique,

3-14, 5-11, 19-7
Microfabrication technique, 5-7,

19-6–19-7, 19-8
Microfluidic method, 3-13
Microfluidic patterning, 19-7
Microgel, 14-5
Microinjection technique, 14-6,

14-7
Micropatterning, 19-6–19-7, 30-7
Micropipette aspiration, 5-7–5-8
Microporosity, 9-5
Microstamping technique, 19-7
Microtexturing, 19-5–19-6
Microvascular surgery, 21-11
Mineralization, 21-1
Mining, 3-1–3-2
Mitek®, 23-19
Mitochondrial DNA (mtDNA)

analysis, 29-16–29-17
Mitral valve, 28-2, 28-3
Mode Coupling Theory, 12-6,

12-13
Molecular Adsorbent

Recirculating System
(MARS), 30-6

Molecular mobility, in
preservation, 12-1,
12-6–12-14

cryopreservation, 12-9–12-11
lyophilization, 12-14
supercooling and phase

change, 12-9
vitrification, 12-11–12-13

Monocyte immigration, 7-3–7-4
Monolithic systems, 13-10–13-12

gel-like systems, 13-11–13-12
particulate systems, 13-11

Mononuclear phagocytic system
(MPS), 7-2

Montmorillonite (MMT), 11-5,
11-6

Morphogenesis, 2-1, 32-5
BMPs, 2-2–2-3, 20-7–20-8,

21-6, 24-3, 32-5
and growth factors, 2-3

mRNA, 13-7, 14-2, 15-10, 29-8,
29-14

Mucous goblet cell, 33-4
Multiwalled carbon nanotubes

(MWNTs), 11-7, 11-8
Muscle-derived stem cells

(MDSCs), 20-1

for bone healing improvement,
20-5–20-6

isolation, 20-3, 20-6
Muscularis externa, 25-6, 25-13,

25-14
Muscularis layer, 25-3–25-4
Muscularis mucosa, 25-6, 25-13,

25-14
Mutual recognition procedure,

17-10
Myosin light chain (MLC), 4-2

N
Nanocomposite scaffolds, 11-1

alumoxanes, functionalized,
11-3–11-4

carbon nanotubes, 11-7–11-8
ceramics, 11-7
hydroxyapatites, 11-6–11-7
overview, 11-2–11-3
polymer-layered silicates,

11-4–11-6
Nanofabrication technique, 19-6,

31-7
National Organ Transplant Act,

17-13
Natural ceramics, 9-6
Natural materials, 28-9

scaffolds, 26-4–26-5
Natural polymers, 8-1–8-5, 21-8,

22-4–22-5, 24-6, 28-9
polypeptides, 8-4–8-5
polysaccharides, 8-2–8-4, 14-5,

29-3
Neonatal rat aortic smooth

muscle cells (NRASMCs),
28-9

Nephrin, 31-6
Nerve growth factor (NGF), 3-15,

13-11, 14-9, 14-10, 19-10
Nerve regeneration, 19-1

CNS, 19-1, 19-2–19-3, 19-12
enhancement, using

entubulization
strategies, 19-4–19-14

biochemical modifications,
19-7–19-11

cellular modifications,
19-11–19-14

physical modifications,
19-5–19-7

guidance strategies, 19-3–19-4
PNS, 19-1, 19-2, 19-12

Neural stem cells (NSCs),
19-12–19-14

Neurotrophin-3 (NT-3), 19-11
Neurotrophins, 19-10–19-11
New drug application (NDA),

17-8, 17-9
β-NGF, 3-16
Non-collagenous proteins

(NCPs), 32-2–32-3

Nonintegrin receptor, 3-3, 3-4
Non-parenchymal cells,

30-6–30-7
Norian®, 9-7
N-Terface™, 18-7
Nuclear localization signal (NLS),

14-7
Nuclear transplantation, see

Therapeutic cloning
Nucleotides, for delivery

DNA, 14-2, 20-2
RNA, 14-2

O
Office of the Combination

Products, 17-4
Olfactory bulb ensheathing cells

(OECs), 19-12
OrCel®, 18-3, 18-4
Oligodentrocyte, 19-7
Organoid units (OUs), 24-3,

25-13, 25-14
Orphan Drug Act (ODA) (1982),

17-5, 17-8
Orthotopic liver transplantation

(OLT), 30-1–30-2
Ortoss®, 9-6
Osteoblast , 2-3, 4-12, 6-1, 8-5,

8-7, 8-9, 9-11, 15-8, 21-1,
21-2, 21-4, 21-6; see also
Bone formation

Osteocalcin (Ocn), 21-2
Osteoclast (bone-resorbing), 21-1
Osteoconductivity, 11-2, 11-7,

15-8, 21-8
Osteogenesis, 1-4, 16-4–16-5
Osteogenic proteins expression,

regulation of, 20-6–20-7
Osteograf®-N, 9-6
Osteoinductivity

growth factors and Ca-P
ceramics, 9-9–9-13

and in vivo interactions,
9-7–9-8

Osteonectin/SPARC, 3-10
Osteopontin (Opn), 3-7, 3-10,

21-2
“Outside in” signaling, 3-3
Oxygen transport issues,

30-10–30-11

P
Paracrine effect, 7-7–7-8, 24-7
Parallel-plate flow chamber, 4-7,

4-8, 5-9
Parallel plate systems,

30-11–30-12
Particulate systems, 13-11
PEGylation, 13-7, 14-4,
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Penile prostheses, engineered,
29-9–29-10

Perfusion chambers
and flow perfusion systems,

15-4
Peripheral nervous system (PNS),

19-1, 19-2, 19-12
Perlecan, 3-7, 3-10, 3-15, 31-6
Persistent random walk, 6-2–6-3,

6-9–6-10
Phagocytosis, 7-4
Pharmaceutical and Medical

Devices Evaluation Center
(PMDEC), 17-11, 17-12

Pharmaceutical and Medical
Safety Bureau (PMSB),
17-11

Pharmaceutical/medical human
tissue products,
regulation of

in Europe, 17-10–17-11
in Japan, 17-11–17-12

Pharmacokinetics, 13-2
Phase-contrast microscopy, 4-2
Photolithographic photomasks,

19-7
Photolithography, 19-6, 30-7
Physical delivery methods, for

gene delivery, 14-6
Pigmentation, 18-8, 18-9
Placental growth factor (PlGF),

6-4
Plasmids, 9-10, 13-14, 14-2, 14-8,

14-9, 21-8
Platelet derived growth factor

(PDGFs), 2-3, 5-3, 6-4,
18-10, 21-6–21-7, 24-3

PGDF-AA, 21-6
PDGF-BB, 6-4, 21-6–21-7

Platen abutment, 4-9
Pluronic™, 3-11, 22-5
Podocyte, 3-3, 31-5, 31-6, 31-7
Poly(amidoamine) (PAMAM),

14-4–14-5
Poly(ε-caprolactone) (PCL),

8-7–8-8
Poly(d,l-lactic acid-co-glycolic

acid) (PLGA), 6-6, 7-9,
8-6–8-7, 13-13, 13-14,
14-8, 16-4

Poly(dimethylsiloxane) (PDMS),
19-7, 30-7

Poly(ethylene glycol) (PEG),
3-12, 8-9, 10-4, 11-6,
22-5, 24-5–24-6, 26-7,
30-13

Poly(ethylene oxide) (PEO), 8-9,
22-5

Poly(ethylenimine) (PEI), 14-4,
14-6–14-7

Poly(glycolic) acid (PGA),
8-5–8-6, 15-4, 24-5, 26-6,
29-9, 29-10

Poly(l-lactic acid) (PLLA), 8-6,
11-6

Poly(l-lysine), 14-4
Poly(methylmethacrylate)

(PMMA), 11-6, 11-7,
23-13

Poly(propylene fumarate) (PPF),
8-8, 11-3

Polyanhydride, 8-8–8-9
Polycarbonate, 8-9
Polyesters, 8-5–8-8, 29-3

PCL, 8-7–8-8
PGA, 8-5–8-6, 15-4, 24-5,

26-6, 29-9, 29-10
PLGA, 6-6, 7-9, 8-6–8-7,

13-13, 13-14, 14-8,
16-4

PLLA, 8-6, 11-6
POE, 8-8
PPF, 8-8, 11-3
scaffolds, 22-5, 26-6–26-7

Polymer conduits, matrices
within, 19-8–19-10

Polymeric biomaterials,
3-11–3-13, 19-11,
25-5–25-6

Polymer-layered silicate
nanocomposites,
11-4–11-6

Polymers, 8-1, 13-4, 19-4, 19-14
design properties

biocompatibility, 8-11
biodegradability, 8-12,

28-6–28-7
fabrication, 8-10
macro-structure, 8-11
mechanical strength, 8-12
micro-structure, 8-10–8-11

natural polymers, 8-1–8-5,
21-8, 22-4–22-5, 24-6,
28-9

synthetic polymers, 3-11,
8-5–8-10, 21-8–21-9,
22-5–22-6, 24-5–24-6,
26-6–26-7

Polyorthoester (POE), 8-8
Polypeptides, 8-4–8-5, 14-4, 21-6

collagen, 2-3, 3-8–3-9, 8-4,
13-11, 15-11, 15-12,
19-4, 19-8, 22-4, 25-14,
26-5, 27-7, 28-9, 29-3,
32-2

gelatin, 8-4–8-5, 13-10, 13-11,
13-12, 27-7

silk, 3-13, 8-5, 15-9
Polyphosphazene, 8-9
Polysaccharides, 8-1, 8-2–8-4

agarose, 8-2, 19-8, 22-4–22-5
alginate, 8-2–8-3, 13-11,

13-13, 14-5, 22-5,
23-17, 29-3, 29-10

chitosan, 8-4, 14-5, 25-7, 28-9
hyaluronic acid, 1-3, 8-3–8-4,

22-4, 28-9–28-10

Polyurethanes, 7-5, 8-10, 11-6,
21-9, 26-2, 28-7

Porosity, 8-2, 9-3, 9-4–9-5, 15-4,
15-9, 25-6, 27-13

macroporosity, 9-5, 9-8
microporosity, 9-5, 9-8

Postnatal stem cells, 32-7, 32-8
Prechondrocytes, 1-3
Prefabrication, 8-10
“Preferential exclusion” theory,

12-11
Preservation definition, 12-1
Pressure, 4-9, 9-5, 12-4, 13-3,

15-7, 15-11, 22-6,
25-15–25-16, 28-4, 29-9,
31-4

Pro Osteon™, 9-6
Product license application, 17-9
Proline–histidine–serine–

arginine–asparagine
(PHSRN), 5-6

Prometheus System, 30-5
Promoter targeting, see

Expression-targeting
“Proposed Approach”, 17-2, 17-6
Protease-degradable materials,

10-3–10-4
Protein drug properties,

13-5–13-7
Proteoglycans, 2-3, 3-2, 3-6, 3-10,

8-4, 22-4, 28-2, 33-9
Proximal tubule cells, 31-8, 31-9,

31-11
Public Health Service (PHS) Act,

17-8
Section 351, 17-2, 17-5, 17-9
Section 351(a), 17-4
Section 361, 17-2, 17-6
Section 361(a), 17-9

Pulmonary endocrine cells, 33-4,
33-5

Pulmonary valves, 28-2, 28-6,
28-12

Puros Tutoplast®, 9-6

Q
Quality System Regulations, see

Current good
manufacturing practices
(cGMPs)

R
Rapid freeze prototyping, 25-10,

25-11
Reconstituted Human Epidermis

model, 18-5
Regenerative strategies, of tooth

dentin tissue regeneration,
32-8–32-9

DPSCs, 32-7–32-8
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whole tooth regeneration,
32-9–32-10

Regulation, of engineered tissues,
17-1

FDA regulation, 17-2–17-9
and product liability,

17-12–17-13
human tissue ownership, 17-13
pharmaceutical/medical

human tissue products
regulation

in Europe, 17-10–17-11
in Japan, 17-11–17-12

Renal assistance device (RAD)
preclinical characterization,

31-9–31-12
clinical trials, 31-12

Renal replacement therapy, 31-1;
see also Kidney

filtered fluid reabsorption, ,
31-7–31-12

hemofiltration, 31-5–31-7
physiology, 31-2–31-4
replacement engineering,

31-4–31-5
Renal tubule, 31-3, 31-5,

31-7–31-8
Renegel®, 31-5
Retrovirus, 14-1, 14-3–14-4
Rho GTPase, 4-2, 4-6
Rho kinase (ROCK), 4-2, 4-6
RNA (ribonucleic acid), 14-2,

14-3, 21-2
Rotating disc, 5-10
Rotating-wall vessels, 15-3–15-4,

15-5

S
Satellite cells, 20-3, 21-10
Scaffolds, 1-3, 3-12, 7-5, 9-8,

19-5, 25-4–25-5
ECM, 4-4–4-6, 10-1–10-2
ideal, 21-8–21-9
nanocomposites, 11-1
polymers, 8-1, 22-4–22-6,

26-5, 26-7
Scanning electron microscopy

(SEM), 3-3, 3-5, 3-9,
11-3, 11-4, 15-5

Schwann cells, 19-2, 19-7, 19-11,
19-12

Seeding modes, 6-11–6-12
Self-assembly approach, 3-8,

24-4–24-5
Semilunar valves, 28-2, 28-4, 28-7
Septic shock, 31-11
Sequestration, 3-11, 21-4
Severe combined

immunodeficiency
(SCID), 14-9, 20-6

Shear stress, 4-7–4-9, 4-10, 5-10,
15-3, 15-4, 15-8,
15-10–15-11

Signaling molecules, 21-4–21-8,
24-1, 24-3, 24-4, 25-6,
32-4, 32-5

Silk, 3-13, 8-5, 15-9
Single-walled carbon nanotubes

(SWNTs), 11-7–11-8
Sintering, 9-3, 9-4, 9-5, 9-11
Skeletal muscle, 1-4, 14-3, 14-6,

20-3, 21-10, 25-4
Duchenne muscular dystrophy,

20-4
sports-related muscle injuries,

20-4–20-5
Vandenburgh’s approach, for

engineering, 27-6–27-7
Skin substitutes, see Human skin

substitutes,
bioengineering of

SkinEthic®, 18-3, 18-5
Small interfering RNA (siRNA),

14-2
Small intestinal submucosa (SIS),

24-6, 24-7, 24-9, 25-15,
26-5

Smooth muscle cells (SMCs),
3-14, 3-15, 15-6, 24-1,
25-14, 25-15, 26-3,
26-4–26-5, 26-8, 27-10,
28-6, 29-8; see also
Smooth muscle tissue
engineering

differentiated, 24-2–24-3
progenitor cells, 24-3
recruitment, 24-3–24-4

Smooth muscle tissue constructs
mechanical conditioning,

25-15–25-18, 25-19
Smooth muscle (SM) tissue

engineering, 24-1–24-9;
see also Smooth muscle
cells (SMCs)

extracellular signaling, 24-4
future directions, 24-9
synthetic ECM, 24-4–24-6

“Soft lithography” techniques,
30-7

Somatic cell nuclear transfer
(SCNT) technique,
29-13–29-14

Spinner flask, 15-3, 15-4, 15-5,
15-8, 15-10

Spongiosa, 9-6, 28-2–28-3
Sports-related muscle injuries,

20-4–20-5
Stellate reticulum, 32-4
Stem cells, 1-1–1-7, 25-12, 26-3,

29-11–29-13, 32-7;
see also Mesenchymal
stem cells; Neural stem
cells

cell targeting, 1-6–1-7

fundamental principles,
1-3–1-4

in vitro assays, 1-4
muscle-derived stem cells,

20-1–20-10
Stoichiometry, 9-3
Stretch, 4-9, 15-12, 25-15, 26-8,

27-7, 27-11
Submucosa, 25-3, 29-3,

29-5–29-6; see also Small
intestinal submucosa

Substratum adhesiveness, 5-11,
6-6

SureDerm, 18-3
Surface electrical capacitance

(SEC), 18-8
Swelling phenomena, 8-9, 12-9,

13-4
Syndecan, 3-10
Synergraft™ valve, 28-8, 28-12,

28-13
Synovial fluid, 23-2, 23-4–23-5,

23-19
Synthetic ECM

polymer scaffolds, 24-5–24-6
self-assembly, 24-4–24-5

Synthetic hydrogels, 10-3, 16-5,
19-8

Synthetic polymers, 3-11,
21-8–21-9, 22-5–22-6,
24-5–24-6

hydrogels, 3-15, 8-4, 8-11,
13-11, 13-12, 19-8,
19-10, 22-5, 23-17,
24-5–24-6, 26-7

poly(ethylene glycol), 3-12,
8-9, 10-4, 11-6, 22-5,
24-5–24-6, 26-7, 30-13

poly(ethylene oxide), 8-9, 22-5
polyanhydride, 8-8–8-9
polycarbonate, 8-9
polyesters, 6-6, 7-9, 8-5–8-8,

11-3, 11-6, 13-13,
13-14, 14-8, 15-4, 16-4,
24-5, 26-6–26-7, 29-9,
29-10

polyphosphazene, 8-9
polyurethane, 7-5, 8-10, 11-6,

21-9, 26-2, 28-7

T
T (thymus-derived) lymphocytes,

7-7, 7-8, 7-10, 14-9
Teflon–Proplast implant, 23-10
Temporary liver support,

extracorporeal
bioartifical livers, 30-6–30-13
dialysis and filtration systems,

30-5–30-6
whole liver perfusion,

30-3–30-5
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Temporomandibular joint (TMJ),
23-1

biomechanical behavior and
failure, 23-7–23-8

conditions, affecting,
23-8–23-9

gross anatomy and function,
23-2–23-5

microscopic anatomy,
23-6–23-7

reconstruction
cellular issues, 23-16–23-17
current methods,

23-9–23-15
scaffold issues, 23-17–23-18
signals and stimulation

issues, 23-18
specific issues, 23-18–23-19
tissue engineering future,

23-19–23-20
tissue engineering

motivation and
philosophy,
23-15–23-16

Tenascin, 3-10
Tenascin C, 3-6, 15-12

Tendon, 1-4, 15-5, 15-11–15-12,
20-9–20-10

Therapeutic cloning, 27-10,
29-13–29-17

kidney, 29-15–29-17
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